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ABSTRACT

Cells reside in complex physicochemical environments which provide forces acting as cues that

influence the molecular physiology. However, the mechanisms and interactions between the var-

ious physical forces and the resultant downstream phenotype still have significant gaps in knowl-

edge. This dissertation focuses on implementing tools and protocols to investigate how vascular

cells respond to specific external forces and how these engineered approaches can facilitate new

understanding. Three specific approaches and findings will be highlighted.

The first approach entails using engineered in vitro systems to study the interactions of two

key physical forces in vascular health: shear stress and matrix stiffness. These vessel-chip sys-

tems allow for investigating often confounding variables, finding that matrix stiffness impedes the

protective effect of shear stress on endothelial cells.

The second approach uses a tailored electrocultureware system to study how external electrical

fields influence endothelial cell growth and biology. This work demonstrates that electric impulses

accelerate proliferation and potentiate YAP activity.

The third approach establishes a pipeline for accessing subcellular biomechanics, that is, it is a

protocol which provides the full mechanical properties of individual cells. Using combined Atomic

Force Microscopy and Structure Illumination Super Resolution Microscopy, individual endothelial

cells can be modeled, with applications to investigating physical changes in the context of aging.

Altogether the methods and approaches described here provide a foundation for studying how

endothelial cells respond to physical stimuli, how external forces interact and result in biological

phenomena, and whether mechanical shifts due to disease states can alter these processes from a

physical perspective. Further understanding of cellular force transduction is facilitated by these

interdisciplinary approaches.
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NOMENCLATURE

AFM Atomc Force Microscopy

SIM Structured Illumination Microscopy

STORM Stochastic Optical Reconstruction Microscopy

VC Vessel-Chip/Vessel-on-a-Chip

EF Electric Field

ECSARA Electrical Cell Stimulation And Recording Apparatus

EIS Electrical Impedance Spectroscopy

TEER Trans-Endothelial Electrical Resistance

EC Endothelial Cell
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HGPS Hutchinson-Gilford Progeria Syndrome

iPSC Induced Pluripotent Stem Cell
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YAP Yes-Associated Protein 1
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VEGFR2 Vascular Endothelial Growth Factor Receptor 2

USS Unidirectional Shear Stress

OSS Oscillatory Shear Stress

E-Cadherin Epithelial-Cadherin

CD-(number) Cluster of Differentiation-(number)

VE-Cadherin Vascular Endothelial-Cadherin (CD-144)

vi



PECAM-1 Platelet Endothelial Cell Adhesion Molecule-1 (CD-31)

TGF-1 Transforming Growth Factor 1

cGMP Cyclic Guanosine Monophosphate

PIEZO1/2 Piezo Type Mechanosensitive Ion Channel Component 1/2

LATS1/2 Large Tumor Suppressor1/2

CTGF Connective Tissue Growth Factor

ANKRD1 Ankyrin Repeat Domain 1

ICAM-1 Intercellular Adhesion Molecule 1 (CD54)

VCAM-1 Vascular Cell Adhesion Molecule 1

vWF von-Willebrand Factor

Rho Ras Homolog Family Member

JNK c-Jun N-Terminal Kinase

NO Nitric Oxide

IL-(number) Interleukin-(number)

hTERT Human Telomerase Reverse Transcriptase

PDMS Polydimethylsiloxane
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intensity, mean ś standard deviation. GAPDH was selected as the housekeeping
gene for all experiments. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 38

2.9 Elastic moduli of the various PDMS formulations and confirmation via AFM that
chemical modification of a 10% PDMS thin film does not alter the mechanical
properties. Conical fit using 0-10% of the AFM curve was used to fit data of
PDMS thin films, >15 technical replicates taken per sample with iterative outlier
analysis to remove technical replicates with large deviations. . . . . . . . . . . . . . . . . . . . . . . . . . . 39

xii



2.10 Varying device stiffness to modulate the HUVEC endothelial mechanoresponse.
Experiments were performed in devices made form the varied crosslinker concen-
trations of 5%, 7.5%, and 10% and under the unidirectional shear regimes of 1
ţL/min and 10 ţL/min. Cells were stained for nuclei (DAPI, blue), actin (phal-
loidin, green,) and YAP (red), shown in a-b. Across the 1 ţL/min groups, YAP
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partition as the substrate stiffened (5%: 0.25 ś 0.1; 7.5%: 0.29 ś 0.1; 10%: 0.32
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1. INTRODUCTION AND LITERATURE REVIEW

1.1 Endothelial Mechanobiology: Cellular Physiochemical Force Transduction

Endothelial cells reside in complex environments which include a combination of chemical

and physical cues which influence their overall phenotype, however, the mechanisms by which

cells transduce these physical stimuli into biochemical responses is only recently being elucidated.

It has been understood for over a century, however, that mechanical forces can affect cellular

processes as early as 1892, it was reported that bone trabeculae aligned along an axis of stress [1].

Incidentally, there would be a long delay between this first finding and any further investigation

into how cells take a physical input and alter their biology, and the field of mechanobiology would

take form. In the mid-1980s, studies on vascular endothelial cells reporting alignment under shear

stress were published [2,3], opening up the field yet again to studying the importance of how cells

respond to physical cues. Eventually, mechanobiology in the context of the cardiovascular system

would proceed to take form.

Mechanobiology is the study of how cells respond to physical cues and alter their pheno-

type [4–6]. The field itself is quite young, and matured in the last 10-15 years only in parallel

with the development of technologies enabling researchers to test hypotheses relating physical

forces and biological responses [7–9]. These technologies include but are not limited to: advanced

imaging (super-resolution imaging); atomic force microscopy; engineered, tunable matrices such

as hydrogels; engineered in vitro systems; and biological force responsive sensors such as FRET

tension sensors highlighting the interdisciplinary nature of require techniques for tackling these

questions.

Since these pioneering findings and technological advancements, the importance of physical

inputs on endothelial cell health and maintenance has been clearly established. Endothelial cells

are constantly subject to several different forces; they are exposed to pulsatile shear stresses from

blood flow, cyclic strain from vascular stretching, and varying matrix stiffnesses originating from

1



the structural components making up the vascular tissue itself, each able to affect the endothelial

phenotype. This dissertation introduction will first review mechanisms of force transduction in a

general sense, approaches to study these phenomena, and then discuss vascular mechanobiology

with a clinical focus to describe how the tools employed here can answer outstanding questions.

1.2 Key Mechanisms of Biological Force Transduction

Physiochemical force transduction requires a biological transducer to convert a physical force

into a biochemical reaction. On a fundamental level, this requires that a responsive biological

entity, such as a protein or protein complex, undergoes a physical or chemical change that induces

signal cascade when the stimulus is present. Several parts of this paradigm have been described,

ranging from the transducer itself (integrins, cadherins, and mechanically sensitive ion channels)

to mechanically controlled signaling pathways that influence gene expression and cell behavior

(YAP/TAZ being a primary one of interest here).

1.2.1 Integrins

Integrins are transmembrane proteins consisting of non-covalently bound α and β subunits,

which, in mammals, give rise to approximately 24 different integrin complexes [10]. Well un-

derstood to bind to several extracellular matrix components to mediate adhesion [11], with the

advent of mechanobiology they have emerged as key force sensors that relay external physical

cues into the cell. Integrins experience and transmit force crosstalk between cells and their matrix

attachments via focal adhesions [10–13].

Integrin signaling is thought to function through a few specific steps. Surface integrins can ex-

ist in 3 general states: an inactive form; an active, talin-bound form; and a clustered, ligand-bound

form [14]. Downstream of integrin signaling includes several relevant signaling pathways such

as Rho kinase signaling and YAP/TAZ signaling, among others [14]. Integrins are connected to

the cytoskeleton via several different proteins, including talin and vinculin [15]. Of particular im-

portance in discussing mechanotransduction pathways is the stretch responsiveness of talin itself.

Talin binds to integrins and thus can experience forces applied across the cell membrane. These
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forces can induce stretching of talin, altering its confirmation and exposing previously sequestered

hydrophobic residues. In turn, these newly exposed domains can bind to vinculin, providing a

biophysical transducer in the form of a protein confirmational change [15]. Other studies have

demonstrated that vinculin itself also experiences forces, with high tension forces promoting inte-

grin assembly and focal adhesion enlargement [16, 17].

1.2.2 Cadherins

Cadherins are a large class of cellular adhesion molecules that play an important role in cell-

cell junctional architecture [18]. There are several classes of cadherins. Classical cadherins are the

most studied they are Ca2+-dependent and homophilic, with cytoplasmic binding to α/β-catenin

and directly linked to the actin cytoskeleton [18]. Several well-known cadherins belong to this

family, such as the prominently studied E-cadherin (epithelial) which plays an important role in

cellular junctional formation, development, and tumor suppression [19]. Found exclusively in the

endothelium, VE-cadherin (vascular endothelial) is a divergent classical cadherin which plays an

integral role in endothelial adherens junction formation and mechanical sensing [20, 21]. Other

classes of cadherins include the desmosomal cadherins that bind to intermediate filaments, proto-

cadherins with several different interacting proteins, and ungrouped cadherins [18]. Of particular

interest in the context of cardiovascular mechanobiology is, of course, VE-cadherin.

The general mechanism of force transduction via classical cadherins shares many biophys-

ical mechanisms with that of integrins. Cadherins associate with β-catenin, which then binds

to α-catenin. It is α-catenin which is stretch sensitive, much like talin. In the resting state, α-

cadherin is folded and the vinculin binding domain is associated with an inhibitory domain on

α-cadherin [22, 23]. When a tension force is applied across α-catenin, the protein unfolds and the

vinculin binding domain disassociates with the inhibitory domain, allowing for vinculin binding

and downstream signal transduction. VE-cadherin plays a role in mechanical sensing in the en-

dothelium and is critical for vascular development and homeostasis, however the mechanism is sig-

nificantly more complex. VE-cadherin forms a mechanosensory complex with two other proteins,

PECAM-1/CD31, and VEGFR2 [21]. Here, VE-cadherin functions as an adaptor, while CD31
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directly experiences force however application of shear stress increases tension across CD31, but

decreases it across VE-Cadherin [24]. This mechanosensory also appears to play a convoluted

role in fluid shear sensing, as knockdown of this complex promoted atherosclerosis where sites of

protective shear occurred, but inhibited atherosclerosis at sites of disturbed flow [25, 26].

1.2.3 Ion Channels

Mechanically sensitive ion channels were established in 1988 as a way endothelial cells re-

spond to shear stress [27, 28]. Both potassium and calcium were implicated. The potassium cur-

rent was then tied to nitric oxide production by work by Cooke et al. [29] The calcium current

appears to be tied to both influx and release from intracellular stores, but also increases nitric oxide

production [30]. Like the other two transducers discussed, ion channels play an important role in

mechanotransduction, but the wide diversity of different ions precludes a complete review. Rather,

some general mechanisms will be discussed, and the importance with regards to endothelial biol-

ogy will be highlighted. There are two general mechanisms described for mechanosensing via ion

channels. The first is a membrane tension model, where a tension force along the cell membrane

causes ion channels to open. The second gating model is a tethering model where another molecule

is connected to the ion channel, and force applied along it is transmitted to the ion channel [31].

However, these are only general sketches of how the channels work and each ion channel itself has

a unique structure which confers its open/close architecture.

The early response of endothelial cells to shear stress implicates a potassium efflux triggering

a cascade of intracellular processes [30]; this potassium current was established early on by sev-

eral research groups [28, 29, 32–34]. This potassium channel is classified as an inward rectifying

channel, meaning that activation of the channel facilitates potassium entry into the cell more easily

that it facilitates potassium efflux, although the actual ion flow is strongly dependent on the rest-

ing potential of the system. The specific identity of this channel is mostly strongly supported as

KIR2.1 [35–37] a channel which appears to be mechanically sensitive and responds to fluid flow

when expressed in several cells. Somewhat counterintuitively, though, is that the inward rectifying

channels in ECs (and other tissues) are responsible for an outward potassium flow at resting mem-
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brane potentials, participating in hyperpolarization [30, 36] (despite functionally supporting larger

inward currents at voltages more negative than the resting potential). The precise mechanism by

which this works is not yet well understood, although can be rationalized using the previously

discussed general mechanisms: shear stress induced tension opens these channels which, at the

resting potential of the endothelial cell, yields outward potassium current and hyperpolarization.

Potassium efflux from endothelial cells then results in more calcium influx and additionally is

directly tied to TGF-β1 and cGMP production as well as eNOS regulation [29, 33, 34].

A highly impactful discovery more recently was the characterization of the PIEZO1 and 2 chan-

nels. The mechanically gated calcium channels provided an important hinge point for uncovering

the mechanisms of mechanotransduction. PIEZO channels (here the focus will just be on PIEZO1)

are unique proteins in that they share no structural similarity with any other known protein [38–40].

These channels consistent of a tri-blade structure with long, spiraled arms that converge into a cen-

tral ionic pore [41–43]. It is thought that these long arms alongside a beam mechanism controls

the open and close states of the channel, although the precise mechanical gating mechanism is

not clearly understood [38, 39, 41, 43, 44]. Piezo1 has a diverse set of roles. Most notably in the

vasculature, it is a shear stress sensor and is required for vascular development in mice [45, 46].

It also appears to have roles in innate immune activation [47], bone development [48], lymphatic

development [49], and epithelial division [50].

One such comment which will be conceptually returned to later in this dissertation is that each

of these mechanosensing regimes possess a dependence on the ionic properties of the system.

This is most evidenced by each ion channel being described by its current/voltage sweep curve

(such as, for example, inward rectifying) at different voltages the ion channels behave differently.

This would suggest that external electrical fields which alter the potential driving force for ionic

currents can influence cellular behavior. Several studies have explored this, most often known via

the electroceutical industry (pacemakers) [51–53], as well as studies on the influences of electric

fields on cell biology [54–60]. Mechanisms by which this occurs are poorly understood, and it

remains an open question.
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1.2.4 YAP and TAZ

Unlike the previously discussed proteins and complexes, Yes-associated protein (YAP) and

transcriptional coactivator with PDZ-binding motif (TAZ; collectively, YAP/TAZ) are paralog tran-

scriptional co-activators which serve as downstream effectors to orchestrate cellular mechanotrans-

duction [61–64]. In the context of mechanobiology, YAP/TAZ serve as the biochemical response

elements to the physical stimulus rather than the transduction agents themselves. Their importance

in mechanobiology, however, is multifaceted as they mediate responses to an enormous number

of mechanical cues including matrix stiffness [65], cell-cell contact [66], cellular strain [67], cell

size and geometric cues [68], and fluid shear stress [69, 70]. Originally studied in the context of

the Hippo pathways and organ growth, interest in YAP/TAZ as mechanoresponsive elements has

divulged biochemical pathways separate from Hippo. Stiff matrices, low cell confluency, high

cellular strain, large cell sizes, and low or oscillatory shear stress all serve to activate YAP/TAZ

and induce cell cycle progression and proliferation [71]. Conversely, YAP/TAZ activity is shut off

by soft matrices, cell confluence, low strain, cell size restriction, and high laminar shear stress.

More abstractly speaking, YAP/TAZ can serve as a readout for the cellular response to various

mechanical cues, provided that each contributor to its activity is appropriately controlled for [62].

Compared to the cadherin mechanosensory complex, YAP/TAZ signaling in the vasculature is rel-

atively simple: physical inputs which are associated with or promote plaque progression (such as

disturbed flow or stiff matrices) cause YAP/TAZ activation and endothelial dysfunction. Physical

inputs known to be protective inhibit YAP/TAZ activity.

YAP and TAZ are regulated by a variety of upstream biochemical signals. Their activity is,

generally speaking, controlled by their phosphorylation state, with activating signals inducing de-

phosphorylation and nuclear translocation, and inactivating signals inducing phosphorylation and

cytoplasmic retention or degradation [64]. Via the Hippo pathway, the upstream kinase which in-

hibits YAP/TAZ is large tumor suppressors 1 and 2 (LATS1/2), while the Wnt pathway is mediated

by the destruction complex with similar outcomes [64]. The exact mechanism by which YAP/TAZ

are regulated by mechanical cues, however, remains incompletely characterized. Generally speak-
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ing, there are a few paradigms and pathways which have been proposed. One such fundamental

mechanism explains YAP/TAZ nuclear translocation as a function of nuclear pore stretching as

it was demonstrated that force application by AFM caused nuclear accumulation of YAP [72].

Incidentally, this picture is likely incomplete, as fluid shear stress, itself a force on the nucleus,

induces YAP/TAZ inactivation via an integrin/G-protein signaling as mediated by Ras homolog

family member A (RhoA) [70]. This indicates, at a minimum, that biochemical cues may override

physical explanations for the behavior of YAP/TAZ in response to external forces. Other studies

implicate cytoskeletal architecture as a main mechanical stimulus, as cytoskeletal strain activates

YAP/TAZ [73]. Additionally, YAP/TAZ play a key role in focal adhesion assembly, ultimately af-

fecting cell geometry [74]. Altogether, fundamental mechanisms which provide a complete picture

of the mechanobiological regulation of YAP/TAZ are still being described.

Some further notes on YAP/TAZ function and activity are that while for the duration of this

discussion and dissertation they will be referred to collectively (as they largely act in tandem), YAP

and TAZ are distinct proteins with, interestingly, some differing functions which serve to delineate

them. YAP and TAZ have slightly divergent structures; YAP has 5 serine residues available for

phosphorylation, while TAZ possesses only 4 [75]. YAP appears to exert more influence over

cellular processes (i.e. cell geometry and proliferation) when knocked out in comparison to TAZ,

although they appear to share several functions [76]. And, recently, both YAP and TAZ have

been studied as phase separation components which facilitate gene expression, however TAZ is a

native orchestrator while YAP only mimics such function under osmotic stress or macromolecular

crowding [77–79].

1.3 Current Approaches for Studying Mechanobiology

Much of mechanobiology has advanced in tandem with the technology require to study the

phenomena [7]. Each of the pivotal approaches will be discussed briefly in this section, and in

each chapter, a more in-depth historical context and literature review will be provided.
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1.3.1 Tunable Matrices

One of the first ways mechanobiology was studied was using tunable matrices with various

properties such as stiffnesses or viscoelastic properties. The matrices may be synthesized with

chemical properties that impart specific interactions to study how a cell responds to the environ-

ment it has been demonstrated that substrate stiffness influences cellular differentiation and prolif-

eration [9,65,80–88]. Incidentally, this is not a unidirectional communication and cells themselves

apply forces and interaction with their environment as well, suggesting a complex crosstalk which

is fundamentally governed by both the cell and the matrix composition. Once such method which

uses tunable matrices is traction force microscopy, which measures the forces a cell exerts on its

surroundings [89–91]. Thus, a closed loop is formed between designing a material of precise prop-

erties (such as measuring the stiffness of a material) and the response of the cell to the material

both physically (traction) and biologically (e.g. YAP/TAZ biology). There are several materials

used in the engineering field which are tailored for specific uses and a full treatment here is not

feasible. However, common materials which repeatedly show up in literature due to their tun-

able material properties and ease of chemical modification include polyacrylamide [72, 89] and

polydimethylsiloxane [92]. Beyond mechanical properties, these systems can then be extended to

include cross-talk between a physical input and a chemical/biological one to study interactions in

a quantized manner [81]. A step further than passive matrices would be tension or compression

systems designed to apply a direct force to a cell and then measure the response. Examples of

these system may include the Flexcell systems [93, 94], or any other systems designed to induce

stress/strain. These systems have been directly applied to mechanobiological systems to test the ef-

fects of strain on YAP activity [65,67], vascular inflammation [95], and cellular alignment [96,97].

1.3.2 Microfluidic and Engineered In Vitro Systems

Another approach to study mechanobiology is to engineer the physical stimuli and interac-

tions directly into a 3-dimensional culture system. Shearing systems have been present for several

years [3, 98, 99] and microfluidic system development to study flow patterns, magnitudes, and ge-
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ometries is ongoing [100–104]. The translation of these systems to vascular biology is immediately

tangible, as modeling physiologic and pathologic flow has yielded considerable insight as to the

mechanisms of vascular homeostasis. Parallel to this field is the research into organ-on-a-chip sys-

tems: devices where specific organ or tissue level functions are directly integrated into the culture

environment [105–107]. Devices tailored for studying the vasculature are often termed vessel-

on-a-chip devices [108–111] and can provide an alternative avenue for studying fluid and matrix

mechanobiology. Specific systems have even been devised to study specific mechanobiological

pathways, with devices tailored for studying YAP emerging recently [104, 112].

1.3.3 Atomic Force Microscopy

Atomic Force Microscopy (AFM) is an imaging method that operates based on interactions

between a probe and the material itself. AFM has expanded beyond its imaging capacity to in-

clude force measurements as well as the ability to do chemistry as mediated by probe and material

functionalization. AFM has seen several applications in biology based on these key abilities. First,

it has allowed for biological mechanical measurements, allowing for the mechanical properties of

individual cells, and even subcellular components, to be extracted and quantified [113–115]. It

has also allowed for biophysical mechanism elucidation via its ability to support chemistry. To

illustrate, AFM chemical bonding was exploited to study talin stretching mechanics and observe

the changes in vinculin binding [15]. AFM is also combined readily with several other advances

methodologies, such as computational modeling or super-resolution imaging to yield combined in-

formation about the system [114]. Overall, AFM is a powerful, common tool employed throughout

mechanobiology.

1.3.4 Super Resolution Imaging Techniques

Any imaging technique which bypasses the theoretical diffraction limit of light is termed su-

per resolution imaging. There are two general approaches seen in literature. The first class uses

structure light to reconstruct images in Fourier space using Moiré fringes, termed structured illu-

mination microscopy (SIM) [116]. The second class uses any method of object localization and
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point spread function fitting to remove system impulse that blurs the image to improve resolution

(e.g. stochastic optical reconstruction microscopy; STORM) [117]. While a complete treatment on

the theory requires a sophisticated dive into optic theory [118], the applications are immediately

tractable. With access to information in the nanometer range, molecular interactions, cellular archi-

tectures, and precise geometric measurements are now attainable, all of which provide insight into

cellular mechanobiological processes. As an exemplar, super resolution imaging uncovered the

periodic actin/spectrin structure in neuronal axons [119], information not accessible using conven-

tional imaging methods. This structural information is invaluable for describing force transduction

through cells as mechanical properties, force transduction, and cytoskeletal architecture are inti-

mately connected. Furthermore, it would aid in computational modeling of mechanotransduction.

1.3.5 Electroculture Systems

The last of the methods discussed here which are of relevance to the dissertation, electrical

stimulation of cells and the resulting biology is a long-studied field used to interrogate biological

systems [120–123]. This technique, however, is more commonly used to describe certain tissues,

cell populations, and disease states rather than study precise biological mechanisms. There are

reports that electric fields influence cell behavior, such as that seen in wound healing, and also

sees direct clinical application with cardiac pacemakers [55, 57–60, 124]. Due to the connections

between mechanosensing, ionic channels, and electric fields, this dissertations uses an electro-

cultureware system [54] to study how electric fields may influence mechanobiological pathways

pertaining to YAP.

1.4 Vascular Mechanobiology and Homeostasis

Vascular biology has been profoundly impacted by these advances in mechanobiology thanks

to the uniquely complex mechanical environments the cardiovascular system possesses. It was

during the early to mid-1980s (facilitating the end to the silence on biomechanical forces and cell

behavior) where work from Peter Davies demonstrated that vascular endothelial cells respond to

fluid shear stress [98]. Their preliminary observations reported cellular alignment and actin cy-
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toskeletal changes. In the following years, other groups would report similar findings, confirming

that shear stress can influence cytoskeletal mechanics in endothelial cells [3, 99, 125]. Shortly fol-

lowing, in 1986, Peter Davies then demonstrated that turbulent shear stress accelerates endothelial

cell turnover [2], providing what would be the first evidence of a physical input that would be un-

derstood to be detrimental to endothelial cell health. As it would turn out, this general concept of

countervailing physical inputs which can influence cell health positively or negatively would prove

to be a fundamental underpinning of vascular biology and disease progression.

Nonetheless, this pioneering work still provided only a correlative observation, and closing

the loop via a full mechanobiological pathway (as would be understood today) would follow with

the work of John Cooke. In 1988, Peter Davies established that shear stress actives a potassium

channel in endothelial cells [28]. In 1990 and 1991, this was tied specifically to endothelial release

of nitric oxide (NO) by John Cooke, where his work demonstrated that 1) endothelial cells release

a vasodilator in response to fluid flow (NO release) and that 2) this release was blocked when

the mechanically active potassium channels were inhibited [29]. This then provided a complete

mechanobiological pathway, connecting a physical stimulus (fluid flow) to a biological response

(NO release) via a biological transducer (the potassium channel).

In more recent years, the compendium of knowledge on how physical forces influence vascular

biology has grown and improved in resolution. Several different mechanical stimuli are known

to influence blood vessels, including shear stress, wall strain, and matrix stiffness. It is now un-

derstood that several patterns of shear stress have differing effects on the endothelium which are

dependent on the pattern and the magnitude. In the arterial system, pulsatile, unidirectional shear

stress of high magnitude (10-30 dynes/cm2) is atheroprotective [26, 126–130]. The term athero-

protective specifically means stimuli (which includes physical, chemical, and biological although

each of these in the field of mechanobiology blend together) which prevent vascular pathology,

specifically atherosclerosis. Or, more simply, stimuli which promote vascular health. In contrast,

several fluid shear patterns induce endothelial dysfunction and disease progression, all of which

are termed collectively disturbed flow. Disturbed flow includes oscillatory or turbulent flow pat-
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terns, recirculating flow, and low magnitude shear stress that is either unidirectional and laminar or

oscillatory [26, 103, 128, 131–134]. These flow patterns instead induce endothelial inflammation,

increases in vascular tone, and atherosclerotic progression, and are termed atherogenic inputs.

Clinically, this paradigm intimately ties common sites of plaque development with the branch

points of the vasculature, where disturbed flow patterns are most common [127]. There are two

well studied mechanobiological pathways which mediate these effects in endothelial cells, the

CD31/CD144/VEGFR2 complex [21], and the integrin/JNK/YAP pathway [69, 70].

Strain caused by the pressure exerted from cardiovascular pumping is another physical param-

eter which influences vascular cell behavior. Here it is briefly reviewed as this dissertation does

not primarily focus on this parameter, however it remains an important physical stimulus in its

own right and is worth mentioning. Endothelial cells align when subject to cyclic strain, how-

ever unlike the parallel alignment to shear stress, they align perpendicular to the stretching force

vector [87, 135]. Notably, physiologic shear and strain work synergistically to align endothelial

cells parallel to the fluid flow vector. These straining forces activate mechanosensitive transducers

(such as integrins or ion channels) [136]. Mechanical strain has complex effects on the vascu-

lature, inducing oxidative stress and C-reactive protein expression [137, 138], but also increasing

eNOS expression in endothelial cells [139]. Overall, physiologic strain is important for vascular

homeostasis, while excessive strain leads to pathological states [140].

Lastly, matrix stiffness plays an integral role in vascular health and disease progression. How-

ever, unlike the previous two parameters which have constantly varying parameters and ranges

over which they occur even in healthy vessels, high matrix stiffness generally only presents in

pathological vessel tissue [141]. There are some exceptions which are present most notably in the

coronary arteries which are subject to constant muscular forces that exert external stiffening upon

contraction [142–145]. Nonetheless, vascular tissue is most commonly soft (50-500 kPa; increas-

ing within the coronary arteries or large conducting vessels [141, 144, 146–148]). Diseased vascu-

lature or plaques, conversely, has a significantly wider range of moduli, going from extremely soft

( 1 kPa) to extremely stiff (>3 MPa) [143]. These associations have been understood as strongly
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correlated for a long time [149], with diseased vasculature being associated with vessel stiffening.

However, the connection between these two parameters clinically remains difficult to quantify and

it is not clearly understood whether matrix stiffening itself induces further disease progression or

if the stiffening is purely orthogonal and a consequence of plaque development [148]. There are

several notable observations to discuss. First, in the coronary system, the sites which had the high

probability for plaque development were located at overlapping sites of low wall shear stress and

high wall stiffness [142, 144]. Second, YAP mechanobiology, now directly implicated in plaque

progression [69,70], is a key mechanobiological pathway that is responsive to both shear stress and

matrix stiffness. Matrix stiffening activates YAP and increases cellular proliferation, a process tied

to cancer progression [65]. Furthermore, one elegant study has demonstrated that elevated matrix

stiffness attenuates the release of eNOS and elevates RhoA activation from endothelial cells subject

to shear [150]. And lastly, studies have reported that YAP is activated in diseased vasculature with

stiffening in pulmonary hypertension [151, 152]. Thus, this suggests that mechanobiology may be

a route to answer this clinical question, and is one such subject addressed in this dissertation.

1.5 Dissertation Focus

This dissertation work focuses on using these engineered approaches for studying vascular

physiology and pathology. The first two chapters described tailored systems used to explore YAP

mechanobiology when influenced by shear stress and stiff (Chapter 2) and exogenous electric fields

(Chapter 3). These works are connected by a common theme: mechanobiology is a multidisci-

plinary field where the approach must be engineered to answer a given hypothesis, even when the

primary implications are clinical in nature. Atherosclerosis, as an example, is a complex process

in patients with significant disease progression, as affected blood vessels have altered structure and

mechanical properties that are deeply intertwined with one another [142–145]. Thus, deconvo-

luting the contributions of these processes in pre-clinical and human patients is difficult however

the in vitro vessel-chip systems offer an avenue to test this hypothesis and connect paradigms via,

in this work, YAP biology. A similar essence is apparent in the electromics work: a uniquely

designed culture system [54] is used to stimulation endothelial cells and study YAP behavior. In
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contrast to the microfluidic work, YAP behavior here is more tied to its proliferative capacity, with

electrical stimulation having potential clinical applications in wound healing [55, 153].

The final work, currently ongoing, is a more fundamental approach to mechanobiology in dis-

ease (Chapter 4). Rather than study tissue level physiology (such as an endothelial monolayer or

a specific biological pathway), this work focuses on characterizing subcellular mechanical proper-

ties in healthy and aged endothelial cells to explore how geometric and elastic modulus changes

influence the ability of a cell to sense shear stress. Much of literature on cellular AFM has sev-

eral fundamental assumptions which do not necessarily hold true in aging [154, 155]. Thus, we

established a correlative approach using AFM and SIM imaging to computationally extract the

mechanical properties of the cytoplasm and nucleus of individual cells using the geometry from

imaging. This work also seeks to harmonize the discrepancies in literature on whole cell mea-

surements using AFM by describing the importance of cell geometry, a variable generally not

addressed.

Altogether, these works focus on studying endothelial shear sensing and/or YAP mechanobi-

ology, and form a set of illustrative examples for approaching these questions using engineered

tools.
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2. VESSEL-CHIP SYSTEMS FOR STUDYING YAP MECHANOBIOLOGY AND

INTERACTIONS BETWEEN MATRIX STIFFNESS AND SHEAR STRESS*

2.1 Introduction

Mechanobiology is a discipline of physiology which focuses on how physical environments

and mechanical stimuli influence cell behavior and downstream biochemical responses [126,156].

Endothelial cells (ECs) form 3-dimensional lumenized structures and respond to physical cues such

as varying matrix stiffnesses and fluid shear stresses which play a vital role in modulating endothe-

lial homeostasis, preventing atherosclerotic progression and adverse cardiovascular events [128].

Perturbation of these atheroprotective physical inputs results in EC activation and inflammation.

However, flow patterns and magnitudes which induce EC activation (and atherosclerotic progres-

sion) are termed disturbed flow [131–133] and contain varying parameters depending on the site

occurrence, such as insufficient magnitude (low shear) or stark directional changes (oscillatory or

recirculating flow). At sites of disturbed flow, atherosclerotic progression is exacerbated [127].

Matrix stiffening is the other primary physical parameter clinically correlated with adverse car-

diovascular events, with sites of arterial stiffening associated strongly with atherosclerosis [149,

157]. Furthermore, computational studies on fluid dynamics in the coronary arteries have as-

sociated sites of high wall stiffness and low or disturbed shear as primary predictors of where

atherosclerotic plaques developed [142–144]. Together, these correlations indicate that aberrant

physical cues from substrate stiffness and shear promote vascular disease. However, the interac-

tion of these vascular parameters in modulating signaling pathways and biological response are

difficult to elucidate with current experimental models [148].

Recent work on endothelial mechanobiology has highlighted the Yorkie associated homologue

proteins YAP (yes-associated protein) and TAZ (transcriptional coactivator with PDZ-binding mo-

*Text and figures reprinted with permission from "Mechanotransduction-on-chip: vessel-chip model of endothe-
lial YAP mechanobiology reveals matrix stiffness impedes shear response" by B.K. Walther, N.K.R. Pandian, K.A.
Gold, E.S. Kiliç, V. Sama, J. Gu, A.K. Gaharwar, A. Guiseppi-Elie, J.P. Cooke, A. Jain, 2021. Lab on a Chip, 21,
1738-1751, Copyright 2021 by the Royal Society of Chemistry.
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tif; collectively referred to as YAP/TAZ or YAP alone) as mechanosensitive, biological sensors

which are regulated in endothelial cells by mechanical cues like substrate stiffness [64] as well

as shear stresses [69, 70, 158]. Extensively studied in the context of cell growth and apoptosis

via the Hippo pathway [63], a variety of biochemical and mechanical cues regulate YAP/TAZ ac-

tivity [61–63, 65, 68–70, 158–160] apart from Hippo. Unidirectional, high, laminar shear stress;

soft substrates; and cell confluence serve to deactivate YAP activity and cause cytoplasmic re-

tention. Conversely, disturbed flow, stiff matrices, and lack of cellular confluence serve to ac-

tivate YAP and induce nuclear translocation. Importantly, the cell confluence pathways are tied

to Hippo signaling, while substrate stiffness and shear stress (mechanobiology pathways) that

affect YAP activity are not [61–63, 65]. Highly relevant to EC YAP mechanobiology and vas-

cular homeostasis is that activation of YAP (nuclear partitioning) via any of these physical cues

is associated strongly with EC activation, vascular inflammation, and atherosclerotic progres-

sion [26, 69, 70, 127, 128, 144, 149, 161]. As a result, YAP/TAZ activity has been implicated in

atherosclerotic progression as a key biological event and specific downstream targets of its activ-

ity contribute to plaque progression [162, 163]. Altogether, this paradigm highlights YAP/TAZ

as major endothelial mechanical and biochemical sensors important for maintaining homeostasis.

Notably, YAP/TAZ responds to both stiffness and shear, suggesting that the connection between

the clinical paradigms of stiffness and endothelial dysfunction or inflammation may be explained

in part via dysregulated YAP activity, with shear stress and substrate stiffness interacting to gen-

erate the biological response. Thus, we hypothesized that increasing substrate stiffness affects

the EC shear mechanoresponse by upregulating YAP activity, connecting vascular stiffness with

endothelial activation (causing atherosclerotic progression).

Testing this hypothesis and precisely controlling for all the physical parameters to study YAP

activity is non-trivial [61–63, 68], and systems to study YAP mechanobiology are in clear de-

mand [71]. Furthermore, there are relatively few studies which precisely isolate the interactions

of these parameters in vessels to establish a mechanistic connection between them [150], and

elucidating this further has several implications in cardiovascular medicine. Thus, to explore
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whether there exists a connection between the physical parameters of stiffness and shear stress

via EC YAP mechanobiology, we employed organ-on-a-chip technology. Organ-on-a-chip (organ-

chips) systems have emerged as biomimetic in vitro models of human physiology designed to

reproduce physiologically-relevant environments and to replicate tissue- and organ-level func-

tions [105–107, 164, 165]. Work from our group and others has shown that organ-chips may be

an exceptional tool to isolate and elucidate the biological effects of a range of cellular, chemical,

and physical parameters [105,106,164,166]. These vessel-chips facilitate the study of endothelial

pathology by supporting system interrogation wherein each degree of freedom may be allowed to

vary individually [108, 167]. Currently, there are few engineered systems which are reported for

the study of YAP/TAZ [104, 112], which focus either on the development of the system, cyclic

strain, or developmental biology. Several microfluidic shearing systems exist which are focused

on studying ECs with design and development ongoing [100–103], however, these systems do not

currently incorporate relevant, interacting physiological forces (e.g. stiffness and shear stress) to

study how they collaboratively influence endothelial biology. In this work, we employ a vessel-

chip to study the interaction of clinically relevant physical parameters (stiffness and shear) to yield

novel biological insights into endothelial mechanobiology.

Our vessel-chip model integrates three-dimensional (3D) luminal geometry, dynamic range of

uniform and oscillatory shear stress, and variable matrix stiffness that replicates the physiological

and pathophysiological range of these parameters in the human vasculature [141,143,144,146,147]

facilitating the study of how these parameters interact and influence the EC mechanoresponse.

We extensively validate our model from a biological perspective to show that it captures the in

vivo behavior of YAP/TAZ accurately in previously studied regimes while additionally exploring

shear stress patterns not commonly addressed. We further tie the YAP behavior in the system to

established biological paradigms, demonstrating EC inflammation under regimes which upregulate

YAP activity, relevant modulation of gene expression, and confirm the findings via pharmacologic

inhibition of YAP. Lastly, we vary shear stress and substrate stiffness together to explore how

convoluting physical inputs affects ECs, in which we demonstrate that substrate stiffening results
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in upshifted YAP nuclear partitioning under high shear, connecting the two physical paradigms.

We discuss several novel biological findings during validation and the implications of YAP in EC

mechanobiology throughout. Holistically, this work demonstrates use of engineered organ-chip

systems as tools to construct biology in a bottom-up fashion resulting in novel biological findings

previously inaccessible via conventional methodology.

2.2 Materials and Methods

Channel Fabrication: Vessel-chips were fabricated according to our previous work [110].

Briefly, positive channels were designed in Solidworkső, acquired from OutputCity Inc., and pho-

tolithographically printed onto silicon wafers (University Wafer Corp.). The upper chamber of

vessel-on-a-chip devices were fabricated via soft lithography using polydimethylsiloxane (PDMS,

Dow Corning) and then bonded to a borosilicate glass (BSG) slide or cover slip (75 mm x 25

mm) which was either spin-coated with self-consistent PDMS (uniform channel) or left uncoated

for stiff BSG controls (stiffness studies). Bonding was performed following O2 plasma treatment

(Thierry Zepto, Deiner Plasma) in a dedicated clean room.

Stiffness Measurements: Substrate stiffness was varied by changing the crosslinker concen-

tration of the PDMS formulationA49. Compressive data was collected for the combination of

PDMS with 5%, 7.5%, and 10% by weight of crosslinker. First, samples were punched into 10

mm diameter discs using a biopsy punch and heights measured using digital calipers. Samples

were compressed to not greater than 20% of the measured height at a strain rate of 1 mm/min uti-

lizing an ADMET MTEST Quattro eXpert 7600 Single Column Testing System with a 25 lb load

cell. The raw data collected was processed into MS-Excel to calculate the compressive moduli as

the slope of the linear region of the strain vs. stress graph. For atomic force microscopy validation

studies on ECM functionalized and non-functionalized PDMS thin films, a Catalyst Biomicroscope

(Bruker) was employed. MLCT conical probes (0.01 N/m; Bruker Nano) were used to measure

elastic moduli pre- and post-ECM functionalization. The AFM scanning frequency used was 1

Hz in PBS. All data was processed using Nanoscope Analysis 1.50r1 (Bruker). Sneddons conical

fitting was used on thin films, taking from 0-10% [168] of the full AFM force curve for at least 15
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technical replicates. Iterative outlier analysis was used to remove any technical replicates which

deviated strongly from the spread, and the group was averaged to yield the stiffness of the PDMS

film.

Cell Culture: Human umbilical venous endothelial cells (HUVECs, Lonza) were cultured

in endothelial growth media (EGM-2, Lonza) using an endothelial cell supplement EGM-2-M

(Lonza). Cell culture washes were performed using pH 7.2 phosphate buffered saline (PBS,

Gibco), and cell passaging was performed using 1x 0.25% Trypsin-EDTA (Gibco). HUVECs

used were all between p4 and p6, passage matched for each experiment.

Channel Functionalization and Lumenization: After fabrication of the Vessel-Chips, each

channel was treated with O2 plasma (PDC-32G, Harrick Plasma) for 5 minutes, and then an extra-

cellular matrix (ECM) solution of 100 ţg/mL rat tail collagen type I (Corning) and 50 ţg/mL hu-

man fibronectin (Sigma Aldrich) was perfused through the channel and incubated for 30 minutes at

37oC, 5% CO2. Plate controls reported were done on BSG cover slips, or 10% PDMS spin-coated

glass cover slips using the same plasma treatment procedure and ECM solution. Afterwards, each

channel/cover slip was then placed in an incubator at 37řC and 5% CO2 for 30 minutes. The ECM

solution was subsequently removed by perfusing EGM-2-M media through the chamber, or via

washing of the cover slips. On the fully assembled vessel-chip devices, HUVECs were seeded

onto the top and bottom faces of the chamber and allowed 1 hour for attachment. After the seeding

period, the seeded vessel-on-a-chip devices were attached to a syringe pump (PHD ULTRA 4400,

Harvard Apparatus) using a Luer curved dispenser tips (Qosina) and 20 tubing (0.094 ID, 0.145

OD; Qosina) and operated in suction mode. Media reservoirs were made from 5 mL syringes

(BD). To allow for lumen formation, each chamber was then placed in shearing flow overnight at

a flow rate of 1 ţL/min before each experiment was conducted (post-lumenization; t = 0). For the

quasistatic control, HUVECs were seeded and cultured under extremely low shear (<2 ţL/hour)

using two 1-mL pipets as reservoirs for 48 hours such that cellular confluence was achieved.

Flow Rates: Flow rate shear stresses were calculated numerically using the finite element

method in Ansys Fluent v29R1 from Solidworks v19 models. Cell culture media (comparable
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to water) was used as the fluid for modeling (density: 0.998 g/cm3; viscosity: 0.001 Pa*s). A

flow rate of 1 ţL/min was calculated to be 1.12 dynes/cm2 (low/venous shear), and 10 ţL/min was

calculated to be 11.2 dynes/cm2 (high/arterial shear). Values are reported as exact calculations at

the center of the XZ planes (top/bottom wall shear) distant from the corner. Disturbed flow was

induced via an oscillatory flow pattern of 1 or 10 ţL/min, 2 seconds of withdrawal and 1 second of

infusion (100% duty cycle, 0.33 Hz) to deliver fresh media. Each of these regimens were run for 3

hours and 6 hours after appropriate lumenization.

Verteporfin Treatment: Verteporfin was purchased from Millipore Sigma (≥94% HPLC) and

dissolved into a 1 mM stock in dimethyl sulfoxide (DMSO; Millipore Sigma) and stored at -20řC

until use. The stock solution was diluted into 2 mL of EGM-2-M media for the corresponding

experiment. Each concentration was supplemented with DMSO to ensure each flow chamber re-

ceived the same amount of DMSO regardless of dilution. Verteporfin was introduced into the

chamber in a dose-dependent manner. DMSO controls were media and the total DMSO volume

required for dilution only.

RNA Isolation and Gene Expression: HUVECs in each channel were trypsinized and cells

pelleted for RNA extraction and lysed with 10 minutes of detachment. Note that YAP is rapidly

inactivated upon trypsinization and gene expression is thus dependent on the half-life of the mRNA

[66]; cells must be lysed quickly and RNA extraction begun immediately. RNA was extracted us-

ing an ArturusTM PicoPureTM RNA Extraction Kit (Applied Biosystems, Thermo Fisher Scientific).

The cDNA was synthesized from the extracted RNA using a 5x iScript Reverse Transcriptase Su-

permix (Bio-Rad Laboratories, Inc.). The cDNA was then diluted to a volume of 100 ţL for qPCR.

For each qPCR reaction, a volume of 20 ţL was used consisting of 10 ţL of Power SYBRő Green

Master Mix (Applied Biosystems, Thermo Fisher Scientific), 7 ţL of H2O (DNAse/RNAse free,

molecular grade), 1 ţL of the gene specific primer, and 2 ţL of the sample cDNA. All primers

were purchased as validated 20x SYBRő Green assays for glutaraldehyde 3-phosphate dehydroge-

nase (GAPDH), endothelial nitric oxide synthase (eNOS), connective tissue growth factor (CTGF),

ankyrin repeat domain 1 (ANKRD1), intercellular adhesion molecule 1 (ICAM-1), vascular adhe-
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sion molecule 1 (VCAM-1), vascular endothelial growth factor receptor 2 (VEGFR2), and inter-

leukin 6 (IL-6), (Bio-Rad Laboratories, Inc.). RT-qPCR was performed on a QuantStudio 12K

Flex (Applied Biosystems, Life Technologies) with the following pre-set settings: 96-Fast Well

Plate 0.1 mL, Relative Quantification (-∆∆Ct), SYBRő Green Reporter, and Standard Run Time.

All gene expression results were reported as a fold change with respect to the denoted control and

the housekeeping gene, GAPDH [169].

Immunohistochemistry: Each sample was fixed with 16% formaldehyde (Thermo Fisher Sci-

entific) for 20 minutes at 4oC and then blocked and permeabilized with 2% bovine serum albumin

(BSA, Sigma Aldrich) and 0.1% Triton X-100 (Thermo Fisher Scientific) in PBS (blocking buffer)

for 1 hour at 4oC. Channels were then stained with either rabbit anti-YAP (Abcam), rabbit anti-

VCAM1 (Abcam), rabbit anti-vWF (Dako), or mouse anti-CD144 (BD Pharmigen) in blocking

buffer (1:100) overnight at 4oC. Secondary staining was performed with donkey anti-rabbit Alexa

FluorTM 555 (Invitrogen Molecular Probes, Thermo Fisher Scientific) for 1 hour at room tempera-

ture. Actin was stained with phalloidin Alexa FluorTM 488 (Invitrogen Molecular Probes, Thermo

Fisher Scientific). Nuclei were stained with 4,6-diamidine-2-phenylindole dihydrochloride (DAPI,

Roche Diagnostics).

Imaging and Analysis: Image acquisition was performed on an FLUOVIEW FV3000 con-

focal microscope (Olympus Corporation). Analysis was performed on the associated software

(cellSens, Olympus Corporation) for YAP partitioning and circularity index by denoting regions

of interest and extracting the raw fluorescent values and measurements. YAP partitioning was cal-

culated as the nuclear YAP signal divided by the total cellular YAP signal for 60 cells. Circularity

index was calculated via 4π(area/perimeter2) for 60 cells. Actin alignment images were grayscaled

in GIMP or ImageJ, and analysis was performed using the directionality function in Fiji (ImageJ)

using Fourier component analysis for 0o to 90o. The values were reported in vector notation of the

form(r,θ), where r corresponds to the relative density (magnitude) of observations for a given angle

calculated from the directionality function, and θ (phase) is the angle itself. Thus, angular prefer-

ences are visualized as radial spikes or peaks, and random organization is a radially homogenous
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distribution. Five or greater fields of view were taken for each experimental condition in the study

of actin alignment (indicated). Color mapping was performed using OrientationJ [170].

Statistics and Data Visualization: All data was analyzed using either an appropriate Students

t-Test or ANOVA with post-hoc Tukeys/Scheffs test. Statistical significance was set as p < 0.05,

however all p-values are reported as their exact calculated value. All data visualization (except bar

graphs) was performed in Python 3.7 using Matplotlib [171] with Seaborn packages. All scripts

are available upon request; examples scripts are included in supplementary material.

2.3 Results and Discussion

Design of the Microfluidic Vessel-Chip System: In order to design a microfluidic culture

environment conducive to studying endothelial mechanobiology, we first engineered the key phys-

iologic parameters directly into the system and developed protocols to study ECs under different

shear patterns. We employed the anatomy of a typical vessel-chip consisting of a microfluidic

channel with a rectangular cross section providing a 3D culture environment for lumen forma-

tion (Figure 2.1a-c), where HUVECs cultured within the chamber formed a circular monolayer

around the inner walls of the chamber (Figure 2.1d) after 18-hour incubation under a low shear

rate (1 ţL/min; Figure 2.1e). Next, to determine the shear regimes studied during the experimental

portion of the protocol (t=0; Figure 2.1e), we used shear stresses and patterns which are known

to be protective or inflammatory. To this end, we imposed a low shear (inflammatory) regime,

a high shear regime (protective), and oscillatory versions of both (inflammatory) [132]. As the

HUVEC response to shear has been extensively characterized [130,172,173], in that they respond

favorably to arterial range shear (10 30 dynes/cm2) [162], we selected a flow rate of 10 ţL/min

(11.2 dynes/cm2) as our model of high shear. Conversely, low shear regimes (1-3 dynes/cm2) are

activating for endothelial cells thus we selected a flow rate of 1 ţL/min (1.12 dynes/cm2) as our

low shear regime (Figure 2.1f). To then model disturbed flow, we imposed a flow reversal pat-

tern (oscillatory flow) to induce EC activation (Figure 2.1g), based on flow patterns known to

cause activation [131, 174, 175]. Within our model, in order to deliver media over the course of

the experiment, a net positive flow vector was required, and thus the oscillatory regime displayed
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Figure 2.1: Fabrication of the vessel-chip microfluidic device for endothelial mechanobiology and
preliminary quantification. a details the parts of the device bonded together to form a microfluidic
channel. b lays out the dimensions of the channel. Each channel is 2 cm long, has a height of 75 ţm,
and a width of 200 ţm. The PDMS upper comprises the top face of the channel, while the bottom
glass slide is the bottom; these faces are referred to when seeding cells in the device as both faces
are seeded prior to experimentation. c are pictures of a fully fabricated device. d is a representative
confocal maximum Z-image of a HUVEC lumen formed on the device using this protocol (Flow
Rate: 10 ţL/min). e is a graphical schematic of the cell culture protocol used for each experiment.
3-dimensional computation fluid analysis of the applied wall shear stress based on the flow rate
with corresponding physiological ranges are shown in f, while g details the oscillatory flow pattern
used to induce activation (0.3 Hz cycle, 2 seconds withdraw, 1 second infuse). Flow velocity
heatmap profiles are shown in h for the unidirectional regimes and the corresponding flow rate,
and i details the velocity profile during an oscillatory cycle, showing the 1-dimensional change in
flow direction and magnitude.
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a frequency of 0.3 Hz (2 second withdrawal, 1 second infusion). 3D fluid modeling confirmed

conventional laminar regimes within the cuboidal chamber and presence of a flow reversal in the

oscillatory regimes which remained entirely laminar (Figure 2.1h-i). It is beneficial to note that in

the context of the model, disturbed flow is isolated to being comprised of only flow reversal. While

from a fluid mechanics perspective this is trivial, biologically the scenarios which activate ECs are

complex, and several fundamental flow patterns may activate ECs, of which flow reversal is one.

Other patterns such as recirculating flow also induce activation, and are classified as disturbed

flow, and additionally disturbed flow need not be laminar [103, 133, 134, 158]. Lastly, to complete

our protocol development, our experiment duration (t=0, Figure 2.1e) was set to follow the onset

and stabilization of EC gene expression under shear, starting within an hour and stabilizing by 6

hours [176]. Thus, we selected an experimental duration of 6 hours. We confirmed this time point

using gene expression of various shear sensitive genes (Figure 2.2).

Endothelial YAP/TAZ Mechanobiology in the Vessel-Chip: Our next goal was to establish

that our vessel-chip model recapitulated known patterns of YAP/TAZ biology in endothelial cells:

cytoplasmic retention under high, unidirectional (atheroprotective) laminar shear and nuclear parti-

tioning when exposed to disturbed flow [69,70]. We began by setting a quasistatic control baseline

for HUVECs cultured on the chip (flow <2 ţL/hour), as cells cultured in the vessel-chip require

perfusion to remain alive and fully static state is not relevant. At these quasistatic conditions,

partial YAP nuclear partitioning was observed (nuclear YAP/total YAP; Figure 2.3a-b). HUVECs

elongated and aligned weakly along the flow vector, both attributable to culture under flow (Figure

2.3c-d). This baseline established, we moved to study and compare physiologic/pathologic condi-

tions. We examined YAP partitioning via immunofluorescence after 6 hours of the different flow

regimes detailed earlier (Figure 2.4a-b). In all disturbed flow regimes (low shear 1 ţL/min and

both oscillatory regimes), we observed strong nuclear partitioning of YAP, while under the high

atheroprotective regime, YAP was retained strongly in the cytoplasm (Figure 2.4c). We note that

the quasistatic control YAP partitioning values were statistically identical to that of the oscilla-

tory regimes (p = 0.9), indicating the strong influence of protective shear on YAP cytoplasmic
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retention and importance of fluid flow. Altogether, all parameters which conventionally classify as

disturbed flow strongly induced YAP nuclear partitioning. Although this observation is consistent

with previous studies [69, 70] reporting that disturbed flow results in YAP activation in ECs, we

have added some greater resolution to the mechanosensing paradigm, as few studies have explored

differences between unidirectional and oscillatory flow at low levels of shear stress. We observed

that the flow pattern appears to be the dominant determinant of YAP localization in high shear

regimes (10 ţL/min unidirectional vs. oscillatory). By contrast, when the shear stress is low, ECs

are comparably activated by unidirectional or oscillatory flow.

Within our vessel-chip model, we additionally observed common morphology changes associ-

ated with disturbed flow. HUVECs exposed to high shear became elongated, while in all disturbed

flow regimes cells remained rounded (Figure 2.4d). Although EC exposed to both unidirectional

regimes aligned primarily along the 0ř flow vector, those exposed to high shear displayed a much

more prominent alignment peak (Frequency peak: 1 ţL/min=0.13 vs. 10 ţL/min=0.23). HUVECs

exposed to oscillatory flow regimes all displayed a blunted alignment (Figure 2.4e). Represen-

tative color mapping of actin alignment (from Figure 2.4a) demonstrates the wide distribution

of angles seen in the oscillatory regimes (Figure 2.4f). Taken together, our data suggests that

the key observations of in vivo YAP behavior are captured within the vessel-chip system, while

additionally facilitating novel findings pertaining to the relative influence that shear stress magni-

tude and pattern have on endothelial activation. Moreover, morphological characteristics of ECs

subject to (disturbed) flow were readily captured and shown to be consistent with current under-

standing [177, 178].

Endothelial Activation and Inflammation in the Vessel-Chip: In the context of vascular

mechanobiology, drawing connections between the detrimental mechanoresponse from disturbed

flow (YAP nuclear localization and increased activity) and the clinical implications (atheroscle-

rotic progression and vascular disease) would be vital to capture within our model to ensure the

mechanobiological changes parallel alterations in endothelial activation. Specifically, does nuclear

YAP partitioning (with disturbed flow) parallel endothelial activation and inflammation? Accord-

25



ingly, we selected an atheroprotective regime (unidirectional high shear) and the corresponding

disturbed flow pattern (oscillatory high shear), and assessed the relative level of two molecules

known to be induced under disturbed flow and integral to atherosclerotic progression: vascular

cell adhesion molecule 1 (VCAM-1) and von Willebrand Factor (vWF) [175, 179–184]. We ob-

served reduced levels of both VCAM-1 and vWF when HUVECs were subject to unidirectional

high shear, whereas high oscillatory shear greatly increased the levels of both VCAM-1 and vWF

(Figure 2.5a-d), illustrating the connection between the EC mechanoresponse and EC inflamma-

tory activation.

Gene Expression Analysis: Subsequently, we examined gene expression of ECs subject to

the various fluid shear stress parameters. The first two genes examined, connective tissue growth

factor (CTGF) and ankyrin repeat domain 1 (ANKRD1) are downstream targets of YAP/TAZ

activity known to be upregulated by its transcriptional co-activation [69, 70]. The second two

genes, endothelial nitric oxide synthase (eNOS) and vascular endothelial growth factor receptor 2

(VEGFR2), are shear responsive genes [21, 134, 185–189] not directly tied to YAP activity. Uni-

directional high shear downregulated expression of CTGF compared to unidirectional low shear,

however ANKRD1 remained relatively unchanged (Figure 2.6a). Under the conditions of high os-

cillatory shear, CTGF and ANKRD1 were both dramatically upregulated (Figure 2.6b), consistent

with previous reports [69, 70]. By contrast, at low levels of shear stress, there was no difference

between unidirectional and oscillatory shear stress in expression of CTGF and ANKRD1 (Figure

2.6c). Taken together, this data suggests than CTGF expression is highly sensitive to both the

magnitude and pattern of shear stress. By contrast, the expression of ANKRD1 is not affected

by difference in the magnitude of unidirectional shear stress, but is affected by the flow pattern at

higher levels of shear stress. Notably, the sensitivity of CTGF to the magnitude of unidirectional

shear stress has been previously reported [172]. Changes in other known mechanosensitive genes

(eNOS and VEGFR2) were modest but in the expected directions (Figure 2.6d-f). Summarizing,

these data confirm that our chip model replicates the known biological effects of laminar and dis-

turbed flow (i.e. response of eNOS and VEGFR2) and provide new insights into the flow response
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of genes downstream of YAP/TAZ activation (i.e. CTGF and ANKRD1). Notably, CTGF is highly

expressed in atherosclerotic plaques [190–192] and knockdown greatly reduces plaque progres-

sion [193]. This is consistent with our data that CTGF is upregulated by patterns of disturbed flow,

which hemodynamic condition is associated with sites in the vasculature that are predisposed to

atherosclerosis.

Pharmacologic Inhibition of YAP Activity: To confirm the importance of YAP activity on

the flow-mediated regulation of mechanosensitive genes, we employed verteporfin, a potent YAP

inhibitor [194–197]. We assessed a dose response to verteporfin (0.125 1 ţM; Figure 2.7a-b)

and assessed YAP nuclear localization of treated cells subject to 10 ţL/min oscillatory shear. We

observed increasing cytoplasmic retention of YAP with increasing concentrations of verteporfin,

with 1 ţM verteporfin treatments resulting in cytoplasmic retention of YAP comparable to that of

ECs subject to high unidirectional shear (Figure 2.8a-b). Notably, concentrations above 1 ţM in-

duced excessive cellular detachment (Figure 2.7c), which is attributable to verteporfins ability to

potently induce apoptosis and cell death at high concentrations [198]. Additionally, verteporfin

treatment did not rescue cell circularity/morphology nor alignment (Figure 2.8c-d and A4d). As

concentrations of 1 ţM demonstrated the highest tractable cytoplasmic retention, we selected 1 ţM

as the concentration to examine inhibition of downstream YAP gene expression. Compared the

DMSO controls (required for verteporfin solubility), verteporfin strongly suppressed expression of

CTGF, however, strikingly ANKRD1 expression was not affected (Figure 2.8e). We note that this

mirrors the finding of Wang et al. [70] when they reported pharmacological inhibition of c-Jun

N-terminal kinase (downstream of YAP/TAZ activity) greatly modulated CTGF expression, but

minimally affected ANKRD1 [70]. Thus, this supports that CTGF is predominantly regulated by

upstream YAP activity (and thus the EC mechanoresponse), however ANKRD1 is likely to be as-

sociated with other regulatory pathways. More generally, these pharmacological studies performed

using the vessel-chip system in this manner demonstrate how chemical intervention can influence

and reverse the biological response to mechanical cues, and how organ-chip systems support these

preclinical and potentially translational studies in a controlled manner.
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Substrate Stiffness Impedes the Shear Mechanoresponse: As YAP is responsive to both

substrate stiffness and shear stress, we hypothesized that stiffening the substrate matrix impedes

the ability of ECs to fully respond to shear stress, upshifting YAP nuclear localization. The stiff-

ness of the PDMS substrate was modified by varying the crosslinker concentration [92]. Arterial

stiffnesses range from 50 kPa up to roughly 600 kPa [141, 146, 147]. Complicating this paradigm

is that diseased vasculature and atherosclerotic plaques have a significantly higher range of stiff-

nesses, from 1 kPa up to 5 MPa [143, 144]. Thus, we explored a stiffness of the same order of

magnitude as those reported in normal muscular arteries (300-500 kPa; such as the coronary arter-

ies) [142] as well as stiffness in the range of atherosclerotic vessels (>1 MPa). Accordingly, we

reduced the crosslinker density to 7.5% (to yield 1 MPa) and to 5% (500 kPa); ECM functional-

ization did not alter the PDMS materials properties (Figure 2.9). We subjected endothelial cells

grown on these matrices to unidirectional low or high shear and measured YAP localization (Figure

2.10a-b). Consistent with our previous experiments, all low shear groups displayed elevated YAP

nuclear partitioning consistent with EC activation under flow. Furthermore, all high shear groups

displayed significantly decreased nuclear YAP localization. However, higher levels of stiffness at-

tenuated the effect of high shear to reduce YAP nuclear partitioning (Figure 2.10c), indicating that

stiff matrices impede the protective EC shear mechanoresponse. Also, of note, there was no differ-

ence in the nuclear localization with increasing stiffness when shear stress was low. This finding

indicates that low shear stress (such as that found at sites of disturbed flow in the large and medium

arteries) is strongly activating and a dominant stimulator of YAP activity, EC activation, and vas-

cular inflammation. Interestingly, high shear was sufficient to induce YAP cytoplasmic retention

on borosilicate glass (Youngs Modulus 64 GPa), displaying a value statistically indistinguishable

from the 10% PDMS (10% PDMS=0.32ś0.1; BSG=0.32ś0.1; p=0.7), which suggests the influence

of matrix stiffness on the shear mechanoresponse plateaus past some highly stiff threshold (Figure

2.11). Altogether, this data suggests that ECs reside in a complex physical environment where they

balance different physical cues and respond biologically to the convolution of the stimuli (Figure

2.10d-e). The protective signals from high shear stress are attenuated by increasing matrix stiff-
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ness to a certain threshold, while low shear is universally activating. Notably, this data supports a

biological link associating matrix stiffness and flow patterns to EC dysfunction, inflammation, and

atherosclerotic progression, consistent with clinical data.

2.4 Conclusions

Here, our report describes the use of a vessel-chip model to arrive at novel understandings of

the interaction of physiological forces which conventional methods or models may not facilitate.

This type of bottom-up engineering approach to biology, combined with insights from current in

vitro and in vivo models, may provide a more comprehensive understanding of forces acting on

cells in a concerted fashion to result in a single biological response.

In the context of vascular mechanobiology, our vessel-chip model yielded several new insights

into the physical cues which govern EC health and homeostasis. First, our data reveals that shear

stress magnitudes and patterns are a dominant signal in EC phenotype maintenance. The most

dramatic differences were observed between unidirectional and oscillatory flow patterns at high

levels of shear. Interestingly, the pattern of flow (unidirectional v. oscillatory) did not appreciably

modulate gene expression when ECs were subject to low levels of shear. Thus, low levels of shear

(which promote atherosclerosis in the arterial circulation) dominate over the flow pattern with

respect to EC signaling. Gene expression analysis across flow regimes and inhibitor studies high-

lighted CTGF as a highly sensitive measure of the EC mechanoresponse to shear and flow pattern.

CTGF was upregulated with disturbed flow, consistent with its increased expression in atheroscle-

rotic vessels. By contrast, ANKRD1 was only affected by the flow pattern at high levels of shear

stress. Verteporfin studies confirmed that CTGF but not ANKRD1 is significantly downregulated

by YAP inhibition, emphasizing the distinction between these genes.

The most significant finding of this report is the interaction of substrate stiffness with shear

stress to modulate the EC YAP mechanoresponse. Here, we observed that increasing the substrate

stiffness increased the levels of YAP localized to the nucleus under high shear, however low shear

was strongly activating across varying stiffnesses. Our work is consistent with prior studies asso-

ciating coronary wall stiffness and shear patterns with development of atherosclerosis [142–144].
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Indeed, the data suggests a feedforward mechanism of EC activation and atherosclerotic progres-

sion (Figure 2.10f) where some inciting event (either physical or chemical [133, 199]) induces

YAP activation in ECs. This, in turns, causes endothelial activation and vascular inflammation,

as reported previously [69, 70]. The endothelial activation and vascular inflammation then drive

atherosclerotic progression, which may further stiffen the vascular architecture, activating YAP fur-

ther. Kohn and colleagues observed that stiffer substrates resulted in lower eNOS production and

increased RhoA activation [150], the latter of which interacts with YAP/TAZ [200]. Together, their

work and ours strongly suggest that matrix stiffness attenuates the endothelial response to physio-

logical shear stress. The combination of a decrease of eNOS (also atherogenic [127]) and increases

in RhoA and YAP/TAZ activity all serve to suggest that matrix stiffening is not only a correlative

consequence, but a cause of vascular disease. Indeed, other recent reports indicate that YAP ac-

tivation is associated with vessel stiffening in the context of pulmonary hypertension [151, 201],

though do not explore fluid shear stress as deeply.

There are model limitations and interpretation qualifiers important to discuss. Our current

vessel-chip model does not incorporate strain, which is known to activate YAP activity as well

[112]. Furthermore, we have not incorporated a vascular smooth muscle cell layer in our model,

which also contributes to vascular disease [202, 203]. Thus, some of the biological implications

of our model findings require additional study to incorporate the interaction of these biological

variables with stiffness, shear stress, and flow patterns. Also of note is that the ECM chemi-

cal composition itself influences EC behavior [204], which was not a variable considered in our

work. We also assumed that the matrix is a uniform, isotropic material, however, blood vessels

are composite and anisotropic [141]. Lastly, our work focuses on modeling mechanobiological

response in the arterial circulation (using HUVECs) which may not be entirely reflective of the

venous mechanoresponse. As an example, recent work, including our own, highlights that low (1

dyne/cm2) recirculating flow in vein leaflets is protective [205, 206], rather than activating. Thus,

our conclusions are only appropriately applied to arterial biology while venous mechanobiology

requires more investigation.
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Nonetheless, we believe the methods and resulting conclusions emphasize how engineered

organ-chip models can be used in such a manner as to draw upon biological knowledge and facil-

itate new findings. As evidenced by the work here, organ-chip systems support biological inquiry

that fills the gaps between the in vitro models and animal models. Further extension or applications

of this work include system sophistication to incorporate additional geometries or cellular layers

to study an additional interface, or the inclusion of iPSC-derived ECs or diseased cell models to

study perturbations of the shear response induced by internal, cellular dysfunction.
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Figure 2.2: RTqPCR gene expression analysis of various endothelial genes at 3- and 6-hour time-
points for venous and arterial shear (a). Each group for each gene was run n=3. Note that in the
manuscript proper, the 1 vs 10 ţL/min regimes were repeated an addition 4 times, and the n=3 from
this graph were analyzed together with the repeat for the n=7 in the main manuscript. The data
here is intended only to illustrate the timepoint trends. A fundamental limitation but repeatable
observation for the vessel-on-a-chip model was that the arterial shear regime displayed upregu-
lated surface adhesion molecules (ICAM-1 and VCAM-1). RTqPCR gene expression analysis of
the vessel-on-a-chip system at 72 hours incubation total (b). Each group performed at n=3. This
figure highlights than, in comparison to a plate control, longer incubation times seem to aberrantly
regulate gene expression contrary to the expected patterns. Notably, surface adhesion molecules
and targets of YAP/TAZ are all upregulated in the vessel-on-a-chip system vs. the polystyrene plate
controls. This is remedied by the lumenization protocol established, and was the main driving force
for developing a rigorous protocol.

32



Figure 2.3: Quasistatic control IF is shown in a (scale bar: 50 ţm). YAP partially partitioned to
the cytoplasm (b). Cells elongated and aligned under flow (c-d). This control set required 48-hour
culture under <2 ţL/hour to achieve confluence and lumen formation.
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Figure 2.4: YAP mechanobiological model validation of the vessel-chip system for studying en-
dothelial mechanobiology. In a are representative fields of view within the vessel-on-a-chip device.
b is a Z-stack image of a section of a vessel-on-a-chip showing lumen formation). Scale bars in a
and b are 50 ţm. YAP partitions for each group are: 1 ţL/min: 0.37 ś 0.08; oscillatory 1 ţL/min:
0.42 ś 0.1; 10 ţL/min: 0.23 ś 0.08; oscillatory 10 ţL/min: 0.43 ś 0.11 (c). The cellular morphology
(circularity) is quantified in d: 1 ţL/min: 0.67 ś 0.11; oscillatory 1 ţL/min: 0.67 ś 0.11; 10 ţL/min:
0.51 ś 0.11; oscillatory 10 ţL/min: 0.64 ś 0.16. Directionality assays based on actin alignment are
shown in e. For 10 ţL/min, HUVECs aligned strongly along the flow vector. The effect was atten-
uated in the 1 ţL/min regime. HUVECs in both oscillatory flow fields showed markedly decreased
alignment. Color mappings from a are visualized in f. For YAP partition experiments and CSI ex-
periments, n=60 cells. Alignment polar histogram plots are comprised of an average of 5-6 fields
of view, directionality calculated from 0o to 90o binned 15 times in ImageJ. Statistics performed
using a single factor ANOVA with post-hoc Tukeys test. Significance is taken at p < 0.05. All
values reported as mean ś standard deviation.
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Figure 2.5: Endothelial activation studies between the different shear regimes. 2 markers of en-
dothelial inflammation (VCAM-1 and vWF) were examined under the laminar and oscillatory flow
conditions. For both markers, oscillatory flow patterns resulted in marked intensity increases for
VCAM-1 (a-b, Fluorescence: 10 ţL/min 2.4 ś 0.8 AUx103/ţm2, Oscillatory 10 ţL/min 7.1 ś 2
AUx103/ţm2) and vWF (c-d, Fluorescence: 10 ţL/min 3.1 ś 2 AUx103/ţm2, Oscillatory 10 ţL/min
17 ś 5 AUx103/ţm2). For VCAM-1, n=74 cells; for vWF, n=69 cells. Statistical analysis was per-
formed using an unpaired Students t-test, significance taken at p < 0.05. Data is reported as the
normalized intensity (to cellular area), mean ś standard deviation.
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Figure 2.6: Gene expression for key mechanosensitive genes were selected as transcriptional read-
outs (CTGF, ANKRD1, eNOS, and VEGFR2). CTGF expression was significantly decreased from
1 ţL/min to 10 ţL/min (a, FC = 0.6) while ANKRD1 was not changed (FC = 1.1). However, os-
cillatory 10 ţL/min vs. 10 ţL/min displayed a marked upregulation of both CTGF and ANKRD1
(b, respectively FC = 5.9 and FC = 3.3). Conversely, expression of CTGF and ANKRD1 in the
oscillatory 1 ţL/min vs. 1 ţL/min regime was not changed (c, FC = 0.97 and FC = 0.76). With
regards to eNOS and VEGFR2, from 1 ţL/min to 10 ţL/min, eNOS was not appreciably changed,
though VEGFR2 saw modest upregulation (d, FC = 1.4 and FC = 2.0, respectively). Oscillatory 10
ţL/min vs. 10 ţL/min shown downward trends for both genes (e, FC = 0.67 and FC = 0.83) without
reaching significance. Oscillatory 1 ţL/min compared to 1 ţL/min showed minimal changes (f, FC
= 1.0 and FC = 1.4). For a and d CTGF, ANKRD1, and eNOS, n=7; all other genes performed
n=4. Statistical analysis was performed on the ddCts for each group using an unpaired Students
t-test. All p-values are reported natively, significance taken at p < 0.05. Values are reported as FC.
GAPDH was selected as the housekeeping gene for all experiments.
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Figure 2.7: Full verteporfin dose response curve with ECs subject to 10 ţL/min oscillatory shear,
showing the inhibition of YAP nuclear localization with increasing concentrations (a-b). In c,
representative high concentration regimes are shown to highlight how excessive verteporfin induces
excessive cellular detachment. Both the cell circularity (cell shape index) and alignment are not
affected by verteporfin (d-e). The manuscript displays the data seen here only from DMSO and 1
ţM.

37



Figure 2.8: Verteporfin immunofluorescence (for nuclei (DAPI, blue), actin (phalloidin, green,)
and YAP (red), a) showed decreasing YAP nuclear partitioning in the 1 ţM group vs. DMSO
control (DMSO: 0.46 ś 0.1; 1 ţM: 0.30 ś 0.1, b). Verteporfin treatment did not rescue cellular
morphology or alignment under oscillatory flow (c-d). Cell circularity indices for the DMSO and
1 ţM Verteporfin groups were respectively 0.67 ś 0.1 and 0.71 ś 0.1. Gene expression analysis of
CTGF and ANKRD1 post-verteporfin treatment (e) showed significant downregulation of CTGF
(FC = 0.11) and insignificant modulation of ANKRD1 (FC = 0.70). Verteporfin treatment IF and
circularity performed on n>59 cells. Gene expression performed n=4. Statistical analysis was per-
formed on the calculated normalized IF values or ddCts for each group using an unpaired Students
t-test. All p-values are reported natively, significance taken at p < 0.05. Values are reported as
circularity, FC, or normalized intensity, mean ś standard deviation. GAPDH was selected as the
housekeeping gene for all experiments.
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Figure 2.9: Elastic moduli of the various PDMS formulations and confirmation via AFM that
chemical modification of a 10% PDMS thin film does not alter the mechanical properties. Conical
fit using 0-10% of the AFM curve was used to fit data of PDMS thin films, >15 technical replicates
taken per sample with iterative outlier analysis to remove technical replicates with large deviations.
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Figure 2.10: Varying device stiffness to modulate the HUVEC endothelial mechanoresponse. Ex-
periments were performed in devices made form the varied crosslinker concentrations of 5%, 7.5%,
and 10% and under the unidirectional shear regimes of 1 ţL/min and 10 ţL/min. Cells were stained
for nuclei (DAPI, blue), actin (phalloidin, green,) and YAP (red), shown in a-b. Across the 1
ţL/min groups, YAP partitioning was not affected by substrate stiffness (5%: 0.42 ś 0.1; 7.5%:
0.38 ś 0.1; 10%: 0.39 ś 0.1), while those subject to 10 ţL/min showed increasing YAP partition
as the substrate stiffened (5%: 0.25 ś 0.1; 7.5%: 0.29 ś 0.1; 10%: 0.32 ś 0.1, c). YAP nuclear
partitioning between the 1 ţL/min and 10 ţL/min groups were significantly different between any
2 groups from different shear regimes. This suggests that ECs respond to a variety of mechanical
cues which can either be protective or inflammatory (d-e). The physical regimes of stiffness and
shear stress may be connected via YAP mechanobiology in a feedforward manner where an initial
incident can result in propagating stiffening and YAP activity (f). For the 1 ţL/min groups, n = 56
cells, for the 10 ţL/min groups, n = 71-73 cells). Statistics performed using a single factor ANOVA
with post-hoc Tukeys test for significance. Each p-value between groups is reported natively as
calculated, significance taken at p < 0.05. All values reported as mean ś standard deviation.
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Figure 2.11: Borosilicate glass (BSG) studies demonstrating that high shear can downregulate
YAP activity when HUVECs are culture on glass. The NF (no flow) control is conventional glass
coverslips used commonly in cell culture, HUVECs within the device require delivery of me-
dia, and static controls within the flow chamber is suboptimal. Flow experiments are performed
using non-coated BSG glass as the vessel-chip bottom. Note that YAP partitioning on BSG is
statistically identical to the 10% PDMS group (Figure 2.4b in manuscript, 10% PDMS=0.32ś0.1;
BSG=0.32ś0.1; p=0.7). Note the coverslip control is a conventional glass coverslip as perfusion is
required on the chip to maintain EC media delivery however the morphology of HUVECs grown
in conventional culture is different from those grown under shear fundamentally, and this control
only illustrates changes in YAP partition.
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3. THE INFLUENCE OF ELECTRIC FIELDS ON YAP MECHANOBIOLOGY PATHWAYS

AND VASCULAR PROLIFERATION

3.1 Introduction

Electric field biology, the influence of external electric fields on biological processes, or elec-

trobiology, has long been a source of fascination [207, 208]. Electric fields, voltage differentials,

and membrane potentials are an integral part of cellular and tissue physiology [209]. Cellular elec-

trical potentials play an important role in spatially delocalized, time-resolved signaling as observed

in the nervous system and cardiovascular system. In these systems, cells generate action potentials,

traveling waves of charged ion gradient changes [210–212], which alter membrane potentials and

result in biochemical responses and alterations in gene expression [213–217]. The physiology of

these electrical potentials is formed and sustained by membrane-confined proteins that serve as

ion channels and active transporters which maintain a balance of electrical and chemical potentials

such that a specific voltage is maintained across the cell membrane [218–221]. The membrane

potential of cells, ranging between 0 to -100 mV, varies in proliferating versus non-proliferating

cells and suggests the possible role of external fields on critical cellular performance during the cell

cycle [222]. Such an intimate connection between cellular function and electric potentials suggests

that cellular behavior may be modulated by application of an external field to induce or inhibit a

specific response. This endeavor is realized in the development of electric field chemistry, oriented

external-electric-fields (OEEF) that alter structure and chemical reactivity [161, 167], electroceu-

ticals, nascently-produced biochemicals whose levels may be altered with the use of an electric

field [63] and so influence cell behavior [51–53], and in the many clinically relevant electrostim-

ulation devices [64, 166]. Applied electric fields may also induce physicochemical changes to

transmembrane potentials, alter membrane permeability, or change the electroactivity of receptors

or ligands [54, 70]. Electric fields have likewise been shown to influence the cytoskeleton and in-

hibit growth in cancer cell lines [223–225]. Indeed, there are several approved approaches already
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a mainstay in the clinic, such as cardiac pacemakers and antiarrhythmic devices [226, 227]. Here,

a new term is defined, electromics, which is the study of cellular gene expression profiles and their

implications under the influence of exogenously applied electric fields. This field is a synthesis of

bioelectronics and molecular biology, and this report describes preliminary work at this frontier

through studies of YAP and CD144 expression biology in HUVECs.

Electric fields are normalized electrical forces per unit charge with the Lorenz force:

F⃗ = qE⃗ + qv⃗ × B⃗ (3.1)

aptly describing the influence of an electric field E⃗ on a charged entity, q, moving at velocity,

v⃗, in a magnetic field, B⃗. This relationship suggests that electric fields apply forces throughout

systems with charged species in abundance a property which characterizes all biological sys-

tems [228], implying that electrostatic interactions and the resulting forces are a fundamental part

of molecular biology beyond, but including, the action potential. These electrical forces share an

analogy with mechanical forces, such as those arising from shear stress or substrate stiffness, and

thus may have similar avenues of cellular expression. Tangibly, ion channels and electrical poten-

tials have been tied to molecular processes, outside of action potentials, to connect these paradigms;

ion channels in endothelial cells have been shown to be mechanosensitive and responsive to shear

stresses [229] with examples including the recently elucidated piezo channels [40–42,44,230,231].

Electro-mechanical coupling in tissue maturation is well known for maturing cardiomyocytes from

neonatal rats or from hiPSC differentiation; such maturation being facilitated by electrical or me-

chanical stimulation [165]. Beyond the connection between mechanobiology and electrobiology

(electrical stimulation), electrical fields have also been shown to influence gross cellular behavior in

wound healing, influencing cell proliferation and migration [55, 57–60, 124, 232]. Taken together,

this suggests a deep connection between the voltage potentials and forces induced by electrical

fields, ion channel signaling, and the influence these may have on cellular genetics and biochem-

istry. Thus, there is considerable interest in harnessing the power of electric impulses to aid healing

of chronic wounds, reduce pain, and restore neurological activity. However, fundamental under-
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standing of the role of such electric impulses on cellular activity remains elusive. Yesassociated

protein 1 (YAP) and WW-domain-containing transcription regulator 1 (transcriptional coactiva-

tor with PDZbinding motif) (TAZ) are the main effectors of the Hippo pathway, pivotal to tissue

growth, and their nuclear localization is a well-established signature of the regulation of their tran-

scriptional activity and role in signal transduction [164, 233]. Shuttling between the nucleus and

the cytoplasm, nuclear YAP/TAZ promotes cell proliferation, organ overgrowth, survival to stress

and dedifferentiation of post-mitotic cells into their respective tissue progenitors [160]. Such lo-

calization is well known to be influenced by external mechanical forces in pathways distinct from

Hippo [64], including shear stresses, such as in 3D printing of suspended cells or arising from flow

over adherent cells [234], and substrate stiffness [235]. Acting as transcriptional co-activators [64],

several genes are regulated by YAP/TAZ activity. Two such commonly used targets include con-

nective tissue growth factor (CTGF) and ankyrin repeat domain 1 (ANKRD1) [62,236], which are

positively regulated by increasing YAP/TAZ activity. Thus, the relative expression of these genes

may be used as a readout for the level of YAP/TAZ activation in parallel to its nuclear partitioning.

The downstream regulation of YAP/TAZ via several plasma membrane domains [237] suggests

that membrane potentials and electrical influences that affect the plasma membrane [184] may

similarly and likewise affect YAP/TAZ localization.

Isolating such interactions between electric fields and its downstream influence on cellular

processes requires precise engineering of the system. Certain reports have described directly using

electrodes or electrode arrays to stimulate cells [238–240], after which cells may be harvested

and characterized. Additional reports use conductive scaffolds, polymers, or hydrogels [241–245]

to engineer a more biomimetic environment for cell growth which facilitate advanced fabrication

techniques such as 3D printing [241, 246, 247].

To facilitate electromics, a cell culture system to culture and monitor the cellular response to

uniform electrical fields in real time, termed the electrical cell stimulation and recording apparatus

(ECSARA), was previously designed, fabricated, tested and reported [54]. The primary advantage

of this system is its use of conventional 24-well cell culture plate format while enabling the inves-
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tigations of gene expression under a uniform electric field orthogonal to the cell growth plane of

trans-well cell culture inserts. This design separates the cells from direct contact with the titanium

oxide-coated titanium electrodes thus assuring isolation of the cells from any effect other than the

field-effect, and as modeled, uniformly applies the same electric field to all cells cultured on the

trans-well inserts [54]. This approach eliminates any perturbation of the cells by non-electric field

aspects of the system. Moreover, the design based on 24-wells allows for simultaneous, multi-

plexed interrogation and investigation of both stimulated and control groups to be run in parallel

and in replicates which enhances the statistical power to resolve small differences not readily dis-

cerned in single lab-on-a-chip type constructs. Thus, using this previously validated ECSARA

system supports quick transition into the intended biological inquiry.

In this study, ECSARA was used in a novel application to specifically study YAP expression

biology and CD144 expression under electrical field influence. The effect of electrical stimulation

on human umbilical endothelial cells (HUVECs) was studied by applying an electrical field under

three regimens alongside separately prepared, non-stimulated, negative controls for each regimen.

ECSARA allowed parallel real-time monitoring of trans-endothelial electrical resistance (TEER;

a resistance measure that assesses CD144 enabled tight junction formation between HUVECs)

by electrical impedance spectroscopy and equivalent circuit analysis (EIS-EQCRTA). Using EC-

SARA) [54], cells were stimulated with programmed stand-off electric fields. HUVECs were

exposed to electric fields of 0 (non-stimulated, negative control), 2 mS pulses of amplitude 162

mV/mm (1.2 V) at 1.2 Hz (T1), 81 mV/mm (0.6 V) at 1.2 Hz (T2), and 162 mV/mm (1.2 V) at 0.6

Hz (T3) over a 48 h period where 1.2 Hz corresponds to a heart rate of 72 beats/min. The range of

electric field strength was chosen to induce no temperature or pH change to the incubated (constant

37oC) and highly buffered cell-culture medium. Hence, all observed cellular responses would be

related solely to the electrical stimulation [248]. In a parallel and separate group of experiments,

the viability (alamarBlueTM) of stimulated and control HUVECs was measured, to allow the con-

struction of a temporal viability profile under stimulation. The impedance of cells was measured

and analyzed with an equivalent circuit to monitor cell growth, proliferation, and formation of a
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confluent monolayer. Trans-well EIS-EQCRTA was performed over the range 10 mHz 1.0 MHz

and over a 72 h period to reveal changes in TEER performance under the different cell stimulation

conditions and these were evaluated relative to negative controls. The EIS data were collected from

the cells every 6 h and were modeled using an RS(QCELLRCELL)(QOXROX)(QDLRCT) equivalent cir-

cuit wherein RS represented the resistance of the solution or media, RCELL and QCELL represented

the insert-supported cell monolayer with RCELL specifically being reflective of TEER. Due to the

non-ideal capacitive behavior of the bioelectrochemical system, the capacitance (C) was repre-

sented by a constant phase element (CPE or Q). The impedance of the CPE [= 1/C)(jω)−n], where

for the case of n=1, Q presents the behavior of an ideal capacitor. The subscript OX stands for oxide

layer and characterizes the electrochemical contribution of the titanium oxide layer formed on the

interrogating titanium electrodes. The QDL and RCT terms reflect the double layer (DL) capacitance

and charge transfer (CT) resistance of the electrochemical system. Over similar periods, separately

stimulated cells were isolated for total RNA extraction followed by gene expression via real time

quantitative polymerase chain reaction (RTqPCR). The expression of downstream targets of the

transcriptional coactivators, YAP/ TAZ, were assessed by RTqPCR. Of specific interest was gene

expression of connective tissue growth factor (CTGF) and ankyrin repeat domain 1 (ANKRD1)

(downstream targets of YAP activation) and VE-Cadherin (to assess endothelial junctional for-

mation). Confocal microscopy was performed to assess YAP nuclear partitioning. Inclusion of

negative controls within the same plate as the EF stimulated group ensured precise evaluation of

cellular response to EF.

3.2 Materials and Methods

Electrical Stimulation: Electrical Cell Stimulation And Recording Apparatus (ECSARA),

designed and developed in the C3B lab, was used in this study. The design, fabrication, testing,

and validation of the system were reported in detail previously. The system employs a pair of

titanium oxide-coated titanium electrodes positioned above and beneath the cell culture inserts

hence the applied EF is orthogonal to the cell growth plane [54].

Cell Culture: RFP-expressing HUVECs (Angio_Proteomie) were cultured and expanded per
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standard protocols. Cells at passage number ≤8 were used. Following expansion, cells were

seeded on gelatin-coated 0.4 ţm PET (Polyethylene terephthalate) inserts (Corning, Millipore) at

a density of 2.5 x 105 cells/ml (equal to 7.5x104 cells/cm2) and 1000 ţL of media was added

to the reservoir. One hour following seeding, the TEER measurement was performed, t0, at an

interrogation voltage of 20 mV p-p over the frequency range of 0.01 Hz-1 MHz. Simultaneously,

in a triplicate group of wells, the media was replaced with media containing 10% Alamar Blue

reagent, incubated for 2 h and the absorbance was subsequently measured with a Synergy HT plate

reader (BioteK) at 570 nm and 600 nm wavelengths.

Electrostimulation of cells was performed 1 h post seeding. An electrical pulse of T1 = 1.2 V

magnitude (162 mV/mm), 2 mS width and 1.2 Hz, T2 = 1.2 V magnitude (162 mV/mm), 2 mS

width and 0.6 Hz, T3 = 0.6 V magnitude (81 mV/mm), 2 mS width and 1.2 Hz, where 1.2 Hz

resembles heart rate of 72 bpm, was applied continuously to cells except for 30 min duration when

the TEER was measured by EIS-EQCRTA and the results were compared with cells at electric

fields of 0 (non-stimulated control). The EIS data were collected from the cells every 6 h in the

first 24 h and then every 12 h and were modeled using an RRS(QCELLRCELL)(QOXROX)(QDLRCT)

equivalent circuit where the changes in RCELL represented the transmembrane epithelial/endothelial

cell resistance (TEER) of the monitored HUVECs. The viability of the EF stimulated and control

groups were likewise measured at 1 h post seeding (t0), 12 h, 24 h, and 48 h following t0.

cDNA Synthesis and Gene Expression: Extracted RNA was converted to cDNA in a 20

ţL reaction using 5x iScript Reverse Transcriptase Supermix (Bio-Rad Laboratories, Inc.). The

reaction volume was then diluted to 100 ţL using DNAse/RNAse-free water. For each qPCR

reaction, a volume of 10 ţL was used consisting of 5 ţL of Power SYBRő Green Master Mix

(Applied Biosystems, Thermo Fisher Scientific), 3.5 ţL of H2O (DNAse/RNAse free, molecular

grade), 0.5 ţL of the gene specific primer, and 1 ţL of the sample cDNA. All primers were purchased

as validated 20x SYBRő Green assays for qPCR (Bio-Rad Laboratories, Inc.). Primers used were

glutaraldehyde 3-phosphate dehydrogenase (GAPDH), connective tissue growth factor (CTGF),

ankyrin repeat domain 1 (ANKRD1), and VE-Cadherin (CD144). RT-qPCR was performed using
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a QuantStudio 12K Flex (Applied Biosystems, Life Technologies) with the pre-set settings of:

MicroAmpő EnduraPlate Optical 384-well plate (Applied Biosystems, Thermo Fisher Scientific),

Relative Quantification (-∆∆Ct), SYBRő Green Reporter, and Standard Run Time. Statistics

were performed on ∆Ct values. All gene expression results were reported as a fold change with

standard deviation with respect to the denoted control and the housekeeping gene, Glyceraldehyde-

3-Phosphate Dehydrogenase (GAPDH).

Immunofluorescence: Each trans-well insert was placed into a new 24-well plate, washed

with PBS and fixed using 4% paraformaldehyde (Thermo Fisher Scientific) for 20 min at room

temperature. Cells were washed afterwards twice with PBS and then blocked and permeabilized

with 2% bovine serum albumin (BSA, Sigma Aldrich) and 0.1% Triton X-100 (Thermo Fisher

Scientific) in PBS (blocking buffer) for 1 h at 4oC. Each insert was then stained with rabbit anti-

YAP (1:100) in blocking buffer overnight (16 hours) at 4oC. The next day, inserts were washed

twice with PBS and secondary staining was performed with donkey anti-rabbit Alexa FluorTM

555 (Invitrogen Molecular Probes, Thermo Fisher Scientific) in blocking buffer for 1 h at room

temperature. Actin was stained with phalloidin Alexa FluorTM 488 (Invitrogen Molecular Probes,

Thermo Fisher Scientific) in PBS for 30 min. Each trans-well insert was then carefully cut out to be

mounted on a glass slide. Nuclei were stained with 4,6-diamidine-2- phenylindole dihydrochloride

(DAPI, Roche Diagnostics), contained within the coverslip mounting media.

Imaging and Imaging Analysis: Slides were imaged at 40x oil immersion (ULSAPO40XS

NA: 1.25, Airy Disk: 1) on a FLUOVIEW FV3000 confocal microscope (Olympus Corporation).

Each condition was imaging using the Z-stack function and analysis was performed using maxi-

mum Z-projections on the associated software (cellSens, Olympus Corporation) for YAP partition-

ing. YAP partitioning was calculated as the nuclear YAP signal divided by the total cellular YAP

signal using regions of interesting manually created in the software for n = 15 cells.

Data Visualization: All data visualization was performed in Python 3.7 using Matplotlib [171]

with Seaborn packages or with GraphPad Prism. All scripts are available upon request; examples

scripts are included in supplementary material.
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3.3 Results

Viability Assay: The alamarBlueTM cell viability assay was performed with the intent of moni-

toring cell growth and any unfavorable side effect of EF on cells in comparison to a non-stimulated

control group. As shown in Figure 3.1, during the first 24 h, the viability of the EF stimulated

group followed the control group very closely for T1 and T2 EF stimulation regimens and out-

paced the control thereafter. The average growth index after 48 h was 37.5% and 5% higher than

control for T1 and T2 regimens, respectively. After 12 h under the T3 stimulation regimen, the

growth index of EF the electro-stimulated group fell behind the control, with the average being 5%

less than control after 48 h. Considering the 24 h doubling time of HUVECs, the data suggest that

within two cell generations, EF stimulation supported increased proliferation in a field dependent

fashion. The data further suggest that the EF stimulation favorably altered HUVEC viability after

24 h.

Figure 3.1: Temporal changes in alamarBlueTM viability assay over a 48h period for HUVECs
receiving electrical stimulation under T1, T2, and T3 electrical stimulation regimens. Percent of
reduced alamarBlueTM shows the change in intensity of alamarBlueTM relative to that obtained 1h
post cell seeding (n=3).

TEER Measurement: The trans-monolayer resistance of HUVECs was investigated via elec-

trical impedance spectroscopy (EIS) using the concomitant recoding mode of the ECSARA and

characterized using equivalent circuit analysis (EQCRTA) with an appropriate model to describe
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the system. As in previous work, use was made of an RS(QCELLRCELL)(QOXROX)(QDLRCT) equiv-

alent circuit wherein RS represents the resistance of the solution or medium, RCELL and QCELL

represent the insert-supported cell monolayer with RCELL specifically being reflective of transep-

ithelial/ endothelial resistance (TEER; a resistance measure that assesses the establishment of tight

junctions between HUVECs). Due to the non-ideal capacitive behavior of the bio-electrochemical

system, the capacitance (C) is represented by a constant phase element (CPE or Q). The impedance

of the CPE [= 1/C)(jω)−n], where for the case of n=1, Q presents an ideal capacitance. The sub-

script OX stands for oxide layer and characterizes the electrochemical contribution of the titanium

oxide layer formed on titanium electrodes. The QDL and RCT terms reflect the double layer (DL)

capacitance and charge transfer (CT) resistance in an electrochemical system, respectively.

Figure 3.2: Temporal changes of RCELL and QCELL derived from the
RS(QCELLRCELL)(QOXROX)(QDLRCT) model for T1, T2, and T3 electro-stimulated HUVECs.
The Y-axis is the relative fold change in RCELL (top panel) and QCELL (bottom panel) normalized
to RCELL or QCELL measured 1 h post cell seeding (n=3).

The temporal changes in QCELL and RCELL correspond to the growing influence of tight junc-

50



tions formed between the adjacent HUVECs as they grew to confluency. Values of QCELL and

RCELL were extracted and graphed and are shown in Figure 3.2. After about 20 h the TEER, RCELL,

outpaced the control in both the T1 and T2 EF stimulation regimens, consistent with the viability

study. A similar pattern was observed in QCELL, an element representing the number of cells in the

EIS. Under the T3 electro-stimulation regimen, the pattern was reversed and both RCELL and QCELL

were lower than control during the later phase of culture, again, consistent with and confirming the

association of TEER with the viability study.

Immunofluorescence: Previous reports have suggested that electric fields promote vascular

proliferation and junction formationRN156, RN157, RN155, RN154. Effectors of the endothelial

cell mechanoresponse YAP and TAZ [63,65,68–70,159] are known to modulate the cell cycle and

control cellular proliferation and apoptosis. YAP/TAZ displays differential activity depending on

the physical and biochemical stimuli and translocate to the nucleus when transcriptionally active.

To explore how electrical fields may modulate these transcriptional co-activators, YAP/TAZ local-

ization was assessed via immunostaining and subsequent confocal microscopy detailed in Figure

3.3. Across the first 12 h of the three electro-stimulations regimens, YAP/TAZ nuclear partition

was lowest in the control group and increased in all groups following electrical stimulation for

12-h. At the 12 h time point, T3 displayed the most elevated nuclear partition (p < 0.05). This

would suggest the T3 electrostimulation regimen was a potent inducer of YAP activity and prolif-

eration, however the proliferation data suggests otherwise, which may be tied to detrimental effects

associated with elevated YAP activity (such as inflammation). When cells were again measured

at 24 h, YAP/TAZ activity was not significantly different across all three electro-stimulations regi-

mens, which suggests that the cellular monolayers had reached comparable steady states after two

cell cycles. The data indicate and confirm that the timescale for YAP/TAZ translocation precedes

apoptosis as evidenced from viability studies and precedes tight junction formation (TEER).

Gene Expression: To assess the effect of electrical stimulation on HUVECs at a transcriptional

level, specific targets of YAP/TAZ transcriptional activity (CTGF and ANKRD1) and expression

of an endothelial junctional protein (VE-Cadherin/CD144) were measured and shown in Figure
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Figure 3.3: (A) Immunostaining of HUVECs stimulated by electric fields at three different condi-
tions (T1, T2 and T3) at 12 and 24 h post stimulation. (B) Box and Whiskers plot of YAP nuclear
localization obtained from immunofluorescent images, n=15 individual cells per group.

3.4. CTGF expression at 12 h was modulated modestly, with the T2 and T3 frequency regimens

shown a decrease in its expression. At the 24 h mark, there was some upregulation through the

different electrical stimulation regimens, although T3 was not different from the control 24 h group.

However, notably, the fold changes for each of these experimental groups rarely exceeded 2-fold,

suggesting overall a modest biological difference. Note this contrasts with the IF data, as the

IF data demonstrated an increase in YAP nuclear localization whereas gene expression showed

a small down regulation. This might be tied to specific system limitations, which are discussed

further. ANKRD1 was not appreciably modulated by electrical stimulation across regimens with

an exception between the 24 h control and the T2 stimulation regimen at 24 h. In summary for

YAP targets, these genes do show some modulation although the expression changes are less than

2-fold. In contrast, CD144 was dramatically upregulated by the T1 and T2 regimens, although

this effect was significantly dampened by the T3 regimen. We note that the T3 frequency was

shown to function as more of an inhibitor of cell proliferation in the viability assays, which is

captured here as well. At 24 h, there were no changes in CD144 expression, although expression
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remained elevated compared to the 12 h control. This supports the view that certain electrical

stimulation patterns can serve to accelerate cell proliferation and junctional format, but that after

a certain time point, cells appear to proliferate and reach a steady state that is agnostic of the

electrical stimulation regime. Thus, the feasibility of electrically stimulating HUVEC proliferation

and junctional formation is consistent with our previous purely cellular report [54].

Figure 3.4: Expression fold change relative to controls of ANKRD1, CTGF, and CD144 in HU-
VECs stimulated with electric fields at 12 h and 24 h post stimulation. Results were obtained from
RT-qPCR analysis (n=3).

3.4 Discussion

This study was inspired by investigating potential homology between electro- and mechano-

biology. In response to the environmental changes, activation of ion channels of cell membranes

followed by intracellular signaling determines the cell response to a stimulus. Flow sensitive potas-

sium and chloride channels are activated in response to shear forces causing cells to hyperpolar-

ize/depolarize. Potassium channels demonstrate the first and fastest response to the shear stress,

activating at lower thresholds and saturating at high stresses [29, 34]. These channels temporally

lose their sensitivity under sustained stress [28]. Similar forces result in YAP/TAZ translocation

between the cytoplasm to the nucleus. The response to steady and oscillatory shear stress is very

different in endothelial cells according to several reports [56, 69, 70, 184] . While a 0.2 Hz oscil-

latory flow resulted in full hyperpolarization (2.8 mV) and limited depolarization (1.1 mV), a 5
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Hz oscillatory flow did not induce hyperpolarization nor depolarization. A 1 Hz oscillatory flow

caused partial hyperpolarization (1.8 mV) and depolarization (0.6- 1.1 mV) [184]. In the case

of steady shear stress, the threshold magnitude is much lower for hyperpolarization compared to

depolarization. Electromechanical coupling that induces force transduction via charged surface

integrin receptors was proposed by Hart in 2006 [249]. Assuming a rod shape for integrin and

using theoretical models, he suggested that an alternating EF of 100 mV/mm exerts forces of 1 fN

on integrin molecules, similar to a force that is applied by shear oscillatory stress of 1 N/m2 [249].

The force is independent of frequency up to a threshold before rapidly attenuating with increasing

frequencies. The threshold frequency depends on the length of the charged glycoprotein, and is

roughly within 0.1-1.0 Hz for glycocalyx on endothelial cells. Surface integrins are implicated in

several mechanotransduction pathways, and modulating their activity via external EFs may connect

the electric stimuli with the observed downstream effects. The coupling between glycoproteins on

the surface of the same cell or adjacent cells signifies the efficiency and strength of the effect. In

the present study, a potential difference of 1.2 V or 0.6 V corresponding to an electric field of 162

mV/mm or 81 mV/mm was applied to HUVECs. This low electric field is well within the physio-

logical EFs (1-200 mV/mm) present in the body [56]. Applying a perpendicular EF of this range

to an approximate 2 ţm thick endothelial cell monolayer [250], results in a potential difference of

0.32 mV or 0.16 mV across cells. Elucidating the exact nature of these mechanisms is an active

area of research [251]. These low potential differences could affect and possibly activate some of

the voltage-sensitive channels of the cell membrane and may trigger signals to induce YAP/TAZ

activation via a mechanobiological pathway [251, 252]. Such potentials also likely cause elec-

trophoretic movement of ions (Ca2+, K+, Cl-, Na+) within the cell and cell culture media, creating

a local, transient imbalance of ions across the cell membrane yet to affect transmembrane channels.

Lastly, there may be some level of electromechanical coupling present as charged surface receptors

would experience a force when subject to an external EF (as hypothesized by Hart) . More recently,

experimental evidence for direct influence of charged residues of proteins under an electric field

was demonstrated [253], providing additional experimental evidence that electromechanical cou-
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pling may be an important contributing mechanism. Nevertheless, the electro-stimulation was not

sufficient to generate heat and/or change the local pH and/or ion concentration in a way that could

not be rapidly dissipated and/or trigger a response beyond the EF stimulation [254]. During the

electrical stimulation regimens employed in this work, a constant 81 mV (T2 and T3) or 40.4 mV

(T1) was applied to HUVECS with periodic pulses of 162 mV/mm (T2 and T3) or 81 mV/mm

(T1) strength in the opposite direction at frequencies of 1.2 Hz (T1 and T2) or 0.6 Hz (T3). The

constant potential likely polarized the cell monolayer and rearranged the charge distribution across

the cells. The HUVEC viability results of alamarBlueTM assay, where the number of live cells in

T1 and T2 EF stimulation regimens, but not that of T3, were higher than the control condition,

confirmed that the T1 and T2 regimens promoted cell viability and/or proliferation while T3 sup-

pressed the growth or possibly caused cell death. These results were similarly reflected in EIS

derived TEER data. In T1 and T2 electro-stimulation regimens, the EF was applied at the same

1.2 Hz frequency with 0.6 V and 1.2 V pulse magnitude, respectively; while under the T3 electro-

stimulation regimen, a 0.6 Hz frequency with 1.2 V pulse was used. These results highlight the

more determinative role of frequency (within this low frequency region) compared to the voltage

magnitude on cellular behavior. It can be argued that the cumulative time over which cells were

exposed to a higher voltage was longer for the 0.6 Hz pulse. The magnitude of voltages used was

relatively low compared to other studies to avoid any probable electrolytic splitting of water (hy-

drogen and oxygen evolution) that occurs at the electrode-cell culture interface. During the first

12 h, the applied electric field did not cause any difference in HUVEC population as indicated

by alamarBlueTM assay, yet YAP translocated and partitioned into the nucleus at a significantly

higher level under all three electro-stimulation regimens compared to the control. The results of

immunofluorescent staining confirmed that across all three electro-stimulation regimens, electrical

stimulation for 12h increased YAP nuclear partitioning compared to the controls, while after 24

h, there were no longer significant differences. YAP/TAZ activity controls cellular proliferation,

which would be supported by the general upshifting of CD144 expression in stimulated HUVECs,

however, neither the alamarBlueTM nor gene expression appear to follow this phenomenon on the
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same time scale. Notably, YAP/TAZ partitioning occurs at a timescale significantly faster than

the target gene expression (minutes vs. hours) [255], while the experiments here had a minimum

time resolution of 12 h, and more definitive differences in signaling activity may be observable

either at earlier time points or later ones (as supported by the alamarBlueTM and EIS data). This

reinforces the well-established paradigm that subcellular signaling events occur on time scales that

are far shorter than changes in morphological or pathological cellular and tissue processes, in this

case viability and tight junction formation among HUVECs [256]. The effect of EF on cell pop-

ulation was observed 12-24 h post stimulation, in accord with the cell doubling time of 24 h.

Pulse frequency appears to additionally induce cell death more readily than the voltage magnitude,

which may confound conclusions comparing T3 to the other electrical stimulation regimens as

these regimens did not display such issues. However, at the 24-h mark, nuclear partitioning does

not display significant differences, which suggests that at the 24-h mark, the endothelial monolayer

has reached confluency, and thus is biologically more quiescent.

Gene expression of downstream targets of YAP was modestly regulated in the electroculture

system, and in some cases were opposite to that supported by cell viability assays and IF studies.

This may be due to several reasons tied to the system itself, as the culture wells are relatively

non-physiologic physical environment which interferes with YAP/TAZ activity. Such outcome,

however, are not likely to be related to pH/ temperature changes because of the stimulation since

the field strengths applied were generally weak. Other parameters which modulate YAP activity

strongly, such as substrate stiffness [65, 68] and shear stress [70], although controlled (no flow

employed and the same substrate used), were not directly measured. Gene expression is notably

convoluted with specific variables known to influence downstream YAP activity, which may ex-

plain the relatively low fold-change observed with CTGF, as its expression is extremely sensi-

tive to YAP activity. Conversely, ANKRD1 has several other regulatory pathways and is not as

strongly influenced by YAP activity as is CTGF [70]. However, expression of VE-Cadherin was

clearly accelerated in the presence of electric fields, consistent with previous reports demonstrating

that electrical stimulation increased cell proliferation and junctional formation [153, 232]. The 12
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h time points associated with cellular proliferation and junctional formation in the viability and

impedance studies all showed stark upregulation on qPCR, while the group that inhibited growth

(T3) showed diminished CD144 expression compared to the T2 group which promoted expression

most strongly. At 24 h, cells appear to have reached a steady state, and CD144 expression nor-

malized across the three regimens regardless of the stimulation magnitude and pattern. Outside of

the system limitations themselves, each experiment was conducted in the same test environment

(notwithstanding the applied electric field) alongside an un-stimulated negative control group, so

changes that are observed are attributable to the electrical stimuli. Together then, the data presented

here is consistent with previous reports, yielding a closed system which allows for control over the

electrical stimulation regimes in a precise manner. However, this report goes beyond others to con-

firm that electric fields share a similar influence as do mechanical forces in affecting YAP nuclear

partitioning but unique in promoting CD144 tight junction formation.

3.5 Conclusions

This work presents a closed system for precise control of the frequency, magnitude, and dura-

tion of applied EFs to cells in culture and its application to explore how electrical stimuli influences

gene expression. Evidenced by the increasing number of studies reporting that EFs can stimulate

proliferation and expedite wound healing, the system was applied in such a manner as to study

these effects on gene expression in HUVECs a path toward understanding electro-stimulated vas-

cularization. It was found that, overall, EF stimulation expedited junctional formation, increased

cellular proliferation, and increased YAP nuclear localization. Cytoplasmic localization of YAP

within endothelial cells is known to occur under interfacial shear stress occasioned by steady and

pulsatile flow, while nuclear localization occurs under disturbed flow, stimulating proliferation,

inflammation, and vascular disease [257]. However, downstream targets of YAP were not appre-

ciably affected, though this is likely due to limitations of the system and countervailing physical

stimuli that are also known to govern YAP activity (such as substrate stiffness), which were not

controlled in a manner to avoid potentiation. Moreover, despite multiple views regarding the mech-

anism for influence of EF stimulation on biological processes, the role of field strength, duty cycle,
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frequency and duration of cellular systems is not molecularly and quantitatively fully known. Re-

searches that deem the response on voltage-gated channel and their distribution on cell membrane,

movement of ions and charged biomolecules inter- and intra-cellularly, and changes in cell signal-

ing [248] suggest a countervailing influence of EF on cellular behavior which could be responsible

for the reported trend in YAP activity and its downstream targets in this study. Regardless, the

results demonstrate that electrical stimulations improve proliferative capacity, and that oscillatory

frequency was more important than field strength. This is desirable in wound healing and in tissue

regeneration, especially in the context of revascularization of tissues to restore blood flow. To-

gether, these data support that EFs modulate gene expression tangibly which may see application

in the clinic as electroceutical treatments in regenerative medicine. More generally speaking, this

work opens the field of electromics for further investigation, or more precisely, quantifying the

effect of electric fields on gene expression and cell biology to understand how this transduction

occurs and the biochemical pathways that are modulated. Future work includes a holistic approach

using sequencing methods to provide a global look into gene expression under electrical influence.
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4. COMBINED ATOMIC FORCE MICROSCOPY AND SUPER-RESOLUTION IMAGING

TO STUDY STRUCTURAL AND MECHANICAL CHANGES IN SENESCENT

ENDOTHELIAL CELLS

4.1 Introduction

Mechanobiology is the study of how external physical forces and the mechanical properties

of cells influence cell physiology and disease processes [5, 7, 156, 163]. Insight into mecha-

nisms of mechanotransduction, or how biological force transducers work, is an active area of

research [31,61,90]. Considerable light has been shed on vascular function and disease, and given

that blood vessels are constantly subject to several physiological forces, it is unsurprising that

mechanobiological pathways are directly implicated in cardiovascular homeostasis, disease pro-

gression, and atherosclerosis [69, 70, 193, 258]. Cardiovascular disease risk increases with aging,

and senescence has been extensively studied as a propagating factor in vascular dysfunction [133].

However, only recently has the dysregulation of mechanotransduction been studied in the context

of aging and senescence, and their impact on the mechanical properties of cells and the resulting

pathways remains to be completely explored [259]. Previous reports have shown that the mechan-

ical properties of senescent cells are altered in and accelerated aging disease, Hutchinson-Gilford

Progeria Syndrome [260, 261], however the granularity at which this information was collected

needs refinement: there appear to be several different studies reporting composite stiffnesses as

measured by AFM to be higher [260–262], lower [263], and Suunchanged [264] between young

and aged cells. These variations imply that underlying assumptions [154] or individual cell hetero-

geneity may influence the effective stiffness measurements as conducted via AFM significantly.

Thus, to provide insight as to how the mechanical properties change in senescence and explore

how this may affect mechanotransduction, we sought to quantify the mechanical properties of

individual cells in a highly precise manner by directly accounting for individual cell geometries.

The mechanical properties of materials are dependent on several factors, including molecu-
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lar composition and geometry. The major contributors to a cells measured elastic modulus, ac-

cordingly, are the cytoskeletal and nuclear architectures [265] and the relevant cellular geome-

tries [168, 266]. Thus, altering either the amount of cellular cytoskeletal/nuclear material, the

chemical composition or state of said material, or shape of a cell would alter the elastic modulus

the latter of which should be corrected for to elucidate contributions from the former. In the con-

text of aging, the nuclear [254], cytoskeletal [267, 268], and geometrical [269, 270] properties of

cells are altered, suggesting that some level of mechanical dysregulation is innate to the aging pro-

cess. Indeed, the alterations of the structural components in senescence paired with the dramatic

increase in cell size [269, 271] necessitates a more sophisticated approach.

One commonly applied technology to study the mechanical properties of cells is atomic force

microscopy (AFM) [168, 266, 272–275]. Incidentally however, these AFM measurements are

strongly influenced by the location of the measurement and the system parameters, and often re-

quire mathematical correction or modeling to improve [114,275]. To address this issue, we devised

a protocol to collect AFM measurements and then computationally extract the mechanical prop-

erties from the force-displacement curves using the finite element method [276]. This required

establishment of a pipeline to measure live-cell mechanical properties and correlate these prop-

erties to high resolution geometric information, the latter of which we selected super-resolution

microscopy to attain. The combination of AFM and super-resolution imaging is a recent approach

in mechanobiology to correlate mechanical measurements with cellular structures and processes.

Current research in the field has demonstrated the development of such super-resolution correlative

techniques to study cellular and molecular dynamics [277–279]. Here, we present for the first time

use of correlative AFM and super-resolution structured illumination microscopy (SIM) to provide

all the necessary information (respectively, force-displacement and (sub)cellular geometry) for

complete biomechanical modeling to study single-cell mechanics in the context of aging.
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4.2 Pipeline Design and Rationale

4.2.1 Dataset Acquisition

In order to obtain the mechanical properties of a material, both a material measurement and

the geometry are required. The former may be obtained as a force displacement curve via AFM.

In order to facilitate computational modeling as well as use a conventional approach, we used a

spherical AFM bead (radius = 1.25 ţm), commonly described using a Hertzian model corrected

by Chadwicks formula [266]. Each measurement taken using AFM is raw data consisting of a

calibrated force via deflection and the raw displacement. However, this data is often fit using a

software program imposing a specific model (for example, Hertz) yielding what is an effective

stiffness that is agnostic of the specific material composition and geometry. Thus, each AFM mea-

surement must be carefully taken and corrected using several other pieces of information [280]. In

this work, the aim was to quantify two continuum properties of a cell: the nuclear and cytoplasmic

elastic moduli, using cellular measurements to augment the information attained using AFM.

When taking an AFM measurement of a cell at a specific location, it is important to recog-

nize that each measurement is a composite measurement of several materials, then modified by the

material geometry. Here, as the cytoplasm and nucleus are being model as continua, we combine

the cytoskeletal elements into a single value: ECyt. This measurement is collected on a cellular

region at a distance from the nucleus of the cell. Conversely, the nuclear measurement is a com-

posite measurement of contributions of the nucleus and the cytoplasm, which also is modified by

the geometry. Therefore, with two unknowns for each individual cell, at least two measurements

must be taken for each cell. Each of these measurement locations are included as several replicate

AFM curves are obtained, see Figure 3.1.1. In practice, the cytoplasmic measurement cannot con-

sistently be fully decoupled from the nuclear measurement as, mathematically, this would require

substantial spatial delocalization that is not always present on cells, and often these measurements

may have contributions from structures not incorporated into the representative measurement.

After these measurements are taken, the (intra)cell geometry now must be obtained. As AFM
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is a surface imaging technique, it cannot be used to extract the cell geometric distances of any

intracellular distances, and thus imaging techniques are chosen. Although, there is an immedi-

ate obstacle which must be considered when using microscopy techniques to measure intracellular

geometries: resolution limits. The theoretical limit of the most sophisticated classic imaging strate-

gies is around 200 nm in the XY plane and half a micron or more in the Z plane [281]. This is

dependent on the numerical aperture of the lens and the wavelength of light being used. The the-

oretical limit is known as the classical or Abbe diffraction limit, which is permanently entangled

with light (given that one is using only the best lens equipment) [282]. Thus, to bypass this limit,

one may either not use light, as in electron microscopy, or employ super-resolution techniques.

There are two general strategies commonly used for super-resolution imaging [118]. The first

is any point-emitter localization method which fits a point-spread function to randomly activated

point light sources [117]. The other, used here, uses patterned or structured light to bypass the the-

oretical limit, and is termed structured illumination microscopy (SIM) [116, 281, 283, 284]. SIM

is conducive to structural imaging owing to its ease of preparation which requires modest changes

to conventional fluorescent preparations and its ability to generate Z-stack images much like con-

focal microscopy. These high-resolution Z-stack image sequences can then be contoured into a

3D geometry for biomechanical modeling. Each image sequence here has an XY resolution of ap-

proximately 50 nm in the image plane and a Z-resolution of 100 nm, significantly better than limits

used by confocal (Figure 3.1.2). However, the actual resolution limit of SIM is not theoretically

bounded by any lower value when using excitation harmonics rather the limit is now a practical

one based on when the fluorophore bleaches [283].

To complete the dataset collection, the last step was to correlate the AFM measurements with

the imaging techniques. To locate each individual cell, a fiduciary marker was used to ensure that

AFM and image acquisition would occur in the same small region. Each cell was then imaged

under brightfield so that it could be localized on the SIM microscope and its Z-stack obtained. To

locate where each AFM measurement was performed on the cell itself, the brightfield images were

scaled up to the same size as the super-resolution images and overlayed onto a max Z-projection
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image for each cell. As both imaging setups (AFM brightfield and SIM) were conducted in a

bottom-mounted fashion, the two images differed only by a rotation vector in each dataset. Thus,

using any visual marker to determine the rotation, each overlay image was constructed to the

resolution and pixel dimensions of the super-resolution images and the bead location extracted for

each individual cell.

4.2.2 Geometric Reconstruction

Each image stack is exported as an OME file so each detector signal is stored discretely. These

image stacks are first exploded to check for quality, and then imported into CellProfiler [285] to

determine bounds for the objects of interest. Once this is complete, these new stacks are processed

using LabelMe [286], which converts the image sequences into sets of discrete contours that de-

termine the boundaries of the cytoplasm and nucleus. Now that a stack of contours for each cells

nucleus and cytoplasm are ready, these sequences are then passed into a Python 3.7 script to con-

vert the contours into coordinates interpretable by ANSYS. The script, conceptually speaking, first

finds a center of mass using the top slice of nucleus and sets this point as the new origin. From

here, the points from contouring are then converted into polar coordinates (r,θ) rotating about this

new origin. Each slice of the stack is processed this way, such that the new object is a sequence of

centered, polar coordinate graphs for the nucleus and cytoplasm.

In order to maintain physicality and avoid computational singularities, a few additional rules

are imposed during 3D reconstruction. First, should the nucleus extend above the cytoplasm, a cy-

toplasmic height equal to the Z-slice increment for a given cell is added on top until the cytoplasm

is above the nucleus. Second, a padding layer is incorporated to increase the distance between the

nuclear contour and the cytoplasmic contour in the XY plane. The rationale for this processing

choice is to avoid computational errors if the two are too close, and to correct any non-physical

nucleus/cytoplasmic overlaps. Each contour is limited to 20 points to ease processing expense, and

the Z-plane is sample 10 times for each cell.

The last image processing requirement is to localize the AFM probe to the newly contoured

objects and export coordinates corresponding to the AFM indentation sites. Each overlay image
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from the previous step is analyzed using a Canny edge detection algorithm [287] used to find the

tip of the angular AFM probe. Once the tip has been detected, the pixel coordinates are extracted

from the overlay image and then ported into the newly-processed contours a 1:1 translation as the

overlay images and OME files are the same pixel dimensions and have the same unit/pixel physical

dimensions. Once the contours and AFM probe locations have been made, these files are exported

to ANSYS for biomechanical modeling.

A full pipeline schematic (including future biomechanical modeling not presented in this dis-

sertation) is shown in Figure 4.1.

Figure 4.1: A schematic of the full pipeline for extracting the mechanical properties of cells. Two
AFM measurements are taken, one at a nuclear location and one at a cytoplasmic location (1).
These locations are saved as brightfield images and used to localize the cell on super-resolution
imaging via a fiduciary marker (2). The Z-stack information is contoured and reconstructed us-
ing a Python 3.7 script (3). Overlay images of a max projection image from SIM and the AFM
brightfield images yield the coordinates of the measurement. Future work includes computational
biomechanics using a Yeoh hyperelastic model (4).
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4.3 Results and Discussion

AFM Measurements of Endothelial Cells: For each cell, 2 measurements were taken, one

near the top of the nucleus, termed the nuclear measurement or just nucleus, and one far from the

nucleus, referred to as the cytoplasmic measurement. The most common way to extract a physical

measurement from the force displacement curves is to fit the data to a Hertzian model using a

software package. The Hertzian model for a spherical probe indenting a material is given by:

F =
4

3
ER

1
2 δ

3
2 (4.1)

Where F is the force, R is the radius of the probe, δ is the displacement in the Z-plane, and E

is the elastic modulus. In reality, E is an effective elastic modulus that is a composite of the bead

and material stiffness, although often a rigid bead is used such that its contribution is minimal.

There is a key fundamental assumption in this equation that is implied each time AFM data is

fit to it (as commonly done using software): the observed E is assumed to be of a bulk material.

That is, geometric considerations are not included. Additionally, only a single, composite value

comprised of all components of the material is obtained using this model. There are thin material

corrections in the form of Chadwicks formula [168, 266], or a short-hand (and coarse) solution is

to only fit the initial values of the indentation and ignore any values within high strain regimes. For

the purposes of selecting a median, representative curve, the latter is done. Thus, when discussing

the raw datasets here, it is important to acknowledge that this data is just that: raw values obtained

from AFM.

Four sets of AFM curves were obtained for each cell: extension and retraction curves located

at the nuclear and cytoplasmic locations. A few points are worth making about this data. The

first point is that in nearly all cases, the cytoplasmic measurement is significantly higher than the

nuclear measurement. This does not suggest that the cytoplasm is stiffer than the nucleus per

se, but rather this highlights the very thin nature of the cytoplasmic regime (on the order of 200

nm), which would heavily influence the observed force for any given indentation, even when very
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small. Also of note, all senescent cells had lower effective moduli than the control counterparts.

This is a particularly interesting observation as, based on literature, it is somewhat counterintuitive.

Nonetheless, there are conflicting reports as to whether these effective measurements of aged cells

should be higher or lower [155]. Here, the raw data can be rationalized in a simple way: geometric

changes in senescence dominate the observed elastic moduli and convolute the raw data. Senescent

cells get excessively large [269], and these large volume expansions can alter the structural prop-

erties without affecting the intrinsic mechanical properties. This observation is a large motivator

for the complete biomechanical treatment.

Another first order observation would be the dependence of the nuclear measurement on the

cytoplasmic elastic modulus. As the measurement on top of a cell is a composite measurement

of a cytoplasmic contribution and a nuclear contribution, one would expect that a higher effective

cytoplasmic modulus would result in a higher nuclear modulus as the latter is a linear combination

of the two. Geometric contributions notwithstanding, this relationship holds generally true glob-

ally through the dataset. This serves more as a sanity check than an observation which contains

fine grain information, although intuitively the conclusion appears straightforward. Lastly, it is im-

portant to note that several of these measurements are entangled with each other to some degree.

This means that the nuclear measurement is influenced by the cytoplasmic contribution (as stated

previously), but also that the cytoplasmic measurement may by spatially localized close enough to

the nucleus that it itself also sees contributions from it. Physically, this is a common scenario on

small cells.

To address these considerations, we performed computational biomechanics using a Yeoh hy-

perelastic model which can incorporate parallel calculation of the cytoplasmic and nuclear moduli.

There are several benefits to this model. First, all assumptions made by Hertzian contact mechan-

ics are no longer a limitation to the work. Any geometric contributions either due to close spatial

localization of the two measurements, or the influence of the substrate due to the thin-film nature

of cells, are corrected to yield a final, intrinsic elastic modulus.

Adhesive Forces from Endothelial Cells: We also collected AFM retraction curves from
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Figure 4.2: Cytoplasmic force-indentation curves for each cell from the 5 groups.

Figure 4.3: Nuclear force-indentation curves for each cell from the 5 groups.
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Figure 4.4: The software default for a Hertzian model fit and the thin film correction are shown
in A. Each curve was fit from 0%-20% of the total force indentation curve to yield a preliminary,
pre-processed curve. The median curve was selected for computational biomechanics. The pre-
processed values are shown in B, while the correlation between a pair of cytoplasmic/nuclear
measurements across all groups is shown in C.

each cell, however these curves were not used in computational modeling for several reasons.

The first is that adhesive forces between the cell surface and the AFM are not indicative of the

mechanical properties of a cell but the combined surface chemistries. Thus, adhesion forces have

to be deconvoluted from the mechanical properties. We found that there was considerable single-

cell heterogeneity presence in the retraction curves. Nuclear retraction curves displayed larger

adhesive forces and a wider variance than the cytoplasmic curves on average, most likely due to the

larger bead contact surface area afforded by the taller Z-plane geometries. Due to this overserved

variance and its multifactorial origins, these curves are included for completeness but are not used

for further computational modeling.

Cellular Cytoskeletal Components and Modifications in Aging: To explore how these mea-

sured mechanical changes may be induced by cellular structural changes, we investigated cy-

toskeletal components and specific post-translational modifications which (de)-stabilize the fila-

ments. The cytoskeleton and nuclear lamina are respectively the major determinants of cytoplas-

mic and nuclear elastic moduli [154,265]. To begin, we examined how much of each filament was

present in each cell using confocal microscopy. Consistent with previous results, replicative senes-

cent cells showed a dramatic increase in vimentin, while microtubules and actin filament amounts
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Figure 4.5: Cytoplasmic retraction curves for each cell from the 5 groups.

Figure 4.6: Nuclear retraction curves for each cell from the 5 groups.
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were unchanged [270, 288]. However, in the HGPS model of accelerated aging, all cytoskeletal

elements were dysregulated. Both vimentin and microtubules showed a large increase in their

presence, while actin was less abundant compared to parent iPSC-control cells. This is a deviation

from replicative aging, and differentiates between chronological changes to cytoskeletal architec-

ture and those induced by progerin expression in HGPS. Indeed, progerin-induced laminopathy

has been reported to cause severe cytoskeletal defects [260]. One of the primary determinants of

cellular stiffness is the integrity of the actin cytoskeleton while the microtubule and vimentin ar-

chitecture contribute significantly less [289]. Thus, changes to the observed elastic moduli, should

they be based entirely on the abundance of actin filaments, would suggest that HGPS cells have

lower cytoplasmic moduli compared to the parent controls, while minimal changes to the replica-

tive senescent cells would be observed. Incidentally, this conclusion assumes that any changes to

the cell geometry does not impact the finding. Intriguingly, treatment with hTERT rescued the

cytoskeletal dosing problems and normalized the relative fiber abundance across the all cytoskele-

tal filaments, suggesting that some structural defects present in aging can be reversed by doing a

first-order intervention of the senescent phenotype.

Computational Reconstruction and Correlative Microscopy: One illustrated example of

reconstruction is shown in Figure 4.8, showing data for a HUVEC cell. Each cell is centered ac-

cording to a new center of mass designated the new origin from the original SIM image (Figure

4.8 A). Localization of the AFM probe is done via image overlaying with precise upscaling based

on the distances each pixel represents (shown in Figure 4.8 B). For each AFM measurement on

a specific cell, a bright field image is taken (Figure 4.8 Bi and ii); this image is then upscaled

based on the distance in ţm each pixel represents based on the scale bar to match the images from

SIM. These two images (brightfield AFM and SIM) differ only by a rotation vector from mount-

ing during the image process both the AFM brightfield and SIM fluorescent imaging are done

via a bottom-mounted objective without any change to the imaging configuration (glass-coverslip

facedown). Thus, all overlay images can be internally checked between each other as the image

rotation is ideally identical through a dataset (Figure 4.8 Biii and iv). The AFM bead location
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Figure 4.7: Confocal microscopy analysis of cytoskeletal elements in aging. In replicative senes-
cence, only the amounts of vimentin are increased, while actin and microtubule amounts remain
unchanged (A-B. In progeria, all three cytoskeletal elements are dysregulated. Microtubule and
vimentin amounts are increased, while actin filament amounts are decreased C-D. All cytoskeletal
dysregulations are partially or fully rescued by hTERT treatment, suggesting that reversing the
senescent process has potential to correct structural defects in accelerated aging in progeria.
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is located precisely via the Canny edge finding algorithm [287]. The bead location is manually

optimized by running the algorithm iteratively and adjusting the point in the XY plane until mini-

mal adjustments are required. Figure 4.8C illustrates the padding algorithm and subsequent bead

location following padding. Here, no padding (0 pixel) and exaggerated padding (80 pixel) are

shown to demonstrate how the cytoplasm is shifted away from the nucleus to obtain computational

stability. The AFM bead location remains unaffected by these changes, and padding is minimized

such to facilitate computation, as excessive padding unrequired for stability alters the outcome of

mechanical modeling.

4.4 Future Work

This study is currently ongoing, and this thesis discussion includes the current work and

demonstration of feasibility of the data acquisition protocol. Here, the remainder of this body of

work will be described. The datasets, as were reported earlier, have been collected and each have

been pre-processed in full. The current work to complete the pipeline is this to finish computa-

tional biomechanics, this code is still being optimized based on the parameters and complications

discussed in this section. Computational stability is a primary consideration for processing this

data which was the motivation for the reconstruction rules imposed. Of these rules, the padding

between the cytoplasm and nucleus serves to stabilize the calculation most strongly, while the

boundary condition between the nucleus and the cytoplasm (nucleus must be within the cyto-

plasm) is largely to maintain physicality. The mechanical properties are extracted using a Yeoh

hyperelastic model.

The next step is to perform shear modeling on the reconstructed cells once the mechanical

properties are obtained. To do so, a shearing force of comparable magnitude to arterial physiologic

levels will be applied to 3 cells from each group to explore how these forces are transmitted to the

nucleus. We hypothesize that in senescent cells, via a damping mechanism induced by the altered

cytoskeletal structures and decreased mechanical properties, force transmission to the nucleus is

decreased, explaining in part the poor response to shear stress observed in senescent endothelial

cells. Notably, the opposite case may be true, such that the altered mechanical properties increase
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Figure 4.8: An example of a contoured cell is shown in A, where each Z-stack contour is su-
perimposed on the new center of mass in a polar coordinate system. Localization of the probe
coordinates is done via image overlay (shown in B). The two locations of AFM measurement are
shown in i and ii (scale bar - 30 µm); these images are upscaled based on the distance each pixel
represents and overlaid onto the SIM max Z-intensity image (ii and iv, scale bar - 10 µm). Using
a Canny edge-finding algorithm, the bead XY coordinates are located and passed into the contour
files. In order to facilitate computational stability, nuclear/cytoplasmic padding must be added
(shown in C). The padding distances are denoted by pixel and are increased until no issues arise
in the biomechanics portion. Padding changes the geometry of the cell and distances between the
cytoplasm and the nucleus, however the XY location of the AFM probe remains unchanged.
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the forces applied to the nucleus, or they may remain unchanged. In this case, the data would

then suggest that the primary transduction deficit is primarily biological, rather than physical.

Regardless of the outcome of this study, elucidating the cross-talk between physical and biological

signal transduction in aging and the degree to which each induces dysfunction would be impactful.

There are also some confirmatory studies which would support the data presented here under-

way. Geometry studies on live cells from each population using AFM imaging can confirm the

volume expansion seen in senescence as well as describe the heterogeneity present in these cells.

The importance of these studies is two-fold. First, it confirms the datasets used here for biomechan-

ical modeling and contextualizes their meaning holistically in aging. Second, it provides a simple

way to harmonize the different observations reported in literature on the stiffnesses of senescent

cells by underscoring the importance of geometry. Other imaging studies which describe the cy-

toskeletal state also may provide a biological snapshot of the chemical changes in senescence.

Post-translational modifications of microtubules and expression of actin (de)-stabilizing proteins

would provide additional evidence for the altered mechanical changes observed in aging while jux-

taposing how much each influences the effective mechanical properties provided by uncorrected

AFM with the contributions from cell geometry.

4.5 Conclusions

Here, we discuss the feasibility and results of a correlative microscopy approach to study cel-

lular biomechanics in aging. Aging cells display several structural and geometric changes which

alters their mechanical properties. To study these changes, we combined AFM with SIM imaging

to generate several datasets comprised of individual force-indentation curves for a nuclear location

and a cytoplasmic location paired with the relevant geometry for each cell. This allows for a full

biomechanical treatment using a computational approach by providing the minimum information

required to extract the real hyperelastic moduli of endothelial cells.

Several key observations were made during the data collection process. First, it appears that

geometry and probe location strongly influence the observed modulus of live cells [168]. There is

a wide variation in the raw cytoplasmic region stiffness measurements, which are a combination
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of several factors. One such determinant is the actual geometry of the cell at the specified location

measurements taken farther away from the nucleus are influenced less by any cellular curvatures

present, however on average are also thinner in total height. Another factor which is not visualized

until imaging is performed is the underlying cytoskeletal structure, which varies spatially and will

alter the observed mechanical properties for a given spot. The nuclear measurements, due to a

combination of being taller in height as well as a (relatively) more uniform material due to the

nuclear lamina comprising a large mechanical component of the nuclear location measurement.

Cytoplasmic changes in replicative senescence and progeria are different as well a key distinc-

tion to make. In replicative senescence, it appears that geometry is an important determinant of

the observed measurements, as the only altered cytoskeletal component is the intermediate fila-

ment vimentin. However, in progeria, actin is decreased while microtubule and vimentin amounts

are increased. With actin being a primary determinant of cellular stiffness [289], this would sug-

gest that the cytoskeletal (and all AFM measurements) would be decreased. Several studies have

demonstrated that the nucleus itself in HGPS is stiffer [261, 290], while whole cell AFM nuclear

measurements on progeria cells may not necessarily reflect this until the nucleus is isolated [264].

Altogether, the data here serves to underscore the importance of various cellular structural and

geometric changes influencing AFM measurements in senescence, suggesting that extracting the

true mechanical properties of cells is nontrivial.

There are several study limitations and qualifying remarks to make about this work. First,

AFM intervention itself can induce cytoskeletal/mechanical changes in cells [291], which requires

intervention time to be kept to a minimum. Second, the correlative method itself results in infor-

mation loss between AFM and SIM imaging. Brightfield imaging for AFM must be located using

fiduciary markers and then overlayed onto the SIM image, requiring some form of manual align-

ment and determination of the relevant coordinates of measurement. Furthermore, preparation

for imaging may introduce further changes to the cellular geometry that would alter the results.

Nonetheless, this type of correlative approach requires tradeoffs. One such way to address the

information loss between correlative microscopy is to perform simultaneous live-cell AFM/SIM
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imaging, as reported elegantly by Gómez-Vrela et al. [277], although this presents a technical

problem for obtaining live-cell mechanical measurements paired with high resolution Z-stack im-

ages. To get the required Z-plane resolution for a given cell (100 nm), image acquisition for a

single cell is 1-2 hours, significantly longer than the time scale at which a cell may move or change

its orientation. Thus, ideally cells are fixed for imaging to retain any confirmational information

contained close to the AFM intervention timepoint. However, fixation before the mechanical mea-

surements greatly alters the intrinsic elastic moduli of biological samples [292]. This presents a

trade-off as live measurement is required for mechanical measurements, but the timescale for 3D

imaging precludes a purely live-cell approach (until imaging modalities reach compatible acqui-

sition times). In this work, we elect to maximize the geometric resolution by doing a complete

imaging preparation protocol for 3D SIM, although this serves to highlight that other approaches

with their own pros and cons are viable alternatives. Additionally, there are some variables we did

not directly integrate into this work. The effects of substrate matrix and cellular attachment sites

are integral to biomechanics [89, 90], whereas in this work we assumed that cells were entirely

fixed entities. Furthermore, out continuum model approach, while appropriate for a global picture

of a cells mechanical state, does not account for nanoscale variations in cell mechanical proper-

ties [115] all nuclear/cytoskeletal spatial information is blended into the hyperelastic properties.

And, lastly, biological tissue is appropriately modeled as a viscoelastic materia [273]l, rather than

a hyperelastic material. The benefit of our approach aids in cleanly contextualizing our results

with the literature at large for cell measurements in disease and aging, though a more sophisticate

approach would include moving beyond the commonly employed elastic models into viscoelas-

tic regimes. Together then, here is a work which demonstrates the feasibility of correlative AFM

and SIM to extract cellular mechanical properties. The results here illustrate the important of not

just the biochemical composition of cells themselves but also the geometry as well. Both of these

properties are altered in aging and senescence, highlighting the importance for controlling for both

before conclusions can be made about altered mechanics in aging.
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5. CONCLUSIONS AND FUTURE PERSPECTIVES

5.1 Mechanobiological Crosstalk Between Matrix Stiffness and Shear Stress in Vascular

Biology

Clinical cardiology has long understood the associations between vascular stiffness and dys-

function [149, 293]. However, the connections between the two from a mechanistic perspective

remain less characterized compared to the epidemiological understanding at hand [294]. From the

physicians perspective, it is a strong indicator of eventual cardiovascular disease and organ dam-

age [295], which suggests that there is some deep connection between this change in a physical

parameter of the blood vessel and the pathophysiology it consistently induces. The changes in

vascular stiffness are multifactorial, and are tied to matrix deposition and compositional changes

as well as vascular smooth muscle cell mechanics (among others) [296]. However, an outstanding

question is precisely how much do these two paradigms induce one another (vascular stiffness and

atherosclerosis) or, does disease progression simply bring a mechanical stiffening along for the

ride?

There are several observations, past the epidemiological data displaying a significant correla-

tion, which indicate that stiffness appears to compound the issue and progress vascular disease.

The first of which to be mentioned are several computational studies performed on cardiac me-

chanics demonstrating that sites of atherosclerosis in the coronary arteries are highly associated

with sites of both abnormal shear stress and excessive matrix stiffening [142–145]. An elegant and

pivotal study was published in 2015 demonstrating isolation of the biophysical parameters shear

stress and stiffness, showing that increasing stiffness decreased the endothelial eNOS production

in response to shear, as well as RhoA activation [150], suggesting that connections between matrix

stiffness and some form of endothelial dysfunction inducing cardiovascular disease are not strictly

correlative.

Reframing this question in terms of YAP mechanobiology was only recently feasible, as inci-
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dentally, only in 2016 were the studies published showing that YAP mediated the protective effects

of shear on endothelial cells [69, 70]. However, at first review, YAP appears to be an excellent

candidate to augment the understanding of the clinical paradigm. YAP activity increases with high

matrix stiffness [65], meaning vascular stiffening may affect it. High, unidirectional shear stress

deactivates it, while disturbed flow activates it. Furthermore, YAP activity induces endothelial in-

flammation [69, 70], which in turn results in vascular dysfunction and cardiovascular disease. As

far as relevant, interacting parameters go with selecting a mechanistic connection, YAP covers all

bases it would not be difficult to hypothesize then that perhaps increasing vascular stiffening may

activate YAP to levels higher than would be present under physiologic shear and matrix stiffness.

Aberrantly activated YAP would then drive disease.

The purpose of this work was to address that question specifically here it was shown that

isolating interactions between external stiffness and shear, high matrix stiffnesses impeded the

endothelial shear mechanoresponse. This establishes complimentary support to the notion that

vascular stiffness is, then, not just simply a byproduct of disease progression but in fact may prop-

agate disease. We describe a feedforward model of atherosclerosis, where some inciting event

may induce vascular dysfunction and matrix stiffening. This then induces further endothelial dys-

function, which then drives disease more. Notably however, is that this paradigm is not strictly

limited to YAP, nor is it posited that this YAP mechanobiological pathway is the sole contributor

to atherosclerosis. Indeed, other factors (such as eNOS) are implicated. Rather here the sum total

of the interactions between a stiff matrix and shear stress suggests that the connections between

the two are casual, rather than correlative.

Continuing the work from this point can be generally split into 2 separate endeavors that ap-

proach the question from opposite ends. The first is to gradually increase the levels of sophisti-

cation in the engineered systems such that higher levels of investigation may be performed. The

second direction is to study, knowing this connection exists, what the in vivo implications are for

disease progression.
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5.1.1 System Sophistication

There are several approaches which would provide further insight to the connection between

stiffness and endothelial dysfunction, and only some prospective studies will be proposed here.

The logical next step is to introduce the other cell layer strongly implicated in vascular health and

disease progression: the vascular smooth muscle cell layer [297]. Crosstalk between endothelial

cells and vascular smooth muscle cells is a vital part of cardiovascular homeostasis, with vascular

smooth muscle cells controlling much of the external mechanical environment endothelial cells

reside in. Both extracellular matrix descriptions as well as vascular smooth muscle cell stiffening

descriptions have been used to characterize vessel stiffening in disease [298, 299]. Thus, studying

to what extent extracellular matrix stiffening can induce vascular dysfunction would be import to

describing the course of disease progression.

Incorporating extracellular matrix interactions meaningfully into an engineered system is non-

trivial, as vessel-chip systems with a smooth muscle cell layer generally exclude mechanical con-

trol over that interface. Thus, different approaches may be more optimal. One such avenue for

studying this interface includes 3D printed blood vessels [300]. Cellular bioprinting facilitates

incorporation of the intima layer within inks which can be designed to have varying stiffnesses

after curing. With the ability to alter the mechanical environment, apply shear stress, and study the

interaction between endothelial cells and vascular smooth muscle cells, a more complete picture of

the pathology would be obtained. For example, varying the substrate stiffness alone would provide

insight as to how much the cellular interface mitigates the detrimental effects of matrix stiffness.

Additionally, each stiffness can be studied with and without vascular smooth muscle cells. Further-

more, the geometry may be match to that of the human body, allowing for complex flow patterns

to be capture to study how they may compound and promote or inhibit disease progression.

Nonetheless, vessel-chip systems still are invaluable for isolating specific phenomena. One

such area which may necessitate further exploration is complex flow patterns in microfluidic sys-

tems. Chamber bifurcations and obstacles are one such way to model disturbed flow in vitro that

still remain relatively tractable from a computational perspective. As it is understood that sites of
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low wall shear stress and high wall stiffness appear to be most strongly correlated with disease,

this can be directly engineered into the chip. In the context of the work presented here, this is the

most immediate next step and further work.

5.1.2 In Vivo Studies

The other approach to this work is exploring in vivo phenotypes now understanding the con-

nection between matrix stiffness and shear stress. It is understood that inhibiting YAP prevents

disease progession in vivo [70], although deconvoluting this process from other instances is sig-

nificantly more difficult. Several pathways implicated in atherosclerotic progression, such as in-

flammation [235] or ROCK activation [301], appear to directly involved in mechanotransduction

pathways. Furthermore, several approaches have already suggested targeting vascular stiffening

as an avenue for treating vascular disease, however currently clinical realization of this endeavor

remains minimal. Thus, here in vivo studies may be more appropriately designed to understand

the course of disease vs. strict treatment development. And indeed, feed-forward mechanisms as

suggested by the interactions between shear and matrix stiffness imply a stronger need to focus on

prevention to avoid such poor outcomes.

Here, in vitro studies may guide in vivo application. As the understanding of mechanobiology

increases, more pathways by which cells respond to physical cues will be uncovered. Examples

exist within endothelial cells as there are 2 main shear sensing regimes CD31/CD144/VEGFR2

and Integrin/JNK/YAP/TAZ, and the interactions between such pathways (illustrative here) re-

mains relatively poorly understood. That is to say, many other pathways by which cells respond to

shear stress and extracellular stiffness may themselves provide a more complete picture and guide

pharmacological development but are to be discovered.

That being said, in vivo studies can be devised to explore this mechanical interface. Correla-

tive studies which examine tissue stiffness, modeled flow, and then investigate the relative levels of

YAP/TAZ activity can be performed to explore the correlations between the 3 parameters. While

extensive analysis would likely yield several useful insights, this work would ultimately be correl-

ative in nature, and rather serve to underscore a clinical understanding already well accepted. One
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approach that is relatively simple are correlations between vessel pulse-wave velocities and YAP

activity, measured by either qPCR, single-cell sequencing, or histology although the preparation

times for these are a consideration. Of importance here is altered pulse-wave velocities in the

absence of plaque development, as geometric changes to the vessel architecture would alter flow

patterns and further convolute an already entangled biology. These efforts may uncover, however,

endothelial dysfunction preceding full atherosclerotic progression due to matrix stiffening.

Some more recent work has connected YAP activation in the vasculature as one such driving

for disease progression in pulmonary hypertension [151, 152, 201]. Indeed, a similar type of pos-

itive feedback loop has been suggested between arterial stiffness and hypertension in a general

sense [302]. They suggest that stiffness in the presence of hypertension is both a consequence of

the disease and a driving force for further disease progression, a concept akin to that proposed

earlier with YAP and atherosclerosis. High wall pressures increase vascular stiffness effectively,

but sustained high pressures induce matrix remodeling and intrinsic stiffness increases. Stiffening

of the vessel, well know to be a predictor of adverse events, then would be subject to the pre-

vious mechanisms (such as aberrantly activated YAP), further explaining in part the mechanistic

connection between hypertension and atherosclerosis. Parallel to their discussion is, notably, a

remark that whether stiffness is fully correlative or causal is somewhat irrelevant [302], as once the

feedback loop starts, the cardiovascular dysfunction propagates itself. This serves to highlight the

previous comment that prevention may be champion over intervention due to the positive feedback

loops present in cardiovascular disease. Thus, the same clinical problems remain as to how best to

prevent this process from starting, although further mechanistic understandings can move us ever

closer to clinical therapeutics, YAP modulation being one such candidate.

5.2 Electric Field Influence on YAP Activity

The influences of exogenous electric fields on cellular behavior remains, comparatively, rela-

tively unexplored compared to other physical stimuli. With the except, of course, of the nervous

system. Physiologic voltages however, are integral to cellular health, as ion shuttling and gradi-

ents are important to membrane potential, signal transduction, and intracellular second messenger
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systems [222, 303, 304]. Clinical applications of electric stimuli are focused, but common pace-

makers are a mainstay in cardiology [213, 226, 227, 305]. However, beyond these paradigms, the

body of knowledge becomes slimmer; this works most important conclusion is the proposal that

mechanobiological pathways (shear stresses, for example) and electrical stimulation may share a

convergent biology.

Electric field influence on YAP biology suggests that electromotive forces may act on upstream

signal transducers to induce a biological response. On a more fundamental level, this implies

electromechanical coupling some mechanism where the electric field forces can induce changes

in protein conformations or drive ion gradients. Excluding a novel mechanism yet undiscovered,

two likely candidates for this electromechanical coupling are ion channels responsive to shear

stress and integrin-mediated signaling. Both of these are also implicated in the shear response

[30, 70]. To speak to the former, electric fields exert forces on charges species via the Lorentz

force, meaning that exogenous fields can change the ion gradients by altering the potential energy

landscape of the system and inducing ion redistribution and potential electrophoretic movement

across membrane ion channels. From that point, the signal transduction cascade may proceed

as normal. The other mechanism could occur through integrin clustering in the presence of an

electric field [306] forces from shear stresses and low frequency electric fields appear to apply

comparable forces. Due to the charged nature of these compounds, it has been hypothesized that

the mechanisms are electrophoretic or electro-osmotic, although the precise reason for surface

receptor redistribution under electrical stimulation remains to be described.

5.2.1 Establishing Electromics

The clear next step for this work from a genetics perspective is to conduct a global scale omics

investigation. RNASeq performed under several different electrical stimulation regimes would

provide a comprehensive picture of what genes electric fields are being modulated. A specific focus

on pathways associated with mechanotransduction (such as the shear response) and DNA damage,

apoptosis, and inflammation would be a reasonable first set of investigations. The former is to

elucidate which different pathways are being modulated (such as RhoA, integrin signaling, shear
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sensing, YAP/TAZ, and more), observe the convergent biology evident, and elucidate candidates

for physiochemical transduction. This would allow for the ruling in/out of different modalities by

which electric fields exert their influence and would aid in the search to establish the precise type

of electromechanical coupling occurring be it ion channel mediated, charged species mediated,

or some other mechanism. The latter is to investigate detrimental effects of externally applied

electrical fields. With the ultimate goal of clinical application, negative effects of these stimuli

are important to study. Additionally, binding studies using ChIP-Seq of relevant proteins (such

as YAP/TAZ) would supplement this work by further confirming the electrical influence on gene

expression.

As much of the focus is on how physical stimuli influence endothelial biology, mixing electric

stimuli with shear influences would also be of interest. Most vascular cells are subject to con-

stant hemodynamic stimuli, and convoluting the two would provide insight into what stimulation

regimes could be conducive to in vivo regeneration. A vessel-chip/impedance device could be

envisioned for this type of work making one or two of the faces of the organ-on-a-chip model

would facilitate dual stimulation. Ideally, clear electrodes (such as indium tin oxide) would be

most optimal for imaging work, and real time studies could be attained using cells expressing

YAP-fluorescent constructs. Together, this new system would allow an intriguing investigation

into the endothelial response to combined shear and electric fields.

5.2.2 Biophysical Studies

Another main focus, although markedly divergent from the application-based studies previ-

ously mentioned, would be to investigate the biophysical mechanisms which would connect elec-

tric fields and mechanobiology. These biophysical experiments may be inspired by prior mechan-

otransduction studies, but rather than use mechanical force, an electric field may be applied. A few

such studies will be described here. Borrowing from the study demonstrating that forces induces

talin stretching [15], we can devise a similar experiment employing the photobleaching schematic

using bound protein. In the absence of an external force, photobleaching events are at a mini-

mum due to minimal talin/vinculin binding. Thus, applying an electric field and then using the
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same photobleaching protocol, it can be deduced whether the electric field induced a confirma-

tional change on the protein. There are several considerations for this general approach. The first

is that this experimental schematic does not have to focus specifically on talin/vinculin binding,

rather the approach itself may be applied to any force-induced binding pairs. The second consid-

eration is that the system must be engineered to accommodate imaging in parallel with electric

field application. While non-trivial, this is attainable using indium tin oxide electrodes, or even

more exotic materials such as graphene [307]. Lastly, it must be accounted for that electrophoretic

movement of proteins is not itself inducing a higher binding probability. This can be controlled

for by performing a parallel experiment where the stretch domain is flanked by two fluorescent

molecules to form a FRET pairing. In this approach, electromotive stretching of the protein would

break the FRET pairing, serving as a readout for the study. This experiment must also be carefully

designed as well, since new functional domains on the protein themselves are charge, and thus

both experiments are ideally performed together to establish the conclusion.

Another study of interest would focus on how electric fields induce integrin grouping on the

cell membrane [306]. This study can be completed using conventional imaging techniques ob-

servation of integrin grouping patterns after specific electrostimulation regimes is straightforward.

To augment this, sites of the integrin molecules can be mutated to remove charged moieties and

explore if there are changes to integrin clustering upon electrical stimulation. This would eluci-

date which charged domains contribute to the observed effect, or rather if it is simply an effective

charge, reducing the total charge would result in a decreased response.

5.3 Studying Subcellular Biomechanics Using Atomic Force and Super-Resolution Microscopy

In this study, current methodologies used to study cellular biomechanics were refined to ac-

count for a significant confounding variable in AFM measurements: geometry. Several studies

have reported mechanical changes in aging or progeroid diseases, both at a tissue level and at

a cellular level. However, the cellular studies appear to have some discordance [155], with re-

ports showing that whole cell AFM measurements demonstrate senescent cells are softer [263],

stiffer [262], or do not change [264]. These studies, however, do not specifically control for cell
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geometry. One limitation of AFM studies is that specific assumptions are generally made about

the object being measured. These include that the composite measurement on top of a nucleus

is an accurate snapshot of any changes to the nucleus itself (other contributions are trivial), and

that cellular geometry remains relatively constant [154]. However, in the context of aging, neither

remains unchanged.

Cytoskeletal changes are common in senescent cells and have been reported for both replicative

models [267, 270, 288] and accelerated (HGPS) models [260]. Replicative senescent cells display

increases in vimentin and show alterations to the microtubule architecture. In HGPS, actin dynam-

ics are fundamentally altered. These changes suggest, fundamentally, that the first assumption is

incorrect. Furthermore, senescent cells have also been shown to have dramatic changes in their ge-

ometry. Senescent cells grow to be excessively large and have significant volume expansion [269].

Thus, the second assumption on geometry is also an incorrect assumption. To address this obsta-

cle, we combined atomic force microscopy with super-resolution imaging to obtain each individual

cells geometry to correct for these alterations. Additionally, each cell is measured twice, on top

of the nucleus and far from the nucleus, in order to extract the mechanical properties of both the

cytoplasm and the nucleus. Computational biomechanics using a hyperelastic model extracts the

elastic modulus from the force displacement curve to arrive at the corrected material properties.

Interestingly, we observed that the raw AFM elastic moduli for all senescent cells were lower

than the control counterparts. This is a counterintuitive finding which is most likely tied to the geo-

metric observations made: all senescent cells measured were significantly larger than the isogenic

control counterparts. This suggests that the large volume expansion observed in senescence may

dominate the effective moduli as observed by AFM regardless of any internal cytoskeletal changes.

Notably, the replicative senescent model showed no significant cytoskeletal dosing changes aside

from vimentin which does not appreciably contribute to the overall stiffness. Thus, here the ob-

served changes are largely due to structural changes. However, in HGPS, significant cytoskeletal

dysregulation was observed actin was decreased, but microtubule and vimentin amounts were in-

creased. This would suggest an overall decrease in the cytoskeletal stiffness as actin is a primary

85



determinant of stiffness [264,289], and would then further be altered by any volume changes. Nu-

clear measurements were all lower as well, which is most likely a structural property as progeria

nuclei when isolated are stiffer than control counterparts [264].

This work is ongoing currently, with biomechanical computation being optimized for each cell.

Future directions will be discussed here as if this body of work was completed.

5.3.1 Elucidating Implications on Shear Sensing

The next step for this work would be to apply these newly elucidated properties to endothelial

cells subject to shear stress. One such consideration is that the goal of extracting the true me-

chanical properties of individual cells is to study how they affect shear force transmission from the

cell membrane to the nucleus importantly, the effective force measured via AFM (which would

be akin to that which the environment sees so to speak) does not necessarily correlate to nuclear

stiffness itself, as established by Apte et al. [264] To explore then precisely the implications of this

would require new approaches tailored for studying how specific biological signaling mechanism

are affected by alterations to the cellular mechanical properties. One such approach would be to

use light-sheet microscopy [113] for Z-plane information on cells in a microfluidic chamber and

trace a mechanosensitive, fluorescently labeled protein (in this case, YAP is a strong candidate).

It is established that cytoskeletal integrity is required for appropriate YAP function [73] here the

mechanical properties may provide a correlative understanding. Senescent cells do not appear

to appreciably response to shear stress appropriately [258] but these mechanisms remain to be

fully elucidated. It could be that the lack of response is tied uniquely to cytoskeletal structure and

the altered mechanical properties are correlative to such dysfunctions, or rather there may be a

synergistic effect present where excessive force transduction to the nucleus induces YAP nuclear

translocation [72] to work against the normally protective effects of shear stress. The results of the

computational approach would guide the conclusions made on this front: decreased nuclear force

would support the former, while increased force would support the latter.
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5.3.2 Addressing Approach Limitations

There are other refinements to be made to this approach as well based on the assumptions made

for this work. One such avenue for improvement is modeling each individual cell as a viscoelas-

tic material [273, 308, 309] rather than a hyperelastic one. Biological materials generally possess

viscous properties in addition to their elastic properties, and adapting the protocol to account for

these properties requires altering the measurement process on AFM to dynamic acquisition. This

may provide additional resolution to understanding subcellular damping forces for explaining, for

example, how shear stress affects intracellular structures (the nucleus). Our protocol in this work

is quickly adapted from a technical perspective to this endeavor the changes required are on AFM

measurement and the selected computational model. Another key assumption made in this ap-

proach lies within the continuum mechanics approach: each cellular compartment is treated as a

homogenous medium. From a cell biology perspective, this is understood to be a simplification as

cytoskeletal fiber distribution and connectivity vary throughout a cell, and at the nanoscale stiff-

ness (or more accurately, bond energy) varies strongly as a function of spatial localization [115].

The information for a different treatment of the cellular continua is captured using super-resolution

microscopy; actin fibers (or any other cytoskeletal filament/nuclear laminar structure) are easily

visualized at high resolution, allowing for fiber-based approach using, for example, the tensegrity

model [310, 311]. Nonetheless, the continuum approach has several attractive features largely tied

to computational stability [114]. Other modeling approaches which forgo the assumptions of clas-

sical mechanics exist, such semi-classical or quantum mechanical molecule dynamics, which are

not subject to the assumption limitations of the continuum approaches [312]. Unfortunately, these

approaches are computationally expensive and require enormous processing power (and time) be-

fore any meaningful result translatable to physiology can be obtained.

5.4 Final Remarks

Here, several approaches for studying vascular mechanobiology were discussed. There are

several key takeaways from this body of work. The first is that mechanobiology is a highly mul-
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tidisciplinary field, highlighted by the fact that each of these studies was entirely reliant on an

engineered system or pipeline to test the hypothesis in question. Second there appear to be similar

paradigms for the observed patterns in literature as increased understanding of the mechanisms of

biological force transduction is obtained. Illustratively, shear stress and exogenous electric fields

both influence YAP behavior in endothelial cells. There is a key potential implication of this

finding: convergent biology. Electric fields affecting, for example, integrin clustering itself may

provide understanding for how forces influence integrin signaling to form a more complete model

for biophysical signaling. Another analogous example would be ion channel signaling under shear

and electrophoretic migration of ions across a membrane using an electric field ideally both would

result in a similar response due to the end result (ion movement) being identical. And lastly, there

is a lot of room at the bottom. Current understanding of biophysical mechanisms has a lot of

room for improvement as the data guides appropriate model development. Continuum models, as

an example that was used here, themselves are only one such way to describe the data and make

several fundamental assumptions about the cell itself. In spite of this, these approaches as a whole

have led to several important discoveries relevant to the clinic, such as interactions between fluid

shear stress and matrix stiffness. Altogether, this body of work applies several approaches to study

how endothelial cells respond to external forces, and how their properties and capacity to response

change in disease states.
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APPENDIX

SUPPLEMENTARY MATERIAL*

Vessel-on-a-Chip Cell Extraction: Trypsinizing cells from the vessel-on-a-chip system for

processing and later use in experimentation required a modified protocol for consistent results,

which is laid out here for reproducibility. After removal of the chip from the experimental condi-

tions (connections, syringe pump, etc.), place an empty pipette tip (200 ţL is the lower limit since

this protocol relies on gravity flow, but higher volume tips are acceptable) on one of the two ports of

the microfluidic chamber. In the other, still open port, fill a pipette tip to full volume with PBS and

place it on the other port. Remove the tip from the pipettor without pushing any of the PBS through

the chamber and place it in the incubator for 3-5 minutes. This serves as the PBS wash step. After

the short incubation, check to see PBS flow-through on the other side, indicating that PBS is now

the fluid volume in the channel. Remove both pipette tips from all ports. Repeat the steps for a

wash with 0.25% trypsin. However, for this step, incubate within the cell incubator for 2 minutes.

Remove the chips after and observed under a microscope to detect cell detachment. If cells are not

fully detached, the chamber may be gently percussed to facilitate detachment. Afterwards, in the

chamber, if cells are not present, they are now detached, and the fluid may be removed from the

chamber. To do so, prime a pipette for suction by pressing the top dispensation plunger all the way

down and connect it to the pipette tip with the lower volume. Let go of the plunger and suction

the cells in the trypsin through. Once a majority of the volume is withdrawn, remove the tip and

add the trypsin to an equivalent or greater volume of cell media in a centrifuge tube. Media may

be perfused through the chamber after to pick up any cells not obtained through the first suction.

The tube may be centrifuged for a pellet, and any subsequent protocol may be performed. It is

important to note that trypsinization rapidly deactivates YAP, though gene expression is dependent

on the mRNA half-life. Thus, all trypsinization steps to RNA extraction should be kept to under
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10 minutes to ensure preservation of the phenotype and not introduce artifacts.

*Text and figures reprinted with permission from "Mechanotransduction-on-chip: vessel-chip model of endothe-
lial YAP mechanobiology reveals matrix stiffness impedes shear response" by B.K. Walther, N.K.R. Pandian, K.A.
Gold, E.S. Kiliç, V. Sama, J. Gu, A.K. Gaharwar, A. Guiseppi-Elie, J.P. Cooke, A. Jain, 2021. Lab on a Chip, 21,
1738-1751, Copyright 2021 by the Royal Society of Chemistry.
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