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ABSTRACT 

 

All major processes in living systems depend on energy sources. In bacteria 

undergoing cellular respiration, the central source of energy is the proton motive force 

(PMF). In addition to ATP synthesis, the PMF directly powers numerous other functions 

including motility, chemotaxis and cell division. Despite its importance, methods to 

quantify the PMF in live bacteria are limited. For this reason, the dependence of motility 

on the PMF is particularly interesting as the former could be used as a quantitative readout 

of the latter. In this work, we have developed protocols to quantitatively probe the PMF 

in different bacterial species. We systematically tested the relation between motility and 

the PMF in a multi-flagellated specie – Bacillus subtilis. Specifically, we measured the 

relationship between the membrane potential, which is a component of the PMF, and the 

swimming speeds of individual bacteria. We then compared the swimming speeds against 

flagellar rotation rates. Comparisons with Escherichia coli revealed that hydrodynamic 

factors complicate the PMF/flagellar rotation/swimming speed relationships in 

peritrichous (multi-flagellated) species. Next, we quantified the second component of the 

PMF – the transmembrane pH gradient - by characterizing pH-sensitive fluorescence 

proteins in E. coli. We developed a scaling analysis that overcame some of the limitations 

of the green fluorescent protein (GFP); specifically, the dependence of emissions on 

protein concentrations. Finally, we worked with a monotrichous bacterial species, 

Caulobacter crescentus, as their motility is relatively straightforward to interpret owing 

to the presence of a single flagellum. As the strategies of chemotaxis are poorly understood 
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in this species, we focused on the response of C. crescentus to multiple chemoeffectors. 

We observed that C. crescentus is poor in chemotaxis despite possessing a rather 

complicated and elaborate chemotaxis network. It is likely that the so-called chemotaxis 

network in C. crescentus has a primary function that is different from chemotaxis.   
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NOMENCLATURE 

 

CCW  Counter-clockwise  

CW  Clock-wise 

Fps  Frames per second  

GEVI  Genetically-encoded voltage indicators  

GFP  Green fluorescent protein  

LB  Luria broth 

MB  Motility buffer 

OD600  Optical density at 600 nm 

PMF  Proton motive force 

PYE  Peptone yeast extract 

SMF  Sodium motive force  

TB  Tryptone broth 
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CHAPTER I INTRODUCTION  

 

The proton motive force (PMF) plays a major role in impacting cellular 

physiology. The PMF aids in bacterial proliferation as it powers various cellular processes 

such as ATP synthesis, cell division, pH homeostasis, and bacterial motility. Changes in 

the PMF can also promote pathogenicity and antibiotic resistance. Therefore, accurate 

quantification of the PMF is needed for fundamental insights into important cellular 

processes. In this work, we focused on developing facile techniques to measure the PMF 

and its effects on two major fitness factors: motility and chemotaxis.  

PMF consist of two components: the membrane potential and the pH gradient 

across the membrane. In Chapter 2, we review the available methods for quantifying each 

component and discuss their limitations. We discuss the link between the PMF and 

bacterial motility. We distinguish between peritrichous and monotrichous bacteria to 

emphasize how swimming speeds of individual cells could help estimate the PMF 

provided we account for the positioning of the flagella on the cell body.  

In Chapter 3, we have determined how pH-sensitive fluorescent proteins could be 

used as quantitative probes of the intracellular pH. A key limitation of fluorescent proteins 

such as GFP (Green fluorescent protein) is the dependence of photon emission on protein 

concentrations. To eliminate this limitation, we developed a mathematical model for 

normalizing the emission vs pH relationships. We tested the model with several 

fluorescent proteins that modulate their emission intensities as a function of the pH. These 

proteins exhibit two states with distinct spectra: protonated and deprotonated. Changes in 
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the pH induce an equilibrium shift between the two states. Comparisons between 

experiments and the model suggested that our scaling analysis was successful in 

eliminating the dependence of the pH response on protein expression levels, which makes 

these probes better in some regard to ratiometric fluorescent probes. We anticipate our 

framework will help extend the applications of intensity-based pH reporters for pH-

sensitive measurements.   

In Chapter 4, we tested bacterial motility as a probe of the PMF. Previous 

measurements in Escherichia coli suggested that the flagellar rotation rates are linearly 

dependent on the PMF. This relationship has not been measured in other bacterial species. 

As swimming speeds are easier to quantify compared to flagellar rotational speeds, we 

characterized the membrane potential vs swimming speed relationships in two model 

organisms, Gram-negative E. coli and Gram-positive Bacillus subtilis. We recorded what 

appeared to be a linear regime in the potential vs swimming speed curves for B. subtilis. 

This experimental plot is expected to help estimate changes in the PMF directly from 

swimming speed in B. subtilis. We also compared the swimming speeds in E. coli and B. 

subtilis: their swimming speeds were similar despite the flagellar rotation rates being 

slower in the latter species. To account for differences in hydrodynamic thrust in the two 

species, we measured various properties such as flagellar rotation rate, swimming speed, 

cell geometry, flagellar geometry, and flagellar number. Our work suggested that a simple 

hydrodynamic analysis is inadequate to predict flagellar rotation rates from swimming 

speeds in peritrichous bacteria – put differently, theoretical (but not experimental) 
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estimation of PMF changes from observed changes in swimming speeds is unlikely to be 

accurate without accounting for hydrodynamic interactions within flagellar bundles.  

Caulobacter crescentus carries a single polar flagellum, and it is does not suffer 

from some of the hydrodynamic complications that are observed in peritrichous bacterial 

species. It is, therefore, an excellent model system to study the effects of PMF on 

swimming speeds. However, very little is known about motility and chemotaxis in this 

species. Therefore, we shifted our attention to characterizing chemotaxis in this species in 

Chapter 5. We investigated the chemotactic response of C. crescentus to various chemical 

stimulants. Our analysis revealed only a weak or negligible chemotactic response towards 

major stimulants. Although the presence of chemical stimulants induced a change in the 

reversal frequency between forward and backward swimming modes, a strong correlation 

was absent with chemotactic performance. These measurements suggest that C. crescentus 

is unlikely to exhibit strong chemotaxis. It is likely that chemotaxis effects are unlikely to 

confound the interpretation of PMF vs motility relationships, which will be the subject of 

future work.   
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CHAPTER II BACKGROUND  

 

Proton motive force  

Chemiosmotic theory by Peter Mitchell states that the electrochemical potential of 

ions across the membrane drives adenosine triphosphate (ATP) synthesis. [1, 2]. This 

electrochemical gradient, called the proton motive force (PMF), is generated from the 

pumping of the protons during electron transport. PMF consists of two components: 

membrane potential and pH gradient across the membrane as shown by the equation: 

𝑃𝑀𝐹 = ∆𝜓 + 2.3 (
𝑘𝐵𝑇

𝑒
) ∆𝑝𝐻 

where Δψ is the transmembrane electric potential, kB is the Boltzmann constant, T is the 

absolute temperature, and e is the proton charge, and ΔpH is the pH difference across the 

membrane. At room temperature, 2.3*(kBT/e) is approximately 60 mV. Recent studies 

revealed that PMF regulates not only the ATP synthesis but a wide range of bacterial 

physiology and functions, such as antibiotic resistance [3], persister formation [4], pH 

homeostasis [5], cell division [6], dynamic communication [7, 8], membrane transport [9], 

and cell motility [10, 11]. As these processes are essential for cell proliferation, accurate 

quantification of PMF is desired.  

However, measuring PMF in bacteria is not a straightforward, especially because 

of its small size. In eukaryotic cells, one can directly measure the PMF using patch clamp 

method by impaling cells with microelectrodes. However, bacterial cells are usually too 

small to be impaled. It has only been successful under non-physiological conditions, where 
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the cells are treated to become large like spheroplasts and protoplasts [12-14]. Therefore, 

PMF in bacteria needs to be measured indirectly.   

Bacterial membrane potential is measured using fluorescent probes like Nernstian 

dyes, membrane-bound dyes, and genetically-encoded voltage indicators (GEVIs). 

Among these, Nernstian dyes such as are most popular – especially fluorescent cationic 

lipophilic dyes like Rhodamine 123, (DiOC2)
3, and Thioflavin T [7, 8, 15-21]. Membrane 

potential can be determined experimentally by measuring the fluorescence intensity as it 

is proportional to the ion concentration. However, there are some disadvantages. Due to 

its positive charge, high concentration of the dye can lower the membrane potential [22]. 

Additionally, dynamic measurements become complicated due to dye transport properties. 

Finally, variable permeability of the dye between Gram-positive and Gram-negative 

bacteria complicates interspecies comparison [21]. To overcome accumulation of Nerstian 

dyes inside the membrane, membrane-bound dyes such as 

aminonaphthylethenylpyridinium (ANEP) dyes can be used. A variant of ANEP dyes, di-

4-ANEPPS, has been used to measure membrane potential in Saccharomyces cerevisiae 

[23] and Candida albicans [24]. Depending on the membrane potential, the dye shifts its 

excitation spectra. Compared to Nerstian dyes, the captured response is faster, but has a 

lower signal-to-noise ratio. Lastly, a GEVI, specifically proteorhodopsin optical proton 

sensor (PROPS), provided membrane potential measurements in bacteria [25-27]. But one 

of the potential drawbacks is its effects on physiology may be unpredictable. Although 

these measurements provide valuable information on the membrane potential, they do not 

provide any information on the second component of PMF – pH. Because these two 
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components counteract and compensate for changes in the other, both must be measured 

for an accurate value of PMF [28, 29].   

Several methods have been employed to measure the cytoplasmic pH. Most pH 

probes operate by changing their properties based on the external pH, which included 

radioactivity and chemical shifts [30, 31]. However, these probes suffered from 

complicated set-ups making pH measurements difficult. This led to the rise of using pH-

sensitive fluorescent proteins, since these proteins are expressed intracellularly. Recently, 

pH-sensitive ratiometric fluorescent proteins, pHluorin, have gained popularity for its 

independence on protein expression levels [32].  However, it suffers from the necessity of 

an expensive multi-wavelength excitation setups which also make dynamic measurements 

difficult. Possible cell toxicity due to the blue light effect is also a problem. Instead of 

ratiometric probes, a simple single-excitation, single-emission green fluorescent protein 

(GFP) is preferred. Unfortunately, fluorescence signal is proportional to the number of 

fluorescent proteins, thus making the fluorescence signal dependent on protein 

concentrations, which can vary significantly from cell to cell. This limits the application 

of pH-sensitive GFP. In Chapter 3, we establish methods to overcome the signal 

dependence on protein concentration of GFP. 

The described methods have been used to study the magnitude of Δψ and ΔpH 

contribution to PMF. At times, the membrane potential has been regarded as analogous to 

the PMF, but this is largely untrue. The ΔpH contribution to the PMF can often fluctuate 

because bacteria maintain their internal pH over wide ranges of external pH. The ΔpH 

contribution to PMF for neutralophile E. coli (intracellular pH ~ 7.8) is approximately -
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48mV when the external pH is 7.0. The contribution of Δψ is approximately -120 mV, 

making up a total PMF of -168 mV. However, the ratio of ΔpH and Δψ to PMF changes 

over external pH as they compensate for one another. At external pH of 5.5, the ΔpH 

increases to -138 mV. The large ΔpH is partially offset by the membrane potential: Δψ 

was measured to be ~100 mV [28]. Therefore, with certain environments, the ΔpH 

component is larger than Δψ. This is especially true for acidophiles such as 

Acidithiobacillus ferrooxidans which survive at pH 2. To offset the extremely large ΔpH, 

the Δψ is reversed, where the inside the membrane is more positive relative to the outside. 

In this case, the ΔpH is -266 mV while Δψ is +10 mV [5, 33]. Therefore, it is crucial to 

measure both components of the PMF.  

Given the technical challenges in quantifying the two PMF components 

simultaneously, other methods are sought. The dependence of bacterial motility on the 

PMF is of particular interest as the former can be used as quantitative readout of the latter 

[11], overcoming some of the challenges with PMF measurements in live bacteria. In 

Chapter 4, we elaborate on our efforts to measure the PMF from motility in peritrichous 

bacterial species – bacteria carrying more than one flagellum on their bodies. 

 

Bacterial motility  

One of the key physiological processes that is powered by the PMF is bacterial 

motility [10]. Bacteria swim by rotating helical filaments known as flagella [34]. Each 

flagellum is attached to a rotary motor via a flexible hook. The rotary motor operates by 

coupling the ion flux across the membrane to motor rotation [35-37]. In turn, the motor 
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rotates the flagellar filament. The direction of rotation can switch between 

counterclockwise (CCW) or clockwise (CW) direction, enabling the bacteria to navigate 

their surroundings. Bacterial motility has been extensively studied in the Gram-negative 

model organism, E, coli. Because PMF powers the motor rotation, motor rotation speeds 

can be used to estimate PMF changes [38].  

Measuring the motor rotational speed can be challenging as the flagellum is 

difficult to visualize under simple phase microscopy. To overcome this, a tethered cell 

assay is typically employed. The first tethered cell assays involved a polyhook mutant of 

E. coli and anti-hook antibodies to tether hooks to a glass substrate, causing the cell body 

to rotate [39]. An improvement was made when a sticky flagellar mutant was created in 

E. coli [40, 41]. This mutant allowed studying the flagellar motor response to 

environmental stimuli and viscous loads [42-44]. The sticky flagellar mutant is sheared to 

short stubs and is attached either to the glass substrate (tethered cell assay) or polystyrene 

beads (bead assay). The cell body or the bead can be monitored to determine the flagellar 

rotation rate. Using these techniques, a linear relationship between the speed of the motor 

and PMF has been determined in a few bacterial species:  -50 mV to -150 mV in E. coli 

[11, 45] and -30 mV to -100 mV in Streptococcus strain V4051 [46-48]. Therefore, 

flagellar rotation rate can serve as a good PMF probe. However, this assay is only well 

established in few species, and it has limited utility [49]. 

Recently, a sticky flagellar mutant in the Gram-positive model organism B. subtilis 

was developed by combining the sticky fliC allele from Salmonella typhimurium and the 

hag gene in B. subtilis [50]. The mutant in B. subtilis was especially useful to evaluate the 



 

9 

 

dynamics of stators in the flagellar motor of B. subtilis [50, 51]. Unlike E. coli, the B. 

subtilis motor has two distinct stator complexes: H+-type MotAB and Na+-type MotPS 

[52, 53]. MotAB is powered by the PMF, and the MotPS is powered by the sodium motive 

force (SMF). The assembly of MotPS is highly Na+-dependent and load-dependent. With 

increasing Na+ levels and viscous loads, the number of bound MotPS increases [50]. 

Therefore, the flagellar rotation rate is not only dependent on the PMF but also SMF. 

Especially load-inducing assays like tethered cell or bead assay increases the influence of 

SMF. MotPS, however, does not seem to be well-engaged with the motor during 

swimming, as the swimming speed does not change with the disruption of the MotPS 

complex [54, 55]. Therefore, the Na+ dependent MotPS stators are unlikely to complicate 

the analysis of swimming motility in B. subtilis.   

One of the ways to measure the flagellar rotation rate is through fluorescent 

labeling of flagella. Flagellin proteins with a cysteine mutation in one of the surface-

exposed sites is treated with a maleimide-based fluorescent dye. Laser illumination lights 

up the flagellar filament. Videos of labeled swimming cells are recorded at high frames 

per second (fps), to capture the full rotation of the flagella. By determining the number of 

frames for a full revolution, the flagellar rotation rate can be calculated [56]. However, 

these experiments are technically challenging as fast fps necessitates a small field of view, 

which decreases the probability of observing swimmers for adequate durations that are 

necessary for accurate analysis. Therefore, in Chapter 4, we explore using swimming 

speed instead to characterize PMF as swimming speed can be accurately determined with 
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simple phase microscopy, and the method is generally extensible to all motile bacteria 

without genetic modifications.  

Chemotaxis  

Chemotaxis is the migration of bacteria towards or away from a chemical stimulus. 

The first assay to confirm this was Adler’s capillary assay [57]. This assay revealed that 

bacteria swam and accumulated towards the capillary in the presence of certain 

compounds – known as attractants. Chemotaxis is enabled by flagellar switching between 

CCW and CW directions. In peritrichous E. coli, CCW-rotating flagella form a bundle 

that thrusts the cell forward in a straight line – called a run [58]. Flagellar switching from 

CCW to CW causes the cell to tumble and switch direction. Run-tumble pattern promote 

chemotaxis in peritrichous species [56, 59, 60].  

The run and tumbles are controlled by a signaling network – the chemotaxis 

network [61]. Chemical stimuli like attractants and repellents are sensed by methyl-

accepting chemotaxis proteins (MCPs). In E. coli, there are five MCPs:  four membrane-

bound chemotaxis receptors (Tsr, Tar, Tap, and Trg) and one oxygen-sensing receptor 

(Aer). Upon sensing of a stimuli by the receptor, the activity of a chemotaxis kinase CheA 

is modulated. CheA, then, modulates the phosphorylation levels of a response regulator 

CheY. Phosphorylated CheY interacts with the flagellar rotor to promote a conformational 

change, which leads to a switch in the direction of rotation [31, 32]. In the presence of an 

attractant, the phosphorylation levels of CheY decreases, and the flagella rotates in CCW, 

and vice versa. Therefore, in peritrichous bacteria, the probability of CW rotation (CWbias) 

is the key parameter in measuring chemotaxis.  
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However, the precise role of CWbias modulation is debatable in polar-flagellated 

species. There are two types of polar-flagellates: monotrichous species carrying single 

flagellum like C. crescentus, Pseudomonas aeruginosa, and Vibrio alginolyticus and 

lophotrichous species carrying multiple flagella like Helicobacter pylori. Polar flagellates 

do not employ run-tumble pattern, but instead swim in a run-reversal manner. Depending 

on the handedness of the flagellum, the cell propels forward in one rotational direction 

and reverses in the other direction. H. pylori modulate their CWbias, presumably for the 

purposes of chemotaxis [33]. However, in other species such as C. crescentus and P. 

aeruginosa, cells appear to modulate the reversal frequencies [62-64]. It is unclear whether 

polar-flagellates chemotax and if they do so by modulating either CWbias or reversal 

frequency or both.    

In Chapter 5, we investigated the chemotaxis mechanism of a polar-flagellate, C. 

crescentus, bacterium found in freshwater lakes and streams. C. crescentus possess a 

single, right-handed flagella located at the pole. Due to the filament’s right-handedness, 

the cell swims forward when the flagellum rotates CW. It swims backward when the 

flagellum rotates CCW.  The flagellated motile swarmer cell transitions into a sessile 

stalked cell by shedding its flagellum and synthesizing an adhesive holdfast. The major 

chemotaxis cluster is cell-cycle dependent, and the chemotaxis proteins are only expressed 

in motile cells [65-68]. Interestingly, a genomic scan of C. crescentus revealed that there 

are multiple copies of the chemotaxis proteins [69, 70]. Specifically, there are 18 

independent genes coding for MCPs, which suggest that C. crescentus may sense a wide 

array of attractants and repellents. Additionally, there are 12 CheY proteins which can 
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modulate the motor response. One of the CheY protein in C. crescentus, CheYII, behaves 

similarly to the CheY in E. coli. Binding of the phosphorylated CheYII to the motor leads 

to a switch in the rotational direction to CCW and the cell swims backwards. However, as 

the function of other CheY proteins are less understood, it is unclear how these CheY 

homologs respond to chemoeffectors. It has been suggested that the other CheY homologs 

compete with CheYII by binding to the motor and modulating the swimming speed and 

motor switching rates [71, 72].  

Why does C. crescentus need such a complicated network to simply modulate 

flagellar switching? As the flagellum likely evolved independently of the signaling 

network before the two became coupled, it is possible that the network’s main function is 

other than chemotaxis. In which case, there is a possibility that chemotaxis is weak or 

absent in C. crecentus. In Chapter 5, we test this idea and investigate the link between 

flagellar dynamics of C. crescentus and biased migration towards attractants. 
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CHAPTER III PROTEIN EXPRESSION-INDEPENDENT RESPONSE OF 

INTENSITY-BASED PH-SENSITIVE FLUOROPHORES IN ESCHERICHIA COLI*1 

 

Introduction 

Flagellar rotation is driven by proton motive force (PMF), an electrochemical 

gradient maintained across the cell membrane, composed membrane potential and pH 

gradient [10]. The flagellar rotational speed was shown to vary linearly with PMF at high 

viscous loads [11].  The effect of membrane potential and pH gradient on the rotational 

speed has been tested by employing various techniques such as addition of ionophores or 

weak acids and using membrane dyes or fluorescent reporters to detect the change in the 

components of PMF [27, 46, 49, 73]. For example, in the presence of weak acids such as 

benzoate, the flagellar motor rotation is impaired upon a shift in external pH from 7.0 to 

5.0 [74]. Because external pH can be altered, the intracellular pH must be accurately 

measured to calculate the pH gradient. Thus, there is a large interest in measuring 

intracellular pH with fast dynamics and high accuracy.  

Bacteria maintain a tight control over their cytoplasmic pH even when the 

extracellular pH fluctuates significantly [75-79]. Homeostasis in the cytoplasmic pH is 

crucial for the regulation of important processes including enzymatic function, 

metabolism, ion channel activity, motility, and cell division [80-82]. Homeostasis is 

                                                 

1 Rhee KY, Chawla R, Lele PP (2020) Protein expression-independent response of 

intensity-based pH-sensitive fluorophores in Escherichia coli. PLOS ONE 15(6): 

e0234849. https://doi.org/10.1371/journal.pone.0234849 
 

https://doi.org/10.1371/journal.pone.0234849
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promoted by several intrinsic buffering mechanisms including those that involve 

enzymatic systems including amino acid decarboxylases [5, 83-86], transcription factors 

[87, 88], ammonia-producing deaminase and deiminase systems [89], and ureases [90, 

91]. Other mechanisms limit proton transport by modulating proton permeability of the 

phospholipid membranes and proton antiporter activity [5, 84, 92]. Gram-negative 

Escherichia coli are remarkable at maintaining pH homeostasis; their cytoplasmic pH 

ranges narrowly between 7.4-7.8 [31, 80, 93].  

Intracellular pH has been traditionally measured with the aid of extracellular 

probes whose uptake by the cells is pH-dependent. Examples are membrane-permeant 

radiolabeled probes and fluorescent dyes [31, 94-96]. However, these approaches afford 

relatively low temporal and spatial resolution. Cell-cell variability in probe or dye uptake 

and leakage limit the accuracy of measurements [97]. The use of pH-sensitive fluorescent 

proteins helps circumvent these problems as the proteins are expressed intracellularly.  

Several variants of the green fluorescent protein (GFP) have been developed that 

vary their emission intensities as a function of the ambient pH [98]. These so-called 

intensity-based probes exhibit two states that differ in the protonation state of the 

chromophore and that have distinct spectral characteristics [99]. Changes in the pH induce 

a shift in the equilibrium between the two states, thereby modulating the emission [100, 

101]. Fluorescent proteins have become popular alternatives to traditional pH probes [102-

104]. They have been widely employed in combination with spectroscopy, flow 

cytometry, and fluorescence microscopy [105, 106] to measure relative changes in pH 

with superior temporal and spatial resolution [107, 108]. 
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The fluorescence signal is proportional to the number of fluorescent proteins 

expressed within each cell. In bacteria, cell-cell variability in the number of fluorophores 

can cause large fluctuations in the signal from intensity-based probes, especially given the 

tiny cell volumes. Fluorophore expression levels may also vary significantly across 

different mutant strains, complicating comparisons of their cytosolic pH. To overcome 

this key limitation of intensity-based probes, ratiometric fluorescent proteins such as 

pHluorin, GFpH, and Rosella have been developed [32, 109-111]. Emissions are obtained 

under different excitation or emission settings, and ratios of the signals are then 

determined since they are independent of the expression levels of the fluorophores [112].  

A key limitation in the use of the popular ratiometric probe, pHluorin, is that the 

illumination wavelengths used to excite the fluorophore cause the well-known blue light 

effect – incident light at 405 nm has bactericidal effects on a variety of species [113-117]. 

This could interfere with pH measurements by affecting cell physiology [116, 118]. 

Another problem is the need for multi-wavelength excitation setups, which can cost more 

and can prevent measurements of rapid changes in the pH, especially if the excitation 

wavelength must be repeatedly alternated.  

Here, we explored whether pH-sensitive emissions from existing intensity-based 

fluorescent proteins could provide advantages similar to the ratiometric probes. We 

showed theoretically and experimentally how the emissions from Gfpmut3* and eYFP, 

two probes that excite at wavelengths where the blue light effect is diminished, can be 

made independent of the expression levels with a simple scaling analysis. The scaled 

signals were also independent of the photon excitation and detection settings. Therefore, 
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we propose that intensity-based probes can provide a robust method for detecting internal 

pH with appropriate scaling. 

 

Materials and Methods  

Cell culturing 

All strains were derived from E. coli RP437 [119]. PCR-amplified fluorescent 

protein alleles were inserted into the MCS (multiple cloning sites) region of the pTrc99A 

vector to generate desired plasmids: pTrc99A-Gfpmut3*, pTrc99A-eyfp, and pTrc99A-

pHluorin. DsRed-Express (pUC19 vector backbone) was obtained from Clontech (Cat. 

No. 632412) and transformed in pTrc99A. Overnight cultures were grown from isolated 

colonies in Tryptone broth (TB). Day cultures were grown from the overnight cultures 

(1:100 dilution) in 10 mL of fresh TB at 33℃. Ampicillin was added at a final 

concentration of 100 µg/mL to the overnight and day cultures. Expression levels of the 

fluorophores were controlled by adding 0 - 100 µM isopropyl β-D-1-

thiogalactopyranoside (IPTG) to the day culture at the time of inoculation. The cultures 

were grown to an OD600 ~ 0.5 before washing three times via centrifugation (1500g, 5 

min) in phosphate buffer (0.01M Phosphate buffer, 0.067 M NaCl, 10-4 M EDTA, 0.01M 

Sodium Lactate and 1 µM Methionine) [120, 121]. 

 

Modulation of intracellular pH  

To measure changes in fluorophore emission intensities at varying pH, tunnel 

slides were prepared by sticking two glass surfaces together with double-sided adhesive 



 

17 

 

tapes. Approximately 30 l of 0.01% poly-L-lysine solution was introduced in the tunnel 

slide for ~ 5 min. It was subsequently exchanged with DI water or buffer by gently wicking 

the fluid from one end of the tunnel slide and adding ~ 7 times higher volume of the 

replacement fluid at the other end. This minimized the contact of the cells with poly-L-

lysine. A concentrated cell suspension was then introduced and was allowed to stand for 

~ 10 min to enable the cells to sediment and adhere to the coverslip. The unstuck cells 

were gently removed by wicking the fluid while adding buffer at the other end. The stuck 

cells were exposed to buffers of desired pH (5.0 to 9.0) containing 40 mM benzoate [105, 

108, 122] for at least 5-10 min prior to the measurements. 

 

Fluorescence assays  

The live cells were imaged on a Nikon Ti-E microscope with a 60x water 

immersion objective (Nikon Instruments). The coverslip was scanned to select a region 

where the cell-coverage was dense and uniform (Figure III-1); regions with vacant areas 

were ignored. An LED illumination source (SOLA SE II 365 light engine, Lumencor) was 

used to excite the fluorophores. Emissions were collected from ~1000 cells at any instant 

(Figure III-1). Background correction was not deemed necessary since the coverslip 

contributed less than ~ 2% to the overall emission. Excitation and the emission signals 

were appropriately filtered depending on the fluorescent protein (see Table III-1). The 

emissions were relayed to a sensitive photomultiplier (H7421-40 SEL, Hamamatsu 

Corporation) and the photon-counts were recorded with custom-written LabView codes at 

a sample rate of 10 Hz for ~ 30 seconds. For pHluorin, 15 seconds of data was recorded 
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for each excitation wavelength: 410 nm and 475 nm. The illumination intensities from the 

light engine were attenuated such that the emissions always fell within the dynamic range 

of the photomultiplier. For each tunnel slide, emissions were recorded from four different 

regions. For each fluorophore, three biological replicates were carried out. For the 

representative pH-response shown in Figure III-1, a perfusion chamber was employed 

which enabled media to be exchanged. 

 

Statistical testing  

Two-tailed paired t-test was employed to determine statistical significance. 

Difference in mean intensities was considered significant for p < 0.05. 
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Figure III-1. Schematic of the experimental set-up.  

A typical region of observation is shown (top left); inset shows a closer view of several 

cells stuck to the coverslip. White LED light was passed through a suitable excitation 

filter (ex) before illuminating the sample. The emissions were filtered with an emission 

filter (em) and relayed to a photon-counting photomultiplier (bottom right). Time-

varying emissions from Gfpmut3* containing cells is shown (top right). The neutral 

buffer was exchanged with an acidic medium containing benzoate at ~ 50 s. A sharp 

reduction in intensity was observed in real-time. The original buffer was re-introduced at 

~ 300 s, following which the intensity returned to its pre-stimulus value (after accounting 

for photobleaching). The calculated statistical power for this response was ~ 1. 
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Table III-1. Filter information 

Fluorescent protein Excitation Emission 

eYFP Zet514/10x† FF01-542/27* 

Gfpmut3* FF01-466/40x* FF03-525/50x* 

pHluorin 

FF01-466/40x* 

FF01-409/32-25* 

FF03-525/50x* 

DsRed-Express FF01-542/22* FF01-598/25* 

† - Chroma Tech Corp. *- Semrock Inc.  

 

Results  

pH-sensitive fluorophore emission  

We separately expressed Gfpmut3*, eYFP, and pHluorin in E. coli from a 

common, inducible expression vector. Cells were stuck to poly-L-lysine coated coverslips 

in tunnel slides and their fluorescence emissions were measured with a photomultiplier. 

To measure emissions over a range of intracellular pH, cells were treated with 40 mM 

benzoate in phosphate buffers maintained at specific pH values (see Materials and 

Methods). In its protonated form, benzoate permeates the membrane and equalizes the 

cytoplasmic and extracellular pH [105, 108].  

Gfpmut3* and eYFP are intensity-based fluorophores, where the excitations and 

emissions of interest occur over single wavelengths (Table III-1). The absolute emission 

intensities of Gfpmut3* and eYFP over varying pH are shown in Figure III-2A. The 

intensities were the lowest at pH 5.0 and increased with pH before plateauing for pH 
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values > 7.0. Three induction levels were tested for each type of fluorophore: basal or low 

expression (0 µM IPTG), medium expression (10 µM IPTG) and high expression levels 

(100 µM IPTG). The emission intensities increased with protein expression levels (Figure 

III-6). Hence, the illumination intensity was appropriately attenuated to operate within the 

working range of our photomultiplier detection system. Both fluorophores showed similar 

trends with respect to the internal pH.   

pHluorin displays a dual excitation peak at 410 nm and 475 nm with a common 

emission at a wavelength of 509 nm [32]. Therefore, two excitation wavelengths were 

employed to measure the pH-sensitive signals from this fluorophore. The emission ratio 

was calculated by dividing the emissions at the lower excitation wavelength by the 

emissions at the higher excitation wavelength. The emission ratios versus internal pH for 

pHluorin are shown in Figure III-2B for the three expression levels. The dependence of 

the ratios on the pH was qualitatively similar to the emission curves obtained for 

Gfpmut3* and eYFP. At the highest induction level studied, pH-induced changes in the 

signals of Gfpmut3* (and of pHluorin) were statistically significant until pH 8; changes 

in the signals of eYFP were significant until pH 6. This suggests that Gfpmut3* is effective 

in detecting ΔpH = 1 over the range of pH 5 to 8. At the basal expression level (0 μM 

IPTG), pH-induced changes in the signals were not significant for the three fluorophores.  

In contrast to the three pH-probes, a pH-insensitive protein, DsRed-Express, 

exhibited constant emission values over the pH range at 100 μM expression (Figure III-7), 

in agreement with prior reports [123]. 
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Figure III-2. pH-sensitive emission intensities for fluorophores. 

A) Absolute intensities are indicated over a range of cytoplasmic pH values for 

Gfpmut3* (top row) and eYFP (bottom row). B) The ratios of emissions at two 

excitation wavelengths for pHluorin are shown as a function of cytoplasmic pH. 

Induction levels (IPTG concentrations) were 0 µM (white bars), 10 µM (light gray), and 

100 µM (dark gray). Since the absolute intensities for all three fluorophores increased 

with the induction levels, the illumination intensity was attenuated as needed to operate 

within the dynamic range of our photomultiplier. Each data point reflects the mean value 

determined from four technical and three biological replicates (n ~ 10,000 cells). 

Standard error was estimated from the biological replicates; * indicates p-value < 0.05. 
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Analytical model to eliminate dependence of signals on expression levels  

For intensity-based pH probes, the total emission intensity (Icell) from each cell can 

be represented as a sum of the emissions from the protonated, 𝑁𝑝𝑟𝑜𝑡, and the deprotonated, 

(N – Nprot), subpopulations.  

𝐼𝑐𝑒𝑙𝑙 = (𝑁 − 𝑁𝑝𝑟𝑜𝑡)𝐼𝑑𝑒𝑝𝑟𝑜𝑡 + 𝑁𝑝𝑟𝑜𝑡𝐼𝑝𝑟𝑜𝑡 III-1 

N is the total fluorophore population. Iprot and Ideprot refer to the emission intensities 

of individual protonated and the deprotonated fluorophores. The emission from the 

protonated fluorophore is lower than the deprotonated fluorophore (Iprot < Ideprot). We 

assume that there are no interactions between the fluorophores.  

The fraction of the protonated fluorophores within the cell is assumed to be in 

equilibrium with the proton abundances within the cell, [H+]in:  

𝑁𝑝𝑟𝑜𝑡

𝑁
=

[𝐻+]𝑖𝑛

𝐾 + [𝐻+]𝑖𝑛
 

III-2 

Here, K is the dissociation constant which depends on the type of the fluorophore. 

Equation III-2 is a reasonable assumption since the cell has a considerable buffering 

capacity and carries millions of ionizable groups that are more abundant than the 

fluorophores. The proton abundance was estimated from the internal pH as per the 

relation:  

[𝐻+]𝑖𝑛 = 10−𝑝𝐻 ∗ 𝑁𝐴 ∗ 𝑉𝐸.  𝑐𝑜𝑙𝑖 III-3 

NA is the Avogadro’s number, and VE.coli is the cytoplasmic volume of E. coli. 

As is evident from Equations III-1 to III-3, the signal from each cell is dependent 

on the fluorophore intensities (Iprot and Ideprot), the fluorophore expression levels (N), and 
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K. A key outcome from the model is that when the intensity is scaled (min-max 

normalization), the scaled intensity (Î) becomes independent of the emission intensities 

altogether (see Supplementary equations 1): 

𝐼𝑐𝑒𝑙𝑙 =
𝐼𝑐𝑒𝑙𝑙−𝐼𝑚𝑖𝑛

𝑐𝑒𝑙𝑙

𝐼𝑚𝑎𝑥
𝑐𝑒𝑙𝑙 −𝐼𝑚𝑖𝑛

𝑐𝑒𝑙𝑙 =
(𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛
−𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 
)

(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛

−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)
  

III-4 

This is convenient since it theoretically eliminates variations associated with the 

differences in illumination sources, detector gain and filters among other factors. 

The scaled or normalized intensity at a given pH can be further shown to depend 

solely on K and the minimum pH value employed in the normalization. Since the 

difference in the maximum and minimum pH values chosen in our work is large (9 and 5, 

respectively), the condition 𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛 ≫ 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑎𝑥 is satisfied for most fluorescent proteins 

(pKa values ≲ 7.0). 

∴ 𝐼𝑐𝑒𝑙𝑙 ~ 1 −

(1 +
𝐾

[𝐻+]
𝑖𝑛
𝑝𝐻 𝑚𝑖𝑛)

(1 +
𝐾

[𝐻+]𝑖𝑛
)

 

III-5 

Equation III-5 indicates that the scaled intensities are independent of the 

expression levels of intensity-based fluorescent proteins, such as GFP and YFP. Finally, 

it is straightforward to prove that Îcell = Î, where Î is the mean scaled intensity for a 

population of cells.  

Having demonstrated that the scaling analysis makes the signals from an intensity-

based fluorophore independent of the absolute values of the fluorophore emissions and the 

expression levels, we tested it experimentally. According to the model, the scaling should 
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cause the experimental curves to collapse onto standard curves for Gfpmut3* and eYFP. 

The equivalence between the mean normalized intensity of a population of cells and the 

normalized single-cell level output meant that we could simply scale the data in Figure 

III-2 to test the prediction. Indeed, the normalized curves were superimposable as shown 

in Figure III-3A, even though the protein expression at different induction levels was 

clearly different (Figure III-6). Equation 5 was then fitted to the experimental data with a 

single parameter, K, using Levenberg-Marquardt algorithm for iterative curve fitting (Igor 

Pro 7). For Gfpmut3*, a common fit was obtained since the normalized data at all 

expression levels coincided with each other. For eYFP, a good fit was obtained for the 

cases of the medium and high fluorophore expression levels (inducer IPTG concentrations 

of 10 and 100 M). At low (basal) expression levels of eYFP, the experimental curve 

deviated from the standard curve. This was likely because of poor signal-noise ratio due 

to the paucity of fluorophores. The value of K for Gfpmut3* was an order of magnitude 

lower than that for eYFP. This is consistent with the higher pKa values reported for eYFP 

relative to some GFP variants [124].  
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Figure III-3. Normalized emission intensities and ratios as a function of cytoplasmic 

pH.  

A) Normalized curves for Gfpmut3* (left panel) collapsed onto a single curve for the 

different expression levels. For eYFP (right panel), the data collapsed on a single curve 

with the exception of the low or basal expression level (0 M IPTG, Δ). The solid curves 

represent fits with equation 5 with a single fit parameter, K. K = (1.8 ± 0.13)×103 

protons for Gfpmut3*; K = (2.9 ± 1.4)×104 protons for eYFP. B) The normalized 

emission ratios over a range of pH for pHluorin are indicated. The solid curve represents 

fits with equation 5; K = 540 ± 24 protons. 

 

Dependence of ratiometric emission ratios on illumination and detection conditions 

From Equation III-1, the ratio of the emissions for a dual excitation fluorescent 

protein can be expressed as: 

𝑅(𝑝𝐻) =
𝐼𝑝𝑟𝑜𝑡

2

𝐼𝑝𝑟𝑜𝑡
1 ×

(𝑁 − 𝑁𝑝𝑟𝑜𝑡)𝛿2 + 𝑁𝑝𝑟𝑜𝑡

(𝑁 − 𝑁𝑝𝑟𝑜𝑡)𝛿1 + 𝑁𝑝𝑟𝑜𝑡
 

III-6 

A similar ratio can be written for the case of dual-emission proteins with minor 

modifications. The emission intensity of the deprotonated pHluorin is represented by 

𝐼𝑢𝑛𝑝𝑟𝑜𝑡
1  at the higher excitation wavelength and 𝐼𝑢𝑛𝑝𝑟𝑜𝑡

2  at the lower excitation wavelength. 

The emission intensity of protonated pHluorin is represented by 𝐼𝑝𝑟𝑜𝑡
1  at the higher 

excitation wavelength and 𝐼𝑝𝑟𝑜𝑡
2  at the lower wavelength. Also, the relative intensities at 
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the two wavelengths are: 𝛿1 =
𝐼𝑢𝑛𝑝𝑟𝑜𝑡

1

𝐼𝑝𝑟𝑜𝑡
1  and 𝛿2 =

𝐼𝑢𝑛𝑝𝑟𝑜𝑡
2

𝐼𝑝𝑟𝑜𝑡
2 . The relation expectedly simplifies 

to an expression that is independent of the protein levels:  

𝑅(𝑝𝐻) =
𝐼𝑝𝑟𝑜𝑡

2

𝐼𝑝𝑟𝑜𝑡
1 ×

([𝐻+]𝑖𝑛 + 𝐾𝛿2)

([𝐻+]𝑖𝑛 + 𝐾𝛿1)
 

III-7 

Equation III-7 suggests that the ratio R will be sensitive to changes in the pH only 

if δ2 ≠ δ1. Thus, ratiometric proteins are only useful for pH measurements if the relative 

intensities at the two wavelengths are unequal. Since δ2 and δ1 are influenced by several 

factors associated with the illumination and detector setup, such dependencies are 

undesirable. 

We explored whether a min-max normalization could make the ratios independent 

of the emission intensities and the expression levels for pHluorin. As shown in 

Supplementary equations 2, the scaling yielded an expression very similar to Equation 

III-5:    

𝑅̂(𝑝𝐻) = 1 −

(1 +
𝐾

[𝐻+]
𝑖𝑛
𝑝𝐻 𝑚𝑖𝑛)

(1 +
𝐾

[𝐻+]𝑖𝑛
)

𝛽 

III-8 

where 𝛽 =
1

1+𝜔
[𝐻+]𝑖𝑛

(𝐾+[𝐻+]𝑖𝑛)

 and 𝜔 =  (
1

𝛿1
− 1). 

Since 𝛽 depends on the relative emission intensities at the higher excitation 

wavelength, it is interesting to note that the experimental ratios for different expression 

levels collapsed on a single curve for pHluorin (Figure III-3B). This suggests that the 

experimental 𝑅̂ is only weakly dependent on 𝛽. Consistent with this notion, good fits were 



 

28 

 

obtained for the normalized pHluorin emission ratios with Equation III-5 (Figure III-3B). 

The value of K for pHluorin was the lowest among the three fluorophores.    

 

Dynamic range and sensitivity of intensity-based probes  

The dynamic range for a pH-sensitive fluorophore is defined as the highest 

emission intensity divided by the lowest intensity [125]. It is a useful quantity in choosing 

an appropriate pH-sensitive fluorophore to improve accuracy. Fluorophores with dynamic 

range ~ 1 are unsuitable probes due to low statistical power. The dynamic range was 

calculated for Gfpmut3* and eYFP at the three expression levels (Figure III-4). The range 

was optimal for the medium expression and the high expression levels; it was the lowest 

at basal expression levels due to poor signal-to-noise ratios. Gfpmut3* exhibited a higher 

range than eYFP on our setup and for the strain of E. coli that we used.   
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Figure III-4. Dynamic range in pH measurements.  

Dynamic ranges are shown for the intensity-based probes: dynamic range is the emission 

intensity at pH 9 (IpH9) divided by the intensity at pH 5 (IpH5). Induction levels are 

indicated in the figure legend. Error bars were determined by error propagation. 

 

Fluorophore sensitivity is another characteristic of interest when choosing 

fluorophores. Experimental sensitivities were calculated at the medium expression level 

(10 M IPTG) since it provides a good dynamic range and is similar to the response at the 

high expression level (Figure III-5).  The predicted sensitivity curves were obtained by 

differentiating Equation III-5. As shown in Figure III-5, the experimental data and the 

predicted curves are in close agreement. Among the three fluorophores, eYFP is the most 

sensitive and exhibited high sensitivities at lower pH values (~5.0). Over physiological 

values of the intracellular pH though, eYFP had a low sensitivity. Thus eYFP is a suitable 

probe for the dynamics of protein self-assembly in live bacteria at physiological pH, since 

sensitivity to pH can confound results and interpretation [126-128]. Gfpmut3* and 



 

30 

 

pHluorin exhibited similar sensitivities and the peaks in sensitivities occurred over a 

narrow range of pH (6.0-6.5).  

 

Figure III-5. Fluorophore sensitivity versus pH. 

The experimental sensitivities (indicated by symbols) were calculated for the medium 

expression level case (10 M IPTG) for each type of fluorescent protein. The solid lines 

indicate model predictions based on the fitted K-values for the respective fluorophores 

from Fig 3. eYFP exhibited the highest sensitivity among the three fluorescent proteins. 

Gfpmut3* and pHluorin exhibited similar sensitivities and peaked between pH 6.0 - 6.5. 

Error bars were determined by error propagation. 

 

Discussion  

A two-state analytical model was developed to interpret the pH-sensitive response 

of intensity-based and ratiometric fluorophores. We assumed two emission states for each 

fluorophore: a low intensity protonated state and a high intensity deprotonated state. We 

also assumed that the fluorophore concentration did not affect the proton abundances in 

the cell – the protonated fluorophore fraction was always in equilibrium with the 

cytoplasmic protons. The model suggested a simple scaling to render the emissions from 

intensity-based fluorescent proteins independent of the fluorophore expression levels. 



 

31 

 

This was true for single cells as well as for a population. The predicted independence of 

the scaled signals was experimentally confirmed for Gfpmut3* and eYFP over the range 

of pH 5 – 9. .  

The scaling analysis also suggested that the normalized signals from intensity-

based fluorophores were independent of the absolute emission intensities of the protonated 

and deprotonated fluorophore. This is advantageous since it potentially eliminates the 

influence of experimental variabilities in illumination intensities, detector gain, and the 

differences in the optics used in different laboratories. 

The value of K quantified the tendency of the fluorophore to protonate at a given 

pH. It shaped the non-linear emission curves, leading to a characteristic rise and plateauing 

observed for all three fluorescent proteins (Figure III-2). The scaled signals from intensity-

based probes were predicted to depend solely on K. Therefore, in principle, an intensity 

measurement can help determine the internal pH of a single cell (or a population of cells) 

from the knowledge of just the minimum and maximum intensities (i.e, intensities at pH 

5 and pH 9). The value of K was ~ 20 times higher for eYFP compared to pHluorin in the 

strains that we employed here. In addition to depending on the chromophore type and the 

bacterial species, K is likely to be impacted by environmental stressors and cell 

metabolism.  

We extended the model to analyze the emissions from ratiometric probes. The 

signal was dependent on the emission intensities of the fluorophores - simple scaling could 

not eliminate this dependence. But, rigorous calibration can help address this problem 

even if the illumination/detection conditions were to change. The sensitivity of the 
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emission ratios to the pH was predicted to be due to the difference in 1 and 2: these are 

the ratios of the emission intensities of the deprotonated and protonated fluorophore at the 

two excitation wavelengths (see Equation III-7). For 1=2the emission ratio will remain 

insensitive to pH. We recommend that this criterion be adopted for designing ratiometric 

probes.  

The suitability of a probe for pH detection is determined not only by the intrinsic 

noise in measurements, but also by its sensitivity to pH fluctuations and the dynamic 

range. eYFP exhibited the highest sensitivity (at pH ~ 5) and dropped sharply at higher 

pH values. Thus, eYFP is a suitable probe under acidic conditions. Since Gfpmut3* and 

pHluorin exhibited similar sensitivities that peaked around ~ pH 6.0, the latter is more 

reliable in detecting small changes in the pH due to the lower noise associated with its 

emission ratios. Gfpmut3* displayed a higher dynamic range than eYFP, which translates 

to a superior signal-to-noise ratio. Induction from the pTrc99A vector with 10 µM IPTG 

was determined to be optimal since it provided the best dynamic range, sensitivities and 

signal-noise ratios. Higher expression levels of the chimeric proteins may cause unwanted 

effects such as the formation of inclusion bodies and increased toxicity [129] and thus, 

should be avoided. In the absence of the inducer, the basal expression (~ 1000 

fluorophores) was too low to obtain reliable measurements [130].  

Several types of intensity-based as well as ratiometric fluorophores are available 

that can be excited at higher wavelengths to avoid the blue light effect [104, 109-

111].However, intensity-based fluorophores require simpler setups (single wavelength 

excitation and emission), which allows rapid sampling of short-time dynamics (Figure 
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III-1). We anticipate that our analysis and experiments will help extend the applications 

of intensity-based pH reporters for pH-sensitive measurements and provide a useful guide 

for the selection and the use of appropriate fluorescent probes. 

 

Supplementary Information 

Supplementary figures  

 

Figure III-6. Relative expression levels of Gfpmut3* at different IPTG 

concentrations. 

Absolute intensities in live cells were obtained over three induction levels of Gfpmut3*. 

The same illumination intensities and detection settings were used for all three datasets. 

Mean values are from four technical replicates; standard error is indicated. Differences in 

intensities between 0 and 10 μM, and between 10 and 100 μM were statistically significant 

(p-value < 0.05). 
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Figure III-7. Emissions from pH-insensitive DsRed-Express. 

DsRed-Express was expressed with 100 μM IPTG. Each mean value was calculated from 

four technical and three biological replicates. Standard error is indicated based on the 

biological replicates. A two-tailed, paired t-test was performed to compare each adjacent 

pair. Differences in means were insignificant (p-value > 0.05). 

 

Supplementary equations 1 

The maximum and minimum emission intensities are defined at pHmax and pHmin, 

which indicate the range of experimental conditions: 

𝐼𝑚𝑎𝑥
𝑐𝑒𝑙𝑙 = 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑎𝑥𝐼𝑝𝑟𝑜𝑡 + (𝑁 − 𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥)𝐼𝑢𝑛𝑝𝑟𝑜𝑡   (a) 

𝐼𝑚𝑖𝑛
𝑐𝑒𝑙𝑙 = 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛𝐼𝑝𝑟𝑜𝑡 + (𝑁 − 𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛)𝐼𝑢𝑛𝑝𝑟𝑜𝑡   (b) 

∆𝐼 = 𝐼𝑚𝑎𝑥
𝑐𝑒𝑙𝑙 − 𝐼𝑚𝑖𝑛

𝑐𝑒𝑙𝑙  

= (𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛 − 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑎𝑥)𝐼𝑝𝑟𝑜𝑡(𝛿 − 1 )           c) 

where, 𝛿 = 𝐼𝑢𝑛𝑝𝑟𝑜𝑡/𝐼𝑝𝑟𝑜𝑡  

𝐼𝑐𝑒𝑙𝑙 =
𝐼𝑐𝑒𝑙𝑙 − 𝐼𝑚𝑖𝑛

𝑐𝑒𝑙𝑙

∆𝐼
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= (𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛 − 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 )/(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛 − 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑎𝑥)   (d) 

When pH min and pH max are separated by several orders of magnitude, the 

expression reduces to: 

= (1 − 𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 /𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛)         (e) 

Thus, the normalized intensities 𝐼(𝑝𝐻) are independent of the differences in the 

absolute intensities of the protonated and the deprotonated states of the fluorophore. 

 

Supplementary equations 2  

𝑅(𝑝𝐻) =
𝐼𝑝𝑟𝑜𝑡

2

𝐼𝑝𝑟𝑜𝑡
1 ×

(𝑁−𝑁𝑝𝑟𝑜𝑡)𝛿2+𝑁𝑝𝑟𝑜𝑡

(𝑁−𝑁𝑝𝑟𝑜𝑡)𝛿1+𝑁𝑝𝑟𝑜𝑡
       (f) 

𝑅̂(𝑝𝐻) =
𝑅(𝑝𝐻)−𝑅𝑚𝑖𝑛

𝑅𝑚𝑎𝑥−𝑅𝑚𝑖𝑛
       

=
(𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛
−𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 
)

(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛

−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)

(𝑁−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)𝛿1+𝑁𝑝𝑟𝑜𝑡
𝑝𝐻𝑚𝑎𝑥

(𝑁−𝑁𝑝𝑟𝑜𝑡)𝛿1+𝑁𝑝𝑟𝑜𝑡
            (g) 

 

[𝐻+]𝑖𝑛
𝑝𝐻 𝑚𝑎𝑥=9~ 1, ∴ 𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑎𝑥 ≪ 𝑁, 

𝑅̂(𝑝𝐻)~
(𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛
−𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 
)

(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛

−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)

𝑁𝛿1

(𝑁−𝑁𝑝𝑟𝑜𝑡)𝛿1+𝑁𝑝𝑟𝑜𝑡
     

→ 𝛿1 =
𝐼𝑢𝑛𝑝𝑟𝑜𝑡

1

𝐼𝑝𝑟𝑜𝑡
1       (h) 

𝑅̂(𝑝𝐻)~
(𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛
−𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 
)

(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛

−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)

1

1+𝑁𝑝𝑟𝑜𝑡(1/𝛿1−1)/𝑁
    (i) 

𝑅̂(𝑝𝐻)~
(𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 𝑚𝑖𝑛
−𝑁𝑝𝑟𝑜𝑡

𝑝𝐻 
)

(𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑖𝑛

−𝑁𝑝𝑟𝑜𝑡
𝑝𝐻 𝑚𝑎𝑥

)

1

1+
𝐾[𝐻+]𝑖𝑛

(𝐾+[𝐻+]𝑖𝑛)
𝜔

    (j) 
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where, 𝜔 =   
1

𝑁
(

1

𝛿1
− 1).  
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CHAPTER IV RELATION BETWEEN THE PROTON MOTIVE FORCE, 

SWIMMING SPEEDS AND FLAGELLAR ROTATION RATES IN MULTI-

FLAGELLATED BACTERIA  

 

Introduction  

As previously discussed in Chapter II and Chapter III, there are many available 

techniques to measure the membrane potential and intracellular pH in bacteria. Most 

methods involve fluorescence microscopy, which makes it difficult to measure both 

components simultaneously. Because both membrane potential and pH gradient contribute 

significantly to the total PMF, it is crucial to measure the PMF itself [28, 29]. To probe 

PMF, we can take advantage of processes that are powered by the PMF.  

One of the processes powered by the PMF in E. coli is the bacterial flagellar motor. 

Protons are transported across the stator complex, made up of MotA and MotB, which 

generates torque to rotate the flagellar motor. The motor is connected to the flagellar 

filament with the hook. The hook is a universal joint and the filament generates propulsive 

force [131]. The relationship between the flagellar rotation speed and PMF has been 

quantitatively measured by the Berg lab. In their study, the PMF was tuned with 

ionophores such as gramicidin S or carbonyl cyanide 3-chlorophenylhydrazone (CCCP). 

The flagellar rotation speed of E. coli was measured using the tethered cell and the bead 

assay. Their work indicated that the flagellar rotation speed is linearly proportional to the 

PMF in E. coli [11, 45]. Thus, it is possible to estimate the PMF from flagellar speeds in 

this bacterial species. 
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Flagellar assays have been developed in only a handful of other bacterial species. 

However, swimming speeds are straightforward to measure in all bacterial species. Is there 

a predictable correspondence between the swimming speed, flagellar speeds, and the 

PMF? If yes, the PMF could be readily predicted from changes in the swimming speeds 

alone, circumventing the need for complicated flagellar probes. In this work, we attempted 

to describe the relationship between the PMF, the flagellar rotation rates and the 

swimming speeds in B. subtilis. This was a convenient choice as B. subtilis is a model 

species and probes for flagellar behavior have already been developed [50, 132]. 

One complication in B. subtilis is that the flagellar motors may not be powered 

solely by the PMF but also by the SMF (sodium motive force). There are two stator 

complexes that interact with the motor: MotAB powered by H+ and MotPS powered by 

Na+. During swimming, the dominant stator complex is the MotAB since deletion of the 

MotPS complex does not affect the swimming speed [52, 54]. However, the role of MotPS 

is dependent on the Na+ concentration, pH, and load [50, 51]. In the neutral motility 

buffers that we have used, MotPS are not known to contribute much to the motor torque.  

As we will elaborate, we measured the flagellar rotation speeds in swimming cells 

in E. coli and B. subtilis using fluorescence microscopy. B. subtilis rotated 30% slower 

compared to E. coli. We hypothesized that similar difference would be observed in their 

swimming speeds. Surprisingly, the two species swam at similar speeds. This confirmed 

that flagellar rotation rates and swimming speeds are heavily influenced by hydrodynamic 

factors. A simple hydrodynamic model that accounted for these factors was insufficient in 

resolving the discrepancy between the swimming speed and rotational speeds. This meant 
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that changes in the flagellar rotation rates (and PMF) cannot simply be predicted from the 

swimming speeds in peritrichous species. To address this problem, we prepared a plot of 

the membrane potential vs. swimming speeds in B. subtilis. This plot will serve as a 

reference for estimating changes in the PMF from swimming speeds in this species in the 

future.  

Materials and Methods  

Strains and media  

All strains are listed in Table S1. B. subtilis strains were a gift from Dave Dubnau 

and are derived from the laboratory wild type strain IS75, a derivative of strain 168. E. 

coli strains are derived from RP437 or AW405 parent strain. Overnight cultures were 

grown from isolated colonies in TB media (10 g/L Tryptone and 5 g/L NaCl) at 30℃ for 

E. coli and LB media (10 g/L Tryptone, 5 g/L NaCl, and 5 g/L Yeast Extract) at 37℃ for 

B. subtilis. Day cultures were grown by diluting 100 µL of overnight culture in 10 mL of 

TB media at 33℃ to OD600~0.5 for E. coli and in 10 mL of LB media at 37℃ OD600~1for 

B. subtilis. Antibiotics (100 µg/mL of ampicillin for E.coli; 5 µg/mL of chloramphenicol, 

25 µg/mL of tetracycline, and 1 µg/mL of erythromycin for B. subtilis) were added when 

needed. Motility buffer (MB) (0.01 M Phosphate buffer, 0.067 M NaCl, 10-4 M EDTA, 

0.01 M Sodium Lactate, and 1 µM Methionine, pH ~ 7.0) was employed in motility assays.  

 

Swimming speed and cell size  

B. subtilis cells were washed very gently twice in MB via low centrifugation (1000 

g, 7 minutes), with care taken to not shear the flagellar filaments. Cells were diluted in 
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MB (1:10 dilution) and observed on a standard flow cell.  The cell motion was imaged 

and recorded with a 20x objective with a CMOS camera (UI-3240LE-M-GL). The video 

was analyzed using a custom written particle tracking algorithm in Matlab to determine 

the swimming speed and the cell size. In PMF dissipation experiments, cells were 

suspended in MB supplemented at different concentrations of CCCP for five minutes 

before recording their motility.  

 

Hook and filament fluorescent labeling  

A cysteine mutation on a surface-exposed residue enables fluorescent labeling of 

the hook or the filament. The appropriate strain for hook and filament labeling was used 

(Table S1). Cells were grown to the desired OD, washed in MB, gently resuspended in a 

final concentration of 60 mM Atto 514 maleimide dye. The falcon tube containing the 

stained cells was always covered with aluminum foil to prevent photobleaching. The tube 

was gently shaked for 45 minutes at 70 rpm for labeling. After labeling, cells were gently 

washed twice to remove excess dye using MB and resuspended in 3 mL fresh MB. For 

double filament labeling, cells were instead resuspended in 5 mL of LB and was grown 

for additional hour at 37℃. Cells were removed from the growth media and the newly 

grown filaments were labeled as described previously with 60 mM Alexa Fluor 647 

maleimide dye.  

To visualize the cells, a standard flow cell treated with 0.01% poly-L-lysine was 

used to stick the cells down. However, all of the filaments in B. subtilis did not adhere to 

poly-L-lysine coated slide due to the high number of motors. To resolve this, cells were 
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inoculated on a thin LB agar pad and a coverslip was placed on top of the cells, gently not 

to shear the filaments away. All cells were visualized under the microscope (Nikon Eclipse 

Ti-E) with a 60x water objective with a CCD camera (Andor Zyla). A white LED light 

(SOLA LE engine) was passed through bandpass filters for respective maleimide dye to 

obtain filament fluorescence images.  

The images of fluorescent hooks and filaments were processed in ImageJ and 

number was manually counted. To analyze the filament geometry, a custom written 

Matlab code was utilized. An intensity profile of the helical filament was determined by 

drawing a line across the centerline of the filament, and it was filtered through Fourier 

transform to calculate the pitch length. The amplitude was calculated by measuring the 

length between the top and the bottom of the helix.  Lastly, the arc length was determined 

by inputting the endpoints of the filament.  

 

Flagellar rotation rate  

Flagellar filaments were stained with maleimide dye as previously described. In 

order to observe motility in B. subtilis, the cells were re-energized in LB. Cells were 

visualized under a Nikon Ti-E microscope with a 60x oil objective with an Andor iXon 

DU897 camera. To capture TIRF (total internal reflection fluorescence) images, a 100 

mW, 514 nm laser beam (Cobalt Fandango) was focus to create evanescent fields. The 

images were taken at 500 frames per second with an exposure time of 0.0001 s in batches 

of 100 frames. The images were processed in ImageJ, the number of frames taken for a 

full rotation was manually counted to determine the rotation rate.  
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Membrane potential measurements  

After cells were washed in MB, the final wash was conducted in MB supplemented 

with 10 µM of Thioflavin T (ThT). Cells were concentrated and attached to a 0.01% (w/v) 

poly-L-lysine coated coverslip. Cells were loaded on a perfusion chamber and imaged 

with a Nikon Ti-E microscope with a 60x water immersion objective. To obtain ThT 

signals, LED light from SOLA LE engine was passed through a 435/20 nm excitation filter 

and collected with an emission filter 525/50 nm. The signal was relayed to a sensitive 

photomultiplier (Hamamatsu) with a sampling rate of 10 Hz. The cells were continually 

perfused with either MB-ThT solution or MB-ThT solution supplemented with CCCP.  

 

Results 

Flagellar rotational speed 

Two species of peritrichous bacteria Gram-negative E. coli and Gram-positive B. 

subtilis, were chosen as the subject of study as they are both easy to genetically modify 

motile species with established flagellar motor assays. The flagellar rotation rate was 

measured by visualizing swimming cells with fluorescently labeled flagella with total 

internal reflectance fluorescence microscopy (TIRF) at a high frames per second (fps). A 

fps of 500 was chosen since the flagellar bundle rotation rate of E. coli is known to be 

around 130 Hz [133]. A snapshot of the single flagellar bundle is shown in Figure IV-1. 

Because TIRF only illuminates 200 nm from the surface, we can only observe the bottom 

slice of the helical filament. Using image analysis, we determined the rotation rate by 
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counting the number of frames it took for a full rotation. The flagellar rotation rate for B. 

subtilis was lower by 31.8% compared to E. coli (Figure IV-1).  

 

 

Figure IV-1. Motor rotational speed measurements for E. coli and B. subtilis. 

Fluorescently-labeled flagella of swimming cells were imaged at 500 fps with an EMCCD 

camera. The rotational speed of the two species were analyzed using image analysis. The 

error bars indicate standard errors. 

 

Swimming speed and cell length  

The swimming speed is proportional to the flagellar rotation rate, as described by 

the propulsive matrix [131]. Therefore, we hypothesized that B. subtilis cells should swim 

at a slower speed than E. coli.  Videos of swimming bacteria in a dilute suspension of MB 

were recorded (see Materials and Methods). Particle tracking analysis was employed to 

determine the individual swimming speeds along with the cell geometry. Deviating from 

our hypothesis, no significant difference in the mean swimming speeds was measured 

between the two species (Figure IV-2).  Therefore, we sought to determine various cell 
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parameters to understand the discrepancy between flagellar rotation rate and swimming 

speed.  

One of the cell parameters that affect swimming speed is the cell geometry. Longer 

cells induce a higher drag force experienced by the cell, which could lower the swimming 

speed [134]. As shown in Figure IV-2, B. subtilis cells were longer than E. coli by three-

fold, which suggests that B. subtilis experiences higher drag force and is predicted to swim 

at a slower speed.  

 

 

Figure IV-2. Swimming speed and cell length measurements. 

Swimming bacteria were tracked and analyzed via custom-written Matlab code to 

determine the swimming speed and cell length. The B. subtilis results were compared to 

those of E. coli in literature [135]. The error bars indicate standard deviation. 

 

 

Flagellar geometry 

 Next, we examined the role of flagellar filament geometry since it is one of the 

factors that determines the thrust force of the cell [136]. As previously described, 
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fluorescently labeled filaments were visualized. The images were analyzed using custom 

written Matlab code to determine the amplitude, pitch, and arc length (see Materials and 

Methods). Small differences in the three parameters were observed (Table IV-1). 

 

Table IV-1. Flagellar geometry 

 Amplitude, R (µm) Pitch, λ (µm) Arc length, L (µm) 

B. subtilis (n=100) 0.3 ± 0.1 2.1 ± 0.3 7.3 ± 1.3 

E. coli (n=50) 0.4 ± 0.1 2.7 ± 0.3 8.7 ± 2.0 

 

Flagellar number 

To quantify the number of flagellar filaments, we employed fluorescence 

visualization techniques. Strains with a cysteine mutation in the surface-exposed site of 

the flagellar protein were treated with maleimide-based fluorescent dye and visualized as 

described in Materials and Methods. Previously in our lab, we determined that E. coli has 

3 ± 1 filaments per cell [137]. Normally, a 0.01% poly-L-lysine coated coverslip is 

employed to stick the cells and flagella down. However, the high number of flagella in B. 

subtilis resulted in filaments not sticking down, making it difficult to count. Therefore, a 

thin agar pad was placed on top of the cells to gently stick the filaments down. Despite 

these efforts, the number of filaments were still difficult to count. Thus, a straight filament 

mutant was employed, resulting in 8 ± 1 filaments per cell. The images of phase and 

fluorescently labeled flagella are shown in Figure IV-3.  
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Figure IV-3. Fluorescently labeled filaments and their numbers. 

Filaments of B. subtilis was labeled using fluorescent dyes. The green labeled filaments 

indicate filaments that grew until OD600~0.5 and red labeled filaments indicate filaments 

that grew for one hour after the green labeling. For wildtype (left), the flagellar filaments 

overlap with each other, making it difficult to count the exact number. This issue is 

resolved with the straight filament mutant (center). The bar graph compares the measured 

number of filaments in B. subtilis (n=25) to the reported value for E. coli.  The error bars 

indicate standard deviation. 

 

Although caution was taken to not shear the filaments while placing the agar pad, 

there were still concerns. To avoid this issue, we determined the number of hooks in both 

species by fluorescently labeling the hook protein with a cysteine mutation. Similar to the 

filament data, we observed that B. subtilis had twice as many hook foci compared to E. 

coli (Figure IV-4).  
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Figure IV-4. Fluorescently labeled hooks. 

Flagellar hooks of B. subtilis (BD8207) and E. coli (PL237) were labeled fluorescently. 

The labeled hooks in B. subtilis is shown on the left. The bar graph (right) indicates the 

number of hooks counted per cell. The error bar indicate standard deviation.  

 

Predicted rotational speed based on slender body theory 

To relate the relationship between swimming speed and flagellar rotation speed, 

we used the propulsive matrix. Propulsive matrix performs force and torque balance to 

relate the translational and angular velocity with cell and flagellar geometry as constants 

[131]. One of the methods to solve the propulsive matrix is the slender body theory (SBT) 

[138, 139]. SBT agrees well with experimental swimming speeds of monotrichous species 

[140, 141]. Therefore, we used SBT to predict the flagellar rotational speed using the 

collected variables [141]. The predicted flagellar rotational speed ratio of B. subtilis to E. 

coli was 3.6, largely deviating from the experimental ratio of 0.7. The model predicted the 

rotational speed to be much higher in B. subtilis due to the longer cell length (higher drag 

force) and the similar swimming speed. The differences in the filament shapes did not 

compensate for the differences in the cell lengths. This model does not account for 
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differences in the flagellar numbers. However, previous theoretical works have suggested 

that the variations in filament numbers has negligible effect on the swimming speeds 

beyond 3 filaments; that is, whether a bug carries 3 or 8 filaments makes little difference 

to its swimming speed according to theory [142].   

 

Direct comparison of swimming speed and membrane potential 

We saw that a simple hydrodynamic analysis fails to recapitulate the swimming 

speed and flagellar rotation data in the two peritrichous species. This suggested that 

estimation of flagellar rotation speeds (and PMF) from swimming speeds is not an easy 

task. Hence, we directly compared the changes in the swimming speed and the membrane 

potential in the presence of a known protonophore, CCCP. We recorded videos of 

swimming B. subtilis in a dilute suspension of MB supplemented with various 

concentrations of CCCP. Cells were suspended in CCCP for 5 minutes to allow complete 

equilibrium before recording videos.  The videos were analyzed to determine the percent 

changes in the swimming speed and the fraction of motile cells, as shown in Figure IV-5. 

Swimming speed in the absence of CCCP is used as a reference point to calculate the 

percent changes in the swimming speed. We observe a decrease in the swimming speed 

and the motile cell fraction as CCCP concentration increases. B. subtilis completely lost 

motility at 2 µM of CCCP.  
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Figure IV-5. Swimming B. subtilis in the presence of CCCP. 

Changes in the swimming speed are calculated with reference to cells in the absence of 

CCCP. Fraction of motile cells indicate the number of cells actively swimming compared 

to the total number of cells. The error bar indicates standard deviation.  

 

Next, we measured the membrane potential over ranges of CCCP concentrations. 

The cells were treated with 10 µM Thioflavin T (ThT), a Nernstian dye, as the 

fluorescence signals from ThT are proportional to the membrane potential. A flow cell 

set-up was employed to measure the fluorescent signals changes with exposure to CCCP.  

Figure IV-6 is a representative graph of the fluorescent intensity over time for B. subtilis 

treated with 100 µM and 2 µM of CCCP. The pre-CCCP signal is collected over the first 

60 seconds. Then, CCCP is introduced which leads to a decrease in the intensity. The data 

is collected for another 4 minutes for the signal to stabilize.  The change in the intensity 

for pre- and post-stimulus is calculated to determine ΔI (∆𝐼 =
(𝐼𝑝𝑟𝑒−𝐼𝑝𝑜𝑠𝑡)

𝐼𝑝𝑟𝑒
). Cells exposed 

to 100 µM CCCP experience a complete loss of PMF and thus the change in signal is 

represented by ΔIcontrol [6] All other CCCP concentrations (0.1, 0.75, 2 µM) is represented 

by ΔItest. Using these values, we calculated the change in membrane potential 
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(=
(∆𝐼𝑐𝑜𝑛𝑡𝑟𝑜𝑙−∆𝐼𝑡𝑒𝑠𝑡)

∆𝐼𝑐𝑜𝑛𝑡𝑟𝑜𝑙
∗ 100). We plotted the change in the swimming speed against the 

change in membrane potential for the corresponding CCCP concentrations as shown in 

Figure IV-7. The regime between 20-70% membrane potential is likely linear with respect 

to swimming speeds. However, more data points are needed. The fully characterized plot 

is expected to help estimate the PMF from swimming speeds. 

 

 

Figure IV-6. Fluorescence intensity of ThT over time. 

Cells were suspended in 10 µM of ThT to quantify the membrane potential. The response 

of B. subtilis to 100 µM and 2 µM of CCCP is shown. The intensity decreases once it is 

exposed to CCCP. Here, we calculate the differences in the intensity for pre- and post-

stimulus: ΔIcontrol and ΔItest. We accommodate for dye photobleaching by extrapolating the 

pre-stimulus signal at the given time, as shown by the gray dotted line.  
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Figure IV-7. Change in swimming speed versus change in membrane potential. 

The change in swimming speed and membrane potential was plotted for the following 

CCCP concentrations: 0, 0.1, 0.75, 2, and 100 µM. Here, we observe a linear region 

between the two variables.  

 

 

Discussions  

Here, we experimentally investigated the cell parameters of two peritrichous 

species to investigate whether swimming speed can be a PMF probe. We observed 30% 

lower flagellar rotation rate in B subtilis compared to that in E. coli. We hypothesized that 

we would observe a similar difference in the swimming speed as the swimming speed is 

proportional to the flagellar rotation rate, at least in monotrichous species.  Surprisingly, 

the two peritrichous species swam at similar speeds. This may be because swimming speed 

is not solely a function of PMF but also many cell and flagellar parameters. We observed 

three times longer cell length, twice as many flagellar hooks, and significantly different 

flagellar geometry in B. subtilis compared to E. coli. Taking all but the flagellar numbers 
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in account with the aid of a hydrodynamic model, we predicted the flagellar rotational 

speed by solving the propulsive matrix with SBT. However, the predicted rotational 

speeds deviated from the experimental values. Therefore, we could not use hydrodynamic 

analysis to use swimming speed to accurately predict flagellar rotational speeds for 

peritrichous species.   

One explanation for this discrepancy may be the difference in the number of 

flagella within the bundles that form in the two peritrichous species. However, theoretical 

studies suggest that the number of flagella do not affect swimming speeds much [142]. 

Our observations do suggest that the bundle diameter is two-fold higher in B. subtilis than 

in E. coli (Figure IV-8). We also observed multiple flagellar bundles on the same cell, 

consistent with previous observations [142, 143]. This could contribute to additional thrust 

forces, which may be compensating for the higher drag force and lower rotation rate in B. 

subtilis.  

Our results indicated that there is not a predictable relationship between swimming 

speeds-flagellar rotation rates-PMF. Hence, we directly measured the swimming speed 

and membrane potential in B. subtilis while attenuating the PMF using CCCP. Preliminary 

data suggests a degree of linearity over a small regime in the membrane potential vs 

swimming speed data.   
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Supplementary Information  

Table IV-2. Strain list 

Strain Information Source 

BD7816 IS75 hag T209C [144] 

BD7757 IS75 hag T209C A233V [144] 

BD8093 IS75 hagT209C motB::ery [144] 

BD8207 IS75 flgE T123C [144] 

BD8571 IS75 hag::tet amyE::Phag-

hagsticky (hagT257I and 

fliCA386V) tet cat 

David Dubnau lab 

HCB1737 AW405 fliC_T254C Howard Berg lab 

PL237 RP437 ΔfliC ΔflgE  

pTrc99A-flgE_T124C 

This work  
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Figure IV-8. Bundle diameter measurement of swimming bacteria. 

Videos of swimming cell with fluorescently labeled flagella were taken with 21 fps, as 

shown in the right. The error bars indicate standard errors. 

 

 

Figure IV-9. Polymorphic form of flagella. 

The helical shape of flagella is depicted where L is the arc length, λ is the pitch, R is the 

amplitude and r is the helical radius. 
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CHAPTER V  CHEMOTAXIS IN CAULOBACTER CRESCENTUS   

 

Introduction 

In the previous chapter, we saw how PMF influences swimming in peritrichous 

cells and the inaccuracies that arise inherently when attempting to predict swimming 

speeds from flagellar rotation rates with simple hydrodynamic models. This is largely 

because the assumptions of basic models are more appropriate for monotrichous, polarly-

flagellated cells. As inter-filament hydrodynamic interactions and bundling complications 

do not exist in a monotrichous cell, such species are a better model system for our work. 

In this chapter, we worked with the model polar flagellate, C. crescentus [145]. As 

discussed in the introduction, very little is known about C. crescentus’s motility and 

chemotaxis. Hence, we shifted our focus to chemotaxis in this chapter.    

Chemotaxis enables bacteria to navigate their surroundings as a response to 

chemical signals (see Background). For C. crescentus, several sugars and amino acids 

have been identified as attractants [68, 146]. But a major drawback is that agar plate assays 

incubated over several days were used to characterize chemotaxis. The spread of cells on 

the agar surface was considered to be a readout of chemotaxis [147, 148]. However, cell 

spreading in agar plate assays is dependent on multiple other confounding factors such as 

growth and metabolism. Furthermore, as these assays do not reveal single cell resolution, 

how cells chemotax remains unknown. 

The peritrichous model species, E. coli, chemotax with run-tumble mechanism, as 

explained in the Background. Polar flagellates, in contrast, do not tumble but run and 
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reverse [64, 149, 150]. C. crescentus swims forward with CW rotation and backward with 

CCW rotation of its flagellum. In E. coli, the fraction of time that the flagellum rotates 

CW – CWbias – indirectly reflects the changes in the chemotaxis kinase activity [151]. 

Attractants increase the CWbias and repellents decrease it. However, in C. crescentus, the 

CWbias is reportedly insensitive to attractants [62]. Instead, groups have suggested that 

monotrichous species including C. crescentus and Pseudomonas aeruginosa, modulate 

the frequency of reversals between forward and backward swimming in order to undergo 

chemotaxis [62-64]. Our lab has found that polarly-flagellated Helicobacter pylori 

modulates its CWbias when stimulated with attractants [150]. It remains unclear whether 

polar flagellates undergo chemotaxis by only modulating reversal frequency or CWbias or 

both.  

Here, we measured single flagellar dynamics in C. crecentus over a range of xylose 

concentrations, as xylose is reported to be an attractant [68]. Analysis revealed that 

switching frequency increases above 150 µM xylose while no significant changes were 

observed in CWbias. To test how switching frequency affects chemotaxis at a population 

level, we employed a modified capillary assay. This revealed that there was a weak to no 

chemotaxis response towards the xylose within three minutes of observation. We also 

tested glucose, alanine, and galactose and observed a similar lack of chemotactic response. 

However, long time experiments with a transwell assay suggested weak chemotaxis over 

15 minutes. We conclude that C. crescentus can undergo weak chemotaxis towards these 

stimulants, given adequate time. There was a weak but positive correlation between the 

switching frequency and attractant response to xylose. Our assay and approaches are 



 

57 

 

anticipated to reveal which compounds can induce a chemotactic response in C. 

crescentus.  

 

Materials and Methods 

Cell culturing  

All E. coli experiments were done with the parent strain RP437. Overnight cultures 

were grown in Tryptone broth (TB) from isolated colonies. Day cultures were grown from 

overnight cultures in (1:100 dilution) in 10 mL fresh TB at 33℃. The cells were harvested 

at OD600 ~ 0.4 - 0.6. For GFP expression in E. coli, plasmid pCM18 was used [152]. When 

needed, 100 µg/mL erythromycin was added to the cultures. All cells were washed in MB 

(0.01 M Phosphate buffer, 0.067 M NaCl, 10-4 M EDTA, 0.01 M Sodium Lactate, and 1 

µM Methionine, pH ~ 7.0) before experiments.  

All C. crescentus strains were derived from the parental strain NA1000. Overnight 

cultures were grown in peptone-yeast extract (PYE) from isolated colonies at 30℃. Day 

cultures were grown from overnight cultures in (1:100 dilution) in 10 mL fresh PYE at 

room temperature until cells were grown to early-exponential phase (OD600 ~ 0.4 - 0.6). 

Strains lacking pili (ΔpilA) were grown in flasks and washed in MB before experiments. 

Wild-type cells were grown in petri dish to employ plate release method for cell life cycle 

synchronization [153]. For plate release method, the cells were gently rinsed with 10 mL 

of MB to remove all non-adherent cells. Then, 2 mL of PYE was added and left for 5 

minutes to collect motile bacteria.  
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For GFP expression in C. crescentus, plasmid pXGFPC-2 with kanamycin 

resistance was used [154]. To maximize the GFP expression, the cells were grown in M2G 

(6.1 mM Na2HPO4, 3.9 mM KH2PO4, 9.3 mM NH4Cl, 0.5 mM MgSO4, 10 µM FeSO4, 

0.5 mM CaCl2, 0.2% glucose) [155]. Additionally, 0.8 M xylose was administered to 

induce the GFP expression and kanamycin (5 µg/mL for liquid and 25 µg/mL for plates) 

was added. 

 

Motor rotational measurements  

Day cultures of ΔpilA strains were washed twice in MB via centrifugation (1500 

× g for 5 min). Cells were resuspended in MB and aliquotted in small volumes in 1.5 mL 

centrifuge tubes. Cells were stimulated by adding appropriate concentration of xylose and 

pipetting. Cells were then loaded to glass slides and immediately imaged for one minute. 

Swimming cells spontaneously tethered to the glass surface due to surface hydrodynamics 

[156, 157].  Cell rotation was recorded on a Nikon microscope with a 40x objective with 

a dark field condenser at 60 fps and a digital camera (UI-3240LE-M-GL; IDS Imaging 

Development Systems). Videos of the rotation of tethered cells were analyzed with 

custom-written codes in MATLAB [156]. The rotation speeds were determined from 

Gaussian fits to the speed distributions. The CWbias was calculated for each rotating cell 

for the duration of the video (< 1 minute). For the switching frequency, a switch in the 

direction was recognized if the cell made a full revolution or more.   

 

Capillary assay  
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A Luer-stub (23 gauge, BD) fixed onto a 3-D custom printed holder was filled with 

~0.5 mL of 1.5% molten agarose dissolved in MB, then soaked in 20 mL of indicated 

chemical overnight. The following day, cells were imaged in a culture-dish (Delta T 

system, Bioptechs Inc) with a Nikon Eclipse Ti-E equipped with a 10x or 20x phase 

objective. Cells from each experiement in MB were recorded for 30 seconds with a CCD 

camera (IDS model UI-3240LE) at 21 frames per second, pre-stimulus. Then, the prepared 

Luer-stub was introduced to the T-dish as close to the glass surface, and post-stimulus 

video was recorded for three minutes. The video was analyzed using a custom-written 

particle tracking Matlab code to track the number of cells in the field of view. 

 

Transwell assay 

The transwell assay was conducted as described previously [158]. Transwell 

inserts with a 0.4 µm pore size membrane filter was used for this experiment 

(ThermoFisher). Outside of the membrane filter was coated with 0.01% poly-L-lysine. 

Then, molten agarose (1.5% w/v) was poured inside the insert and soaked overnight in 

MB or 100 mM of the chemo-effector. The next day, a dilute suspension of GFP-

expressing cells was washed in MB and added to the well plate. After 5 minutes, the 

transwell insert was transferred to the well-plate to make contact with the cell suspension. 

After 15 minutes, the inserts were removed and washed gently in MB. Then, the inserts 

are left to dry in an inverted position. Cell attachment was imaged using a confocal 

microscope with a 10x objective and analyzed using a custom written Matlab code.  
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Results 

Single cell flagellar dynamics  

A popular method to measure the chemotactic response of single cells is using 

tethered-cell assay to track the CWbias. Often, perfusion chambers are employed to 

stimulate the cells with chemo-effectors [158]. However, this method requires a sticky 

flagellar mutant, which has not been isolated in C. crescentus. Hence, we optedto a 

different approach to characterize the CWbias in C. crescentus.  In earlier works, single 

swimming cells lacking pili spontaneously adhere to the glass surface via a fluid joint and 

rotate similar to tethered cells due to the hydrodynamic interactions of the flagellum and 

the surface [156]. Due to this coupling, when the flagellum rotates CW, the cell body 

rotates CCW and vice versa. To study the transient response of the CWbias to step changes 

in the chemo-effector concentrations, we would mix the chemo-effector and the cells in a 

vial by pipetting and immediately introduce the suspension for observation under the 

microscope. Between mixing and the time of observation, we would usually lose no more 

than 10 seconds of the response. Introduction of the suspension in the tunnel slide would 

immediately result in transient coupling of several cells to the surface. These couplings 

lasted for a minute typically before the cells escaped back into the suspension. This minute 

of observation was adequate for recording the post-stimulus CWbias using phase contrast 

microscopy. Figure V-1 depicts how videos of rotating cells can be tracked through Matlab 

to obtain a circular trajectory. Videos of rotating cells were analyzed to calculate the 

CWbias, switching frequency, and the rotational speed (Figure V-2). 
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Figure V-1. Schematic of transiently tethered cells. 

A) A video of transiently tethered cells were recorded. The cell rotates in a CCW direction 

at the center of rotation (red circle). The numbers at the top of each image indicates the 

frame of the video. B) A schematic of how CCW rotation of the flagellum induces a CW 

rotation of the cell body. C) The trajectory of the rotating cell in (A) analyzed using 

Matlab.  

 

We employed this method to compare the pre- and post-stimulus CWbias over a 

range of xylose concentrations (15 µM to 15 mM). Interestingly, the pre-stimulus CWbias  

was approximately 0.5 compared to the reported 0.8 [156]. Upon introduction of xylose, 

the CWbias increased slightly. Additionally, the switching frequency increased by 

approximately two-fold. Both positive and negative rotational speed decreased slightly but 

not significantly with xylose concentration.  
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Figure V-2. Flagellar motor dynamic changes with xylose concentration. 

The CWbias (top left), switching frequency (top right), and rotational speed (bottom) for 

IPL1 was measured for various concentrations: 0 µM (n=15), 15 µM (n=18), 150 µM 

(n=26), 1.5 mM (n=16), and 15 mM (n=15). The error bars indicate standard errors. With 

xylose, there is a slight increase in the CWbias and the switching frequency increases up to 

two-fold The positive and negative rotational speed decreases gradually with increasing 

xylose concentration. 

 

Micro-capillary assay 

To assess whether changes in the flagellar dynamics promote chemotaxis, we used 

a modified capillary assay to expose a population of swimming cells to a point source of 
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chemo-effector, as shown in Figure V-3. A Luer stub was filled with molten agarose that 

was soaked overnight in MB or 100 mM of chemo-effector. The next day, an open petri 

dish was filled with 1.3 mL of cells suspended in MB. Then, we recorded the swimming 

cells as a measure of the pre-stimulus behavior and instroduced the Luer stub filled with 

chemo-effector into the pool of swimming bacteria using a micromanipulator. The cell 

response to this point source in the field of view was then recorded for the next three 

minutes. 

 

 

Figure V-3. Schematic of the modified capillary assay 

The 3D printed Luer stub holder with a cavity is filled with molten agarose that has been 

soaked overnight in MB or 100 mM of chemo-effector. Before the experiment, the Luer 

stub is positioned as close to the surface of the glass petri dish. Then, during pre-stimulus 

measurements, the Luer stub is raised up. During post-stimulus, the Luer stub is 

immediately brought down to record the response of the cells.   

 

As a positive control for our experimental setup, we first performed experiments 

with E. coli and a known E. coli attractant, serine [159].  Videos of swimming cells in the 

absence and presence of serine were recorded and analyzed by particle tracking algorithm 

to count the changes in the number of cells in the field of view before and after stimulus. 
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Before cells were exposed to the point source (pre-stimulus), the number of cells in the 

field of view remained fairly constant (Figure V-4, top).  Post-stimulus, the number of 

cells rapidly increased for 100mM serine, showing a strong attractant response. When the 

fluid in the Luer stub was replaced with MB, there was no change in the number of cells. 

We tested the response of C. crescentus to four different compounds reported as 

attractants [68]: xylose, glucose, alanine, and galactose. Bottom of Figure V-4 shows the 

number of C. crescentus cells in the field of view for pre and post-stimulus. We did not 

observe the strong response seen for E. coli. Instead, the post-stimulus response was 

comparable with the MB. To analyze the post-stimulus response further, we plotted the 

relative changes in the number of cells against the data for MB (Figure V-5). We observed 

a weak attractant response from xylose and glucose and a weak repellent response from 

alanine and galactose.  
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Figure V-4. Number of cells with exposure to a point source. 

The number of cells that attract in the field of view over time are plotted for for E. coli 

(top) and C. crescentus (bottom). The pre-stimulus (left) and post-stimulus (right) 

indicates before and after Luer stub is inserted into the medium, respectively. The pre-

stimulus values for all species is fairly constant. For E. coli, there is a steep increase for 

serine compared to MB, indicating attractant response for serine. However, the xylose, 

glucose, and alanine behave similarly to MB for C. crescentus, which does not seem to 

attract towards the Luer stub.   
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Figure V-5. Relative number of cells with exposure to a point source. 

The relative number of cells were calculated by scaling to the number of cells observed 

for MB. The pre-stimulus (left) value remains approximately at zero for all chemo-

effectors (100 mM xylose, glucose, alanine, and galactose). For the post-stimulus (right), 

some deviation from the zero value is shown. With xylose and glucose, there is a weak 

attractant response (relative number of cells < 50). With alanine and galactose, there is a 

weak repellent response (relative number of cells > -50).  

 

 

Transwell assay to test longer dynamics 

 We measured the chemotaxis response over short periods of time using the single 

cell tethered assays and Luer stub capillary assay (1 to 3 minutes). Previously, chemotaxis 

for C. crescentus was observed using agar plate assay over 3 to 5 days [147, 148]. 

Traditionally, 15 to 30 minutes is enough to observe migration in E. coli [57]. Therefore, 

we conducted transwell assay, previously developed, to observe migration of cells over 

15 minutes [158, 160, 161]. Soaked agar pads containing MB or 100 mM chemo-effector 

was brought in contact with a pool of swimming cells in MB. Upon contact with the agar 
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pads, a chemo-effector gradient was established. Cells responded by either swimming 

towards (attractant) or away (repellent) from the agar surface. When cells swam towards 

the surface, they became irreversibly attached due to poly-L-lysine coating. After 15 

minutes of exposure, the number of attached cells were counted. The chemo-effector was 

serine and xylose for E. coli and C. crescentus, respectively. As shown in Figure 3, E. coli 

cells that were exposed to the agar pads containing 100 mM serine attached by a number 

4-fold greater than cells exposed to agar pads containing MB, indicating a strong attractant 

response. For C. crescentus, there was a 2-fold greater attachment in 100 mM xylose. 

Interestingly, this may suggest that the attractant response for C. crescentus is dependent 

on time.   

 

 

Figure V-6. The observed chemotaxis response using transwell assay. 

The change in cell attachment is calculated by the fold-change in number of attached cells 

in 100 mM chemo-effector (serine for E. coli and xylose for C. crescentus) compared to 
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that in MB. An attractant response is observed for both species. The error bar is determined 

from three biological and four technical replicates.    

 

Discussions  

Polar flagellates are predicted to modulate reversal frequencies rather than the 

CWbias to chemotax. This is because CWbias modulation increases the chance of errors, 

making it difficult for bacteria to reach the destination. Previous work with C. crescentus 

diffused chemo-effectors through agar plate assays to test for chemotaxis. However, these 

assays need to be incubated for 3 to 5 days, preventing any possibility of measuring 

flagellar behavior during chemotaxis. Microfluidic chambers have also been developed to 

visualize the swimming behavior of each cell in chemical fields. However, these are not 

as powerful as the single motor assays that we have used in this work.  

Our single motor assays rely on hydrodynamic coupling of the filament and the 

surface [156]. We used the approach to study the response to chemo-effectors. We 

observed motor behavior over one minute. Reversal frequency and CWbias increased at 

single cell level in the presence of chemoeffectors. This is a promising technique except 

that the trajectories are short-lived – cells can transiently detach and swim away from the 

surface during the experiment. Also, we always missed the first 10 seconds of data as it 

took time to introduce the cells from the vial into the tunnel slide and to focus the 

microscope. We may be missing some adaptative behavior before the cells are imaged.  

Despite the limitations of our method, we observed a weak increase in the CWbias 

when cells were exposed to xylose, consistent with predictions from other works. The 

reversal frequency increased by two-fold even at 15 µM of xylose. Surprisingly, 
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chemotaxis was poor in C. crescentus. Over long times, some chemotaxis was seen and a 

weak, but positive correlation existed between reversal frequency and chemotaxis. Given 

the numerous CheY-like regulators, such weak chemotaxis indicates alternate roles for the 

chemotaxis network. However, more experiments are needed with other chemoeffectors 

to rigorously test this idea.  

Supplementary Information  

 

 

Figure V-7. Basal level in the number of cells over time for C. crescentus strains.  

Within 200 seconds, the number of cells increased 1.7 and 1.9 times for ΔpilA (left) and 

wildtype (right), respectively. Therefore, ΔpilA strain is more suitable to use for further 

Luer stub capillary assays.  
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Figure V-8. Swimming speed of C. crescentus. 

The swimming speed of IPL1 (ΔpilA) was measured during the Luer stub capillary assay. 

A histogram is plotted for the speeds measured at pre-stimulus and post-stimulus with 100 

mM xylose. The swimming speed decreased from 32.6 ± 7.6 µm/s (pre-stimulus) to 28.7 

± 8.0 µm/s (post-stimulus). 



 

71 

 

CHAPTER VI CONCLUSIONS AND FUTURE WORK 

 

PMF is an exciting feature to study because of its important role in cell physiology. 

As one of the key energy sources that powers bacterial processes, it is crucial to quantify 

the PMF. PMF is known to drive bacterial motility through flagellar rotation. Thus, we 

focused on investigating the effect of PMF in bacterial motility and chemotaxis.  

In Chapter 3, we developed an analytical model which extended the application of 

intensity-based GFP as a probe of intracellular pH. We first experimentally quantifying 

the pH-sensitive response of both intensity-based and ratiometric fluorescent proteins 

expressed in Gram-negative E. coli. Then, an analytical model that incorporated the 

emission intensity from the two states of the chromophore was developed. A key finding 

from the analytical model is that the scaling analysis eliminated the dependence of protein 

concentration for GFP. Our analysis revealed that ratiometric are error-prone as their 

emission ratios depend on equipment, which varies from one lab to another. Our work 

paves the way for researchers to use the more convenient intensity-based proteins instead 

of ratiometric proteins as a pH probe.   

In Chapter 4, we investigated the use of swimming motility as a PMF probe for 

peritrichous bacteria, E. coli and B. subtilis. As flagellar rotation speed is not straight 

forward in all species, we delved into the quantitative relationship between swimming 

speeds and the flagellar rotation speed in B. subtilis. We experimentally determined 

various cell and flagellar properties for both species. The values for these parameters were 

used to predict the flagellar rotation speeds. However, there was a large discrepancy 
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between the experimental and predicted values. We suggest that the discrepancy arises 

from flagellar interactions with one another in peritrichous species. To probe this further, 

an intensive hydrodynamic analysis should be conducted in the future.  

To circumvent hydrodynamic complications, we directly measured the 

relationship between swimming speed and membrane potential in B. subtilis and observed 

linearity over a small regime. Measurements of swimming speeds can reveal changes in 

the PMF in this regime for B. subtilis. In the future, we hope to obtain more data points to 

fully characterize the quantitative relationship between PMF and swimming speed in this 

and other species.  

In Chapter 5, we investigated the response of C. crescentus for various chemo-

effectors. To determine the mechanism behind chemotaxis in polar-flagellated C. 

crescentus, we observed transiently-tethered cells. A mild increase in the CWbias and the 

reversal frequency was observed upon xylose. To understand how the changes in the 

flagellar dynamics affect the performance of chemotaxis, we developed a modified 

capillary assay using Luer stub. Here, we saw weak to no migration towards the xylose 

point source. Interestingly, upon longer time incubation with xylose, a weak attractant 

response was recorded. This work tested a link between the flagellar dynamics and 

chemotaxis performance in C. crescentus, and found a weak correlation. Future work 

could focus on testing response to other chemo-effectors. If a strong chemo-effector is 

found, the role of CheY homologs in C. crecetnus could be determined as they are 

suggested to compete with the CheYII, which behaves similarly to the CheY in E. coli. 

These CheY homologs are capable of interacting with the motor and induce changes in 
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the swimming speed and the motor switches. It could be that the weak attractant response 

with xylose is due to the competition of CheYs. But then the purpose of the chemotaxis 

network is unclear in C. crescentus. The weak chemotactic responses is even more 

unexpected considering that C. crescentus has an abundant number of chemoreceptors 

compared to E. coli. Therefore, future work should focus on the precise functions of these 

proteins.   
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