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ABSTRACT 

 

Nature is inherently homochiral. L-DNA and L-RNA, the enantiomeric forms of native D-

DNA and D-RNA respectively, do not occur naturally and are virtually bioorthogonal. 

Compared to common chemical modifications, L-DNA/RNA exhibit superior qualities 

such as increased biostability due to exceptional nuclease resistance, low immunogenicity, 

and minimal off-target effects. When interacting with an achiral physical or chemical 

environment, they behave similar to their native D-counterparts, facilitating easy 

optimization of designs based on L-DNA/RNA. However, while these “mirror-image” 

nucleic acids hybridize to each other, they are incapable of forming contiguous WC base-

pairs with complementary native nucleic acids, a caveat that until recently precluded their 

use in applications at the interface of native biology. Redirecting the focus toward non-

canonical heterochiral nucleic acid interactions based on non-WC hydrogen bonding, Van 

der Waals and hydrophobic interactions etc., overcomes this obstacle. This work focuses 

on exploring and expanding these novel recognition modalities with the aim of interfacing 

L-DNA/RNA with native nucleic acids using both structure and sequence-based 

approaches.  

 

Complex structural interactions in RNA govern almost all aspects of gene expression. 

Targeting structured RNA is thus integral to our fundamental understanding of RNA 

biology as well as in the development of therapeutics. Several heterochiral L-DNA/RNA 

aptamers have been evolved to bind their respective RNA targets with high specificity and 
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affinity, in a structure-specific manner. In contrast, evolution of L-ribozymes is more 

challenging. RNA ligation and polymerization is the only reported example of heterochiral 

catalysis to date. In the first part of my thesis, I will discuss the in vitro evolution of a 

heterochiral ribonuclease ribozyme that interacts with a representative structured RNA 

target to mediate phosphodiester bond scission resulting in cleavage of the target. This 

opens a novel route to chemically target a specific RNA within its structural context while 

eliminating WC-based off-target hybridization. Furthermore, this approach is also 

promising for future therapeutic applications. 

 

The second part of this thesis focuses on sequence-specific interfacing strategies. Our 

research group recently described a novel technique called “heterochiral” DNA strand 

displacement reactions that utilize an achiral peptide nucleic acid (PNA) mediator to 

exchange sequence information between D-DNA and L-DNA, thus providing a route to 

exploit the advantageous properties of L-DNA in dynamic DNA nanotechnology 

applications. In this work I present extensive kinetic characterization of these novel 

reactions by systematically varying key design parameters in order to establish a set of 

design principles that will facilitate the rational design of such devices for biomedical 

applications in the future. Additionally, investigation of the biophysical mechanism of 

these reactions reveals a novel stereochemical control over reaction kinetics, that adds to 

the versatility of future designs. 
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pathways initiated with different mismatched inputs in (A). The identity of 
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fully-matched and mismatched input, respectively. Error bars represent 

standard deviation from three independent experiments. ............................... 133 

Figure 3-4 Characterization of homo and heterochiral toehold interactions. (A) The 

model system used to monitor toehold association based on fluorescence 

quenching. (B) Fluorescence melting curves for the homo and heterochiral 

toehold duplexes (Ct = 2 µM). Fluorescence values were corrected (Fcorr) for 

background fluorescence and temperature-dependent effects as defined in 

eq 4 (see Materials and Methods). The Tm for each toehold configuration 

was averaged over three melting experiments. (C) Thermodynamic 

parameters for homo and heterochiral toehold association. ........................... 136 

Figure 3-5 The length and nucleotide composition of the incumbent toehold affects 

toehold exchange on PNA–DNA heteroduplexes. (A) Schematic illustration 

of the toehold exchange mechanism for both the homo- and heterochiral 

reaction pathways. (B) Sequences of the incumbent toehold domains within 

D/L-Ai and its truncated version D/L-AiS. Individual incumbent toeholds 

are boxed based on their length and red letters emphasize G/C base pairs. 

Incumbent toeholds are produced by truncating the input strand by the 

corresponding length. (C) Calculated rate constant as a function of 

incumbent toehold length (k) relative to the full-length input (k0) having no 

incumbent toehold. Error bars represent standard deviation from three 

independent experiments. (D, E) Fluorescence monitoring (Cy3) of toehold 

exchange for the homochiral (D) and heterochiral (E) reaction pathways. 

The length of the incumbent toehold is indicated on the right y-axis. Dotted 

lines indicate reactions carried out with the truncated PNA–DNA 

heteroduplex (AiS) for the indicated incumbent toehold lengths (black = 0-

nt; red = 8-nt). Reactions depicted here were carried out as described in 
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Figure 3-6 Strand displacement from PNA–DNA heteroduplexes is faster for RNA 

inputs than DNA inputs. (A, B) Fluorescence monitoring (Cy3) of the 

homochiral (A) and heterochiral (B) reaction pathways initiated with inputs 

RNA inputs (D-INRNA) having toehold domains varying in length from 6–

10 nucleotides. The length of the toehold is indicated on the right y-axis. 

For reference, the reaction initiated with a DNA input having a 10-

nucleotide toehold is shown as a black dotted line. The reactions depicted 

contained 30 nM D-IN, 20 nM D/L-Ai, 60 nM D/L-R, 300 mM NaCl, 1 

mM EDTA and 10 mM Tris (pH 7.6) and were carried out at 37◦C. (C) 

Calculated rate constant for RNA inputs as a function of toehold length 

(kRNA) relative to the DNA input (kDNA) having the same length toehold. 

Error bars represent standard deviation from three independent 
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Figure 3-7 Discrimination factors (DF = kmatch/kmismatch) of PNA–DNA 

heteroduplexes towards RNA inputs having different mismatches, where 

kmatch and kmismatch are the calculated rate constants for a fully matched and 

mismatched RNA input, respectively. Error bars represent standard 

deviation from three independent experiments. Hetero and Homo refer to 

the heterochiral and homochiral reactions pathways, respectively. See 

Figure 3-3A for mismatch identity and position. ............................................ 145 
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1. INTRODUCTION  

 

1.1. Prelude: The Basics of Nucleic Acids Biochemistry 

Every cellular function is ultimately the result of very specific sets of instructions 

pre-programmed into our genes. Genes are long segments of DNA whose unique 

nucleotide sequence directs the synthesis of a functional biological product, most 

commonly proteins. The central dogma of molecular biology underlines three main 

processes that facilitate the flow of this information inside the living cell (1). First, DNA 

undergoes “replication” to form an identical daughter DNA. Replication ensures 

preservation of genetic information during cell division as well as reproduction. Next, the 

sequence information of DNA is copied onto the corresponding messenger RNA (mRNA) 

through “transcription”. Finally, in a process called “translation”, specific amino acids 

corresponding to “codons”, which are groups of three nucleotides on the mRNA, are 

recruited and assembled by the ribosome to form the final protein product.  

 

 

 

 

 

Figure 1-1 Central Dogma of Molecular Biology. As depicted by Francis Crick, this is the 

central dogma representation as was known in 1958. Solid arrows depict the known transfer 

of genetic information, dashed arrows represent the plausible transfer of information. 

Adapted by permission from Ref (1). Copyright © 1970, Nature Publishing Group. 
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To understand how this intermolecular transfer of information takes place, it is 

necessary to look at the chemistry of the biopolymers deoxyribonucleic acid or DNA, and 

ribonucleic acid or RNA. DNA consists of monomeric units called nucleotides that are 

composed of a phosphorylated deoxyribose sugar covalently attached to either one of the 

four nitrogenous bases: adenine (A), thymine (T), guanine (G) or cytosine (C). The RNA 

nucleotide is very similar except that it has a ribose sugar and the base uracil (U) instead 

of thymine (T). The genetic alphabet is thus fundamentally simple but at the same time 

Figure 1-2 DNA Structure. Top left shows the double helical structure of DNA, 

with Watson-Crick base-pairing holding the two complementary strands in an 

anti-parallel direction. To the right is the molecular structure of a representative 

dinucleotide showing the individual components and the hydrogen bonding 

forming the WC base pairs. The chemistry of a representative nucleotide is 

elaborated in the bottom half. Adapted from Openstax. 
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capable of storing vast amounts of information in a highly diverse sequence space 

generated by combination of these four bases.  

DNA was physically isolated for the first time in 1869, but it wasn’t until the 1950s 

that its function as genetic material was established (2,3). The double-helical structure of 

DNA as we know today, was proposed in 1953 (4). This model is principally credited to 

James Watson and Francis Crick who later shared the Nobel Prize for this discovery with 

biophysicist Maurice Wilkins; Rosalind Franklin, who was studying DNA structure using 

X-Ray crystallography at the same time and whose “Photo 51” provided the final missing 

clue to the complementary base-pairing in DNA, had arrived at many of the same 

conclusions herself, but her contributions are lesser known and credited (5,6). In this 

double-helical structure, each single-stranded DNA was aligned around a central axis in a 

way that the deoxyribose-phosphate backbone faced the solvent and the hydrophobic 

nucleobases faced inwards. These nucleobases are engaged in two major interactions. 

Since they are mostly planar, the nitrogenous bases of A, T, G and C are “stacked”, with 

the rings of any two adjacent nucleotides in the DNA strand parallel to each other. 

Mediated by Van der Waals and dipole-dipole interactions, these stacking interactions are 

responsible for the stabilization of the helical structure. The distance along the vertical 

axis between two adjacent bases is 3.4 Å and each helical turn comprises approximately 

10.5 such bases in solution and thus spans 34 Å. The double-helical DNA is a stable, rigid 

structure but there can be variations in the periodicity, handedness of the helix as well as 

in the depth of the major and minor grooves that are formed by the helical turns. 

Depending on these parameters, there can be two right-handed DNA structures: the A-
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form and the predominant B-form. The left-handed form of DNA or the Z-form is not 

naturally found. 

The second kind of interaction arises from the hydrogen-bonding interactions 

mediated by the ring nitrogen and the carbonyl and exocyclic amine functionalities of the 

nucleobases. The strongest and most stable pairing is found between the complementary 

bases of A and T (2 hydrogen bonds) and between G and C (three hydrogen bonds). This 

highly specific non-covalent interaction, known as the canonical Watson-Crick base-

pairing, is the mechanism by which a unique DNA strand can form a fully base-paired 

double stranded structure with a perfectly matching complementary sequence of DNA or 

RNA. In this manner, any DNA-templated biological process such as replication and 

transcription can transmit the encoded message from the source DNA. Other interactions 

are possible, such as the non-canonical G-U wobble pair commonly found in RNA, and 

Hoogsteen base-pairing that can lead to the formation of triplexes (7-9). 

 

1.2. The Structure-Function Relationship in RNA 

In contrast to DNA, RNA serves as much more than an inert vessel for genetic 

information and shows high structural as well as functional diversity. Chemically, RNA 

differs from DNA in that 1) it contains a 2′-OH instead of a 2′-H, and 2) it has the 

nucleobase uracil instead of thymidine. RNA is transcribed as a single-stranded polymer 

from the corresponding DNA template but can fold into complex shapes and structures. 

While RNA adopts a right-handed A-form helical conformation, it doesn’t have a stable 

secondary structure, unlike the DNA double helix. Instead, RNA samples and adopts 
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multiple flexible conformations, facilitated by intermolecular and intramolecular WC 

base-pairing interactions. The 2′-hydroxyl group affords additional hydrogen bonding 

contacts and metal coordination sites.  Additionally, due to nucleophilic attack of the 2′-

hydroxyl group on the adjacent phosphodiester bond, RNA is susceptible to spontaneous 

hydrolytic cleavage. RNA is thus much less stable than DNA, probably one of the primary 

reasons why DNA emerged as the primary genetic material for higher organisms.  

Some of the most ubiquitous secondary structural motifs found in RNA are 

hairpins, loops, internal bulges and pseudoknots. Hairpins are formed by self-

complementary stretches of nucleotides forming a stable stem, capped by a short loop. 

Loops are flexible, consisting of a short stretch of unpaired nucleotides. Certain sequence 

motifs such as UUCG have been observed to form tight and stable loops in hairpins and 

are believed to facilitate RNA folding (10). GNRA tetraloops are also widely known to 

occur in RNA (11). Bulges are formed by unpaired nucleotides in an otherwise fully base-

paired stem. The unique primary sequence of RNA thus directs specific intramolecular 

interactions to form different secondary structural motifs that can further engage in long 

range interactions to form a higher order RNA tertiary structure (12). Multiple possible 

conformations of a single RNA molecule can co-exist, and RNA function depends largely 

on stabilizing the active conformation in the equilibrium ensemble (12). Complex 

architecture of functional RNA often requires scaffolding on other nucleic acids and 

proteins; for example, ribosome or Ribonuclease P which are complex riboprotein 

complexes (13-16). These complexes, also referred to as quaternary structures, represent 

the highest level of structural organization in RNA.  
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Modern structural biology has different tools at its disposal for the accurate 

elucidation of RNA structure and function. Traditional chemoenzymatic methods such as 

hydrolysis assays, ribonuclease mediated degradation assays or DMS profiling generally 

target unpaired residues and utilize the known specificities of these reagents to identify 

the nucleotide, thus generating a reliable structural map of RNA (17-19). Newer methods 

such as Selective 2′ Hydroxyl Acylation analyzed by Primer Extension (SHAPE) targets 

Figure 1-3 Secondary Structures of RNA. a) Hierarchical organization in RNA starting from 

the primary nucleotide sequence directing formation of simple secondary structure motifs, 

which interact to form higher order structures. Quaternary assemblies represent the highest 

possible complexity. Left structure shows DNA chromatin structure wrapped around histone 

proteins. Source: Wikipedia Commons. b) RNA secondary structures color coded and depicted 

in the context of a representative RNA molecule. Adapted from Ref (12). Copyright © 2019, 

Springer Nature Limited. 
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every 2′-OH position of any unpaired residue and is capable of generating highly accurate 

structures for long, complex RNA both in vitro as well as in vivo (20-21). Biophysical 

techniques such as X-Ray crystallography and mass-spectroscopic analysis can be used 

for certain targets, and Cryo-EM is slowly emerging as a powerful technique as well (22). 

In parallel, RNA sequencing technologies and bioinformatics have made great advances 

allowing high throughput analysis of multiple transcripts. Immunoprecipitation and cross-

linking methods such as CLIP or capture-probe based methods such as CHIRP are being 

increasingly used in conjunction with high throughput sequencing to study the 

transcriptome (23). Decoding RNA function relevant to actual physiological conditions is 

thus becoming more accessible. Computational approaches are also exploiting this 

massive amount of data to refine their predictive algorithms (24). Machine learning is 

another powerful tool to be applied to problems related to RNA structure-function in 

recent times (25). 

The diversity of RNA function parallels the complexity of RNA structure. There 

are two main classes of RNA: coding and non-coding RNAs. Coding RNAs are 

transcribed from gene segments in DNA as messenger RNAs (mRNAs) and encode the 

primary sequence of a protein that is synthesized during translation. Though relatively 

unstructured, the untranslated regions of mRNA called the 5′- and 3′-UTRs have highly 

structured motifs that play significant regulatory roles in gene expression, mRNA 

trafficking, localization, and stability (26). While the eukaryotic gene expression platform 

utilizes mainly protein factors for ribosome binding, the 5′-UTR of bacteria and both 5′- 

and 3′-UTRs of eukaryotes can also exert an allosteric control over gene expression in a  
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ligand gated manner via riboswitches that consist of an aptamer domain specific towards 

certain metabolites such as SAM or TPP. Ligand binding induces a conformational 

transition to control gene expression by either enhancing/ inhibiting ribosomal access and 

binding or by cleavage of the transcript (27,28). 

RNAs that do not code for any protein form the bulk percentage of the 

transcriptome and belong to the class of non-coding RNAs. Non-coding RNAs are highly 

Figure 1-4 Structure-Function Relationship in RNA. Examples of RNA structure 

mediated biological functions some of which are discussed in the text of this section. 

Figure adapted from Ref (12). Copyright © 2019, Springer Nature Limited. 
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heterogeneous in biogenesis, structure, and functionality. The most familiar and well-

studied non-coding RNAs are the highly structured transfer RNAs (tRNAs) and ribosomal 

RNAs (rRNAs), primarily responsible for protein synthesis. During translation, a tRNA 

carrying a specific amino acid, binds to the mRNA using the complementary “anticodon” 

sequence. The corresponding amino acid then gets recruited to the growing polypeptide 

chain on the ribosome. 

Although the ribosome is a highly structured riboprotein complex, ribosomal RNA 

is the primary catalytic component involved in peptide bond formation (13-15). Catalytic 

RNAs are extant in both lower and higher organisms but are more limited in scope and 

efficiency when compared to protein catalysis.  

Post-transcriptional regulation of gene expression is a common function of small 

non-coding RNAs such as miRNAs, shRNAs and piRNAs. For example, miRNAs can 

have multiple target mRNAs and often operate as part of a cluster (29,30). Since miRNA 

can be overexpressed in cancers, their detection and profiling are becoming increasingly 

crucial to cancer diagnosis (31-33).  

Any non-coding RNAs of length more than 200 nucleotides are termed as long 

non-coding RNAs or lncRNAs and constitute a highly diverse group of RNA. These long 

RNA molecules are highly structured and engage in diverse functions such as chromatin 

remodeling and transcriptional control of gene expression (34). Research in this area lies 

at the frontiers of RNA biology, and new lncRNAs with novel functions are being 

discovered and annotated every day. Overall, the multifaceted nature of RNA structure 

and function has enriched our understanding of gene expression. 
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1.3. Ribozymes - Nature’s earliest catalysts 

 Ribozymes or RNA molecules capable of catalyzing chemical reactions, were first 

discovered in 1981 by Thomas Cech and Sidney Altman, an accomplishment that earned 

them the Nobel Prize (16,35). Unlike protein enzymes, the primary catalysts of modern 

biology, ribozymes have a limited source of chemical functionality in its four nucleobases. 

It is therefore unsurprising that ribozyme catalysis is restricted to mainly 

phosphotransferase reactions in the cleavage and ligation of RNA substrates (16,35-38). 

The peptide bond formation during protein synthesis is also catalyzed by the RNA 

component of the ribosome (13-15). The complex architecture of ribozymes and the 

intramolecular interactions between the secondary structural motifs are responsible for 

aligning the reaction site of the substrate RNA within the catalytic fold of the ribozyme. 

Often, these ribozymes are part of a more complex riboprotein complex that play a role in 

stabilizing the global architecture and facilitating interactions. RNase P involved in tRNA 

processing and the ribosome are two such examples. Although nature utilizes ribozymes 

for only a limited type of reactions, artificial selection has identified a broad range of 

catalytic properties in ribozymes, such as alkylation, acylation, Diels-Alder reaction, RNA 

polymerization etc (39-41). This underlines that the lack of functional diversity of 

ribozymes in extant biology is shaped more by evolutionary needs than inherent chemical 

limitations. 
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1.3.1. Origin of Life: The RNA World Theory 

 Life as we know it, would have originated as a self-sustaining machinery capable 

of preserving and transmitting heritable genetic information while catalyzing biochemical 

processes. The origin of life and questions involving the prebiotic world have always 

captured the imagination of scientists. The RNA world theory posits that RNA predated 

DNA or proteins as the ancestral biomolecule (42). Discovery of ribozymes lent more 

credence to this theory. It is possible that in the prebiotic era, under the prevalent 

environmental conditions, RNA monomers came to exist and were capable of non-

enzymatic polymerization to form short RNA oligomers which in turn ligated with each 

other to generate higher complexity and diversity (43). Eventually, weak catalytic 

properties emerged, with ribozymes finally acquiring self-replication, which is key to a 

sustainable life-system (44,45). In addition, these primitive catalytic molecules, though 

low in efficiency, were probably promiscuous in their choice of substrates and catalyzed 

more than one reaction (46). For example, some naturally occurring ribozymes such as the 

hairpin ribozyme catalyze phosphodiester bond scission, but at lower temperatures, the 

reverse reaction of ligation predominates (38). This generality would allow the same 

ribozyme to catalyze multiple essential reactions of life. Eventually, some evolutionary 

pressure would have led to the emergence of protein enzymes that outcompeted ribozymes 

in the long run with their greater chemical diversity and catalytic efficiency. 

1.3.2. RNA cleaving DNAzymes and Ribozymes 

 One of the most well-studied and characterized classes of ribozyme catalyzed 

reactions are RNA strand scission reactions (47-49). The phosphodiester bond cleavage 
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usually occurs at a specific site, resulting from nucleophilic attack at the phosphate center 

that forms a 2′-3′- cyclic phosphate and a 5′-hydroxyl terminus (48-49). The cyclic 

phosphate can further hydrolyze in certain situations. The nucleophile is usually the 2′-

hydroxyl adjacent to the scissile phosphate in self-cleaving ribozymes, but in more 

complex systems such as the RNase P, engages in an intermolecular attack at the cleavage 

site on the substrate. Found often in lower organisms and viral pathogens, the self-cleaving 

ribozymes such as hammerhead, hairpin, twister, pistol and hatchet etc. employ either 

general acid-base catalysis to deprotonate the nucleophilic hydroxyl to activate it or use 

metal cations for the same purpose (50-51). The structural and mechanistic diversity in 

these self-cleaving ribozymes together with their steady evolutionary maintenance in both 

prokaryotic and eukaryotic systems indicate that they can adapt to different physiological 

conditions. High resolution crystal structures have made it possible to identify the 

structural requirements of many of these ribozymes (52-53). This not only advances our 

understanding of ribozyme catalysis but also helps in the development of biosensors and 

other biotechnology tools based on these ribozymes. For example, most of these 

ribozymes have highly complex architectures in vivo, but can be truncated to minimal 

catalytic motifs without compromising the activity (51). This is ideal for repurposing 

ribozymes as regulators of gene expression. Although primarily cis-cleaving in nature, 

many of these ribozymes can be reprogrammed for trans-cleavage by separating the 

scissile bond containing well-defined secondary structure from the rest of the ribozyme 

(54). This usually results in a generalizable platform compatible with any target RNA. 

Often, metabolite or small molecule specific aptamer domains are connected by means of 



 

31 

 

a communication module, to the active ribozyme module, and precise conformational 

changes induced by ligand binding exerts an allosteric control of RNA cleavage (55,56). 

Hammerhead is a very well-known motif among self-cleaving RNA and has been used in 

therapeutic designs for in vitro applications involving cleavage of physiologically relevant 

RNA (54). However, in vitro selection could evolve completely new catalytic domains in 

trans-cleaving ribozymes that could serve the same purpose (57). 

 Although native DNA is primarily double stranded thus lacking folding and 

catalytic ability, artificial DNAzymes have been evolved by directed evolution. The most 

well-known class of DNAzymes are perhaps the Mg2+ dependent 10-23 DNAzymes. 

These selections are usually designed to have a single unpaired ribonucleotide in its RNA 

substrate while the rest is hybridized to the substrate binding arms of the DNAzyme (58-

60). The easy programmability of adapting DNAzyme designs to RNA substrates by 

changing the substrate binding arms accordingly, have been used in numerous in vitro 

applications for inactivating pathogenic RNA (58). However, their practical utility is 

limited by biostability issues. In recent times, significant progress has been made in this 

area by use of XNA modifications with promising in vivo applications, and we can expect 

a revival of interest in RNA cleaving ribozymes and DNAzymes as potent biotechnology 

tools in the coming days (61,62). In fact, one DNAzyme against an oncogenic target is 

currently in clinical trials in the US (63,64). 
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1.4. RNA Therapies for RNA Targets  

1.4.1. RNA as a Target 

Proteins are primary targets for most of the drugs currently available. However, 

only a fraction of the human genome encodes for proteins of which approximately only 

2000-3000 are considered to be druggable (65). The bulk of the RNA transcriptome is 

non-coding and plays key regulatory roles in cellular processes. During its lifetime, RNA 

undergoes multiple biochemical transformations through synthesis, processing, and post-

transcriptional modifications, all of which rely heavily on both sequence and structural 

motifs. Hence, any aberrations in RNA sequence and structure manifest in significantly 

altered RNA biosynthetic and metabolic pathways and by extension RNA function, which 

ultimately lead to diseased states.  

Sequence mutations in pre-mRNA transcripts can significantly alter the secondary 

structure and affect co-transcriptional processing and splicing. Aberrant splicing has been 

implicated in many liver diseases including cancer, as well as neurological disorders such 

as dementia and Parkinson’s Disease (66,67). Improper ADAR-mediated RNA editing 

arising from sequence mutations strongly correlates with several breast, lung, liver and 

esophageal cancers (66). Synonymous mutations in the coding region of the mRNA 

preserves the nature of the encoded amino acid; however, an unintended replacement can 

still lead to protein misfolding and aggregation (68,69). Non-synonymous mutations have 

more severe consequences, often leading to production of toxic proteins, or deletion of 

key motifs as well as truncated proteins (69). Misfolded or destabilized structural motifs 
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in non-coding RNAs can disrupt interactions with effector molecules, which in turn lead 

to dysregulated gene expression. Similar correlations can be drawn in lower organisms. 

Pathogenic bacteria and viruses abundantly use relatively simple secondary structural 

motifs such as the TAR hairpin in HIV-1 and the IRES domains in HCV to regulate gene 

expression (70-72). 

 Associations between diseased states and functional RNA counterpart(s) are 

becoming more accurate and accessible in this modern era of RNA biology, aided by 

revolutionary advances in high throughput sequencing as well as experimental and 

computational methodologies. It is therefore no surprise that the scientific community is 

increasingly turning to the RNA transcriptome as a potent alternative source of druggable 

therapeutic targets.  

1.4.2. Strategies for targeting RNA 

RNA is very commonly targeted with small molecule drugs that bind secondary 

structures to inhibit function. While small molecule drugs are highly effective and have 

their own advantages in terms of bioavailability, ease of delivery and reliable technique 

transfer from protein targeted drug design, non-specific binding and related toxicity often 

offsets the benefits (65,73). Small molecule drug discovery relies on a combination of 

biochemical screening, in silico methods of rational design and lastly, experimental 

validation of binding and RNA function inhibition/ manipulation. Almost inevitably, each 

new RNA target requires iterative processes of optimization of drug design by trial and 

error to suit the particular situation.  
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In contrast, the accurate, predictable, and programmable nature of WC base-

pairing mediated hybridization makes it conceptually straightforward to design and tailor 

a DNA/RNA therapeutic molecule against the desired target. Although secondary 

structures and complex RNA architectures might make it difficult to access the target area 

by simple hybridization-based probes/ therapeutics, structure-based interactions can be 

exploited to explore diverse and novel recognition modalities and mechanisms of action. 

Additionally, the ease of automated solid-phase synthesis as well as enzymatic routes to 

access nucleic acids carrying both natural and unnatural modifications, have enabled 

routine use of nucleic acids-based strategies and made the validation and optimization 

stages more cost and time-effective.  

1.4.2.1. Oligonucleotide Therapies for targeting RNA 

As of 2021, there are at least 13 FDA approved oligonucleotide-based drugs, the 

latest being a splice-modulating ASO drug for Duchenne muscular dystrophy, called 

casimersen marketed by Sarepta Therapeutics and hundreds of other drugs in clinical trials 

and the development pipeline (64,65,73). In the following few paragraphs, I will be 

outlining the most well-established oligonucleotide-based strategies for targeting RNA. 

Antisense Strategy: Antisense oligonucleotides (ASOs) are short (usually not longer than 

~30 nucleotides), synthetic, single-stranded DNA oligonucleotides that are designed to 

have complementary sequence to the target region of a particular mRNA. Upon 

hybridization, ASOs form a DNA-RNA hybrid that recruits RNase H, followed by 

degradation of the target transcript (73). Since this mechanism is prevalent in both the 
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nucleus as well as the cytoplasm, nuclear pre-mRNA transcripts can also be targeted. The 

first FDA approved oligonucleotide drug (1998) fomivirsen is an ASO of this type, 

designed for the treatment of cytomegalovirus retinitis (73). Steric block ASOs do not 

form RNase H substrates with target transcripts but either inhibit gene expression by steric 

inhibition of translation initiation sites or ribosomal binding sites on the target mRNA or 

blocking of polyadenylation sites to enhance mRNA decay. AntagomiRs or miRNA 

decoys operate in a similar way, using sequences complementary to the short mature 

miRNA sequences that can sequester the said miRNA and thus inhibit their function, for 

example miravirsen, that is complementary to mature miR122 whose function is integral 

to HCV infection. 

Steric block ASOs are also capable of blocking target introns and exons to 

modulate splice junctions and sites. Alternatively, some ASOs even enhance gene 

expression by binding upstream of ORFs and destabilizing structures that negatively 

regulate gene expression. Since antisense ONs are recognized as foreign DNA, they are 

highly susceptible to degradation and are often heavily modified to have a 

phosphorothioate backbone or designed to have short DNA stretches or “gaps” flanked by 

nuclease resistant LNA modifications (for example in GapmRs), to increase stability as 

well as binding affinity.  

RNA Interference (siRNAs and shRNAs): This strategy uses short RNA duplexes, 

consisting of a passenger strand or the sense strand and the guide strand or the strand 

complementary to the target. The siRNA duplex directs the Argonaute complex (Ago2) to 
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the target transcript, where the passenger strand is released, and the guide strand-target 

mRNA duplex is processed to result in target cleavage and degradation.  This silencing 

pathway is the same as followed in miRNA mediated mRNA processing. Alternatively, 

shRNAs that mimic endogenous miRNAs can be expressed in situ, to ultimately be 

processed into an siRNA duplex. Most used modification in this case is the 2′-OMe on the 

ribose to increase stability and alleviate some of the immunogenic responses. Two FDA 

approved drugs based on this design are patisiran and givosiran targeting amyloidosis and 

hepatic porphyria respectively.  

DNAzymes and Ribozymes: ASOs can be repurposed to incorporate a catalytic domain 

that can be adopted either from naturally occurring ribonuclease ribozymes such as the 

hammerhead ribozyme, or artificially selected DNAzymes such as the 10-23 and 8-17 

(58,59). In the late 1990s and early 2000s, there was encouraging use of the hammerhead 

and the hairpin ribozymes in regulation of gene expression in certain pre-clinical diseased 

models with high efficiency; however, this strategy hasn’t been as successful as other 

oligonucleotide-based therapies due to poor delivery, high dosage requirements, need for 

higher frequency of administration and toxicity.  

The 10-23 DNAzyme that is highly generalizable and has been adapted to a variety 

of physiologically relevant RNA targets such as the HIV gag, pol mRNAs in in vitro 

studies, is a good therapeutic candidate, but suffers the obvious practical issues of product 

inhibition and nuclease degradation (63,64,74). Of late, there has been renewed interest in 

research looking to increase the efficiency of such DNAzymes in intracellular 
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environments in gene silencing using XNA modifications to overcome many of the 

existing challenges (61,62). Moreover, one DNAzyme-based drug against an oncological 

target is also in clinical trials. Hopefully, with newer developments in drug delivery and 

stability, this field will soon be revived. 

Other RNA Therapies: For the sake of brevity, I have limited the discussion to the most 

prevalent and well-known RNA based therapies that work on RNA targets specifically. 

However, I would like to close by mentioning some alternative therapies that either have 

non-nucleic-acid targets, or work in combination with protein components. 

 One such example would be Pegaptinib, an RNA aptamer that binds a growth 

factor responsible for macular degeneration with high specificity and affinity (65,75). It’s 

the only FDA approved RNA aptamer-based drug. In light of the ongoing COVID-19 

pandemic, mRNA-based vaccines have not only been developed with unprecedented 

speed but have already saved millions of lives. Other mRNA-based approaches involve 

production of functional proteins for restoration of normal physiological levels. CRISPR-

Cas systems have been another revolutionary progress in biomedicine in the past few years 

that now affords precise and accurate control over gene editing (65). 

1.4.3. Advantages and Challenges associated with RNA based therapeutics 

Compared to alternative strategies for targeting RNA such as small molecules and 

biologics, RNA based therapies afford many advantages. The precision of WC base-

pairing offers a straightforward design principle as opposed to rigorous trial and 

optimization protocols required for other strategies. Additionally, a knowledge of the 
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specific cause of pathology (a mutation, an aberrant splice site) can be addressed with 

more precision and drugs can be tailored accordingly, which can even be extended to 

individual patients for personalized medicine. Although delivery of RNA based materials 

is tricky, some strategies such as RNAi are catalytic and show high efficiency, especially 

since it exploits the endogenous RISC silencing machinery, thus balancing out poor 

uptake. Commercially available phosphoramidites, especially specialty modifications are 

becoming more user-friendly and cost effective, which is making it possible to broaden 

the scope of such drugs. This also precludes the potential variability of biologics. 

For all the benefits of RNA based therapies, there are some key challenges as well. 

Exogenous DNA or RNA are readily attacked by endogenous nucleases and cleared by 

renal filtration, thus limiting bioavailability. As a reference, short single-stranded 

components have a half-life on the order of minutes (76). Some strategies adopted to 

enhance stability include incorporating chemical modifications, increasing the complexity 

of the system such as tethering to nanostructures that are more stable towards nucleases, 

or by protection of vulnerable free ends by circularization, or end-capping, or installing 

hairpins (77-79). Of these strategies, chemical modifications will be discussed in detail in 

the next section.  

As with other therapeutics, proper delivery of the drugs to the target location is a 

significant challenge. The most popular and commonly used method of cellular delivery 

is perhaps liposomal delivery by endocytosis (80,81). The main challenge in this case is 

often insufficient endosomal escape, which must be counterbalanced by delivery of high 
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amounts of the drug that could lead to toxicity. However, more refined technologies are 

being applied these days, such as conjugation with lipids, receptor targeting aptamers, cell-

penetrating peptides etc. that can lead to more targeted delivery, or encapsulation in 

nanocarriers such as DNA nanostructures, lipid-based nanoparticles or exosomes (82-85).  

Non-specific hybridization related toxicity is another major concern. Interaction 

with other cellular components such as protein effectors could similarly prove 

counterproductive. Exogenous and relatively short DNA as a “foreign material” stimulates 

the innate and adaptive immune system (86,87). Short, single-stranded DNA have been 

found to interact with multiple receptors including Toll-like receptors that can lead to 

inflammatory responses of varying severity (88). This is a major issue for the in vivo 

application of nucleic acids-based strategies. One of the simplest examples is perhaps the 

immune response to unmethylated CpG that originates in bacteria and is thus considered 

to be a threat (88,89). Additionally, many nucleic acid modifications that are essential to 

stability and target affinity, elicit strong immune responses which undermine their 

pharmacological benefits (87,90-91). 

Finally, the effectiveness of the nucleic acids-based approach depends on the 

accessibility of the target RNA and highly structured regions are not very good candidates 

for hybridization-based probes. Additionally, RNA structural motifs and specific 

conformations serve as functional footprints, especially in non-coding RNAs that are 

constantly emerging as crucial players in most biochemical processes. Targeting specific 

structural features without relying too heavily on sequence would potentially mitigate 
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some of the off-target hybridization mediated toxicity and expand the “druggable” 

transcriptome.  

1.5. Common Chemical Modifications in Nucleic Acids Based Strategies 

 

Incorporation of chemical modifications can improve biostability of DNA/RNA 

based therapies. These modifications can target different functional groups of the 

nucleotides such as phospho-sugar backbone or the 2'-hydroxyl group or the nucleobase 

itself. The most common modifications that are extensively used for intracellular and in 

vivo applications are discussed below. 

 

1.5.1. Phosphate Backbone Modifications (Phosphorothioate) 

This modification is achieved by replacing one of the non-bridging oxygens of the 

phosphodiester bond by sulfur. The advantage of phosphorothioate (PS) is twofold. First, 

the stability of the modified oligonucleotide is much enhanced, thus increasing 

bioavailability (92). Second, phosphorothioate is known to interact with many cellular 

receptor and plasma proteins thereby promoting uptake and circulation (93).  This 

modification is compatible with RNase H degradation pathway and has been used 

generously in ASOs including gapmers. The major disadvantage is the reduced binding 

affinity of PS as well as slower hybridization kinetics. This can however be compensated 

by introduction of other modifications or by optimizing the number and positions of the 

modification. An oligonucleotide heavily modified with PS can also elicit a strong 

immune response which would require some changes in design to offset the negative 

effects. Another interesting feature is that PS can generate two stereoisomers Rp or Sp 
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depending on which oxygen is replaced. This has implications in the melting temperature 

as well as nuclease resistance. Although not routine, it is possible to obtain PS modified 

oligonucleotides with predetermined stereochemistry. It is however not a guarantee of 

enhanced efficacy. One such stereopure drug was recently discontinued after no 

significant activity in a clinical trial. The stereoisomers thus exert an overall effect by 

maintaining a balance between stability, binding affinity and toxicity. 

 

1.5.2. Ribose Modifications 

Locked nucleic acid is a bicyclic ribose analog consisting of a methylene bridge 

connecting the 2′-oxygen and 4′-oxygens. This modification renders high stability in terms 

of nuclease resistance and increases the melting temperature of duplexes formed with 

RNA, by locking the ribose in a C3′-endo pucker conformation (94). The melting 

temperature can be enhanced by as much as 10 ℃ for every LNA added (95). They are 

most abundantly used as end or capping modifications in ASO designs such as gapmers 

where as few as 2 or 3-nucleotides of LNAs in the termini can protect the internal DNA, 

usually PS modified, from degradation. Tiny LNAs or very short LNA ONs are also used 

to mask miRNA binding sites and are capable of simultaneously targeting multiple 

miRNAs with functional redundancies.  

 

 Another common site for modification is the 2′-OH on the ribose. 2′-OMe, 2′-O-

methoxyethyl and 2′-F are extensively used to enhance nuclease resistance (73). 

Incompatible with RNase H mechanism, these modifications are more commonly used, 

sometimes in combination, in siRNA designs. For example, the siRNA-based drugs 
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patisiran and givosiran both have 2′-OMe modifications, and the RNA aptamer-based drug 

has a combination of 2′-OMe and 2′-F. Similar to LNA, 2′-OMe affords high 

thermostability especially in RNA duplexes, by adopting a C3′-endo pucker (96). The 

specificity of binding and hybridization kinetics are also highly favorable. Additionally, 

the low cost of synthesis and compatibility with enzymatic methods of incorporation make 

this modification a popular choice. 

 

1.5.3. Alternative Backbone 

Contrasting to PS, LNA and 2′-OMe, PNA is a modification that was designed in 

silico as a nucleic acid analogue preserving the structural parameters of DNA as accurately 

as possible (97). Originally intended to have anti-gene applications by forming a stable 

triplex with a regular DNA helix, PNA has since proved useful in an array of versatile 

applications such as antisense reagents and in gene editing. Instead of the phosphor-sugar 

backbone, PNA has a pseudo peptide backbone composed of N-( 2′-aminoethyl)-glycine 

monomeric units, with the canonical nucleobases connected to the glycine nitrogen by a 

methylene carbonyl linkage (98). Apart from having an uncharged backbone that affords 

high thermodynamic stability of duplexes formed with DNA, RNA or other PNA 

molecules under different ionic strengths, PNA is also achiral and is virtually invisible to 

nucleases, proteases and peptidases (99-101). However, some of the issues are poor 

solubility, high chances of aggregation and intramolecular structures and poor uptake. 

However, hydrophobic and hydrophilic modifications at β and ɣ positions can help 

alleviate a lot of these problems. 
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1.5.4. Ribose Analogues  

“Xeno” nucleic acids (XNA) are five or six membered congeners of the (deoxy) 

ribose moiety equipped with the canonical nucleobases (102). They are bioorthogonal, 

highly resistant to nucleases and often afford high stability of binding. Owing to the 

advances made in the development of polymerases that can accept different XNA 

monomers (103), in addition to post-synthetic modifications many functional molecules 

such as aptamers and enzymes having XNA backbones can be directly evolved (104,105). 

This is an emerging area of research with exciting implications for antisense and siRNA 

therapeutic applications. 

 

Overall, use of these modifications can improve the pharmacological properties of 

therapeutic ONs when optimized and characterized thoroughly. Some of the other aspects 

pertaining more to the hybridization thermodynamics and kinetics will be addressed later 

in the introduction in the context of strand displacement.  

 

1.6. L-DNA as a Stereochemical Modification: Properties and Applications 

An ideal modification would be extremely resistant to endogenous nucleases, elicit 

minimal immune response and avoid crosstalk with endogenous biomolecules. Ease of 

delivery and enhanced binding affinity (for WC hybridization-based designs or binding 

based inhibition or activation strategies) are desirable properties as well. However, the 

major issue that compromises intracellular and in vivo efficiency of nucleic acids-based 

sensors, therapeutics and other devices is still poor biostability. 
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L-DNA or L-RNA, the enantiomeric form of native D-DNA or D-RNA, does not 

occur naturally. Their inverted chiral centers compared to native nucleic acids make these 

mirror-image DNA and RNA virtually invisible to endogenous nucleases (106-108). 

Unless a chiral environment is provided, such as circularly polarized light or a 

stereospecific protein enzyme, enantiomeric nucleic acids behave identically (109). L-

DNA or L-RNA have the same physical properties as their native counterparts such as 

solubility, spectroscopic properties, hybridization kinetics and thermal stability of 

duplexes (106,107,109). This is especially useful since a homochiral L-DNA duplex will 

have the same thermodynamic and kinetic parameters of formation as its D-DNA 

counterpart despite forming an unnatural left-handed helix. This means that the same rules 

of WC base-pairing apply to the L-DNA duplex, and design principles can be first tested 

with the more easily accessible D-DNA duplex for certain applications. For example, DNA 

nanotechnology applications involving DNA origami structures can be constructed using 

either D-DNA or L-DNA based on the same optimized design.  Due to the “chiral clash” 

between the opposite helicities however, L-DNA cannot form contiguous base-pairs with 

D-DNA (109-111). While this precludes the use of L-DNA in applications requiring 

hybridization to endogenous nucleic acids, this also helps avoid off-target hybridization 

related toxicity and immunogenic responses. From a synthetic perspective, standard 

phosphoramidite chemistry developed for regular D-DNA or D-RNA can be easily applied 

to the synthesis of L-DNA and L-RNA, and the cost of commercially sourcing L-

nucleotides or L-oligonucleotides have decreased dramatically in the last few years.  
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For all these superior qualities biotechnological applications of enantiomeric 

nucleic acids were restricted to antiviral agents against diseases such as HBV, HCV and 

HDV for a long time. This is because the primary motivation in developing nucleic acids-

based tools back then was for antisense applications and although early modeling and 

experimental studies suggested the formation of heterochiral complexes between 

homopurine or homopyrimidine L-DNA or RNA and their complementary natural 

counterparts, these complexes were consistently less stable and less predictable than native 

DNA or RNA duplexes. Further work with L-DNA and RNA oligonucleotides comprising 

all four bases in different permutations established clearly that enantiomeric nucleic acids 

are incompatible with canonical WC base-pairing interactions with native nucleic acids, 

thus precluding their use as antisense reagents (110). Initially this discovery curbed 

interest in this area; however, scientists quickly found that this very obstacle can be an 

asset in biological applications using interfacing strategies beyond traditional 

hybridization approaches.  

L-DNA has found use in several exciting technologies with applications in research 

and medicine. Identical interactions of enantiomers with achiral entities make it possible 

for metal responsive DNAzymes to be synthesized with L-DNA backbone as a highly 

stable biosensor. Since L-DNA duplexes exhibit all the properties of D-DNA duplexes, a 

molecular beacon has been repurposed to a molecular thermometer. Additionally, L-DNA 

have also found uses as bio-orthogonal tags on native DNA for genotyping purposes. 

However, the most successful application of L-DNA and L-RNA to date, has been in the 

development of “mirror-image” aptamers also called “spiegelmers”. In general, aptamers 
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are single-stranded oligonucleotides that by virtue of their ability to fold into complex 

shapes, can be evolved through an iterative enrichment-amplification process called 

SELEX (systematic evolution of ligands by exponential enrichment) to bind a target (a 

small molecule, metal ion, nucleotide, amino acids, proteins enzymes, whole cells etc.) 

with high specificity and affinity (112-114). Since enantiomeric oligonucleotides cannot 

be amplified or manipulated by bioenzymatic methods usually employed in in vitro 

selections, a “mirror-image selection” procedure was developed in the early 1990s 

whereby an aptamer comprised fully of a L-DNA or RNA backbone can be selected 

against technically any target whose enantiomer can be synthesized. First, a D-aptamer is 

selected against the enantiomer of the intended target following which the exact sequence 

of the D-aptamer is synthesized using L-nucleotides for use against the natural target. 

According to the rules of chiral symmetry originally proposed by Pasteur and Fischer, a 

spiegelmer must bind to the original target with identical affinity with which the D-aptamer 

binds to the enantiomeric target. The first native targets that were used for mirror image 

selection of L-RNA aptamers were adenosine and arginine (115,116). Since then, the 

repertoire of Spiegelmers have grown, and several therapeutically relevant proteins have 

been accessed by this technology (117-119). In addition to high specificity, Spiegelmers 

show excellent pharmacological properties. An L-RNA aptamer selected against barnase, 

an RNase enzyme was shown to inhibit degradation of native D-RNA by binding to 

barnase, while being inert to the enzyme itself (120). This only goes to show the incredible 

stability of Spiegelmers and their potential as therapeutic reagents. Indeed, several 

Spiegelmer therapeutics are currently in phase I or phase II of clinical trials in the US.   
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1.7. Interfacing Native RNA with L-DNA/RNA  

1.7.1. Structure-based Binding Interactions between Native D-RNA and L- 

Aptamers 

 Spiegelmer targets have been traditionally small molecules, peptides or proteins. 

RNA targets have been less explored in this sense despite their value as therapeutic targets. 

Previous work by Toulme and Famulok showed that in vitro selection of D-RNA aptamers 

against D-RNA targets such as the TAR hairpin yields aptamer-target binding based on 

“kissing-loop” interactions (121,122). Canonical WC base-pairing thus still dominates 

substrate recognition, eliminating the possibility of targeting the specific RNA sequence 

in its structural context. As I have elaborated earlier, structured RNA serves as valuable 

players in regulation of gene expression and cellular functions, and the intricate structure-

function relationship makes it worthwhile to develop affinity reagents targeting functional 

structures as opposed to sequence alone.  

Cross-chiral interactions between D-DNA/RNA and L-DNA/RNA involve non-

canonical hydrogen bonded interactions as well as the general Van der Waals, electrostatic 

and hydrophobic interactions. In the absence of WC interactions, these cross-chiral non-

covalent interactions can drive the evolution of highly efficient and specific aptamers 

against structured RNA. This was demonstrated for the first time in 2013 by Sczepanski 

and Joyce. An L-RNA aptamer selected against the native HIV-1 D-TAR RNA element 

showed binding capabilities potent enough to disrupt interactions of TAR with Tat protein 

under simulated physiological conditions. The repertoire has grown over the years with 

several L-RNA aptamers and more recently an L-DNA aptamer against different D-
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miRNA targets. In all these cases, there are no appreciable sequence complementarity 

between the substrate-aptamer sequences and although interactions are mediated through 

mostly unpaired nucleotides, recognition is based on the structural signatures of the target 

rather than sequence. 

1.7.2. Heterochiral Interactions in Catalysis of Chemical Reactions 

 Ribozymes or catalytic RNA utilizes the chemical functionalities of its ribose 

hydroxyls or the exocyclic amines and carbonyls of the nucleobases to catalyze mainly 

phosphotransferase reactions and peptide bond formation in nature. Since enantiomeric 

nucleic acids retain these chemical functionalities, it’s not unexpected that heterochiral 

interactions could result in reaction catalysis. At the same time, it is highly challenging 

since heterochiral ribozymes cannot rely on contiguous WC interaction for substrate 

recognition that is key to functioning of many natural ribozymes such as the HHR. Rather, 

the heterochiral interactions need to be strong enough for adequate substrate binding that 

could result in a successful reaction. 

 The first heterochiral ribozyme was reported in 2014 by Sczepanski and Joyce. 

This L-ribozyme can carry out templated ligation of two D-RNA substrates or 

polymerization of D-nucleotides on a D-RNA-primer complex (123). This discovery is a 

crucial step forward in L-nucleic acid research because 1) it demonstrates that not only can 

enantiomeric RNA interact to form complexes, but these interactions can also lead to 

chemical transformations mediated by an RNA molecule on its enantiomeric form. 2) It 

strengthens the argument for a prebiotic RNA world and presents a scenario for the 

evolution of homochirality in nature. It is possible that enantiomeric nucleic acids 
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coexisted at some point of time, and ribozymes could replicate their own sequence in the 

opposite handedness, but over time, evolution of protein enzymes led to a simplified 

homochiral biology. 3) this ribozyme provides a practical tool to assemble long L-RNA 

molecules by using the D-form of the ribozyme to catalyze ligations between multiple L-

RNA fragments. This is especially important since evolution of protein enzyme catalyzed 

amplification and transcription of L-DNA to form L-RNA is still at a nascent stage 

(124,125). A more evolved version of these 83 nucleotides long cross-chiral RNA 

polymerase has been recently reported (126). This L-ribozyme shows enhanced 

polymerization activity with trinucleotide building blocks and more generalizability 

compared to the original ribozyme. Further evolution of this class of ribozymes could 

result in a true RNA based cross-chiral replicating system.  

 

1.7.3. Sequence-specific Interfacing by Heterochiral DNA Strand Displacement 

Reactions 

Detection and manipulation of RNA sequence is of great practical utility. For 

example, mature miRNAs are short RNA sequences that are implicated in a variety of 

cancers as well as other diseases. Abnormalities in mRNA sequences are also detrimental 

to protein synthesis, folding and aggregation (69). Sequence information is therefore 

critical to our understanding of diseased states as well as diagnostic and therapeutic 

development. In recent years, dynamic DNA nanodevices have seen a flurry of innovation 

and versatile applications in biomedical research. By made of primarily DNA/RNA, and 
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often modified by nucleic acid analogues, these devices are biocompatible in the sense 

that they can interact with the biological environment and report on its molecular state.  

 

The well-known thermodynamics and kinetics of DNA hybridization, and the reliable 

programmability of WC base-pairing are instrumental to the enormous potential of such 

devices. Nevertheless, the intrinsic poor biostability of exogenously introduced DNA is 

the main deterrent in the successful applications of such devices in vivo. Use of chemical 

modifications is a useful strategy to significantly enhance biostability as well as improve 

thermostability of formed duplexes. However, thermodynamic and kinetic parameters can 

be significantly altered by these modifications which can convolute the desired 

interactions between the different modules of these devices inside cells (127,128). L-

DNA/RNA would be the ideal choice for such applications because of its incredible 

Table 1 Comparison between Common Chemical Modifications to D-DNA. Advantages 

and disadvantages of their use in DNA strand displacement reactions. Reprinted from Ref 

(131) with permission. © 2021 Wiley Periodicals LLC. 
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stability as well as unaltered thermodynamic and kinetics of hybridization. Its incapability 

of WC-base pairing with native D-DNA/RNA has however precluded its use in such DNA 

nanodevices.  

Our research group recently devised a heterochiral strand displacement strategy to 

alter the homochiral paradigm in dynamic DNA nanotechnology and lay the foundation 

for a second generation of exceptionally biostable devices with L-DNA/RNA backbone 

(129). Toehold mediated strand displacement reactions underline a vast majority of 

dynamic DNA nanodevices. They utilize single-stranded complementary domains on the 

invading strand and the substrate duplex to initiate strand displacement, eventually 

sequestering the invading strand in the reconfigured duplex and displacing the incumbent 

strand (130). Rationally designed DNA strand-displacement systems can thus be triggered 

by molecular triggers, namely nucleic acid sequences, and generate a specific molecular 

signal in the process. Instead of traditional DNA duplexes, our method uses a DNA-PNA 

hybrid as the substrate duplex with the toehold on the PNA. Since PNA is an achiral 

nucleic acid analogue, it hybridizes to both D-DNA and L-DNA. In the homochiral 

reaction pathway, where the invading strand and the incumbent strand are of the same 

chirality, the sequence information remains coupled with the stereochemical information. 

This information can be decoupled via the heterochiral pathway, where the invading strand 

and the incumbent strand are of opposite chirality. This particular pathway becomes 

incredibly useful in rationally engineering an exceptionally biostable dynamic DNA  
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device responsive to a native D-DNA or RNA input that serves as the invading strand. The 

substrate duplex or the “inversion gate” as we will call it henceforth, is a L-DNA(RNA)-

PNA hybrid that subsequently releases a L-DNA or RNA strand triggering further 

displacement cascades. The sequence information from the native input is thus 

Figure 1-5 Schematics of Heterochiral Strand Displacement Reactions.  a) Chemical 

Structures of D-DNA (Black), L-DNA (Blue) and PNA (Green). b) Reaction A is a strand 

displacement reaction from a DNA-PNA heteroduplex, where the toehold is on the DNA 

strand. c) Reaction B is a strand displacement reaction occurring from a PNA-DNA 

heteroduplex, but from the achiral PNA toehold. Reprinted with permission from Ref 

(129). Copyright © 2017, American Chemical Society. 
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successfully retained in space and time, for sensing, amplification and transduction 

purposes. 

 

 

 

 

 

 

 

1.8. DNA Strand Displacement Reactions 

1.8.1. Basics and Mechanism 

The reaction is initiated through binding of the toehold-complementary domain on 

the invader to the single-stranded domain also referred to as the toehold, on the substrate 

duplex. This interaction initiates a three-way branch migration process that ultimately 

results in displacement of the incumbent strand. Three-way or four-way branch migrations 

are the most used strand displacement designs (81). Toeholds accelerate the rate of strand 

displacement by increasing the probability that the incumbent strand is successfully 

replaced by the invader once bound (132-134). Second-order rate of these reactions 

Figure 1-6 Toehold mediated DNA Strand Displacement Reaction. a) An invader 

hybridizes to the toehold domain t* by its complementary domain t (red), and proceeds 

to branch migrate, forming a three-stranded intermediate. Successful displacement of 

the incumbent strand and formation of a waste duplex occurs. b) Second-order rate 

constant of toehold mediated strand displacement can vary over a range of 6 orders of 

magnitude. Reprinted with permission from Ref (130). Copyright © 2011, Nature 

Publishing Group. 
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depend on a number of parameters such as toehold length and sequence composition, 

ambient temperature and salt concentration. Toeholds in particular are a key design 

parameter, and in all-DNA strand displacements can be modulated for the rate to vary over 

6 orders of magnitude (132-134). 

Phenomenological modeling and biophysical studies have helped gain more 

insight into the individual steps involved in a successful strand displacement reaction: 

toehold nucleation and dissociation by fraying, initiation of branch migration and 

successful completion of branch migration process by random walk (132). Strand-

exchange reactions i.e. in a 0-nucleotide toehold scenario are inherently very slow and 

occurs mainly due to the fraying and breathing at the duplex ends. The same mechanisms 

contribute to “leak” reactions in toehold-mediated strand displacements, and this is 

important in deciding the signal to noise ratio of such systems (135).  

Toehold nucleation is essentially reversible, and once the toehold is bound, the 

stability of the three-stranded intermediate decides the fate of the reaction. From here it 

can either proceed to branch migration or the toehold can dissociate. It seems that the 

kinetic barrier is extremely high for the first step of branch migration that generates a 

single-stranded overhang. The sterics of this overhang generates a high entropic barrier. 

Once past this point, the activation energies associated with each step is consistently same. 

Three stranded intermediates with longer lifetimes are thus more prone to dissociate and 

lead to failed displacements. Some examples are systems with mismatches at the toehold 

junction. 
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1.8.2. Applications in Dynamic DNA Nanodevices for Biological Applications 

Strand displacements are ubiquitous in nature and are most common in the context 

of genetic recombination. It was described for the first time in 2000 in a design of DNA-

fuelled nanomachine (136). Since then, dynamic DNA nanodevices based on this principle 

have acquired more complexity and versatility in applications. Molecular motors (137-

139), switchable nanostructures (140,141), Boolean logic computation (142,143), and 

molecular sensors and amplifiers (144) have all been realized using dynamic DNA 

interactions. However, the true potential of these devices lies in biomedical applications. 

Detection, imaging, and analysis of physiologically relevant biomarkers in fixed cells or 

tissues, surface of cell membranes or even inside mammalian cells represent significant 

progress in this direction (145-147). Other innovations include in vitro signal 

amplification strategies for detection of RNA (144,148), conditional cargo delivery or 

gene silencing (82). There are numerous examples of DNA circuits and other nanodevices 

functioning as molecular sensors and/or effectors of endogenous nucleic acids and even 

proteins (147,149), with the ultimate aim to scale-up the complexity of such systems to 

mimic the intricate biological interactions. 

 

1.9. Goals of Research 

1.9.1. Directed Evolution of a Novel Heterochiral Ribonuclease Ribozyme 

RNA function is tightly regulated by its structure. A key player in all major 

biochemical pathways, RNA employs diverse mechanisms to regulate gene expression. 

Approaches focused on manipulating RNA structural motifs is thus an attractive strategy 
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to disrupt its interactions with effector molecules and by extension, its normal function. 

Additionally, structure-based approaches have the potential of opening up novel and 

diverse routes to access exceptionally complex RNA with extensive secondary structures 

that can obstruct effective complementary base-pairing employed by hybridization-based 

effectors. While hybridization-based approaches for targeting RNA such as antisense 

strategy can be rationally designed following the rules of WC base pairing, structural 

interactions are difficult to predict and design due to the sheer diversity of non-canonical 

interactions that can arise in that specific structural context. Harnessing the power of in 

vitro selection, random RNA libraries can be evolved to acquire highly specific 

interactions with the target of interest due to its natural inclination to fold and form 

structured surfaces with well-defined topology. Ensuring structure-based recognition is 

not always possible for D-DNA/RNA based affinity reagents against D-RNA targets 

because of the natural bias toward WC base-pairing. Using a bio-orthogonal backbone 

such as L-DNA/RNA eliminates this outcome and affords structure dependent modalities.      

In Chapter 2, I describe the design of a selection experiment based on the mirror-image 

selection methodology for the directed evolution of a heterochiral ribozyme that uses 

non-canonical interactions to recognize and cleave a structured TAR RNA target of the 

opposite chirality. Ribozymes combine binding with chemical modification of the target 

that can irreversibly manipulate the RNA of interest, and thus can be more potent than 

affinity reagents. Following the isolation of active ribozymes that operate in the cis 

format, I carried out characterization of the efficiency of cleavage, the first-order reaction 

kinetics, nature and site of the cleavage products among the different clones. The 
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probable secondary structural features that contribute to the catalytic function was also 

identified by truncation studies. Based on these results, we redesigned the libraries based 

on mutagenized versions of the cis-active clones and carried out more iterations of the 

selection to obtain libraries highly enriched in new cis-ribozymes with enhanced 

efficiency but only one ribozyme sequence with trans activity. Detailed characterization 

of the trans activity under different concentration regimes, Mg concentrations etc. reveal 

very weak trans-activity with slow kinetics. Absence of true catalytic power (i.e inability 

to operate in a multiple turnover context) is indicative of weak target binding that can be 

improved by further evolution. Overall, this work adds to the complexity of RNA 

structural interactions and provides a model for future heterochiral selection experiments. 

1.9.2. Kinetic Characterization of Heterochiral Strand Displacement Reactions 

The heterochiral DNA strand-displacement system is significantly different from 

the standard reaction in two ways 1) the strand displacement takes place from a DNA-

PNA hybrid system with a toehold on the achiral PNA and 2) the stereochemistry of the 

invading strand is inverted with respect to the incumbent strand. This is a potential 

contributor to the overall slower kinetics of the heterochiral reaction pathway. Given the 

unique design of our strand displacement strategy, we realized the importance of extensive 

characterization for the purpose of laying down reliable design principles for devices 

based on this strategy. Chapter 3 of this thesis involves studying the effects of varying 

different parameters on the kinetics under simulated physiological conditions, given our 

goal of ultimately being able to translate these designs to fully functional dynamic devices 

in living systems. By basing our sequences on previous work (132), we have analyzed the 
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kinetics of both the homochiral and heterochiral reactions, thus enabling a direct 

comparison with all DNA systems as well as highlighting the differences arising from the 

stereochemical difference. First, we wanted to see how the kinetics vary and saturate 

depending on the toehold length. Secondly, since detection of mismatches is of significant 

interest in biomedicine, we looked at how well rationally positioned mismatches were 

tolerated by these systems. We also tested a subset of RNA inputs as RNA is the most 

likely single stranded nucleic acid target for biosensor development. Truncated inputs 

which lack the full complementary sequence to the branch migration domain enables us 

to test the possibility of using our system in modular toehold-exchange reactions and 

catalytic designs. Finally, we attempt at understanding the source of this intriguing kinetic 

penalty for heterochiral reactions over homochiral reactions. With such a thorough 

investigation of different parameters, this study will provide a blueprint to inform future 

designs of robust heterochiral systems with promising applications in research and 

medicine.  
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2. DIRECTED EVOLUTION OF A NOVEL HETEROCHIRAL RIBONUCLEASE 

RIBOZYME AGAINST A STRUCTURED RNA TARGET 

 

2.1. Introduction 

 

Ribonucleic acid (RNA) regulates almost all aspects of gene expression. 

Hierarchical organization in RNA generates highly complex structures which accurately 

determine its function by facilitating key intramolecular and intermolecular interactions.  

Canonical Watson-Crick (WC) base-pairing direct the formation of well-defined 

secondary structures; however, non-canonical base-pairs such as the G-U wobble-pair and 

structures such as G quadruplexes, stacking and hydrophobic interactions as well as post-

transcriptional modifications are major contributors to the structural diversity as well as 

diverse modalities of interaction between functional RNA (2-4). Exploration of RNA-

RNA interactions beyond canonical WC-mediated hybridization is thus fundamental to a 

more comprehensive understanding of RNA biology.  

 Ribozymes are representative examples of one of the earliest, complex RNA 

interactions evolved by Nature. They are a fascinating class of naturally occurring RNA, 

capable of folding into complex shapes to form binding pockets for their respective 

substrates and active conformations for reaction catalysis. The scope of catalysis in 

naturally occurring ribozymes is however limited to RNA cleavage and ligation, and 

protein synthesis (5-12).  According to the RNA World theory for the origin of life, 

ribozymes are ancestral RNA that not only carried genetic information but were also 

capable of self-replication and other crucial life sustaining processes by virtue of their 
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catalytic functionality (13-14). Eventually, ribozymes were outcompeted by protein 

enzymes that evolved as the more efficient catalysts owing to greater chemical diversity. 

The chemical functionality of ribozymes can, however, be expanded by means of in vitro 

evolution. Today, there are diverse ribozymes that have been evolved with equally diverse 

mechanisms and an expanded substrate-reaction scope (5,7). Self-alkylation, 

triphosphorylation, aminoacylation, kinase, RNA polymerase and Diels-Alder catalyzing 

ribozymes are just a few examples (15-19).  

The most well-characterized and well-studied system remains the RNA cleaving 

ribozymes. They exist in nature either as the highly complex trans-acting ribozymes such 

as the RNase P that are involved in the maturation of tRNAs, or the self-cleaving 

ribozymes such as the hammerhead (6,20). The latter class of ribozymes are commonly 

found in viral pathogens and regulate gene expression by cleaving off transcripts from 

rolling circle amplification (5). Of this, the hammerhead is a model system, with its 

mechanism and substrate interaction well characterized. These kinds of ribozymes have 

attracted significant interest in fundamental RNA biology as well as biomedical research. 

The hammerhead for example, can be reprogrammed to cleave any RNA target in trans 

by separating the catalytic domain and the substrate binding elements from the substrate 

itself. This is further exemplified by the large body of DNAzymes that are artificially 

selected, single-stranded DNA enzymes. The most well-known DNAzyme is perhaps the 

Mg-dependent 10-23 class of DNAzymes that were originally selected from a random 

library having a central “catalytic” core, flanked by substrate binding arms (21). The 

cleavage site is specified by the WC-mediated DNAzyme-substrate hybridization that 
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leave a single unpaired ribonucleotide to begin with. This design is highly valuable for 

biomedical applications. Post-selection, it can be easily redesigned to operate on an 

intermolecular format and generalized to any target of interest. Indeed, there are several 

instances of in vitro applications of DNAzymes for gene silencing, some of the latest being 

XNA modified DNAzymes against valuable therapeutic targets (22-23).  

 However, this approach has some inherent drawbacks. While the ease of WC 

programmability is advantageous for repurposing the same catalytic platform for different 

targets in a sequence specific manner, the rich structural information afforded by 

structured RNA targets remain mostly unexplored and unexploited. From a therapeutic 

standpoint as well, targeting structured RNA based on structure-specific interactions is 

valuable for disease diagnosis as well as interventions, providing new routes to access 

previously inaccessible or “undruggable” targets. 

 RNA aptamers that have been evolved to bind specific targets with high affinity 

and specificity, is an attractive structure-based approach. When it comes to native RNA 

targets however, RNA aptamer selections succumb to the “tyranny of WC base-pairing”. 

This has been demonstrated by previous selections of an RNA aptamer developed against 

native TAR hairpin, where the primary binding modality was based on WC base-pairing 

mediated “kissing-loop” interactions (24). 

 In this project, I have attempted to develop a heterochiral ribonuclease ribozyme 

that recognizes a structured RNA target based on non-canonical heterochiral nucleic acid 

interactions (i.e., non-WC based interactions between enantiomeric DNA/ RNA) and 

inactivates it by cleavage. The HIV-1 TAR hairpin regulates transcriptional elongation of 



 

74 

 

the viral genome by mediating crucial interactions with the Tat protein and other protein 

effectors and is thus a therapeutically relevant molecule (25-26). This element has served 

as the target for many small molecule-based approaches. It has also proved amenable to 

heterochiral interactions; an L-RNA aptamer has been shown to not only bind the TAR 

hairpin but also manipulate its biological interactions with the Tat protein (27).    

 L-DNA/ RNA, the enantiomeric form of native DNA and RNA does not occur 

naturally and is an ideal biorthogonal biomaterial for developing biotechnological tools. 

It circumvents the major issues that plague nucleic acids-based technologies. With its 

exceptional biostability stemming from nuclease resistance, low immunogenicity and 

toxicity due to minimal crosstalk with unintended targets, L-DNA/RNAis superior to 

many commonly used modifications (27,28). Its inability to form contiguous WC 

hybridization mediated base-pairs with complementary native nucleic acids precludes its 

use in antisense applications and other hybridization-based approaches (29). This very 

property however can be exploited to explore novel recognition modalities based on non-

canonical hydrogen bonding mediated interactions between these mirror-image 

enantiomeric nucleic acids and native D-nucleic acids. Indeed, directed evolution has 

resulted in the selection of several L-RNA and L-DNA aptamers against structured RNA 

such as TAR RNA and several miRNAs (30-32). However, cross-chiral catalytic activity 

is more challenging to evolve and remains restricted to just one class of reactions: RNA 

ligation and polymerization. The first heterochiral ribozyme was reported in 2014 (33). 

This 83-nucleotide long L-ribozyme carries out templated ligation of RNA oligomers of 

opposite chirality and even possesses appreciable polymerization prowess. A more 
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evolved version of this ribozyme can accept trinucleotide substrates in more efficient 

polymerization reactions (34). A heterochiral ribonuclease ribozyme evolved by in vitro 

evolution would thus expand the repertoire of heterochiral nucleic acids technologies and 

help explore one of the most common, naturally occurring RNA catalyzed reactions in the 

context of novel heterochiral, structure-dependent interactions, while holding potential for 

future therapeutic uses.   

 

2.2. Results and Discussion 

2.2.1. Selection of cis-cleaving Heterochiral Ribonuclease Ribozymes 

2.2.1.1. Target and Selection Design  

We first attempted to isolate a D-ribozyme capable of cleaving the HIV-1 L-TAR 

RNA element in cis, as a proof-of-concept that cross-chiral interactions between 

enantiomeric, structured RNA can result in phosphodiester bond scission. The “mirror-

image selection” methodology was adopted similar to previous studies exploring cross-

chiral interactions (30-34). For this purpose, a 27 nucleotides long truncated version of the 

physiological HIV-1 TAR hairpin was synthesized in the L-chirality with commercially 

available L-nucleoside phosphoramidites. This allows us to use a native D-RNA random 

library and use standard biochemical enzymatic processes such as reverse transcription, 

PCR amplification, transcription etc. for library manipulation. L-TARS (see Fig. 2-1 for 

detailed construct design) was biotinylated at its 3′--end to facilitate immobilization on  



 

76 

 

 

 

 

streptavidin-coated beads during selection. On the 5′-end, the L-TARS nucleotide sequence 

was further extended to incorporate a photocleavable linker and a monophosphorylated D-

CpC RNA dinucleotide, interspaced with flexible polyethylene glycol (PEG) spacers. 

While the biotin enables an “on the bead” selection strategy, the incorporation of the 

photocleavable linker aids in an additional gel selection step in the later rounds of selection 

(discussed in more detail below) for further vetting of sequences with cleaving properties. 

A modified version of the L-TARS substrate equipped with an internal 6-Fluorescein (6-

FAM) was also prepared for assaying cleavage activities of the evolving ribozyme 

libraries and individual clones, using fluorescence.   

Figure 2-1 Design of Selection Target. a) Secondary structure representation of L-TARS 

showing a 9 base-pair long discontinuous helix with a 6-nucleotide unpaired loop. The 

3′-end is functionalized with biotin for immobilization of the substrate on streptavidin 

coated beads and the 5′-end is equipped with a linker that helps in monitoring the desired 

cleavage reaction. b) Chemical structure of the 5′-linker. 
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A ssDNA library R161 (refer to sequence Table A-1 in Appendix A) containing a 

70 nucleotide long random region flanked with 19 nucleotides long primers on either side, 

was used as the template for primer extension, followed by in vitro transcription to 

generate the random RNA library (~1014 unique sequences) for the first round of selection. 

Traditionally, in vitro selections of ribozymes employ longer random regions compared 

to aptamer or DNAzyme selections. Empirically, longer sequences have a higher 

probability of generating a larger and more diverse array of secondary structures. The D-

RNA library was first extended with a DNA primer to generate an RNA-DNA hybrid. 

This suppresses self-hydrolysis of the RNA library and prevents the loss of substrate 

cleaving sequences before the actual selection step has been initiated. The primer is 

designed in such a way that the RNA-DNA hybrid has a 4-nucleotide single-stranded 

overhang on the 3′-end of the RNA, which was essential to T4 RNA Ligase mediated 

ligation in the final step of library preparation. The 3′- hydroxylated end of the RNA 

library is finally ligated with the L-TARS construct via the 5′-monophosphorylated D-CpC 

RNA dinucleotide. A detailed scheme outlining this process and the selection strategy is 

presented in Fig. 2-2. 
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Figure 2-2 A detailed schematic of “on the bead” selection strategy. Step 1 involves 

extension of the random D-RNA library using a D-DNA primer to generate an RNA-

DNA hybrid. There is a 4-nucleotide overhang on the 3′-terminus of the RNA strand in 

this duplex that enables ligation of the hybrid duplex to the L-TAR RNA substrate in Step 

2. In the next Step 3, this whole ligated cis-assembly is immobilized on streptavidin 

coated beads using the biotin handle and the blocking DNA strand is removed using a 

denaturing. Step 4 is the actual selection step where the single-stranded assembly is 

incubated for the requisite amount of time in the 1X selection buffer activated with 20 

mM MgCl2. Any RNA molecules falling off the beads are isolated and converted to 

cDNA in Step 5 followed by PCR amplification and transcription in Step 6 to generate 

the enriched library for the next iterative round of selection. 
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The success of the selection experiment is incumbent upon evolution of a) cross-chiral 

interactions mediated formation of D-ribozyme-L-TAR complex that has a dissociation 

rate slower than the rate of a phosphodiester cleavage reaction, and b) an active catalytic 

motif capable of inducing cleavage at specific sites of the target at a faster rate compared 

to non-specific hydrolysis. It has been previously shown that the TAR hairpin is amenable 

to cross-chiral interactions, which was a significant encouragement for pursuing this target 

(31).  However, combining two functionalities of binding and cleavage in a cross-chiral 

ribozyme may not be as straightforward. Therefore, the physical tether between the RNA 

library and the substrate, while flexible enough to allow the RNA library to sample 

different conformations, was designed to be short in order to promote physical proximity. 

2.2.1.2. On the bead Selection Strategy 

A fairly large amount of RNA library (24 nmols) was ligated with L-TARS (6 

nmols) for the first round of selection. After immobilization on streptavidin coated beads 

(agarose beads in the first round and then magnetic beads in successive rounds), the RNA-

DNA hybrid was denatured by alternate cold washes with buffers containing 25 mM 

NaOH and 8M Urea as denaturants, respectively. While the blocking DNA strand was 

removed on the beads in the first round, the ligated library was purified by denaturing 

PAGE for the successive rounds. Stringent washes were done between steps to remove all 

unbound material, sometimes in the presence of 1 mg/ml tRNA to prevent non-specific 

binding of RNA fragments to the beads. All the steps were carried out under the buffer 

conditions of 100 mM NaCl, 25 mM TRIS-HCl (pH 7.6), 1mM EDTA and 0.05% Tween 

20. The final positive selection step was initiated by the addition of 20 mM Mg2+ as a 
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divalent metal cofactor. It is to be noted that we use a higher concentration of Mg2+ than 

the intracellular levels of ~1 mM. This is not unreasonable since naturally occurring 

ribozymes have been shown to use amino acid coordinated Mg2+ for their functions in 

addition to free Mg2+, thus utilizing higher concentrations of Mg2+ to enhance folding and 

formation of complex motifs (35). Another deviation from the physiological conditions is 

the use of room temperature, since there is a higher chance of metal-mediated degradation 

of RNA at higher temperatures of 37 ℃.  

Following incubation in the positive selection buffer containing Mg2+ for the 

respective allotted time in each round (for detailed conditions, refer Table A-2 in the 

Appendix A), the supernatant containing any RNA sequences that cleave the substrate and 

thus fall off the bead, was collected, reverse-transcribed to their respective cDNAs and 

PCR amplified to generate sufficient template for transcription. The extension-ligation 

protocol was followed to generate the input library for the next round.  

2.2.1.3. Length based Selection Strategy by PAGE purification 

In the initial rounds, when the library is not yet expected to have been enriched in 

ribonuclease ribozymes, there is a high chance that self-cleaving sequences and fragments 

resulting from spontaneous hydrolysis will dominate the pool of isolated sequences. 

Therefore, an additional PAGE based selection step was introduced from the second round 

onwards (See Figure A-1 in Appendix). For this purpose, we radiolabeled the RNA library 

generated from the first round by the incorporation of ɑ-32P-ATP during in vitro 

transcription. The high sensitivity of radiolabeling made it possible to visualize the 
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cleavage products on denaturing PAGE by autoradiography. Any bands migrating faster 

than the full-length single-stranded ligated cis-assembly but slower than the RNA library 

alone, were isolated and eluted. To further ensure that the cleavage was occurring from 

the substrate itself, half of the products were irradiated at 300-360 nm wavelength UV 

light for ~10-15 mins to remove the photocleavable group. Any radiolabeled RNA that 

had cleaved the substrate would still have part of the L-TARS sequence attached which 

gets released when the internal photocleaving group is removed upon irradiation. The 

irradiated fraction of active ribonuclease ribozymes thus runs faster than the non-irradiated 

fraction on denaturing PAGE. Alternatively, if the bands were resulting from self-cleaving 

RNA sequences that had acquired extra nucleotides during the extension step in between 

the rounds, (as was observed in a previous selection, data not included here), the migration 

of the cleavage products would not change upon irradiation. 

We believe that this strategy was instrumental in the success of the selection, and 

clear enrichment in substrate cleaving ribozymes was observed in Round 6 (Fig.2-3 shows 

the enrichment of cleaving ribozymes). From Round 6 onwards, only the irradiated 

fraction was further processed for the next rounds. The main selective pressure throughout 

was the time allowed for the cleavage reaction to take place. Starting at 6 hours for the 

first two rounds, the positive selection step was reduced to 3 hours for the next few rounds, 

before allowing the reaction to last for just 2 minutes and 30 seconds respectively, in the 

last two rounds. A cleavage assay was carried out on the libraries isolated after Rounds 6 

and 8 ligated with the FAM labeled L-TARS. Two distinct bands in the cleavage products  
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confirmed ribonuclease activity and indicated potential diversity in the cleavage sites. The 

enriched library from Round 8 was cloned and sequenced. 

2.2.1.4. Characterization of active clones from Round 8 

Of the 15 clones that were sequenced, one clone that we will refer to as R8c-3, 

dominated the pool, being 38% abundant (Fig. 2-4 and Fig.2-5a). All other clones were 

unique sequences, with a few of them being almost identical except for single mutations 

or deletions. One such example is clone R8c-1. Each of the sequences were then tested for 

Figure 2-3 Denaturing PAGE analysis of cleavage products from Round 6: Lanes 

1,4 and 5 are controls for the full-length cis-assembly, irradiated cis-assembly and the 

enriched RNA library alone, respectively. Lane 2 represents the cleavage products 

isolated from Round 6. The boxed area shows potential cleavage products migrating 

between the full-length assembly and the RNA library alone. Arrow marks indicate the 

two distinct bands emerging from potentially two separate cleavage sites on the 

substrate. Lane 3 is part of the sample run on Lane 2 but irradiated to remove the 

photocleavable linker. Faster migration in Lane 3 compared to Lane 2 confirms that 

cleavage occurs on the substrate as desired. 
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the in cis cleavage activity under the same conditions of buffer strength, salt 

concentrations and temperature as used in the selection experiment. Although the active  

                

 

 

 

clones were also tested with lower Mg2+ concentrations of 10 mM, the activity was found 

to be much reduced.  

Figure 2-4. Secondary structure representation of cis-cleaving ribozyme R8c-3: 

Short terminal stem-loop structures and a long discontinuous but stable stem affords the 

best cis-cleavage activity among all other ribozymes isolated. 
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Clones R8c-1, R8c-3, R8c-6 and R8c-13 were the only four sequences that had 

appreciable cleavage activity. These clones have no significant sequence homology, but 

according to structure prediction softwares Nupack and RNAfold (XX), have at least one 

long stem-like motif and several short hairpin-like structures (Fig.A-2 in Appendix).  

 

 

 

 

A time course of cis cleavage activity (Fig. 2-5b) under selection conditions show that 

R8c-3 is the most efficient with a kobs of 0.024 min-1, which is not surprising, given its 

dominance in the enriched library. Although R8-6c also exhibits a similar initial activity 

profile, the activity plateaus at a little higher than 40% while R8c-3 has an equilibrium 

Figure 2-5 Characterization of cis-cleaving ribonuclease ribozymes. a) Sequence 

information of the four unique active sequences after 8 rounds of iterative selection. b) a 

time-course of cis-cleavage activity shows the three clones R8c-1,3 and 6 having similar 

kobs values but different equilibrium yields. c) denaturing PAGE analysis of cleavage 

products of the individual ribozyme sequences show diversity in the cleavage sites, all of 

them on the 6-nucleotide loop as indicated by the ladder generated by alkaline digestion 

of the substrate used for the assay. 
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yield of 70% substrate cleaved. R8c-1 is the slowest of the three characterized clones, with 

a kobs of 0.013 min-1 and a maximum activity of ~50%.  

Compared to the saturation kinetics observed in the hammerhead ribozyme (HHR), 

one of the most well-characterized naturally occurring self-cleaving ribozymes, where the 

kobs of some of the fastest variants can be as high as 1 min-1 under single turnover 

conditions, these cross-chiral cis-ribonuclease ribozymes operate at kinetics slower by at 

least two orders of magnitude. However, the equilibrium yield of percent substrate cleaved 

is still impressively high. The slower kinetics is not surprising since while the HHR has 

the advantage of WC base-pairing for binding to the substrate, cross-chiral interactions for 

substrate recognition could be expected to have a high kinetic barrier.  

The multiple helices of the active sequences probably have significant roles to play 

in the substrate binding as well as catalysis of phosphodiester cleavage. R8c-1 and R8c-3, 

according to Nupack, are 10kcal/ mol less stable than R8c-6. Even though we cannot draw 

any definitive conclusions about the mechanism in absence of knowledge regarding 

tertiary structural interactions, it is possible that these ribozymes utilize their stable stems 

to bind the substrate through non-canonical hydrogen bonded mediated interactions, 

following which there is a conformational change to form the active catalytic motif. R8c-

3 is predicted to have short stem-loop structures on both termini, which are both crucial to 

the ribozyme activity according to the truncation studies that I am going to discuss next 

(Fig.A-2 in Appendix). These short hairpins could be playing a role in conformational 

transitions, pushing the ensemble equilibrium to the correctly folded catalytic form, thus 
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resulting in 70% of substrate cleavage. On the other hand, R8-6 that has a lower free 

energy, is more stable and would not be as easily amenable to conformational changes 

which could probably explain the lower yield of ~45%. However, these are just 

speculations, given that the individual ribozymes could be utilizing significantly different 

mechanisms/ transition states to achieve cleavage.  

This is further exemplified by the different cleavage sites of the four active 

ribozymes, although all of them lie on the 6 nucleotide long unpaired loop region (Fig 2-

5c). Whereas R8c-1 and R8c-3 both cleave between U14 and G15, R8c-6 cleaves between 

G16 and G17 and R8c-13, with the weakest activity of all, cleaves between A18 and G19 

(Fig 2-5c). Hence, in the same enriched library, different sequences with similar kinetic 

profiles but different cleavage sites were able to evolve simultaneously. This is another 

advantage of sequence independent binding modality. Although less efficient than 

canonical WC binding, this strategy doesn’t have a predetermined site of reaction, as is 

most often the case with in vitro selections of DNAzymes or ribozymes where the unpaired 

nucleotide (s) are designed into the selection by adjacent substrate-binding arms. 

Therefore, there is greater opportunity for more diverse site selection by the catalytic 

molecules. Another interesting observation is that when the substrate was redesigned to 

have a longer stem by 5 base-pairs, in addition to losing much of their activity, all three 

ribozymes now cleaved between G16 and G17 (See Fig.A-3 in Appendix). A longer stem 

probably has more steric requirements, and in order to maintain optimal substrate binding, 

the active catalytic motif can access only one phosphodiester bond, that between G16 and 

G17. Not only that, the equilibrium reaction yields for all three ribozymes are now the 
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same (~25% in 3 hours) with the faster clones R8c-1 and R8c-3 being more severely 

inhibited. It is likely then that the choice of cleavage site was not arbitrary; rather there is 

a correlation between ribozyme conformational flexibility, accessibility of the cleavage 

sites and the intrinsic efficiency of cleavage at U14-G15 compared to G16-G17.   

 

2.2.1.5. Truncation Studies of R8c-3 and R8c-6 

 Next, we focused on designing different truncated variants of the wild-type 

ribozymes R8c-3 and R8c-6 respectively, with the goal of removing extraneous elements 

and identifying an optimal minimal ribozyme sequence. The short hairpin in the predicted 

secondary structures of the 3′-termini of both Rc8-3 and Rc8-6 proved to be critical for its 

activity; removal of this motif renders both ribozymes entirely inactive, it probably 

engages in tertiary interactions with other motifs in the ribozyme sequences or facilitate 

those interactions by conformational rearrangement. The 5′-terminus of Rc8-6 tolerates 

no truncations either, indicating that the sequence-structure-function of this ribozyme is 

very tightly regulated. The more efficient Rc8-3 ribozyme can however be truncated by a 

maximum of 10 nucleotides from its 5′-terminus without significantly compromising 

activity.  

The secondary structure predictions indicate the presence of two distinct and stable 

stems in Rc8-3, annotated S1 and S2 respectively (Fig.2-4). S1 is the longer and the more 

stable stem and can be progressively shortened by removal of 3 base-pairs and then 4 more 

base-pairs in combination with a C-U mismatch, without significantly impacting 
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equilibrium cleavage yields (Fig.2-6a). The resulting short stem S1-T2 has a C-A 

mismatch that when corrected to canonical C-G inhibits the cleavage activity completely. 

Therefore, this element favors a discontinuous stem over a highly stable and rigid stem, 

most probably to afford higher flexibility and stem-loop transitions. The shorter stem S2 

has an internal bulge that can be removed to connect the two discontinuous parts of the  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2-6 Truncation studies on R8c-3. a) Secondary structural representation of 

R8c-3 after removal of 10 nucleotides from the 5′-terminus shows two long stem 

elements S1 and S2 å. Removal of the boxed part in dark grey only generates S1-T1, 

removal of boxed parts in both dark and light grey generates S1-T2. Similarly, removal 

of only boxed part in dark blue generates S2-T1, and removal of both dark and light 

blue colored boxes generates S2-T2. S2-T2 is only active when combined with S1-T2 

but not with S1-T1. b) the minimal catalytic motif identified based on R8c-3. 
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stem with some reduction in activity; moreover, S2 can be severely truncated to just a 4 

base-pair stem provided S1 is simultaneously shortened to S1-T2. Shortening of S2 is 

incompatible when the longer stem of S1-T1 is retained, indicating complex synergistic 

interactions between S1 and S2, rather than a mere structural role of a stem. Both loops 

capping S1 and S2 and their shortened versions can be replaced by a general GAAA 

tetraloop. Figure 2-6b shows the minimal active motif for R8c-3 identified by mutation 

studies.  

In case of R8c-6, some internal truncations in the long stem by the removal of 6 or 

10 base-pairs resulted in the decrease of cis activity by 50% and 75% respectively (data 

not shown here). A detailed account of all the truncations tested on R8c-3 and their 

respective activities can be found in Table A-3 in the Appendix.  

2.2.2. Selection for trans-cleaving Ribonuclease Ribozymes 

2.2.2.1. Reselection Substrate and Library Design based on truncated R8c-3 

Naturally occurring, self-cleaving ribozymes such as the hammerhead (HHR) have 

been repurposed to cleave RNA substrates in trans, usually by separating the covalent 

linkage between the substrate and the substrate-binding arm. DNAzymes evolved via 

directed evolution, although covalently linked to their substrate during the selection 

experiment, operate in trans, often with high turnover. This is possible because canonical 

WC base-pairing is still the premise of substrate recognition. In our case however, 

obtaining trans activity from a ribozyme originally selected for cis cleavage is less 
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plausible. Indeed, the cis-active ribozymes R8c-1, R8c-3 and R8c-6 did not show any trans 

cleavage even under saturating conditions of the ribozymes and high Mg2+ concentrations 

(data not shown). It is evident that in the absence of sequence guided substrate-binding 

through canonical WC base-pairing, removal of the physical tether compromises the co-

localization of the substrate-ribozyme pair. A reselection was thus necessary to evolve for 

enhanced cross-chiral recognition between the D-ribozyme and the L-TAR hairpin 

followed by phosphodiester bond scission ability that the cis ribozymes have already 

acquired. 
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Retaining the same selection strategy as before, we redesigned the substrate to maximize 

the chances of isolating functional ribozymes with better on rates and (or) slower off rates. 

A longer version of the TAR hairpin was synthesized in the L-chirality, consisting of 38 

nucleotides. This version that we will refer to as L-TARL had a stem that was longer by 5 

base-pairs and thus more stable compared to L-TARS (See Fig.2-7). Since cross-chiral 

interactions rely heavily on structure, it is common that binding is facilitated by flexible, 

unpaired regions in the substrate that can form different structural motifs. On the other 

hand, rigid structures such as long and stable stems would be more challenging for 

binding. Indeed, when this longer substrate was tested with the cis active ribozymes, 

activities decreased dramatically (Appendix Fig.A-3). In addition, we reversed the polarity 

of attachment of the physical linker, conjugating the ribozyme library via the 3′-terminus 

of the substrate instead of the 5′-terminus as in the cis target. We reasoned that these two 

changes in substrate design would facilitate the enrichment of sequences that show 

enhanced binding to the substrate without significant dependence on the linker. 

Two new random libraries were generated by replacing either the 5′-GAAA-3′ 

tetraloop capping stem S1 or S2 respectively of the minimally truncated ribozyme R8c-

3T13 by a 25 nucleotide long random region (See Appendix Fig. A-4). These two libraries 

were further mutagenized to generate more diversity. In addition, the primer regions were 

Figure 2-7 Design of Reselection Target. a) Secondary structure representation of L-

TARL compared to L-TARS showing an additional 5 base-pairs stabilizing the stem. 

The 5′-end of L-TARL is functionalized with biotin for immobilization of the substrate 

on streptavidin coated beads and the 3′-end is equipped with a linker that helps in 

monitoring the desired cleavage reaction. b) Chemical structure of the 3′-linker. 
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also redesigned. These four libraries showed very low (<1%) cleavage activity in cis with 

the newly synthesized substrate. This was expected since R8c-3T13 itself is only 

marginally active with the new longer substrate. However, we anticipated recovery of 

activity following the evolution of these new libraries. Five rounds of selection were 

carried out, under the same experimental conditions of buffer composition, Mg2+ 

concentration and temperature. The incubation times of each iteration of the selection 

experiment were decreased following the same progression as before. However, we saw 

no sufficient enrichment of the random library by Round 5. Since the activity was almost 

negligible, it was evident that the addition of the random domains was not beneficial to 

the binding and(or) folding of the active form.  

2.2.2.2. Revised Reselection Strategy based on Mutagenized R8c1, R8c-3 and R8c-6 

Libraries 

Following the unsuccessful first attempt at reselection, we focused our attention 

on the wild type cis-ribozymes R8c-1, R8c-3 and R8c-6. They were validated against the 

L-TARL substrate with R8c-3 having the most reduced activity compared to that in cis 

(only 16 % compared to ~70% in 3 hours) (Appendix Fig.A-5). Three new libraries were 

generated by mutagenizing the core sequence of R8c-1, R8c-3 and R8c-6 with 15% 

degeneracy while retaining the primer sequences of the cis selection library. In order to 

avoid enrichment of the wild-type ribozymes, the selective pressure was increased quite 

early in the selection. We started with a generous 3 hours of incubation time in Round 1 

but rapidly decreased that to 30 mins in Round 3 and eventually on the order of a few 

seconds in Round 6 (See Appendix Table A-2). No appreciable activity was observed in 
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the R8c-1 library from Round 3 onwards and the rest of the selection was performed with 

the R8c-3 and R8c-6 libraries. A minimal trans activity was observed in the R8c-6 library, 

but not in R8c-3 at the end of Round 6; both libraries were subjected to a further three 

rounds of selection, with incubation times as short as manually possible. Each enriched 

library isolated from Round 6 onwards was assayed for trans activity. PCR amplified 

products from both the enriched libraries isolated from Round 6 and Round 9 were cloned 

into TOPO vector and about 20 unique colonies were sequenced (See Appendix Figure A-

6 for detailed sequence information). 

2.2.2.3. Active Ribozymes Isolated from Reselection: Sequence and Secondary 

Structure Considerations 

Sequencing data from R8c-3 library revealed that there was no enrichment of any 

active sequences either in Round 6 or Round 9, and this was experimentally verified by 

assaying the cis-cleaving activity of this library, which was negligible compared to the 

wild-type ribozyme (data not shown). The library based on the R8c-6 library on the other 

hand, was enriched in three very closely related families of sequences (Fig 2-8).  

 

Figure 2-8 Active Ribozyme Sequences from Reselection Round 9. Comparison of 

sequence information from unique active ribozymes isolated from reselection to wild-type 

R8c-6. 
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To evaluate the cis and trans cleavage activity of the unique sequence R9t-21 and the other 

representative sequences, R9t-23, R9t-24 and R9t-25, we resynthesized the L-TARL 

substrate to have the linker in the same orientation as in L-TARS i.e. attached to the 5′-

terminus of the substrate. This is to ensure a fair comparison to the  

            

Figure 2-9 Secondary structure representation of R9t-24. This cis and trans-active 

ribozyme has several stable stem and hairpin structures. The residues in red show the 

location of mutations compared to the WT R8c-6 and the table lists the residues they 

replace 
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Wild type cis-ribozyme. According to the predicted secondary structure, a 5′-AUAAGA-

3′ motif that is predicted to be a loop (annotated L2 in Fig. 2-9) replaces the wild-type     

5′-CUGGGG-3′ and is highly conserved. Present in all but one sequence evolved in Round 

9, this motif could have a role in enhancing the efficiency of the phosphodiester cleavage 

reaction, since these three families have very high cis-activities with equilibrium yields 

between 60-70 % and 67-82 % at 3 hours, at 20 mM and 50 mM Mg2+ respectively (Fig 

2-10b). The unique sequence R9t-22 lacking this motif, however, still has comparably 

high cis-activity. It is also possible that this motif enhances binding to the substrate. 

Indeed, preliminary in-line probing experiments indicate that this motif is increasingly 

protected from spontaneous hydrolysis under saturating conditions of the substrate 

(Appendix Fig.A-7).  A few other mutations seem to be highly favored. One such example 

is two adjacent mutations at T52A53 to either G52G53 or G52 followed by deletion. 

Another is replacement of A84 to G84 in all the sequences. However, it is to be noted that 

most of the mutations accumulate after the first 50 nucleotides from the 5′-terminus, and 

even though there are subtle differences between the three main families in the nature of 

the mutations, the locations of the mutations are very similar.  

2.2.2.4. Characterization of cis and trans-cleaving activity of R9t-24 

All the sequences obtained from Round 9 of the reselection were cis-active but 

only R9t-24 had a weak trans-activity. Under the optimal conditions of 500 nM of 

substrate, 5μM R9t-24 and 50 mM Mg2+ at room temperature, 5% cleavage of either FAM 

labeled or radiolabeled L-TARL was observed after 24 hours, with a pseudo-first order rate 

constant kobs of 0.0017 h-1(See Fig. 2-10c). At prolonged reaction times spanning a week, 
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~20% of cleavage was observed. Although the trans-ribozyme is very slow at this point, 

it is encouraging that Mg2+ mediated non-specific hydrolysis at the same site is 20 times 

slower. The activity is only slightly increased with the shorter substrate L-TARS and the  



 

97 

 

presence or absence of the linker doesn’t seem to make much of a difference either (data 

not shown here). This sequence has 15 mutated residues compared to the wild-type R8c-

6 and shares many conserved point mutations and mutated sequence motifs with the other 

cis-active ribozymes. It does have a G to A transition mutation early in the 28th position 

Figure 2-10 Characterization of R9t24. a) cis kinetics of R9t24 at 20mM and 50 mM Mg2+ 

shows similar first order rate constant at lower Mg2+ concentrations which doubles at 50 

mM Mg2+ b) comparison of equilibrium yields for the cis reactions of the three main families 

of ribozymes and two other unique sequences selected after 9 rounds of reselection at 20mM 

and 50 mM Mg2+  shows much enhanced activities compared to the WT-clones. c) a time 

course of trans kinetics of R9t-24 at 500 nM of substrate, 5µM of the ribozyme and 50 mM 

Mg2+  at room temperature, spanning a day (main graph) and a week (left top inset) indicates 

very weak trans activities. The kinetics is fitted to a pseudo-first order rate equation. 

Catalyzed reaction is ~20 times faster than the non-specific hydrolysis. d)  comparison of 

trans cleavage yields keeping the substrate constant at 500 nM and varying only the 

concentration of R9t-24 over 2 orders of magnitude show saturation around 5µM. 
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and has similarities as well as subtle differences in the pattern of mutations between 

nucleotides 70-86 with the cis-cleaving ribozymes. Therefore, it is difficult to specify 

which mutations were crucial for evolving trans activity.  The cis cleaving activity of R9t-

24 as well as the other representative sequences was much enhanced compared to the wild-

type R8c-6 (Fig2-10a). Compared to a kobs of 0.025 min-1 for the wild-type R8c-6 at 20 

mM Mg2+ with the shorter substrate, R9t-24 had only slightly higher kobs of 0.028 min-1 

under the same conditions, albeit with the longer and more stable substrate. The enhanced 

efficiency is also reflected by the higher fraction of substrate cleaved. The kobs almost 

doubles at 50 mM Mg2+ to 0.047 min-1 with a much higher equilibrium yield of 70 %.   

The cleavage site for both the cis and trans activity of R9t-24 is same as the wild-

type cis cleaving ribozyme R8c-6 i.e between G16 and G17. As mentioned before, this is 

also the same site of cleavage for the other cis ribozymes R8c-1 and R8c-3 against L-TARL 

as well as all other cis active ribozymes isolated from the Round 9 of reselection, all of 

which are mutated forms of R8c-6 (Fig 2-11). The cleavage products obtained from the 

cis reaction between R9t-24 and L-TARL, were characterized by mass-spectroscopy and 

the respective masses of each fragment were consistent with the formation of a terminal 

2′-3′-cyclic monophosphate (See Fig. A-8 in Appendix). However, it is not possible to say 

from only mass data whether this is finally hydrolyzed into a 3′-monophosphate and a 2′-

hydroxyl.  
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Next, we focused on extensive characterization of R9t-24 and studied the effect of 

systematically varying Mg2+ concentrations, temperature, pH, saturating concentrations of 

either the ribozyme or the substrate on the trans activity. Although the reselection used 20 

mM Mg2+ throughout, the ribozyme was found to have a higher requirement of 50 mM 

Mg2+ for an optimal trans activity, most probably to enhance the formation of the properly 

folded active ribozyme (Fig 2-12a). At higher concentrations of 100 mM Mg2+, metal 

mediated degradation sets in and leads to lower yield of the specific cleavage product. It 

is also to be noted that Mg2+ when added during the annealing of the substrate with the  

Figure 2-11 Cleavage sites of R9t-24 in cis and in trans. Alkaline digestion ladder 

and RNase A and T1 digestions of the corresponding D-TARL substrate shows that 

the cleavage site remains unchanged from that of WT R8c-6 between G16 and G17 

(numbering is consistent with L-TARL for ease of reference). 
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ribozyme also leads to lower yield, which could be due to once again, spontaneous 

hydrolysis at higher temperatures used for annealing. R89t thus has quite a narrow window 

of Mg2+ for maintaining an optimal activity. As far as the metal cofactor goes, the 

ribozyme is active with only Mg2+. Other divalent cations that are commonly used by 

cleaving ribozymes/ DNAzymes such as Mn2+, Cu2+ failed to elicit any activity whereas 

Zn2+ led to non-specific laddering. The addition of crowding agents such as PEG 8K which 

are known to stabilize complex RNA architecture, did not have any effect on the activity 

either. Room temperature, which was maintained throughout the selection was appropriate 

for trans cleavage; lowering the temperatures to 16 ℃ did not affect the equilibrium yield 

Figure 2-12 Dependence of trans-activity on Mg
2+ 

concentration and pH. a) 

Activity increases with increasing concentrations of Mg
2+ 

until saturation at 50 mM, 

after which there is a sharp decline most probably due to non-specific degradation. 

Right inset shows activity is highly specific for only Mg
2+ 

b) activity remains mostly 

constant from physiological pH to alkaline pH of 9.0 after which non-specific 

laddering takes over. 
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much, but higher temperatures of 37℃ led to much lower activity. This was not entirely 

unexpected since metal mediated spontaneous hydrolysis will be faster at higher 

temperatures. Next, we varied the pH of the buffer system, keeping the buffer strength the 

same, from physiological 7.6 to 10. Interestingly, the fraction cleaved remained the same 

throughout until it started decreasing after 9 due to background hydrolysis (Fig 2-12b). 

Finally, we wanted to see how the activity varies under single turnover as well as multiple 

turnover conditions. As we can see in the left half of the x axis in Fig. 2-10d, when the 

substrate is fixed at 500 nM, keeping other conditions constant, there is very little cleavage 

under single turnover conditions of ribozyme concentrations between 0-500 nM. When 

the substrate is saturated with the enzyme, activity starts increasing until it saturates and 

plateaus off at 10 times excess of the ribozyme at 5μM. The Km
 or the binding affinity of 

the ribozyme for the substrate is thus very low at this point. 

 This is still an encouraging result, since an indirect strategy designed to obtain cis 

cleavage is still able to evolve cross-chiral interactions mediated trans recognition and 

cleavage activity. Preliminary structural studies using in line probing techniques reveal 

certain key residues involved in interaction with the substrate.   

2.2.2.5. Effect of Triphosphorylation on activity 

A final interesting and serendipitous discovery was made during attempts to 

assemble the 110 nucleotide long L-R9t-24 (not discussed here). Although the mass-

spectrometric data showed the formation of the desired ribozyme in L-chirality, there was 

no discernible cleavage either in cis or in trans. Since, the only difference between solid-
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phase synthesized (and the individual fragments of the L-ribozyme ligated) L -ribozyme 

and the in vitro transcribed D-ribozyme would be the presence of the 5′-triphosphate in the 

D-ribozyme, we decided to see if that was essential to the ribozyme activity. Much to our 

surprise, the absence of the 5′-triphosphate eliminates all trans activity and severely 

inhibits cis activity of R9t-24 (data in Figure A-9 in Appendix). The presence of a 5′-

monophosphate rescues the cis activity to a certain extent but fails to restore the trans 

activity. In contrast, the wild-type cis-ribozymes have no significant dependence on the 

triphosphate group. The 5′-triphosphate could coordinate Mg2+ ions and thus contribute to 

the proper folding of the ribozyme, which is probably more crucial to the weak trans 

activity. However, it seems to have a requirement of the triphosphate for only the cis-

ribozymes evolved during the reselection, which is surprising given the availability of the 

5′-triphosphate and the use of exact same selection strategy in both cases. The longer 

substrate in the reselection could have been the selective pressure responsible for this 

certain evolutionary feature. 

2.2.2.6. Truncation Studies of R9t-24 

As with the wild type R8c-6 cis-ribozyme, the more evolved R9t-24 was resistant 

to terminal truncations. This is perhaps not unexpected, given that the predicted secondary 

structure remains mostly unchanged. Internal truncations aimed at systematically 

removing or shortening predicted secondary structure motifs such as the short hairpins S1, 

S2 or S5 or the stem regions of S3 and S4 rendered the ribozyme inactive. However, 

several A-U base-pairs in these stems when replaced by G-C base-pairs can stabilize the 

stem further, especially when introduced in the middle of the stem and enhance the trans 
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activity to 10% compared to the original 5% activity. Some of these mutations can be 

combined for the same yield. However, as is the case with complex ribozyme structures, 

there is a delicate thermodynamic balance between the different structural elements and 

their disruption inhibits function. For example, the bulge B3 must require some flexibility, 

evident by the inactive mutant generated by replacing U60-A80 by a stronger G-C base-

pair. Similarly, some of these mutations forming more stable stems when designed into 

the ribozyme in certain combinations, completely inhibits activity such as two A-U to 2 

G-C changes in stems S3 and S4 respectively. Some of these truncations are depicted in 

Fig A-9 in the Appendix. Therefore, R9t-24 is a complex ribozyme employing multiple 

structural interactions to carry out catalysis of phosphodiester bond cleavage.  

2.3. Summary and Outlook 

In conclusion, heterochiral ribonuclease ribozymes were evolved to cleave a 

structured RNA target, the HIV-1 TAR RNA element of the opposite chirality. Using the 

“mirror-image” selection methodology, a random D-RNA library consisting of 

approximately 1014 unique sequences were subjected to a total of 8 rounds of in vitro 

selection in the first phase to yield 4 unique cis-active ribozymes. Biotin-streptavidin 

interactions were exploited to physically sequester the inactive RNA pool on streptavidin 

coated magnetic beads whereas the active ribozyme sequences fell off the beads after 

cleavage and were collected from the supernatant. This straightforward selection strategy, 

coupled with an additional denaturing PAGE analysis of the cleaved fragments allowed 

targeted amplification of site-specific target cleaving ribozymes. The selection used 20 



 

104 

 

mM Mg2+ as a divalent metal cofactor, and the main selective pressure throughout was 

decreasing times of incubation with Mg containing buffer.  

It took only 6 rounds in the first cis selection for sufficient enrichment of the RNA 

library, and by round 8 we had increased the stringency to the maximum, by decreasing 

the incubation time to a matter of seconds. There were 3 unique sequences evolved at this 

stage, having high equilibrium yields and first-order rate kinetics in the range of 0.013-

0.025 min-1. A very interesting observation was the diversity in site selection. The 

unpaired loop is obviously the most accessible site on the TAR hairpin and have been 

previously shown to be amenable to heterochiral interactions with the corresponding 

cross-chiral RNA aptamer. The three most efficient cis-ribonucleases in our case were also 

found to cleave this 6-nt distal loop, but very interestingly, at two distinct sites. One of 

them is a pyrimidine-purine junction (U-G) and the other is a purine-purine (G-G) 

junction. Previously selected DNAzymes often have biases towards the cleavage junction, 

in part because the cleavage junction is specified as part of the selection design. The 

advantage of our approach is that we introduced no such bias and allowed the RNA library 

to sample multiple conformations with the flexibility to have the entire unpaired loop 

available. Thus, evolution of two distinct cleavage sites poses the question of whether this 

was a chance outcome, or a natural consequence of specific structural interactions in the 

immediate environment of the cleavage sites, modulated by the electrostatic and steric 

effects associated with the specific dinucleotide junction under consideration. Moreover, 

truncations of even a few nucleotides from each end, and some internal truncations 
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eliminate activity completely. Overall, this does reveal complex structural interactions at 

play that have been so far unexplored. 

The same cis-selection strategy on the other hand yields highly efficient cis-

ribonucleases from mutagenized libraries based on the wild-type clones. What is 

interesting is that the three main sequences emerging from this reselection share some 

well-conserved motifs. There is however, only one trans-cleaving ribozyme and it is not 

clear what led to the evolution of such unique behavior. At this stage, it is difficult to 

pinpoint exactly which motifs are responsible for the trans activity. Although this activity 

is very weak at this point, with the equilibrium yield reaching a mere 10% in 24 hours 

under the optimized conditions with the best variant of the trans-ribozyme, the ribozyme 

is not a true catalyst at this point being unable to operate under multiple turnover 

conditions. This is most probably due to very weak affinity towards the substrate which 

can be improved by further evolution through mutagenesis or incorporating the cross-

chiral TAR aptamer in the library design.  

We conclude therefore, that heterochiral interactions when applied to the selection 

of a heterochiral ribozyme with common functionalities such as RNA cleavage, can reveal 

unique modes of recognition that can be exploited to address fundamental questions of 

RNA-RNA interactions. Moreover, “flipping the mirror” to synthesize the L-ribonuclease 

ribozyme would be a valuable biomedical tool against the native HIV-1 TAR RNA. 

Overall, as the second known example of a true heterochiral ribozyme, this work 

represents a significant and exciting addition to the repertoire of heterochiral nucleic acids-

based technology with promising future applications in biomedicine and nanotechnology. 
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2.4. Materials and Methods 

2.4.1. Materials 

Oligonucleotides were either purchased from Integrated DNA Technologies (IDT, 

Coralville, IA) or purchased in-house, using standard solid-phase oligonucleotide 

chemistry on an Expedite 8909 DNA/RNAsynthesizer (Biolytic). Synthesizer reagents as 

well as D-nucleosides and specialty phosphoramidites such as 6-FAM, PC Linker, Spacer 

18, 3′--Biotin, 3′--Phosphate resin, 5′--Biotin phosphoramidite and chemical 

phosphorylation reagent were purchased from Glen Research (Sterling, Va). L-nucleoside 

phosphoramidites were purchased from ChemGenes Corp. (Wilmington, MA). Histidine-

tagged T7 RNA polymerase was purified from E. coli strain BL21 containing plasmid 

pBH161 (generously provided by Dr. Gerald Joyce, The Salk Institute of Biological 

Studies). Thermus aquaticus (Taq) DNA polymerase was prepared as described 

previously. Superscript II reverse transcriptase (nuclease deficient strain) and streptavidin 

coated High-Capacity Agarose Beads and magnetic beads (MyOne Streptavidin C1 

Dynabeads X) were purchased from Life Technologies (Carlsbad, CA). T4 RNA Ligase 

1 was purchased from NEB. [𝜸-32-P] ATP was purchased from Perkin Elmer (Waltham, 

MA). dNTPs and NTPs were purchased from Sigma Aldrich (St. Louis, MO). 

Deprotection reagents i.e aqueous Ammonium hydroxide, methylamine, inorganic 

Pyrophosphatase (IPP), glycogen and tRNA were also purchased from Sigma Aldrich. 

Electrophoresis reagents 40% 19:1 Acrylamide/ Bisacrylamide, APS and TEMED were 

purchased from Bio-Rad Laboratories (Hercules, CA). 
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2.4.2. Analytical Services 

Mass spectrometric analysis of oligonucleotides was performed by Novatia LLC 

(Newton, PA). Enriched RNA libraries were first cloned using TOPO TA Vector Kit 

purchased from Invitrogen (Waltham, CA) and sequenced by Eton Biosciences, Inc. (San 

Diego, CA). 

 

2.4.3. Oligonucleotide Synthesis 

Oligonucleotides purchased from the IDT (except random DNA libraries) were 

purified by 20% or 10% 19:1 denaturing polyacrylamide gel electrophoresis (PAGE), 

eluted overnight from the gel in 1X Elution Buffer containing 100 mM NaCl, 10 mM 

TRIS (pH 7.5) and 10 mM EDTA. Reaction mixtures from transcription and ligation were 

also similarly purified using denaturing PAGE to get rid of excess NTPs and aborted 

transcripts. Following elution, the solution was filtered through sterile 0.2 µm syringe 

filters and the eluate was either directly precipitated or after Amicon filtration, using a 

final 0.3M sodium acetate buffer (pH 5.3) and 3 volumes of 100% molecular biology grade 

ethanol. The pellet obtained after spinning down the precipitated solution was 

reconstituted to the desired working concentration using Milli-Q water. Quantification 

was done by measuring absorbance at 260 nm using the NanoDrop Spectrophotometer 

(Thermo Scientific). 

Any oligonucleotides containing specialty amidites were synthesized on the 

Expedite 8909 and deprotected following the manufacturers’ recommended coupling 

times and deprotection conditions. A standard 2.5- 3mins of coupling time was used for 
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D-DNA and L-DNA phosphoramidite coupling and an extended 15 min coupling time was 

used for D-RNA, L-RNA or any other specialty phosphoramidites used. Light-sensitive 

phosphoramidites such as the FAM and the PC Linker were protected from light as and 

when required. Mutagenesis libraries for reselection were prepared in house following 

literature protocols. 

 

2.4.4. Library Preparation  

2.4.4.1. Transcription of Random D-DNA Library to D-RNA Library 

A ds-DNA library was first generated by a templated extension of 1.5 nmols of the 

reverse primer Rev161 on 1nmol of the template R161. The extension reaction was 

performed in a 1 ml volume containing 10U/ ul Superscript II reverse transcriptase, 3mM 

MgCl2, 75 mM KCl, 10 mM DTT, 50 mM Tris (pH 8.3) and 0.5 mM each of the four 

dNTPs for 1 hour at 42 ℃. The reaction mixture was ethanol precipitated and the pellet 

was reconstituted in double-distilled water to be directly used in a 2 ml transcription 

reaction containing 10 U/ul T7 RNA polymerase, 0.001 U/ul inorganic pyrophosphatase 

(IPP), 25 mM MgCl2, 2 mM spermidine, 10 mM DTT, 40 mM Tris (pH 7.9) and 5 mM 

each of the four NTPs. The reaction mixture was incubated for 2.5 hours at 37 ℃, pelleted 

after ethanol precipitation and purified by denaturing PAGE. 

 

2.4.4.2. Extension of D-RNA library and Ligation to L-RNA substrate 

24 nmols of the in vitro transcribed RNA from the previous step was used as a 

template for extension by 48 nmols of Rev161_Ext, in a 4.5 ml reaction using the same 
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conditions as described in the previous paragraph. The extended RNA library is then 

concentrated and desalted by Amicon filtration to eliminate excess dNTPs and the 

Rev161_Ext primer. Next, the D-DNA-RNA hybrid was ligated with 6 nmols of the L-

TAR RNA substrate functionalized with a 5′--phosphate in a 2ml reaction mixture 

containing 10 U/ul T4 RNA Ligase 1, 50µM ATP, 10mM MgCl2, 10% DMSO, 1mM DTT 

and 50 mM TRIS-HCl (pH 7.6) for 16 hours at room temperature. At the end of 16 hours 

of reaction, the Mg was quenched by addition of 40 µl of 0.5M EDTA, concentrated and 

desalted to a final volume of 250µl by Amicon filtration.  

 

2.4.5. In vitro Selection 

In the first round of selection the D-RNA-L-RNA ligated assembly was added to a 

mixture of 300 µl of High-Capacity Streptavidin Agarose Beads and 1.2 ml of 1X 

Selection Buffer (1X SB) containing 1mM EDTA, 100mM NaCl, 0.05 % Tween 20 and 

25 mM TRIS-HCl (pH 7.6), and incubated at room temperature on a tilter for ~2 hours. 

The immobilization of the biotin functionalized assembly on the streptavidin coated beads 

was checked by running a small aliquot of the settled solution (without beads) before and 

after the incubation. After 2 hrs, there was a negligible amount of unbound substrate-

library. The mixture was transferred to a poly prep column (Bio-Rad) and the solution 

allowed to settle and the flow-through was collected. The beads were washed successively 

with 2 ml of 1X SB buffer three times, 1 ml of double-distilled water two times and again 

with 1 ml of 1X SB buffer. This ensures complete removal of unbound material. The beads 

were next washed with alternate washes of 1 ml of freshly prepared, ice-cold NaOH buffer 
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(25 mM NaOH and 1mM EDTA) and 1 ml of freshly prepared, ice-cold Urea Wash Buffer 

(8M Urea, 1mM EDTA, 0.05% Tween 20 and 25 mM TRIS-HCl pH 7.6), up to a total of 

4 washes. This leads to the stripping away of the DNA strand of the RNA-DNA hybrid, 

while the D-RNA library ligated to the L-TAR substrate remains attached. The beads are 

further washed with 1 ml of 1X SB containing tRNA at a final concentration of 1mg/ml. 

This step is to prevent the stripped ssDNA to non-specifically bind to the agarose beads. 

The final washes are with 1 ml of 1X SB thrice and 1 ml of double-distilled water twice. 

It is to be noted that all washes are done by gentle pipetting of the solution a few times in 

order to disturb the beads from the settled solution homogeneously. Thus prepared, the 

beads are finally incubated with 1 ml of 1X SB adjusted to a final concentration of 20 mM 

Mg2+ by the addition of the appropriate amount of 1M MgCl2 for 3 hours, taking care to 

protect the material from light. This first eluate, containing any cleaved RNA from the 

selection step is removed after 3 hours, and the beads are incubated with a fresh 1 ml of 

1X SB adjusted to a final concentration of 20 mM Mg2+ with 1M MgCl2 for 3 more hours. 

The beads are then washed with 2 consecutive washes of 500 µl of the ice-cold Urea buffer 

to ensure denaturation and complete removal of cleaved RNA still held together by WC 

base-pairing. The eluates are combined, quenched with equivalent amounts of EDTA and 

ethanol-precipitated in the presence of 5 µl glycogen (1mg/ ml, Roche Diagnostics, 

Indianapolis, IN).   

The pellet is resuspended in 30 µl of Milli-Q water and reverse-transcribed with 

R161 primer in a 50 µl reaction using the same conditions as described before. This time 

the RT enzyme was heat-inactivated by incubating the reaction mixture at 65 ℃ for 10 
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mins. The reaction mixture was then directly carried into a 1 ml PCR reaction. The PCR 

conditions were adjusted to Step 1: incubation at 95 ℃ for 3 minutes, Step 2: 95 ℃ for 30 

seconds, Step 3: primer annealing at 50 ℃ for 30 secs, Step 5: extension by polymerase 

at 72 ℃ for 1 minute, Step 6: GOTO Step 2 for N-1 times, where N cycles were used to 

reach the desired amplification. The reaction was precipitated and resuspended in 50 µl of 

10 mM TRIS-HCl pH 7.6 and 1 mM EDTA (TE Buffer). 25 µl of the PCR products were 

transcribed in a 100 µl transcription reaction using the same conditions as described 

before, with the addition of 4 µl of ɑ-32P-ATP to uniformly radiolabel the transcribed 

RNA. The transcribed RNA was purified by 10% denaturing PAGE, eluted, precipitated 

and quantified. From Round 2 onwards, 4 nmols of the transcribed RNA from the previous 

round was extended with 8 nmols of Rev161_Ext primer in a 500 µl reaction, concentrated 

and desalted by Amicon filtration, and ligated to 1 nmol of the L-TARs/ L-TARL RNA 

substrate in a 200 µl ligation reaction using identical conditions as described before. 

Unlike in the first round, all the ligated libraries were first purified by denaturing PAGE 

and the band containing the full-length ligated library was cut out and eluted, concentrated 

by Amicon filtration, buffer-exchanged by washing twice with 1X SB and finally 

resuspended in 1X SB. 

From Round 2 onwards, the gel purified ligated RNA library (~200-300 pmols, 

depending on the ligation efficiency) was used for selection on 250 µl of MyOne C1 

Streptavidin Magnetic beads. The procedure of the selection experiment was similar to 

that described in the first round except that all the incubations and individual washes were 

in 500 µl volume. The individual round conditions are detailed in the Appendix. 
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Gel based Selection: 

The eluted RNA from the selection experiment was precipitated as described, 

redissolved in formamide buffer, and half was irradiated with a UV lamp at 360 nm for 15 

mins. Both the irradiated and non-irradiated fragments were run on the same denaturing 

PAGE gel and their migrations compared to markers corresponding to the single-stranded 

full-length L-TAR/ D-RNA ligation product and the D-RNA library alone. The bands 

corresponding to both irradiated and non-irradiated fragments were cut out and eluted 

together until otherwise mentioned. 

 

2.4.6. Cloning Sequences: 

PCR products from enriched libraries were transformed into the DH5ɑ strain of 

competent E. coli cells using the TOPO Vector Kit and grown on agar plates containing 

50 μg/ml Kanamycin. Individual colonies were picked and sent for sequencing. The data 

was analyzed and aligned using the open access softwares Geneious and Mega7. 

 

2.4.7. Preparation of Individual Clones/ Mutations/ Truncations for 

Characterization 

Once the sequences of the individual clones were known, the respective ssDNA 

templates were ordered from the IDT and PCR amplified. For mutations and truncations, 

single-stranded cross-extension templates were designed and ordered from the IDT.  
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2.4.8. Assaying of cis cleavage activity 

For evaluation of cis cleaving activities, the enriched D-RNA library or the 

individual D-ribozyme sequence is first ligated to the FAM labeled L-TARS as described 

before and resuspended in 1X SB Buffer after purification. Concentrations are maintained 

at approximately 500 nM to 1 μM. The solution is annealed by heating at 72℃ for 2 mins 

and then slowly cooled to room temperature. Addition of 1M MgCl2 was done according 

to the desired final concentration of Mg2+. At predetermined time intervals, 2 μl of the 

reaction mixture is aliquoted into 8 μl of the formamide buffer and is run down denaturing 

PAGE. Alternatively, the same sample can be photocleaved and then run down PAGE. An 

aliquot of the reaction prior to Mg addition serves as the time 0 control. The percent or 

fraction of substrate cleaved can be determined by comparing the signal-intensities of the 

full-length ligation product (or L-TARL from the irradiated fragment) and the cleaved 

fragment (or only the cleaved substrate after removal of the D-RNA library by 

photocleavage) by ImageQuant Software.  

 

2.4.9. Kinetic Analysis of cis cleavage 

The experiment was set up exactly as described above, and aliquots corresponding 

to different time points were collected. After quantification of the signal intensities from 

the corresponding bands on PAGE, the fraction cleaved or percent cleaved was calculated 

and plotted against time. The rate constant of the first-order rate equation was derived by 

fitting the data to the equation (1) 
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                                                  𝑃𝑡 =  𝑃𝑓 (1 − 𝑒−𝑘𝑜𝑏𝑠𝑡)                                                  (1) 

                                

Where Pt is the fraction cleaved at time t, Pf is the plateau value of the fitted curve and kobs 

is the first-order rate constant. 

 

2.4.10. Characterization of Cleavage Sites and Cleavage Products 

Cleavage products obtained from either cis or trans cleavage reaction were first 

photolyzed at 360 nm wavelength for 15 mins and run down 20 % denaturing PAGE.  

Alkaline digestion of the same substrate as that used in the assay was performed by heating 

the substrate in 50 mM sodium carbonate buffer (pH 9.0) at 95℃ for 5 mins in the presence 

of excess tRNA, and then quenching by the addition of 1M TRIS-HCl (pH 7.6), 0.3 M 

NaOAc and 3 volume equivalents of 100 % EtOH. Similarly, RNase A and T1 ladders 

were generated by digestion of the identical D-TAR substrate using standard protocols. 

A large-scale cis reaction was carried out on 2 nmols of L-TARL (modified linker) and the 

cleavage products resolved on PAGE and eluted. Both fragments were sent for mass 

spectrometric analysis. 

 

2.4.11. Trans Assays of R9t-24 and related truncations and mutations 

For kinetic analysis of R9t-24, approximately 1μM of L-TARL was dissolved in 5 

μl of 1X SB buffer, and 10 μM of the trans ribozyme was dissolved in 5 μl and then the 

two solutions were separately annealed. Then both solutions were mixed and activated by 

the addition of 1M MgCl2 to the desired final concentration. Aliquots were drawn at 

regular intervals, quenched with EDTA and formamide and resolved on denaturing PAGE. 
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Fraction cleaved was calculated as described before. For pH studies, the 1X SB buffer was 

simply adjusted to the different values by titrating TRIS-HCl with 1M NaOH to the desired 

value. To test the effect of different metals, the metal cofactor was replaced by the 

corresponding chloride salt of either Mn2+, Cu2+ and Zn2+.  

 

2.4.12. Kinetic analysis of trans assays 

The pseudo first-order rate constant was calculated by fitting the time-course data 

of trans assays to the equation (2) 

                                                

   

                                                     𝑃𝑡 = 𝑘′
𝑜𝑏𝑠𝑡 + 𝑐                      (2) 

 

 where Pt is the fraction cleaved at time t, k'obs  is the pseudo first-order rate constant and 

c is the y intercept determined by fitting the data to equation (2). 
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3. KINETICS OF HETEROCHIRAL STRAND DISPLACEMENT FROM PNA-DNA 

HETERODUPLEXES1 

 

3.1. Introduction 

Rationally engineered, DNA-based molecular devices with reconfigurable parts 

constitute the core of dynamic DNA nanotechnology. By design, the different modules of 

these devices exist in a state of non-equilibrium. Upon perturbation by specific molecular 

signals, the modules interact with each other and their environment via programmed 

Watson-Crick (WC) base-pairing interactions. In particular, a molecular mechanism 

referred to as toehold-mediated strand displacement underlies the operation of most 

dynamic DNA-based devices reported to date (Figure 3-1) (1,2). Over two decades of 

research have established fundamental mechanisms and design principles for DNA strand 

displacement systems that has fueled the development of an impressive repertoire of 

molecular devices with complex functionalities, including motor activity (3–6), structural 

reconfiguration (7–10), Boolean logic computation (11,12), spatiotemporal signal 

resolution (13) and enzyme-free catalytic amplification (14,15). 

Applications at the interface with biology represent the primary motivation behind 

the development of many dynamic DNA nanodevices. By being constructed of DNA, 

RNA or related analogues, these devices are inherently compatible with cellular nucleic  

 

1 Reprinted from “Kinetics of heterochiral strand displacement from PNA–DNA heteroduplexes” by 

Nandini Kundu†, Brian E. Young† and Jonathan T. Sczepanski‡, 2021. Nucleic Acids Research, Volume 

49 (11), Pages 6114-6127. Open access article distributed under the terms of Creative Commons CC BY 

license. Copyright [2021] by Oxford University Press. († Equal Contribution, ‡ Corresponding Author) 
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acids through WC base pairing interactions, thereby facilitating the interception and/or 

manipulation of molecular information in living systems. Use of DNA nanodevices for 

molecular sensing, imaging, and analysis of physiologically relevant biomarkers in fixed 

cells or tissues (16–18), surface of cell membranes (19,20), and even inside mammalian 

cells (21–23) has already been reported, representing significant progress in this direction. 

Yet, implementing DNA-based nanodevices within biological environments, and in 

particular, live cells, remains an ambitious undertaking. Exogenously delivered DNA has 

a cellular half-life on the order of minutes and is susceptible to unintended interactions 

with endogenous macromolecules (24), all of which adversely affect the performance of 

Figure 3-1 Toehold-mediated strand displacement reaction. DNA is depicted as lines 

with the half arrow indicating the 3' end throughout the text. A substrate strand consisting 

of a single-stranded toehold domain (t*) and a branch migration domain (a*) is initially 

hybridized to an incumbent strand (OUT) to form duplex A. The input (or invader) strand 

IN is complementary to both the toehold (t*) and branch migration domains (a*) of the 

substrate strand. Displacement is initiated by binding of IN to the toehold (via t/t*) 

followed by a three-way branch migration process in which base pairs between the 

incumbent and substrate strands dissociate and are replaced by base pairs with invader IN. 

The reaction is complete once the incumbent strand (OUT) is fully displaced from duplex 

A.  
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the device. While use of chemical modifications, such as 2'-O-methyl ribonucleotides 

(25,26), locked nucleic acids (25) and phosphorothioate linkages (26) can confer nuclease 

stability, they also alter duplex thermostability (27) and hybridization kinetics (28,29) in 

an unpredictable manner. Indeed, compared to native DNA, strand displacement reactions 

involving chemically modified nucleic acids are poorly characterized, making the design 

of corresponding devices extremely challenging (22). Additionally, modified nucleotides 

can be toxic and tend to have adverse effects on cell viability (30,31). Due to these issues, 

modification-independent approaches for improving stability and retaining native 

hybridization parameters have also been explored, including the ligation of vulnerable free 

DNA ends and the use of more robust DNA architectures (32–34). However, these 

approaches have found only limited success. Importantly, none of the above approaches 

address potential off-target interactions of DNA-based devices with abundant cellular 

nucleic acids or other macromolecules, which further erode performance. Thus, there 

remains a need for new strategies aimed at improving the performance and reliability of 

DNA strand displacement systems within harsh biological environments.  

L-DNA and L-RNA, the enantiomers (i.e., mirror images) of native D-nucleic acids, 

have recently emerged as promising alternatives to chemical modification for the 

development of biocompatible nucleic acid-based technologies (35). Due to the inverted 

stereochemistry of the (deoxy) ribose moiety, L-oligonucleotides are mostly orthogonal to 

the stereospecific environment of natural biology. Consequently, L-DNA and L-RNA are 

highly resistant to nuclease degradation and less susceptible to non-specific interactions 

with other proteins and cellular macromolecules (36–38). They also avoid off-target 
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hybridization with abundant cellular nucleic acids because oligonucleotides of opposite 

chirality (D versus L) are incapable of forming contiguous WC base pairs with each other 

(39–41). Importantly, as enantiomers, D and L-nucleic acids have the same physical 

properties, including solubility, hybridization kinetics, and duplex thermal stability, 

making them identical from a design perspective (36,37,42). Based on these 

characteristics, use of L-nucleic acids as alternative materials for constructing strand 

displacement systems circumvents many of the drawbacks associated with implementing 

this technology in biological matrices.  

Inspired by this idea, we recently developed a toehold mediated strand 

displacement methodology for transferring sequence information between otherwise 

orthogonal oligonucleotide enantiomers (43). Our approach, termed ‘heterochiral’ strand 

displacement, relies on a heteroduplex between a chiral strand of L-DNA and an achiral 

strand of peptide nucleic acid (PNA), which hybridizes to DNA/RNA irrespective of 

chirality (Figure 3-2A). We refer to this complex (L-Ai) as the ‘inversion gate’. During 

the reaction, the D-nucleic acid input strand (D-IN) hybridizes to the inversion gate via the 

achiral toehold domain (1*) on the PNA strand, leading to the displacement of the 

incumbent L-DNA strand (L-OUT) in the process. In this way, the sequence information 

within the D-input, and specifically domains 2 and 3, is ‘inverted’ into L-DNA. In 

principle, the inversion gate allows for any D-nucleic acid input signal to be sequence 

specifically interfaced with a robust nanodevice composed of bio-orthogonal L-

DNA/RNA. For example, this approach has been used to interface microRNAs with L-
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DNA-based logic circuits and catalytic amplifiers in vitro (43,44), and with an L-RNA -

based fluorescent biosensor in live cells (45).  

Although heterochiral strand displacement systems have shown remarkable 

promise, the key reaction strand displacement from a PNA–DNA heteroduplex remains 

poorly characterized, potentially limiting design capabilities. Indeed, a detailed 

understanding of all-DNA strand displacement kinetics and underlying biophysical 

mechanisms has greatly aided the rational design of dynamic DNA nanodevices having 

diverse behaviors. In the same way, establishment of a well-understood kinetic model of 

strand displacement from PNA–DNA heteroduplexes will be important for the rational 

design and optimization of dynamic L-DNA/RNA nanodevices that can be reliably 

interfaced with native biology. To this end, we determined the impact of several common 

design parameters, including toehold length and mismatches, on the kinetics of strand 

displacement from PNA–DNA heteroduplexes. To better understand how stereochemistry 

contributes to reaction kinetics, we directly compared homo and heterochiral reaction 

pathways (Figure 3-2A), wherein the input strand (D-IN) has the same or opposite 

stereochemistry as the PNA–DNA heteroduplex D-Ai and L-Ai, respectively. We show 

that the rate of strand displacement from PNA–DNA heteroduplexes can be tuned across 

several orders of magnitude based on the length of the PNA toehold, mismatch position, 

and stereochemical configuration of the reaction. Notably, heterochiral strand 

displacement reactions are slower than their homochiral equivalent, despite the overall 

change in free energy being identical. We experimentally investigate the source of this 

intriguing kinetic penalty and demonstrate how stereochemistry can be used to control 
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strand displacement kinetics. Despite having a slower rate, heterochiral strand 

displacement is highly sensitive to mismatches on the input strand, especially within the 

toehold domain, providing a potential advantage for engineering nucleic acid-based 

probes. Furthermore, heterochiral strand displacement rates are substantially enhanced 

when using RNA inputs, which represent the most common type of nucleic acid target for 

biosensing applications. Overall, this work establishes a basic set of design considerations 

to guide the future development of robust heterochiral strand displacement systems, 

thereby broadening the scope and applicability of L-DNA/RNA nanodevices for practical 

biomedical applications.  

3.2. Results and Discussion 

3.2.1. Toehold length and stereochemistry modulate the kinetics of strand 

displacement from a PNA–DNA heteroduplex 

Toehold-mediated strand displacement reactions are initiated by binding of the 

input strand (also referred to as an ‘invader’) to the toehold domain. Toeholds increase the 

rate of strand displacement by increasing the probability that the incumbent strand is 

successfully replaced by the input strand once bound. As a result, the overall rate of the 

reaction, which can be approximated as being second order, is strongly dependent on 

toehold stability (46,52). For an all-DNA system, the rate of strand displacement can be 

adjusted over 6 orders of magnitude by simply changing the length and sequence of the 

toehold (46,53). Thus, the toeholds represent a key design parameter for kinetic control 

over engineering dynamic DNA devices. 
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To investigate the effects of toehold length on strand displacement from a PNA–

DNA heteroduplex (D/L-Ai), we utilized a reaction system originally reported by Zhang 

and Winfree (Figure 3-2A) (46). The sequences were chosen (and confirmed via 

NUPACK) (54) to have no secondary structure within single-stranded regions to ensure 

decoupling of the second order process of strand displacement from the first order process 

of secondary structure unfolding. The reactions were monitored using an indirect reporter 

system in which the displaced incumbent strand (D/L-OUT) in turn displaces a fluorophore 

(Cy3)-labeled strand from the reporter duplex (D/L-R). This indirect strategy avoids the 

need to label primary reaction components, which could have unpredictable effects on 

their interactions (55,56). D-DNA inputs (D-IN) were used for all strand displacement 

reactions. Toehold length was varied by sequentially truncating the toehold domain (1) on 

the input strand from 10 to 0 nucleotides, whereas the length of the toehold domain (1*) 

on the PNA strand of the heteroduplex (D/L-Ai) remained constant at 10 nucleotides. The 

chirality of the incumbent strand within the PNA–DNA heteroduplex was either D-DNA 

(D-OUT; for the homochiral reaction pathway) or L-DNA (L-OUT; for the heterochiral 

reaction pathway), and the two reaction pathways were monitored separately using either 

D-R or L-R reporter complex, respectively (Figure 3-2A). Because our goal is to provide 

design principles for heterochiral strand displacement devices that are compatible with 

living systems, and in particular human cells, all reactions were carried out under 

simulated physiological conditions (300 mM NaCl, pH 7.6 and 37°C). 
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Figure 3-2 shows how the rate of both homo and heterochiral strand displacement from a 

PNA–DNA heteroduplex depends on toehold length. For both reaction configurations, the 

rate dependency on toehold length is roughly exponential (Figure 3-2D), varying by up to 

two orders of magnitude for toeholds between 2 and 10 nucleotides long. Consistent with 

our previous observations (43), the homochiral reaction pathway is  

 

Figure 3-2 Strand displacement from a PNA–DNA heteroduplex is dependent on 

toehold length and stereochemistry. (A) Schematic illustration of the strand displacement 

reaction system depicting both the homo- and heterochiral pathways. D-DNA is shown in 

black; L-DNA is shown in blue, and PNA is shown in green throughout the text. The half-

arrow denotes the C-terminus of the PNA strand. The sequences of all strands are depicted 

in Appendix Figure B1 and Appendix Table B1. (B, C) Fluorescence monitoring (Cy3) of 

the homochiral (B) and heterochiral (C) reaction pathways initiated with inputs (D-IN) having 

toehold domains varying in length from 0–10 nucleotides (nt). The length of the toehold is 

indicated on the right y-axis. The reactions depicted contained 150 nM D-IN, 100 nM D/L-

Ai, 300 nM D/L-R, 300 mM NaCl, 1 mM EDTA, and 10 mM Tris (pH 7.6) and were carried 

out at 37°C. Fluorescence in all figures is reported in units such that 1.0 is the fluorescence 

of the maximally activated reporter control and 0.0 is the background of the quenched 

reporter complex (D/L-R). (D) Semilogarithmic plot showing the exponential dependence of 

calculated rate constants on toehold length. All calculated rate constants are listed in 

Appendix Table B2.  
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faster than the heterochiral reaction pathway for any given toehold length. Taking the 6-

nt toehold as an example, the homochiral strand displacement reaction is more than an 

order of magnitude faster than its heterochiral counterpart, despite their sequences and 

overall change in free energy being identical. This observation implies that helical 

inversion of the PNA–DNA heteroduplex during heterochiral strand displacement 

imposes an additional kinetic barrier relative to the homochiral reaction configuration, 

which may be due, in part, to weaker toehold interaction between the D-DNA input strand 

and L-Ai. We directly address the contribution of toehold binding on the observed reaction 

kinetics below. We note that no appreciable reaction occurred in the absence of an input 

(Appendix Figure B3). 

Rate constants calculated for strand displacement from PNA–DNA heteroduplexes 

are considerably slower than for those previously reported for all DNA reactions for the 

same toehold length, regardless of reaction configuration (Appendix Table B2). Moreover, 

the rate fails to saturate for longer toeholds. For comparison, rate enhancement plateaus 

once the toehold becomes longer than ∼6- nucleotides for traditional all DNA strand 

displacement reactions carried out at 23°C (46,52,53). We interpret these results as being 

partly due to the increased temperature at which our reactions were carried out (37°C) 

(57), and partly due to the greater enthalpic cost associated with disrupting PNA–DNA 

base pairs compared to DNA-DNA base pairs (58,59), which imposes a higher penalty for 

initiation and propagation of branch migration (52). Nevertheless, rate constants for longer 

PNA toeholds under these conditions still approach the lower bounds for what has been 

observed for all DNA strand-displacement reactions (∼105 M−1 s−1), with potential for 
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further improvement. For example, the use of stronger toehold sequences (i.e., higher G/C 

content) and/or introduction of mismatches into the PNA–DNA heteroduplex (60) could 

be used to increase strand displacement kinetics without further increasing toehold length 

and will be the subject of future investigations. 

Collectively, these data indicate that the rate constant for strand displacement from 

a PNA–DNA heteroduplex can be predictably tuned by adjusting toehold length and 

reaction configuration. Importantly, PNA toeholds ≥ 8 nucleotides long provide reaction 

rates that are sufficiently fast for most in vitro and intracellular applications of heterochiral 

strand displacement. Caution must be used when designing longer PNA toeholds to avoid 

undesirable secondary structures that impede binding to the input strand, as well as purine 

rich sequences that might promote aggregation (61). 

 

3.2.2. Strand displacement from PNA–DNA heteroduplexes is sensitive to 

mismatches  

The rate of DNA strand displacement reactions can be modulated over several 

orders of magnitude by introducing one or more mismatches between the input strand and 

the target duplex (48,60). Rational positioning of mismatches provides a useful control 

mechanism for competitive reaction networks (60,62) and enables the design of strand 

displacement-based nucleic acid probes having a high degree of mismatch discrimination 

(63,64). A common practical application is the detection of single nucleotide 

polymorphisms (SNPs), which are of great diagnostic value (65–67). Given the design 

capabilities enabled by the incorporation of mismatches into all-DNA strand displacement 
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systems, we sought to characterize the influence of mismatches on the rate of homo  and 

heterochiral strand displacement from a PNA–DNA heteroduplex. A series of inputs 

containing mismatches at a single position (and one input containing two mismatches 

within the toehold binding domain) were generated from input strand (D-INTH8) having 

an 8-nucleotide toehold domain (Figure 3-3A). Placement of the mismatches were, in part, 

informed by previous literature on the effects of mismatches on rates of all DNA strand 

displacement reactions, as well as PNA–DNA hybridization (48,58,62,63). 

We first considered inputs containing mismatches within the toehold domain. 

Compared to the homochiral reaction pathway, heterochiral stand displacement from a 

PNA– DNA heteroduplex is much more sensitive to a single mismatch positioned near the 

middle of the toehold domain (INMMA), both in terms of rate and equilibrium yield (i.e., 

fraction D/L-OUT displaced) (Figure 3-3B, C and Appendix Table B2). This observation 

likely reflects an overall weaker toehold interaction between the input strand and the 

PNA–DNA heteroduplex of opposite chirality during the heterochiral reaction. The kinetic 

discrimination factors (DF) (DF = kmatch /kmismatch ) for INMM A are 5.8 and 29.4 for the 

homo and heterochiral reactions, respectively (Figure 3-3D). For comparison, a DF of ∼2 

has been reported for an all-DNA strand displacement system with a similarly positioned 

mismatch (63). This suggests that, regardless of the reaction configuration, strand 

displacement from PNA–DNA heteroduplexes is highly sensitive to single mismatches 

within the toehold domain. When two mismatches were present in the toehold (INMMB), 

the DF for the homochiral reaction was greatly improved (DF = 20.8) but was still less 

than the heterochiral reaction (DF = 36.1) (Figure 3-3D). Interestingly, a mismatch 
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positioned immediately before the branch migration domain (INMMC; position −1) almost 

completely inhibits strand displacement for both homo and heterochiral reaction pathways 

(DF > 100 for both reaction configurations). Computational studies suggest that coaxial 

stacking between the invading (input) and incumbent duplexes at the branch point (i.e. 

−1/+1) play an important role in the mechanism of branch migration initiation (52), as 

well as the kinetics of DNA hybridization (57). Therefore, a mismatch at position −1 

(INMMC) is expected to largely disrupt these interactions, greatly raising the activation 

barrier for initiating branch migration, and reducing the overall reaction rate. 

We next examined inputs containing mismatches within the branch migration 

domain (Figure 3-3A). For both homo and heterochiral reaction pathways, introduction of 

a mismatch immediately adjacent to the toehold domain (+1; INMMD) greatly impeded 

strand displacement (Figure 3-3B, C), which is consistent with all-DNA strand 

displacement reactions (48,56,62). While this mismatch does not compromise toehold 

stability, the system must enter an energetically less-favorable state to initiate branch 

migration because the input strand must immediately enclose a mismatch. This greatly 

reduces the probability that the input will successfully displace the incumbent strand prior 

to spontaneous detachment from the toehold, and thus, reduces the overall reaction rate. 

Again, the greater sensitivity of the heterochiral reaction configuration to this mismatch 

(INMMD) is likely due to weaker toehold binding. Relative to INMMD, mismatches within 

the middle or near the end of the branch migration domain (INMM E and INMM F) had only 

a modest effect on the rate of strand displacement for both reaction configurations (Figure 

3-3D). Although inputs INMM E and INMM D must overcome similar energy barriers at the 
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site of the mismatch, INMME has a more stable pre-mismatch state because it is able to 

form more base pairs with the PNA prior to encountering the mismatch. This increases the 

probability of successful displacement by INMM E relative to INMM D, leading to faster 

overall reaction kinetics and reduced mismatch discrimination. The inability of D/L-Ai to 

discriminate against INMMF can be explained by an alternative dissociation pathway for 

release of the incumbent strand as the branch point approaches the end of the branch 

migration domain, wherein spontaneous melting of the remaining base pairs provides a 

‘shortcut’ for successful displacement (48,56). This process allows for displacement of 

the incumbent strand by INMMF before it encloses the mismatch site, and thus, its rate 

constant is expected to be similar to the perfectly matched input. We note that this trend 

for mismatch discrimination in the branch migration domain (DF = INMM D > INMM E > 

INMM F) parallels what has been observed for all-DNA reactions systems (48,56,62). 
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Overall, these data demonstrate that the kinetics of strand displacement from 

PNA–DNA heteroduplexes can be controlled by mismatches within the input strand, and 

the relative reaction rate constants are dependent on the position of the mismatch and the 

stereochemical configuration of the reaction. Notably, for the sequence and toehold length 

examined herein, the heterochiral reaction configuration is intrinsically more sensitive to 

single mismatches within the toehold than its homochiral counterpart. Mismatches within  

Figure 3-3 The position of a mismatch affects the rate of strand displacement from 

PNA–DNA heteroduplexes. (A) Schematic of the mismatched inputs used in this study. 

The identity of the mismatched nucleotide relative to the fully matched input (D-INTH8) is 

shown above the strand. (B, C) Fluorescence monitoring (Cy3) of the homochiral (B) and 

heterochiral (C) reaction pathways initiated with different mismatched inputs in (A). The 

identity of the mismatched input (INMMA–F) is indicated on the right y-axis. The reaction 

initiated with the fully matched input (D-INTH8) is shown as a black dotted line. Reactions 

depicted here were carried out as described in Figure 3- 2. (D) Kinetic discrimination 

factors (DF = kmatch/kmismatch) of hetero- and homo- chiral reactions towards inputs having 

different mismatches, where kmatch and kmismatch are the calculated rate constants for a fully-

matched and mismatched input, respectively. Error bars represent standard deviation from 

three independent experiments.  
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the toehold are rarely employed for kinetic control of strand displacement systems (68), 

including nucleic acid probes designed to detect SNPs. Instead, additional activation 

barriers are often introduced in the form of ‘remote toehold’ (68) or ‘toehold exchange’ 

strategies (69) to improve mismatch discrimination. Thus, our findings expand the design 

capabilities for kinetic control over strand displacement. Importantly, we expect that the 

improved mismatch discrimination observed for heterochiral strand displacement will 

confer high selectivity onto corresponding heterochiral DNA devices and probes––

selectivity that can be further reinforced through the data provided herein. 

 

3.2.3. Toehold stability is dependent on the reaction configuration 

 In the current reaction system (Figure 3-2A), as well as those reported previously 

(43), we found that the rate of heterochiral strand displacement from PNA–DNA heterodu- 

plexes is significantly slower than the corresponding homochiral reaction. Given that the 

overall reaction rate of toehold mediated strand displacement is strongly dependent on 

toehold stability, we hypothesized that differences in toehold binding energies between 

the homo and heterochiral reaction configurations are the major contributor to this rate 

disparity. To test this, we designed an experimental system that allowed us to monitor 

toehold binding in isolation from branch migration (Figure 3- 4A). The input strand (D/L-

INF) lacks the branch migration domain found in D-IN (domains 2 and 3), instead 

containing five dT residues and a 5′-6-carboxyfluorescein (6-FAM) dye (Appendix Figure 

B1 and Appendix Table B1). Thus, binding of either D-INF or L-INF to the toehold of the 

PNA–DNA heteroduplex D-Aq results in formation of a three-strand complex that is 
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unable to proceed forward to displacement. Importantly, the D-DNA incumbent strand 

within heteroduplex D-Aq is labeled internally with a quencher (BHQ2) such that binding 

of either D- or L-INF to the toehold domain (1*) can be measured through fluorescence 

quenching. 

 Using this model system, we first determined the melting temperature (Tm) of D-INF 

and L-INF with D-Aq, which correspond to the homo and heterochiral toehold 

configuration, respectively (Figure 3-4B). Remarkably, these data revealed that the Tm of  

the heterochiral toehold configuration (L-INF + D-Aq) was ∼12◦C lower than the corre- 

sponding homochiral toehold configuration (D-INF + D-Aq) (Figure 3- 4B), despite their 

only difference being stereochemistry. In order to gain further insights, we determined the 

thermodynamics of toehold association for each configuration based on the concentration 

dependence of their melting profiles (50). The reciprocal Tm was plotted against the ln Ct 

(total strand concentration) and fit to a linear relationship from which ΔH◦, ΔS◦ and ΔG◦ 

were derived according to established methods (Appendix Figure B4). As observed 

previously (70), formation of PNA–DNA toehold complex was accompanied by large 

enthalpy gains and entropy losses, in agreement with the formation of a more rigid duplex 

structure (Figure 3-4C). Notably, formation of the heterochiral toehold was associated 

with much greater entropy losses as compared to the homochiral toehold. 
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 Together, these data clearly show that thermal stability of the toehold duplex (e.g., 

the duplex formed between domains 1 and 1* on D/L-IN and D-Ai, respectively) is highly  

dependent on the toehold configuration, with the heterochiral toehold forming a far less 

stable complex with the input strand than in the homochiral toehold. Given the direct 

relationship between toehold stability and the rate of strand displacement (46), these 

Figure 3-4 Characterization of homo and heterochiral toehold interactions. (A) The 

model system used to monitor toehold association based on fluorescence quenching. (B) 

Fluorescence melting curves for the homo and heterochiral toehold duplexes (Ct = 2 µM). 

Fluorescence values were corrected (Fcorr) for background fluorescence and temperature-

dependent effects as defined in eq 4 (see Materials and Methods). The Tm for each toehold 

configuration was averaged over three melting experiments. (C) Thermodynamic 

parameters for homo and heterochiral toehold association.  
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results explain, in part, why heterochiral strand displacement from PNA–DNA 

heteroduplexes is generally slower than the corresponding homochiral reaction and 

confirm toehold stability as a major contributor. This behavior may be rationalized 

according to the following considerations. Although PNA is achiral, upon hybridization 

to a chiral strand of D-DNA or L-DNA, the PNA will assume a right-handed or left-handed 

helical conformation, respectively (45,71). In the case of the left-handed PNA–DNA 

heteroduplex L-Ai, the induced left-handedness in the PNA will propagate into the single 

stranded toehold domain through base stacking interactions (72,73). This gives rise to a 

‘chiral conflict’ in which the right-handed input strand (D-IN) and left-handed PNA 

toehold domain in L-Ai are unfavorably preorganized for binding. Consistently, our 

thermodynamic data indicates that the less-favorable energy for heterochiral toehold 

association stems predominantly from the entropic term, which is expected for the highly 

ordered transition state that would accompany helical inversion of the PNA strand. This 

is also in agreement with prior studies showing that PNAs with an induced left-handedness 

bind to native D-DNA more weakly than PNAs with induced right-handedness, which is 

attributed to the structural organization of the PNA (entropy effects) (70,73,74). In the 

context of the strand displacement reactions herein, these effects are manifested through 

slower reaction kinetics in the heterochiral configuration. 
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3.2.4. Strand displacement from PNA–DNA heteroduplexes is compatible with 

toehold exchange 

We sought to evaluate the compatibility of strand displacement from PNA–DNA 

heteroduplexes with the ‘toehold exchange’ mechanism (Figure 3- 5A) (15). In this type 

of reaction, a truncated input strand having an incomplete branch migration domain 

carries out only partial displacement of the incumbent strand. The remaining base pairs, 

referred to as the incumbent toehold (domains 3/3* in Figure 3-5A), must then 

spontaneously dissociate for the reaction to complete. This mechanism has been 

evaluated extensively in the context of all-DNA strand displacement reactions (46) and 

provides improved control over strand displacement kinetics. The toehold exchange 

mechanism can also be exploited for catalysis (48,60). In presence of a fuel strand that 

can react with the incumbent toehold, the input strand can be regenerated over multiple 

turnovers. We envision those similar catalytic designs could be emulated using PNA–

DNA heteroduplexes to develop heterochiral strand displacement devices and probes 

capable of signal amplification. Moreover, because the sequence of the incumbent 

toehold domain is independent of the input strand sequence, this approach may allow for 

construction of universal downstream reaction components (i.e., a modular design).  

To demonstrate the potential for such designs using PNA–DNA heteroduplexes, 

we examined the rate of strand displacement initiated with versions of input D- INTH8 

(Figure 3-3A) that had been truncated by 4, 6 and 8 nucleotides from their 5′ ends, 

resulting in incumbent toeholds (3*) of corresponding length (Figure 3-5A, B). A four 

base pair incumbent toehold had little effect on the rate of either homo or heterochiral 
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reaction pathways relative to no incumbent toehold (i.e., a full-length input strand) (Figure 

3-5C–E). This suggests that spontaneous detachment of the incumbent strand (D/L-OUT) 

likely occurs before the input makes significant contacts with the final four PNA–DNA 

base pairs of the heteroduplex (D/L-Ai). Increasing the length of the incumbent toehold 

further led to a decrease in strand displacement kinetics for both reaction configurations, 

especially for the 8 base pair incumbent toehold, which is the same length as the input 

toehold (1*). This observation is consistent with model studies carried out on all DNA 

toehold exchange reactions: As the length of the incumbent toehold (3*) approaches that 

of the input toehold (1*), and the relative binding energies of both toeholds become 

similar, the probability of the input strand displacing the incumbent strand decreases 

(along with the rate) (46). Interestingly, the heterochiral reaction pathway was far less 

sensitive to the 8 bp incumbent toehold than its homochiral equivalent, with rate constants 

for strand displacement decreasing by 30-fold and 2.5-fold for the homo and heterochiral 

reactions, respectively, relative to no incumbent toehold (Figure 3-5C). We attribute this 

result to weakened toehold-binding interactions for the heterochiral reaction 

configuration, which also extends to the incumbent toehold. Destabilization of the 

incumbent toehold is expected to promote displacement of the incumbent strand (L-OUT) 

and impede its reassociation with the incumbent toehold following displacement of the 

incumbent (i.e., the reverse reaction), together leading to overall faster forward 

displacement kinetics.   
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Figure 3-5 The length and nucleotide composition of the incumbent toehold affects 

toehold exchange on PNA–DNA heteroduplexes. (A) Schematic illustration of the 

toehold exchange mechanism for both the homo- and heterochiral reaction pathways. (B) 

Sequences of the incumbent toehold domains within D/L-Ai and its truncated version D/L-

AiS. Individual incumbent toeholds are boxed based on their length and red letters 

emphasize G/C base pairs. Incumbent toeholds are produced by truncating the input strand 

by the corresponding length. (C) Calculated rate constant as a function of incumbent 

toehold length (k) relative to the full-length input (k0) having no incumbent toehold. Error 

bars represent standard deviation from three independent experiments. (D, E) 

Fluorescence monitoring (Cy3) of toehold exchange for the homochiral (D) and 

heterochiral (E) reaction pathways. The length of the incumbent toehold is indicated on 

the right y-axis. Dotted lines indicate reactions carried out with the truncated PNA–DNA 

heteroduplex (AiS) for the indicated incumbent toehold lengths (black = 0-nt; red = 8-nt). 

Reactions depicted here were carried out as described in Figure 3-2.  
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Given the inverse relationship between strand displacement rate constants and the 

stability of the incumbent toehold (46), we hypothesized that the rate could be accelerated 

by reducing the G/C content within an incumbent toehold without shortening it. To test 

this, we truncated the branch migration domain of PNA–DNA heteroduplex D/L-Ai by 

four base pairs, resulting in a new, shorter PNA–DNA heteroduplex (D/L-AiS) having two 

less G/C base pairs within each of the corresponding incumbent toehold domains (3/3*) 

(Figure 3- 5B). Consistent with our hypothesis, the rate of strand displacement from D/L-

AiS for all incumbent toehold lengths (4, 6 and 8 nt) was at least as fast as the reaction in 

the absence of the incumbent toehold (Figure 3-5C). Notably, for the eight base pair 

incumbent toehold, the rate of the heterochiral reaction actually increased by ∼2-fold as a 

result of the reduced G/C content. Because our approach for decreasing G/C content within 

the incumbent toehold also shortens the branch migration domain of the PNA–DNA 

heteroduplex, we sought to demonstrate that this truncation does not play a substantial role 

in the observed rates of toehold exchange. We calculated the ratio of rate constants for 

strand displacement from the short (D/L- AiS) and long (D/L-Ai) heteroduplexes for each 

of the given inputs (kshort/klong, Appendix Figure B5). For the full-length input strand (D-

INTH 8), the ratios of kshort /klong are close to one for both reaction configurations, indicating 

that the rate of strand displacement is similar for both branch migration domain lengths. 

However, as the length of the incumbent toehold increases, kshort/klong ratios become much 

larger than one (Appendix Figure B5). This strongly suggests that the sequence content of 

the incumbent toehold, not the length of the branch migration domain, is the primary 

contributor to the increased rate of toehold exchange observed for the shorter heteroduplex 
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(D/L-AiS). Thus, in addition to their relative lengths, the nucleotide content of the input 

and incumbent toeholds represents a key design parameter for kinetic control over toehold 

exchange on PNA–DNA heteroduplexes.  

3.2.5. RNA inputs accelerate the rate of strand displacement from PNA–DNA 

heteroduplexes 

Detection of nucleic acid biomarkers, and in particular, RNA, has widespread 

applications in research and medicine (75,76). Dynamic nucleic acid devices based on 

DNA strand displacement have been previously repurposed for sensing RNA in vitro and 

in live cells, providing a foundation for future application in bio-imaging and disease 

diagnosis (22,23,77). However, the kinetics of strand displacement using RNA remains 

relatively unexplored compared to DNA (78). In the previous sections, we have 

enumerated on how strand displacement from PNA–DNA heteroduplexes can have 

markedly different kinetic properties from previously studied all DNA reaction systems 

(46,52). Therefore, it was imperative that we characterize strand displacement from PNA–

DNA heteroduplexes using RNA inputs in order to establish design principles suitable for 

RNA detection and analysis under physiological conditions. The heterochiral reaction 

pathway is of particular interest in this regard because it provides the critical interface 

between endogenous RNA biomarkers (e.g., mRNA, microRNAs, viral RNAs, etc.) and 

molecular devises constructed from robust L-DNA.  

We first examined the effects of toehold length on strand- displacement using RNA 

versions of D-IN (D-INRNA) with toehold lengths varying from 6 to 10 nucleotides (Figure 

3-6A, B). As before, all reactions were carried out under simulated physiological 
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conditions. For both homo and heterochiral reaction configurations, strand displacement 

involving RNA inputs was drastically faster than their DNA counterparts (Figure 3-6C). 

Taking the 6-nucleotide toehold as an example, strand displacement rate constants for the 

RNA input were more than an order of magnitude faster than the DNA input for both 

reaction configurations. This was not completely unexpected given the increased stability 

and faster hybridization kinetics of PNA–RNA duplexes compared to PNA–DNA 

duplexes (58). Nevertheless, as previously observed for DNA inputs, the heterochiral 

reaction pathway using RNA inputs is slower than the homochiral reaction pathway for 

all toehold lengths tested (Appendix Table B2). Interestingly, for both reaction 

configurations, the rate constant was greater for the 6-nucleotide RNA toehold than for 

the 8-nucleotide RNA toehold. Further examination of the RNA input revealed that is it 

capable of folding into a hairpin structure (Appendix Figure B6), which is more stable for 

inputs with an 8- and 10-nucleotide toehold domain compared to the input with the 6-

nucleotide toehold. Thus, the reduced rate of strand displacement for the RNA input with 

the 8-nucleotide toehold relative to the 6-nucleotide is likely due to the additional kinetic 

barrier of unfolding this RNA structure in some fraction of the input strand population. In 

the case of the 10-nucleotide toehold, the overall longer toehold domain appears to 

compensate for the presence of secondary structure, resulting in fast kinetics. In the 

context of RNA detection, this result not only demonstrates the ability of heterochiral 

strand displacement systems to overcome secondary structures within RNA targets, it also 

suggests that, through careful design, such systems may be capable of discriminating 

between different RNA structural conformations. 
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We also investigated the effect of mismatches between an RNA input strand and 

the PNA–DNA heteroduplex, focusing on mismatches positioned at the junction between 

the toehold and branch migration domains (i.e., positions −1 and +1). Mismatches at these 

two positions resulted in the greatest impact on strand displacement kinetics using DNA 

inputs, especially for the heterochiral reaction configuration. In contrast to the DNA input 

with a mismatch at position +1 (D-INMMD), the RNA input with a mismatch at this position 

only modestly reduced the rate of strand displacement relative to the fully matched input 

for both reaction configurations (Figure 3-7). 

Figure 3-6 Strand displacement from PNA–DNA heteroduplexes is faster for RNA 

inputs than DNA inputs. (A, B) Fluorescence monitoring (Cy3) of the homochiral (A) and 

heterochiral (B) reaction pathways initiated with inputs RNA inputs (D-INRNA) having 

toehold domains varying in length from 6–10 nucleotides. The length of the toehold is 

indicated on the right y-axis. For reference, the reaction initiated with a DNA input having 

a 10-nucleotide toehold is shown as a black dotted line. The reactions depicted contained 

30 nM D-IN, 20 nM D/L-Ai, 60 nM D/L-R, 300 mM NaCl, 1 mM EDTA and 10 mM Tris 

(pH 7.6) and were carried out at 37◦C. (C) Calculated rate constant for RNA inputs as a 

function of toehold length (kRNA) relative to the DNA input (kDNA) having the same length 

toehold. Error bars represent standard deviation from three independent experiments.  
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Thus, the stronger toehold binding interaction of the RNA input is potentially able to 

compensate for the increased activation energy associated with a mismatch positioned 

immediately adjacent to the toehold. However, the mismatch at position −1 (D-INMMC) 

within the toehold domain of the RNA input retains its strong inhibitory effect, decreasing 

the rate of strand displacement by at least two orders of magnitude relative to the fully-

matched RNA input (Figure 3-7). Thus, a mismatch at this position (−1) will be useful for 

designing kinetic probes capable of discriminating between RNAs based on SNPs.  

Together, these studies demonstrate that strand displacement rates for PNA–DNA 

heteroduplexes are substantially enhanced, by up to two orders of magnitude, upon 

substitution of RNA inputs for DNA inputs. Furthermore, high sensitivity to single-

Figure 3-7 Discrimination factors (DF = kmatch/kmismatch) of PNA–DNA 

heteroduplexes towards RNA inputs having different mismatches, where kmatch and 

kmismatch are the calculated rate constants for a fully matched and mismatched RNA 

input, respectively. Error bars represent standard deviation from three independent 

experiments. Hetero and Homo refer to the heterochiral and homochiral reactions 

pathways, respectively. See Figure 3-3A for mismatch identity and position.  
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nucleotide mismatches, when appropriately positioned, can be maintained. Regarding 

heterochiral strand displacement, the increased reaction kinetics using RNA inputs will 

greatly benefit future applications aimed at interfacing endogenous RNAs with molecular 

devices and sensors constructed from biostable L-DNA. Moreover, the potential 

sensitivity of heterochiral strand displacement to RNA secondary structures is interesting 

and deserves to be explored further. We anticipate that discrimination between RNA 

structural conformations could be exploited in a broad range of applications beyond 

primary sequence detection.  

3.3. Summary and Outlook 

Through detailed experimental analysis, we have demonstrated that several 

common design parameters for controlling DNA strand displacement kinetics, including 

toehold length and mismatches, can also be applied to strand displacement from PNA–

DNA heteroduplexes. Although important differences exist, we found that the rate of 

PNA–DNA strand displacement reactions can be tuned in a manner that is mostly 

analogous to traditional all-DNA reactions. For example, reaction rates increase 

proportionally with toehold length and mismatches positioned proximal to the toehold 

domain strongly inhibit strand displacement. These similarities suggest that strand 

displacement systems based on PNA–DNA heteroduplexes can be predictably engineered 

to undergo similar dynamic behaviors as those constructed solely from DNA. Indeed, we 

showed that PNA–DNA heteroduplexes are compatible with toehold exchange. 

Importantly, our careful parameterization of the heterochiral strand displacement pathway, 

which serves as the key interface between L-DNA and endogenous D-nucleic acids, 
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provides an important contribution to the rational design and optimization of dynamic L-

DNA based circuits and nanodevices capable of interfacing with biological systems.  

In addition to their similarities, we find that strand displacement reactions from 

PNA–DNA heteroduplexes exhibit several unique, and potentially advantageous, 

characteristics relative to their all-DNA counterparts. In particular, we show that 

stereochemistry, a parameter unique to our system, offers an additional layer of kinetic 

control not possible using conventional all-DNA strand displacement. We anticipate that 

this capability will greatly expand the types of dynamic behaviors that can be programmed 

into nucleic acid-based devices. For example, one could imagine building a kinetic 

‘thresholding’ gate based on the rate discrepancy between identical homochiral and 

heterochiral strand displacement reactions as a straightforward alternative to previous 

designs based on toehold length and/or composition (12). Toehold exchange reactions 

using PNA–DNA heteroduplexes also exhibit unique kinetic behaviors, especially for the 

heterochiral reaction configuration. We show that heterochiral toehold exchange is mostly 

insensitive to the length of the incumbent toehold (3*), even as its length approaches that 

of the input toehold domain (1*). This is in direct contrast to the expected trends for 

introducing incumbent toeholds into all-DNA systems (46) and could be exploited to 

develop heterochiral strand displacement devices and probes capable of rapid signal 

amplification.  

During this work, we explored the underlying cause of the observed rate 

discrepancies between homo and heterochiral strand displacement reactions, focusing on 

the stability of the corresponding toehold domains. Melting temperature analysis revealed 
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that the toehold domain in the heterochiral reaction configuration forms a far less stable 

complex with the input strand than does the toehold domain in the homochiral reaction 

configuration. Thermodynamic data indicated that the less-favorable free energy for 

heterochiral toehold association stems predominantly from the entropic term, which we 

attribute to unfavorable preorganization between the induced left-handed PNA toehold 

and right-handed input strand. This observation not only provides important insights into 

the biophysical mechanisms of heterochiral strand displacement, but also into the broader 

role of molecular organization in controlling strand displacement kinetics, which could be 

exploited elsewhere as a tool for modulating reaction rates. For example, our results 

suggest that the rate of heterochiral strand displacement could be increased by enforcing 

a right-handed helical conformation on the toehold domain, possibly by using chiral PNA 

monomers such as those containing modifications at the gamma-position of the backbone 

(73). It is also worth noting that this study provides further experimental evidence 

supporting the extended propagation of induced helicity through single-stranded, achiral 

PNA.  

Most importantly, heterochiral strand displacement reactions exhibited fast 

reaction kinetics with RNA inputs and maintained a high level of mismatch discrimination 

when appropriately positioned. This further demonstrates the potential applications of this 

technology for the detection and manipulation of biologically relevant RNA molecules. 

Indeed, we have previously shown heterochiral strand displacement circuits composed of 

L-DNA /RNA greatly outperform their all-DNA counterparts in living cells and can be 

directly interfaced with endogenous RNAs (45,79). We are continuing to pursue routes to 
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increase the performance of heterochiral strand displacement systems, both in vitro and in 

vivo. This work now provides a more solid foundation from which to base future designs. 

For example, we found that mismatch discrimination is dependent on whether the input 

strand was composed of DNA or RNA (Figure 3-7). This not only highlights the 

importance of studying both types of inputs, which is seldomly done, but also provides 

valuable information for engineering heterochiral strand displacement probes with 

increased selectivity for RNA based on SNPs. It should be mentioned that the rate of 

heterochiral strand displacement, especially for RNA inputs, may vary significantly 

depending on the sequence (and secondary structure), and it will be important to further 

characterize these effects in the future.  

Overall, this work establishes a basic set of design considerations to guide future 

development of strand displacement systems based on the unique properties of PNA–DNA 

heteroduplexes. In particular, we expect that the detailed characterization of heterochiral 

strand displacement kinetics provided herein, along with the increasing availability of L-

oligonucleotides, will broaden the scope and applicability of L-DNA /RNA-based circuits 

and other nanodevices for practical applications at the interface with biology.  

3.4. Materials & Methods 

3.4.1. Materials  

Oligonucleotide synthesis reagents, D-nucleoside phosphoramidites, 6-Fluorescein 

phosphoramidite (6-FAM) and the Cyanine 3 (Cy3) phosphoramidite were purchased 

from Glen Research (Sterling, VA). L-Nucleoside phosphoramidites were purchased from 

ChemGenes (Wilmington, MA). Black Hole Quencher 2 (BHQ2) CPG resins were 
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purchased from LGC Biosearch Technologies (Petaluma, CA). Peptide nucleic acids 

(PNAs) were purchased from Pana- gene (Daejeon, South Korea) at 99.9% purity and 

were not purified further. All other reagents were purchased from Sigma Aldrich (St. 

Louis, MO).  

3.4.2.  Oligonucleotide synthesis and purification  

Unmodified D-oligonucleotides were purchased from Integrated DNA 

Technologies (Coralville, IA), and all L- oligonucleotides were synthesized in house using 

an Expedite 8909 DNA/RNA synthesizer. Terminal labeling of the 5′ end with either Cy3 

or 6-carboxyfluorescein (6-FAM) was carried out using the corresponding 

phosphoramidites, which were coupled based on the manufacturers recommended 

protocols. All 3′ -BHQ2 modified oligonucleotides were obtained by conducting the 

synthesis on the corresponding BHQ2 CPG resin. Following synthesis and deprotection, 

single-stranded oligonucleotides were purified by 20% denaturing polyacrylamide gel 

electrophoresis (PAGE; 19:1 acrylamide: bisacrylamide). Purified oligonucleotides were 

excised from the gel and eluted overnight at room temperature in a buffer consisting of 

200 mM NaCl, 10 mM EDTA, and 10 mM Tris (pH 7.6). The solution was filtered to 

remove gel fragments, then desalted by ethanol precipitation. The obtained pellet was 

resuspended in water and quantified by measuring the absorbance at 260 nm using a 

Nanodrop 2000c spectrophotometer (Thermo Fisher Scientific, Waltham, MA). 

Commercial PNAs, obtained as lyophilized solids, were reconstituted at 100 µM in water 

and used without further purification. Individual strands were quantified using the 

extinction coefficients provided by the manufacturer.  
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3.4.3. Preparation and characterization of duplex reaction components  

In order to form complexes D/L-Ai, D/L-R and D-Aq the corresponding 

oligonucleotides (Supplementary Figure S1 and Supplementary Table S1) were annealed 

in a reaction mixture containing the appropriate amount of each strand (see below), 300 

mM NaCl, 1 mM EDTA, 10 mM Tris pH 7.6) and were heated to 90◦C for 3 min then 

cooled slowly to room temperature over 1 h. For D/L-Ai, 50 µM of PNAL was annealed 

to 75 µM D/L-OUT. For D/L-R, 100 µM D/L-F was annealed to 150 µM D/L-Q. For D- 

Aq, 10 µM of PNAS was annealed to 10.5 µM D-OUTQ. Whereas D-Aq was used directly, 

complexes D/L-Ai and D/L-R were further purified by 20% native PAGE (19:1 

acrylamide:bisacrylamide) and single bands were carefully excised from the gel. The gel 

fragments were crushed and eluted overnight at room temperature in the same buffer that 

was used for annealing, and the suspension was filtered through a 0.2 µm filter. The 

concentration was estimated from UV absorbance at 260 nm using the combined 

extinction coefficients of the individual strands comprising the duplex.  

For a more accurate determination of the concentration of duplex components D/L-Ai and 

D/L-R, a calibration curve of Cy3 fluorescence of free strand D/L-F was generated over a 

range of concentrations from 100 nM to 300 nM, as measured at excitation/emission 

wavelength of 520 nm/580–640 nm (bandpass filter). These measurements were taken 

at 37◦C in a buffer containing 300 mM NaCl, 1 mM EDTA, 10 mM Tris (pH 7.6). This 

calibration curve (i.e. the linear relationship between the concentration of strand D/L-F 

and Cy3 fluorescence) was then used to determine the concentration of components D/L-
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Ai  and D/L-R based on Cy3 fluorescence following a strand displacement reaction under 

the same conditions. For example, the con- centration of D/L-R was determined by first 

reacting 100 nM of D/L-R (estimated) with a large excess of D/L-OUT in order to drive 

the strand displacement reaction to completion. The Cy3 signal generated from this 

reaction was then compared to the calibration curve to determine the amount of strand 

D/L-F present in D/L-R, and thus, its concentration. Prior to use, fresh dilutions of each 

complex were prepared in the presence of 10 µM poly[T] carrier oligonucleotide to 

prevent loss of material from sticking to plastic surfaces of tubes and pipette tips (46).  

3.4.4. Monitoring strand displacement reactions by fluorimetry  

Strand displacement reactions were monitored using a Glomax Discover multi-well plate 

reader (Promega Corp.) using excitation/emission wavelengths 520 nm/580–640 nm 

(bandpass filter for Cy3). Reaction mixtures contained either 60 nM or 300 nM D/L-R, 

either 30 nM or 150 nM of the indicated input strand, 300 mM NaCl, 1 mM EDTA, and 

10 mM Tris (pH 7.6) and were initiated by the addition of either 20 nM or 100 nM of 

D/L-Ai, respectively. The negative control contained no input. Each experiment was run 

side-by-side with a ‘pre-activated’ reaction mixture that contained 1 µM of D/L-INTH10 

(Supplementary Table S1), either 20 nM or 100 nM D/L-Ai, either 60 nM or 300 nM D/L-

R, 300 mM NaCl, 1 mM EDTA and 10 mM Tris (pH 7.6). Pre-activated reaction mixtures 

were incubated for 10 minutes prior to use in order to fully activate the reporter complex. 

Each reaction mixture was in a final volume of 30 µL and carried out at 37◦C unless 

otherwise specified.  
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All strand displacement reactions were normalized to the signal from the pre-activated 

reaction representing the maximum achievable fluorescence using Equation (1):  

𝐹𝑛 =
 𝐹−𝐹0

𝐹𝑐−𝐹0
   (1) 

where Fn is the normalized fluorescence intensity, F is the measured fluorescence, F0 is 

the fluorescence of the quenched reporter complex and Fc is the fluorescence of the 

activated reporter complex at the time a measurement was taken. Because the PNA–DNA 

heteroduplex (D/L-Ai) is the limiting reagent in all cases, 1.0 normalized fluorescence 

units (FU) corresponds to either 20 or 100 nM of activated reporter D/L-R (i.e., free strand 

D/L-F).  

3.4.5. Rate constant fitting procedure  

All strand displacement reactions performed for this study are assumed to be second-

order reactions with respect to the input strand and PNA–DNA heteroduplex Ai as 

described previously (43,46,47). As indicated above, two concentration regimes of strand 

displacement components were used to extract rate constants: (A) 150 nM D-IN, 100 nM 

D/L-Ai and 300 nM D/L-R and (B) 30 nM D-IN, 20 nM D/L-Ai and 60 nM D/L-R.  

Very slow strand displacement reactions that are unlikely to go to completion, such as 

short heterochiral toeholds (2– 4 nt), and certain mismatches, were fit using Equation (2) 

(47):  

([Ai]0−[OUT])[IN]0

([IN]0−[OUT])[Ai]0
= ([Ai]0 − [IN]0)𝑘𝑡  (2) 
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where [OUT] is the concentration of displaced D/L-OUT at time t, and [IN]0 and [Ai]0 are 

the initial concentrations of the input strand and the PNA–DNA heteroduplex, 

respectively. The concentration of displaced incumbent strand [OUT] at any given time t 

was obtained by multiplying the respective normalized fluorescence intensity by [Ai]0. 

The left-hand side of the Equation (2) was plotted versus t, and the respective rate constant 

(k) was extracted from the slope of the linear fit to the plot (Supplementary Figure S2; 

Representative fits in the SI). We note that minor deviations from second-order kinetics 

were observed for some very slow reactions, and in particular, those resulting from short 

toeholds in the heterochiral configuration (Supplementary Figure S2b). This is not 

unexpected (48). However, for the sake of a uniform analysis of reaction rates, we have 

reported all rate constants as second-order.  

Fast reactions were fit using Equation (3), which is rearranged from Equation (2):  

[OUT]𝑛 =
[IN]0(1−𝑒𝑥𝑝

[𝑘𝑡([Ai]0−[IN]0)]
)

[IN]0−[Ai]0𝑒𝑥𝑝[𝑘𝑡([Ai]0−[IN]0)] (3) 

where [OUT]n is the normalized fluorescent intensity at time t, [IN]0 and [Ai]0 are the 

initial concentrations of the input strand and the PNA–DNA heteroduplex respectively. 

To extract rate constants (k), Equation (3) was fit to all the data points.  

All rate constants are reported as the mean value of at least three replicates, and the 

corresponding standard deviation has been used as a measure of the error. The data was 

plotted in GraphPad Prism and the extracted rate constants are listed in Supplementary 

Table S2 for all strand displacement reactions reported herein.  
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3.4.6. Melting temperature analysis  

Melting experiments were performed on a Bio-Rad CFX96 Touch Real-Time PCR 

instrument and fluorescence was measured using excitation/emission wavelengths of 520 

nm/580–640 nm (bandpass filter for Cy3). Reaction mixtures contained an equimolar 

ratio of either D- or L-INF and D-Aq within a buffer comprising 300 mM NaCl, 1 mM 

EDTA, and 10 mM Tris (pH 7.6). D/L-INF lacks the branch migration domains found in 

D-IN (domains 2 and 3), instead containing five dT residues and a 5′-6-FAM dye 

(Supplementary Figure S1 and Supplementary Table S1). The incumbent strand (D-

OUTQ) within heteroduplex D-Aq was labeled internally with a quencher (BHQ2) such 

that binding of either D- or L-INF to the toehold domain (1*) resulted in fluorescence 

quenching. D/L-INF and D-Aq were annealed at 6 concentrations (Ct) of 0.5, 1, 2, 3, 4 and 

6 µM, where Ct represents the combined concentration of D/L-INF and D-Aq. All 

reactions also contained 10 µM poly[T] carrier oligonucleotide to prevent loss of ma- 

terial from sticking to plastic surfaces of tubes and pipette tips (46). Individual reaction 

mixtures containing the indicated concentrations of either D- or L-INF and D-Aq were 

incubated at 10◦ C for 10 min then heated to 70◦ C in 2◦ C increments with an 

equilibration time of 5 min for each step. Each melting reaction was run side-by-side with 

a positive control containing only D-INF or L-INF under identical conditions. 

Fluorescence readings were taken at the end of each equilibration period, prior to the next 

2◦C temperature increase. The 70◦ C maximum temperature is ∼20◦ C above the 

predicted melting temperature of the toehold duplex (1/1*) (49).  
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To construct a temperature dependent melting profile at each concentration, the measured 

fluorescence signal was first corrected for (1) background and (2) temperature- dependent 

changes in fluorescence using Equation (4):  

Fcorr =  
Fmelt−Fbkgnd

Fpos −Fbkgnd
 (4) 

where Fcorr is the corrected fluorescence, Fmelt is the measured fluorescence of the melting 

reaction (D- or L-INF and D-Aq), Fpos is the measured fluorescence of the positive control 

(D- or L-INF only) and Fbkgnd is the measured background fluorescence of an empty well. 

Fcorr was plotted against temperature to derive the melting profile. The first and second 

derivatives of these curves were approximated in Microsoft Excel, and the value at which 

the second derivative intersected the x-axis was considered the melting temperature for 

the corresponding concentration (Ct). The inverse of the melting temperature (1/Tm) was 

plotted against ln Ct (Annexure Figure B4), generating a line from which thermodynamic 

parameters ΔH◦ and ΔS◦ of toehold binding can be calculated according to Equation (5) 

(50,51):  

1

𝑇𝑚
=

(𝑛−1)𝑅

∆𝐻°
𝑙𝑛𝐶𝑇 +

[∆𝑆°−(𝑛−1)𝑅𝑙𝑛2𝑛]

∆𝐻°
 (5) 

where Tm is the melting temperature, Ct is the combined concentration of D/L-INF and D-

Aq, n is the molecularity of the binding reaction (assumed to be n = 2 for D/L-INF + D-Aq) 

and ΔH◦ and ΔS◦ are the enthalpy and entropy changes associated with the toehold binding 

event, respectively.  
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4. CONCLUSIONS 

 

4.1. The Bigger Picture 

The unifying theme of the research presented in this thesis is the exploration of 

non-canonical interactions between native D-DNA/RNA, and its mirror-image 

counterparts L-DNA/RNA for the development of novel interfacing platforms. This in 

turn would allow us to exploit the many superior properties of L-DNA as a novel 

stereochemical modification such as nuclease resistance, minimal toxicity and 

immunogenicity, and identical physical properties as native nucleic acids, in biological 

applications directed towards interrogation and manipulation of endogenous nucleic 

acids. Beyond direct applications as biotechnological tools, L-DNA/RNA based 

strategies can also be valuable in exploring complex, dynamic interactions in RNA, thus 

addressing fundamental questions in RNA biology.  

In Chapter 2, we take a structure-based approach and expand on the heterochiral 

structure-specific interactions between enantiomeric RNA to evolve catalytic, site-

specific phosphodiester cleavage. The power of in vitro evolution, together with the 

heterochiral nature of the evolved recognition modalities resulted in the isolation of 

several unique ribonuclease ribozymes with many novel properties. Following the in vitro 

selection experiment, both the cis- and trans-active ribozymes were extensively 

characterized through analysis of their sequence information and predicted secondary 

structures by truncation-mutation studies and the activity profiles were obtained by 

systematically varying parameters such as Mg2+ concentration, pH, temperature, 

concentrations of the TAR substrate and the respective ribozyme etc. Additionally, the 
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kinetics of the cleavage reaction in cis as well as in trans, and the analysis of the site 

selection for cleavage and the nature of the cleavage product provide unique insight into 

the complex nature of the heterochiral interactions involved in this reaction. This 

establishes a model system for more detailed characterization of heterochiral interactions 

that can further expand the reaction and substrate scope in heterochiral catalysis. This is 

only the second known example of heterochiral ribozyme catalysis and represents a 

significant step forward in unlocking hitherto unexplored routes to access RNA structure.  

In Chapter 3, I present detailed kinetic characterization of heterochiral DNA strand 

displacement reactions. This work clearly outlines a set of design principles based on 

parameters such as toehold length, mismatch positions, length of incumbent toehold and 

nature of the invading strand that will improve the rational design of nanodevices with 

an L-DNA/RNA backbone, operating via this reaction. Additionally, the opposing 

chiralities of the invading and the incumbent strand in heterochiral displacements enable 

a unique stereochemical control over the kinetics of these reactions that can add 

versatility and complexity to the design of such devices. This is valuable from a 

biomedical perspective, since it allows to harness the biostability and other advantageous 

properties of L-DNA as a biomaterial, while maximizing the kinetic efficiency and 

versatility in applications by modulation of different parameters. 

From a broader perspective, novel interactions between biomolecules can shift the 

paradigm of how we perceive and investigate extant biology, which in turn, influence the 

development of technologies at the biological interface. There has always been sustained 

interest in the discovery and evolution of novel bioorthogonal as well as biocompatible 

materials and technologies. This is evident from the rigor of contemporary research in 
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expansion of the genetic code by designing artificial nucleobases or unnatural amino 

acids (1). We can expect that further research into the mirror-image world of L-nucleic 

acids will not only address fundamental questions at the interface of chemistry and 

biology, but also facilitate practical tools in biomedicine and nanobiotechnology. 

4.2. In vitro evolution of heterochiral ribonuclease ribozymes 

4.2.1. Selection Methodology 

An “on the bead” selection strategy successfully yielded several unique 

ribonuclease ribozymes with cis-cleaving activities, and a single trans-cleaving ribozyme. 

Despite the inherent challenge of evolving catalysis based on heterochiral interactions it 

took only 8 and 9 rounds to evolve for cis-activity and trans-activity (reselecting from 

mutagenized cis-ribozymes) respectively. In particular, the gel-based selection strategy as 

an added stringency to the selection process was instrumental to the success of the 

selection experiment. However, the affinity of the single trans-ribozyme for the substrate 

is very low. This is evident from the slow kinetics of trans-cleavage with a kobs of only 

0.0017 h-1. This can be improved by further evolution by 1) mutagenesis of the trans-

ribozyme, 2) incorporating random domains in the new selection libraries, 3) 

incorporating the cross-chiral TAR aptamer sequence in the sequence library for 

enhancing binding (2) or 4) direct selection for trans-activity by methods that facilitate 

linking of phenotype to genotype such as oil-water emulsions etc. (3). Another interesting 

experiment would be targeted mutagenesis of the conserved motifs obtained after 

reselection and monitoring of the evolutionary progress. High throughput sequencing 

could be valuable for a better understanding of the fitness landscape in general.  
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4.2.2. Model System for Characterizing complex Heterochiral Interactions and 

possible applications 

The cis-ribonucleases from the first selection have similar predicted secondary 

structures with stable stems and several short stem-loop structures that could be amenable 

to conformational rearrangements. The three most efficient ribozymes have range of 

equilibrium yields ranging from ~40-70% in 3 hours at 20 mM Mg, with first-order rate 

constants in the range 0.013-0.025 min-1. Compared to the single-turnover kinetics of 

some of the fastest variants of the hammerhead ribozyme, these ribozymes are slower by 

two orders of magnitude. This is however only a crude measure of their efficiency since 

salt and buffer conditions also have a strong impact. Since, our focus was on obtaining 

trans-activity, detailed kinetic characterization of the cis-activity was not done. It is 

expected that increasing Mg2+ concentrations or pH could enhance the kinetics. 

Comparison of the kinetics at varying pH values could also indicate the mechanism of 

cleavage (4-6). Given that the HHR and other naturally occurring ribozymes have evolved 

over millions of years and have conserved catalytic domains across different variants, it is 

not unexpected for them to have fast kinetics. Unique ribozymes evolved in selection 

experiments in the test tube on the other hand, have a low probability of being enriched, 

given the diversity of sample space, slight changes in selection conditions and day-to-day 

variations. Our results are thus promising in the sense that not only were we able to isolate 

several heterochiral ribonucleases, but they also had unique sequences with distinctly 

different cleavage sites. The cleavage sites though specific for each ribozyme, and on the 

unpaired loop region of the TAR hairpin, are different for the first generation of ribozymes 

selected; while R8c-1 and 3 cleave between a U and G with high yields, R8c-6 cleave 
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between a G and G with comparably lower yields. It is also particularly interesting that 

upon increasing the stability of the target stem, this diversity is lost. It will be interesting 

to further investigate the structural interactions that are making the G-G dinucleotide 

junction the only accessible site when the stem is extended, hindering access to the 

obviously more preferred U-G site that is associated with higher cleavage yields. It is 

known that the U and G are dynamic residues that engage in transient looping in and out 

motions which could explain higher cleavage yield (7). On the other hand, one of the 

residues of the G-G dinucleotide is engaged in a dynamic G-C WC base-pair which could 

explain the lower yield at this site (7). It is also known that the dynamic nature of the distal 

loop is influenced by its interactions with the long stem extending down from the UCU 

bulge (7) and this could explain why the G-G is the only accessible site for cleavage with 

the longer target. Thus, these ribonucleases have highly specific, structure-based 

interactions, and are sensitive to dynamic changes in the substrates. Novel tools based on 

these cis-ribozymes can thus be developed as structure sensors, and even for identification 

of TAR mutants that maintain the overall native structure that enables interactions with 

the Tat protein and other elements crucial for the HIV transcription elongation.  

It is now known that there are many complex interactions involving both the UCU 

bulge and the 6-nt apical loop that mediate further binding to the Tat protein and other 

effectors and that targeting the bulge alone is not sufficient to disrupt the viral life cycle 

(8,9). Inhibitors for such native interactions have been a major focus of HIV drug 

discovery projects. Now, since L-TAR RNA has been shown to be a decoy for the native 

Tat protein despite the opposite stereochemistry (10), it is possible that interactions of the 

apical loop in L-chirality could also mimic the native interactions of the D-TAR substrate. 
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A screening assay for inhibitors can thus be devised with the cis-ribonucleases, where an 

effective interaction of the inhibitor with the loop will prevent the ribozyme mediated 

cleavage at that site.    

The diversity in cleavage sites clearly shows the advantage of selection of catalytic 

behavior based on heterochiral structural interactions. In naturally occurring ribonuclease 

ribozymes, complex interactions between multiple secondary structures are responsible 

for aligning the substrate within the catalytic domain that influences site selection; in 

artificial selections, the site is predetermined by substrate binding arms. A cross-chiral 

ribozyme thus captures the complexity of naturally evolving systems more accurately by 

providing more conformational and structural freedom. This is also clear from the 

truncation studies on the cis-cleaving ribozymes where terminal truncations are not well-

tolerated, and internal truncations aimed at shortening redundant stem regions always 

don’t have the expected outcome. The different elements thus seem to have synergistic 

interactions that contribute to efficiency of cleavage, rate kinetics as well as site 

specificity. It is imperative therefore to carry out detailed structure probing of the 

ribozymes either in the presence or absence of the target by SHAPE profiling for example 

(11).  

 

4.2.3. Unique dependence on 5′-triphosphate 

The highly efficient ribozymes evolved from reselection were found to develop a 

dependence on the 5′-triphosphate that is always introduced during in vitro transcription. 

Removal of this group completely eliminates the weak trans activity, and severely inhibits 

the cis activity. The 5′-triphosphate is introduced during in vitro transcription and is 
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present in all ribozymes evolved through in vitro selection. The direct participation of this 

group in the catalytic reaction is not usually critical except in cases where phosphate 

transfer is involved, for example in capping reactions (12).   In our case, the triphosphate 

could be involved in metal-ion co-ordination. This could be tested by substitution of 

phosphodiester with phosphorothioate that would increase the softness of the anion, and 

thus affect co-ordination with Mg2+, potentially leading to reduced activity. Substitution 

by monophosphate instead of triphosphate was found to rescue some of the cis activity, 

making the role in coordination more plausible. The alternative role of phosphate 

exchange could be tested by radiolabeling the terminal triphosphate and examining the 

fate of the label following the cleavage reaction. 

4.2.4. Future Therapeutic Potential 

The TAR hairpin is a valuable therapeutic target; the apical loop along with the internal 

bulge are signature motifs required for interaction with other effectors to mediate 

transcription elongation of the HIV-1 genome. Targeted cleavage at the loop would thus 

irreversibly inactivate the TAR element and disrupt the viral replication process. This 

would require the trans-active ribozyme to be first synthesized in the L-chirality. For this 

purpose, I have employed different strategies of which the heterochiral RNA ligase 

mediated assembly of shorter fragments was most successful (13). However, the 

requirement of the 5′-triphosphate further complicated the accessibility of the 110 

nucleotide long trans-ribozyme in sufficient quantities. Ongoing work is being focused on 

alternative routes to assemble both the cis and trans-ribozymes in the L-chirality. 
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4.3. Kinetic Characterization of Heterochiral DNA Strand Displacement Reactions  

The main goal of this part of my thesis was to investigate in detail the effect of 

systematic changes in key parameters that have been used routinely and extensively in 

literature for modulating strand displacement kinetics. We demonstrated that like all-DNA 

strand displacement reactions, the kinetics of strand displacements from a PNA-DNA 

heteroduplex depends strongly on a few factors. However, important differences exist 

between the two systems and also within the homochiral and heterochiral DNA strand 

displacement reactions from a PNA-DNA heteroduplex. We have shown that the second-

order rate constant varies over two orders of magnitude when the toehold length is varied 

from 0- 10 nucleotides but unlike all-DNA strand displacement reactions, the rate doesn’t 

saturate at even that high toehold length, which is evidently because of the higher PNA-

DNA bond strength compared to DNA-DNA. This can be further explored in future 

designs to identify the toehold length at which saturation is achieved, as well as the effect 

of sequence composition on the kinetics.  

We have shown that heterochiral strand displacement reactions in general are 

highly sensitive to mismatches within the PNA-DNA duplex especially at the junction 

positions. Such unique insights into position dependent kinetic modulation could be 

exploited in more complex reaction networks by incorporating mismatch correction or 

formation as additional parameters (14,15). The unique toehold exchange mechanism that 

favors the heterochiral reaction can enable modular reporter design and catalytic systems. 

Catalytic designs will be important in detection of endogenous D-DNA/ RNA with low 

abundance. In this context, the kinetics with RNA invaders show great enhancement 

compared to the DNA counterparts. Additionally, preliminary results show that RNA 
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structure in the toehold could have some subtle effects on kinetics that should be probed 

further by explicit design of structured toeholds. Finally, the unique stereochemical 

control of kinetics affords higher versatility in design of such systems. So far, we have 

focused on studying the decreased toehold stability in heterochiral displacements as a 

significant retardant of kinetics. The next obvious step would be to look at the branch 

migration step, separate from the toehold nucleation. Preliminary experiments looking at 

decreasing the “chiral conflict” in the toehold by systematic and incremental introduction 

of chiral PNA monomers are underway. Results suggest that indeed, this strategy enhances 

the rate kinetics appreciably, making the implementation of such nanodevices in biological 

applications more facile. However, this does compromise mismatch sensitivity which is 

expected to stem from the now reduced kinetic barrier. Overall, this work helps establish 

a set of design principles for dynamic DNA nanodevices made of L-DNA backbone that 

can be adapted to different applications at the interface of endogenous nucleic acids. 
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APPENDIX A 

 

Table A-1: Sequences of targets, libraries and cis-ribozymes  

 

 

 

Sample 

Name 

Sequence 

L-TARS 
5'-P-rCrC-Sp18-Sp18-hv-Sp18-CCAGAUCUGAGCCUGGGAGCUCUCUGG-Sp18-

Biotin-3' 

L-TARS 

(FAM) 

5'-P-rCrC-Sp18-hv-Sp18-Fluorescein-Sp18-

CCAGAUCUGAGCCUGGGAGCUCUCUGG-3' 

L-TARL 

5'-Biotin-Sp18-GGU UAG ACC AGA UCU GAG CCU GGG AGC UCU CUG GCU AAC 

C-3'-Sp18-FAM-Sp18-PC linker-Sp18-Sp18-rC-rC-P-5' 

D-R161 

5'-TTCTAATACGACTCACTATAGGATCGTCAGTGCATTGAGA-N70- 

GGTGGTATCCCCAAGGGGAC-3' 

Rev 161 5'-GTCCCCTTGGGGATACCACC-3' 

Rev161_Ext 5'-CCTTGGGGATACCACC-3' 

Fwd161 5'-TTCTAATACGACTCACTATAGGATCGTCAGTGCATTGAGA-3' 
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Table A-1 Continued  

Sample Name Sequence 

R8c-1 (also R8c-11 

with a mutation and a 

deletion) 

GGATCGTCAGTGCATTGAGATCATGGCTGTGCTAAGGTCCGGAATAT

TTCTGAGCTAGCATATCAGTTCGCATAAATTGGACTGGTTGAGGGTG

GTATCCCCAAGGGGAC 

R8c-3 (also R8c-

2,8,12 and 10 with a 

deletion) 

GGATCGTCAGTGCATTGAGACCTAAGGTCCGTGCCGTTTCTATGATCT

AGAGACTGTATGAGCTAGGCGCCAATCGTCTATAGGATGTGCGGTGG

TATCCCCAAGGGGAC 

R8c-6 

GGATCGTCAGTGCATTGAGATGGGGTGGAAATCCCGAGTTGGTCTCC

TGTTTACCGTGCTCGGTCTGGGGTCGTTCGGAATCTAGACGGAGGTG

GTATCCCCAAGGGGAC  

R8c-7 

GGATCGTCAGTGCATTGAGACACGCGCTGTTGATCCCATCCATTGTGC

CCTCATTGGGTGTAATGAGGTCCGGGAGAATACCAGCTGTGGGGTGG

TATCCCCAAGGGGAC 

R8c-9 (also R8c- 14 

with a mutation) 

GGATCGTCAGTGCATTGAGAGCAACGTCTATGGTGCTTCTCTTCTTCA

CTGATCCGGTATAATTCCGAGGTCCGGGGTGCGCAACGGTTAGGTGG

TATCCCCAAGGGGAC 

R8c-13 

GGATCGTCAGTGCATTGAGAGACAAGGGTCTCGATGCTTTTGCGACG

GGTTGATCTGGAATGATGGAAAGCCTGAAGGGGAAGCATGGACAGG

TGGTATCCCCAAGGGGAC 

R8c-15 

GGATCGTCAGTGCATTGAGAGTCGAAGGTCCGCGGCTAATACCGTGA

GCTCGACACTAGTGAAAAGCGGCTTGCGGGGC 

AGGCTGTGATCGGTGGTATCCCCAAGGGGAC 
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                         Table A-2. Conditions for a) cis-Selection and b) trans-Selection 
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Table A-3:                X (R8c-3X) Description %Activity  

T1 -10 nts from 5'-terminal 50 

T7 S1-T1 40 

T9 S1-T2 30 

T13 
S1-T2 in combination with 

S2-T2 

27 

T16 

S1-T1 in combination with 

S2-T2 

16 

T17 

3T9, but the end loop of 

TATAG replaced by more 

generic GAAA 

40 

3T18 

Essentially 3T16 but two G-

U wobbles replaced by G-C 

as in some mutants of 3T13 

18 

3T19 

3T16, with the extra stem of 

T7 (compared to T9) 

mismatches C-U and G-U 

corrected 

0 

3T21 

Clone T17 (i.e Clone T9 

with GAAA tetraloop 

capping the shorter stem) 

but with two extra base-

pairs. No Clone T13 

23 
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Table A-4 Effect of 5’-triphosphate on cis and trans-activities of R8c-3T13 and a 

more efficient version of R9t-24 (Q). All conditions are same as the characterization 

assays described in the text. 

             

 

 

 

 

 

 

 

Fig A-1 GEL BASED STRATEGY.  
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Fig A-2 Secondary Structures of cis-cleaving R8c-1, 3, 6 and 13. 
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 Fig. A-4 Libraries for the 1st Reselection Strategy based on R8c-3T13. 

 

  

Fig. A-3 Cleavage sites are identical for R8c-1,3,6 and 13 and R9t-21-25 with L-TARL at G16-

G17 (w.r.t to L-TARS)  
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Fig. A-5 Cleavage activities of cis-ribonuclease ribozymes with L-TARL.  
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Fig. A-6. Sequencing data from Rounds 6 and 9 from the library based on R8c-6. 
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Fig. A-7. In line probing analysis of R9t-24 under saturating conditions of Ligand (L-

TARL) Reduced intensities of hydrolysis products with increasing concentrations of the 

TAR substrate indicates residues at those points may be involved in substrate recognition. 

Secondary structural elements B1, B2 and L2 seem to be the motifs with the clearest 

pattern of increased protection from substrate interaction. 
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  Fig. A-8 Mass Spectroscopic Characterization of Cleavage Products from the cis-reaction of R9t-

24 with L-TARL. (linker attachment in this version of L-TARL same as in original L-TARS ) 
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Fig. A-9 Mutation analysis of R9t-24 showing enhanced trans-activity by A-U to G-C          

replacement in certain stem elements. 
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APPENDIX B 

 

 
 
 

 

  

Figure B-1. (a) Sequences of PNA-DNA heteroduplexes D/L-Ai and D/L-Ais. (b) Sequences of 
                   reporter complexes D-R and L-R. Sequence complementarity between D/L-OUT and D/L-Q has 

                   been emphasized using bold text. (c) Sequences of D-INF, L-INF and heteroduplex D-Aq used in 

                   the toehold melting experiments. 
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d 

Figure B-2. Representative sets of data and fits used to derive second-order rate constants for 

homo-  and  heterochiral  strand  displacement  reactions  with  different  toehold  lengths   (See 
Materials and Methods for details). (a,b) Representative linear fits for slow homochiral (a) and 
heterochiral (b) strand displacement reactions with inputs containing 2 or 4 nucleotide toeholds 
(D-INTH2 and D-INTH4, respectively). The left-hand side of equation 2 (Materials and Methods) 
was plotted on the y-axis against time. Rate constants (Table S2) were extracted from the slope 
of the fit line.  (c,d)  Representative  fits  for  fast  homochiral  (c)  and  heterochiral  (d) strand 
displacement reactions with inputs containing 6, 8 and 10 nucleotide toeholds (D-INTH6, D-INTH8 

and D-INTH10, respectively). Rate constants (Table S2) were extracted by fitting equation 3 
(Materials and Methods) to all the data points. 
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No Input 

 

No Input 

Figure  B-3.  Strand displacement from a PNA-DNA heteroduplex is strongly dependent on 

toehold length. Under the reaction conditions used in this work, essentially no fluorescence 

signal was observed in the absence of an input for either the homochiral (a) or heterochiral (b) 

reactions. The length of the toehold is indicated on the right y-axis. The depicted reactions contained 

either 0 nM or 150 nM input strand, 100 nM D/L-Ai, 300 nM D/L-R, 300 mM NaCl, 1 mM EDTA, 

and 10 mM Tris (pH 7.6) and were carried out at 37 °C. 
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Figure B-4. Thermodynamic parameters ∆H° and ∆S° were extracted from the linear best fit line 
of either the reciprocal melting temperature (1/Tm) of the homochiral or heterochiral melting data 

against ln Ct, where Ct is the total component concentration (strand D/L-INF + D-Aq) used in each 
experiment. 

Figure B-5. Ratio of rate constants for strand displacement from the short (D/L-AiS) and long (D/L- 

 Ai) heteroduplexes for each of the given incumbent toehold lengths. 
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Figure B-6. RNA inputs with 8 and 10 nucleotide toeholds (INRNA8 and INRNA10, respectively) are 

predicted to form more extensive secondary structure than the 6 toehold RNA input (INRNA6). 

See Table S1 for sequences. RNA secondary structure was predicted using NUPACK. 
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Table B-1. Names, sequences, and chirality of strands used in this work. Dye and quencher 

modifications are indicated in bold, while mismatches within indicated strands are italicized. D- 
DNA (black), L-DNA (blue), PNA (green), and D-RNA (red) are indicated by color. 

Sequence 

Name 
Sequence Identity 5'→3' 

Oligomer 

Stereochemistry 

PNAL ATGTCACTTCCGTAGGGTATTGAATGAGGG Achiral 

PNAS ATGTCACTTCCGTAGGGTATTGAATG Achiral 

D-OUT CCACATACATCATATTCCCTCATTCAATACCCTACG D 

D-F Cy3-CACATCATATTCCCTCATTC D 

D-Q AGGGTATTGAATGAGGGAATATGATGTG-BHQ2 D 

D-INTH10 CCCTCATTCAATACCCTACGGAAGTGACAT D 

D-INTH8 CCCTCATTCAATACCCTACGGAAGTGAC D 

D-INTH6 CCCTCATTCAATACCCTACGGAAGTG D 

D-INTH4 CCCTCATTCAATACCCTACGGAAG D 

D-INTH2 CCCTCATTCAATACCCTACGGA D 

D-INMMA CCCTCATTCAATACCCTACGGAAGAGAC D 

D-INMMB CCCTCATTCAATACCCTACGGAACAGAC D 

D-INMMC CCCTCATTCAATACCCTACGCAACTGAC D 

D-INMMD CCCTCATTCAATACCCTACCGAAGTGAC D 

D-INMME CCCTCATTCATTACCCTACGGAAGTGAC D 

D-INMMF CCGTCATTCAATACCCTACGGAAGTGAC D 

D-ININC8 CAATACCCTACGGAAGTGAC D 

D-ININC6 TTCAATACCCTACGGAAGTGAC D 

D-ININC4 CATTCAATACCCTACGGAAGTGAC D 

D-ININC8(S) ACCCTACGGAAGTGAC D 

D-ININC6(S) ATACCCTACGGAAGTGAC D 

D-ININC4(S) CAATACCCTACGGAAGTGAC D 

D-INRNA10 CCCUCAUUCAAUACCCUACGGAAGUGACAU D 

D-INRNA 8 CCCUCAUUCAAUACCCUACGGAAGUGAC D 

D-INRNA 6 CCCUCAUUCAAUACCCUACGGAAGUG D 

D-INRNAC CCCUCAUUCAAUACCCUACGCAACUGAC D 

D-INRNAD CCCUCAUUCAAUACCCUACCGAAGUGAC D 

D-INF FAM-TTTTTGAAGTGACAT D 

D-OUTq CCACATACATCATATTCCCTCATTCAATACCC[T(BHQ2)] ACG D 

L-OUT CCACATACATCATATTCCCTCATTCAATACCCTACG L 

L-F Cy3-CACATCATATTCCCTCATTC L 

L-Q AGGGTATTGAATGAGGGAATATGATGTG-BHQ2 L 

L-INF FAM-TTTTTGAAGTGACAT L 

L-INTH10 CCCTCATTCAATACCCTACGGAAGTGACAT L 

L-INRNA10 CCCUCAUUCAAUACCCUACGGAAGUGACAU L 
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Input Description Heterochiral k 

(M
-1

s
-1

)
 

Homochiral k 

(M
-1

s
-1

)
 

D-INTH10 
10 nt toehold 9194 ± 399.34b 20953.33 ± 1597.55b 

D-INTH8 
8 nt toehold 2971.33 ± 474.71b 10546 ± 720.11b 

D-INTH6 
6 nt toehold 127.30 ± 1.39b 2704.67 ± 310.84a 

D-INTH4 
4 nt toehold 88.97 ± 15.69 a 365.23 ± 57.99a 

D-INTH2 
2 nt toehold 43.09 ± 7.67 a 152.70 ± 11.91a 

D-INTH0 
0 nt toehold 7 ± 1.28a 37.97 ± 1.80a 

D-INMMA 
Mismatched input A 100.99 ± 16.29a 1810 ± 338.91a 

D-INMMB 
Mismatched input B 82.22 ± 6.29a 505.93 ± 77.08a 

D-INMMC 
Mismatched input C 22.43 ± 5.41a 105.37 ± 9.18a 

D-INMMD 
Mismatched input D 69.90 ± 3.56a 411.13 ± 41.99a 

D-INMME 
Mismatched input E 1837 ± 405.33b 4348.33 ± 426.92b 

D-INMMF 
Mismatched input F 3507 ± 425.97b 5866 ± 90.71b 

D-ININC8 
8 nt incumbent 

toehold on D/L-Ai 

1208.33 ± 43.44b 417 ± 35.25b 

D-ININC6 
6 nt incumbent 

toehold on D/L-Ai 

2799.67 ± 74.82b 2493 ± 231.67b 

D-ININC4 
4 nt incumbent 

toehold on D/L-Ai 

3155.67 ± 298.27b 4748.67 ± 196.54b 

D-INTH8 (S) 
8 nt toehold on D/L-AiS 2966.33 ± 370.46b 7805.33±280.55b 

D-ININC8(S) 
8 nt incumbent 

toehold on D/L-AiS 

7112.67 ± 221.61b 6989 ± 530.47b 

D-ININC6(S) 
6 nt incumbent 

toehold on D/L-AiS 

6282.33 ± 454.18b 10967.67 ± 1271.73b 

D-ININC4(S) 
4 nt incumbent 

toehold on D/L-AiS 

4618.33 ± 218.14b 9008.67 ± 464.88b 

D-INRNA10 
10 nt toehold with 

RNA input 

69572.67 ± 9911.76b 114444.33 ± 13865b 

D-INRNA8 
8 nt toehold with RNA 

input 

30520.67 ± 2762.89b 73907.67 ± 3600.21b 

D-INRNA6 
6 nt toehold with RNA 

input 

49470.33 ± 2267.36b 106228.3 ± 10418.23b 
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aRate constant extracted using Equation 2 as described in Materials and Methods Section 

bRate constant extracted using Equation 3 as described in Materials and Methods Section 

 

 

D-INRNAC 
RNA input with 

mismatch C 

196 ± 6.24a 352.17 ± 47.00a 

D-INRNAD 
RNA input with 

mismatch D 

11039.67 ± 267.09b 42165.67 ± 3370.70b 

 
Table B-2. Calculated rate constants for homochiral and heterochiral reactions described in the 
text. Rates represent the average of 3 fittings and their standard deviation. 
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