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ABSTRACT 

 

Aphids are among the most damaging pests of cereal crops. Because aphid control is 

largely chemical, little attention has been given to ecological complexities that promote aphids’ 

success. How aphids interact with antagonists (natural enemies) and potential mutualists (ants) is 

important because these interactions can impact the feasibility of biological pest control. One 

recent and invasive pest of grain sorghum, Sorghum bicolor, is the sorghum aphid, Melanaphis 

sorghi (SA). Understanding this pest’s ecology in the grain sorghum agroecosystem is critical to 

developing SA control strategies. Consequently, this dissertation studied SA interactions with a 

common parasitoid (Aphelinus nigritus) and a potential ant mutualist (the red imported fire ant 

Solenopsis invicta (RIFA)) to assess the practicality of SA biocontrol. Since parasitoids often use 

aphid honeydew as a sugar resource, SA honeydew was first assessed as a potential attractant to 

A. nigritus. As SA feeds on grain sorghum and the nearby overwintering host Johnson grass, 

Sorghum halepense, A. nigritus preference for SA honeydew produced on either host plant was 

also assessed. Ultimately, A. nigritus was attracted to SA honeydew and preferred honeydew 

produced on Johnson grass, which could support the augmentation of this parasitoid in Johnson 

grass to suppress SAs before grain sorghum is planted. Second, a potential for SA to exhibit 

fecundity compensation (i.e., a rapid increase in reproduction in response to natural enemies) 

was explored to determine whether SAs could defend themselves by increasing their fecundity 

after experiencing wounding akin to parasitoid oviposition. Fecundity compensation was 

observed in daughters of aphid mothers parasitized by A. nigritus, which may question the use of 

certain parasitoids in SA biocontrol programs. Third, the effects of RIFAs on SA population 

growth were assessed over two field seasons. It was determined that RIFA increases SA 
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populations, but only when initial aphid densities are low. This result provides baseline data on 

potential mutualistic interactions between two invasive species, SA and RIFA, allowing future 

monitoring of its evolution. As a relatively new invader, the 2013 arrival of SA grants a unique 

opportunity to explore aphid ecological adaptations to new environments, an often-overlooked 

factor that may inform future biocontrol. 
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CHAPTER I 

INTRODUCTION 

 

Aphids are prolific pests of cereal crops. As phloem feeders, they strip crops of key sugars, 

nutrients, and water, and ultimately hinder plant growth and development. Since aphids 

reproduce parthenogenetically, their populations grow exponentially in short periods of time. As 

a result, aphid feeding can rapidly damage and reduce crop yields [1]. Many aphid species are 

competent vectors of plant viruses, which can accelerate declining crop health [2]. To mitigate 

pest damage, pest management practices rely heavily on chemical control, which although 

effective, often leads to insecticide resistance [3-7], as well as human health and environmental 

risks [8-14]. As a result, a growing number of farmers have adopted integrated pest management 

(IPM), a broad-based strategy that relies on synergistic combinations of chemical, cultural, and 

biological control practices [15]. Adoption of IPM has mitigated pest damage in while reducing 

chemical use in several cropping systems [16-18].  

 

IPM often involves biological control. Biological control (a.k.a., biocontrol) refers to the 

regulation of a pest by natural enemies (i.e., predators, parasitoids, and pathogens) [19]. As such, 

it is a practice that examines the interspecific interactions between pests and other species [20]. 

This management practice can effectively reduce pest damage, and under ideal conditions it may 

reduce pest populations below economic threshold levels while significantly reducing chemical 

applications [21-23].  

Biological control has been effective in reducing aphid populations and other hemipteran pests 

on several agricultural crops [22, 24-29]. For example, the parasitoid Trioxys pallidus 
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(Hymenoptera: Aphidiidae) effectively suppresses aphid populations of Panaphis juglandis and 

Chromaphis juglandicola on Californian walnuts [30, 31]. Similarly, the introduced parasitoid 

Diaeretiella rapae (Hymenoptera: Aphidiidae) has reduced aphid populations of 

Brachycorynella asparagi and Diuraphis noxia on asparagus and mustard croplands in 

Washington [32]. Predators can also suppress aphid populations on crops; for example, the 

augmentation of coccinellids on Arkansas cotton has successfully lowered populations of 

Schizaphis graminum and Diuraphis noxia [27]. Nonetheless, most control agents are parasitoids 

because they tend to have more specialized host ranges, and consequently, fewer non-target 

effects can be expected, compared to predators [33, 34].   

 

Any successful biological control program must consider ecological factors that influence the 

impacts of natural enemies. Typically, these factors include: phenological synchrony with pests 

[35], natural enemy and pest abundances, and potential effects of natural enemies on non-target 

organisms, among others [36]. That said, commonly overlooked factors include the attraction to 

pest by-products, pest defenses, and pest mutualists, which may alter the dynamics of natural 

enemy-pest interactions. These factors are important, as it can help [37] or hinder [38] the ability 

of some natural enemies to exert effective pest control.  

 

The sorghum aphid: An Economically Important Pest of Grain Sorghum 

A cereal pest of economic concern in Texas is the sorghum aphid (hereafter SA), Melanaphis 

sorghi (Theobald, 1904) (Hemiptera: Aphididae). SA was originally reported as the sugarcane 

aphid, Melanaphis sacchari (Zehntner, 1897), and has become a serious pest of grain sorghum, 

Sorghum bicolor [39]. SA is mostly an anholocylic species in North America, wherein nymphs 
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are born alive (viviparously) and produced through parthenogenesis [40]. The only sexual egg-

producing (oviparous) reports of SA are from Mexico in the states of Guanajuato, Querétaro, and 

Sinaloa [41]. Nymphs can become adults in as short as 5 days [42]. In total, the SA lifecycle 

ranges from 10-37 days [43]. Morphologically, SA adults are either alate (winged) or apterous 

(wingless), and both forms have gray, tan, or light-yellow bodies. Adults and nymphs have dark 

tarsi, cornicles and antennae. Summer forms tend to be light in color, while winter forms range 

in colored appearance from gray to dark yellow [44]. Adult alate aphids often have black 

markings on the dorsal sclerites, and always have black wing veins [45, 46]. 

 

Following initial 2013 reports along the Texas Gulf Coast, the rapid expansion of SA in the US 

has raised serious concerns, as the pest has reduced sorghum yields and caused economic loss 

[47, 48]. Feeding by SA causes chlorosis, delays flowering, and reduces grain quality [49]. 

Often, the saprophytic fungus Macrophomina phaseolina will grow on honeydew secreted by the 

aphid, which reduces leaf photosynthetic activity [50-52]. In addition to reducing the quality of 

sorghum grain heads, honeydew secreted by SA can also stick to- and damage harvesting 

equipment [47]. Economically, the arrival of SA significantly hindered sorghum production in 

Texas. In the Texas Lower Rio Grande Valley alone, the total loss due to SA from 2013 through 

2015 is estimated at $40.95 million, or 19% of the total economic value of sorghum production 

[53].  

 

Potential for Biological Control in Sorghum Aphid Management 

Through SA control efforts today are largely chemical, and range from preventive seed-

treatments to post-infestation insecticide sprays [42, 44, 48, 54], the occurrence of a large 
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number of SA natural enemies [50] make this pest a potential target for biological control. 

Multiple SA natural enemies, consisting of coccinellids, chrysopids, syrphids, anthocorids, 

braconids, and aphelinids, are reported on sorghum during its March-September growing season 

in US southern states [28, 44, 55]. Of these natural enemies, Aphelinus nigritus Howard 

(Hymenoptera: Aphelinidae) is the most commonly reported parasitoid attacking SA in College 

Station, TX [56]. As parasitoids are the most frequent natural enemies, A. nigritus could serve as 

a model for parasitoid-mediated control of SA. To determine whether SA parasitoids are suitable 

for biological control, an important first step is to assess how parasitoids find and become 

attracted to the target host. 

 

Several parasitoid species are known to use honeydew as a kairomone during host searching 

[57]. Honeydew can also serve as a nutritional source of sugars and amino acids [58]. In some 

cases, parasitoid preference for honeydew is modulated by the host’s diet [59], which may lead 

to differential parasitism when the same host species feeds on different host plants [60]. 

Differential parasitism is relevant to biocontrol of SA, given that it is a polyphagous aphid, and 

feeds on Johnson grass, Sorghum halepense, which frequently grows in the vicinity of sorghum. 

Whether the attractiveness of SA honeydew to parasitoids is mediated by the SA host plants is 

presently unknown. In chapter II, I explore how honeydew composition (in terms of sugar and 

amino acid content) and quantity is shaped by the SA host plant, and how this may mediate 

attraction of the parasitoid A. nigritus. 

 

Most aphid biological control focuses on rates of natural enemy suppression. Yet, little attention 

has been given to the potential for aphid compensation. Some aphids have a range of defense or 
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compensatory mechanisms that can significantly complicate control efforts [61-63]. These 

mechanisms may involve the production of repellant chemicals [64-67], rapid escape behaviors 

[68, 69] or accelerated reproduction [70]. In chapter III, I explore the degree of SA 

compensation, with specific regard to increased reproduction, against parasitism. 

 

Aphid pests and their natural enemies do not interact in a void, as frequently there are mutualistic 

species that may mediate pest-natural enemy interactions, and affect natural enemy suppression 

[20, 71-73]. Aphid mutualisms, particularly with ants, are widespread in nature [74-79], and 

common in agriculture [71, 80, 81]. In some species of aphids, mutualisms with ants have 

increased aphid abundance on crops [82]. This usually occurs through ant-mediated protection 

from natural enemies [71, 83], which reduces aphid mortality and impedes control. As such, the 

degree of SA suppression by natural enemies may also be modulated by the occurrence and 

intensity of SA mutualists. Whether or not SA mutualists affect natural enemy-mediated control 

is an unknown, but relevant, piece of information for SA biological control and sorghum 

production. This is especially important considering that SA, a recent invader, is already being 

tended by the aggressive red imported fire ant, Solenopsis invicta (Hymenoptera: Formicidae) 

(RIFA) (J. Holt, unpublished data). In chapter IV, I explore the potential for an SA mutualism 

with RIFA, and its possible impact on aphid management.  

 

The 2013 arrival of SA granted a unique opportunity to study how aphids adapt to their new 

environments. Although we know SA, A. nigritus, and RIFA all reside in or near grain sorghum 

and Johnson grass, a comprehensive understanding of the potential impact of their ecological 

interactions is currently lacking. On one hand, SA could form beneficial relationships with 
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opportunistic ant tenders seeking a honeydew reward. This same honeydew might attract 

parasitoids in search of quality hosts and sugar resources, which could then trigger SA 

compensatory responses. Altogether, assessing each of these factors improves our understanding 

of SA as a pest and player in the grain sorghum agroecosystem.  
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CHAPTER II  

APHELINUS NIGRITUS HOWARD (HYMENOPTERA: APHELINIDAE) PREFERENCE 

FOR SORGHUM APHID, MELANAPHIS SORGHI, HONEYDEW IS STRONGER IN 

JOHNSON GRASS, SORGHUM HALEPENSE THAN IN GRAIN SORGHUM, SORGHUM 

BICOLOR 

 

Parasitoids locate their hosts using a variety of visual and olfactory cues. In the context of tri-

trophic interactions, success in finding hosts is largely influenced by host plant. That is because 

plants contain physical and chemical characteristics that can attract or repel foraging parasitoids 

[84]. Host plant can alter parasitoid searching strategy, especially in cases where the same host 

feeds on multiple plants. Multi-host feeding can lead to differences in the attack rate of 

parasitoids on one plant versus another [84-87]. Furthermore, this variation in parasitoid 

presence on different host plants can create enemy-free space, where hosts living on plants least 

preferred by parasitoids are better protected [88]. Under agroecosystems, the concept of enemy-

free space has been studied in phloem-feeding aphids on optimal versus suboptimal plants [89]. 

Aphids, whose limited mobility make them highly susceptible to parasitism [90-92], produce 

honeydew, a sugar-rich waste product that can nutritionally supplement parasitoids [57, 93]. 

Since many aphids feed on multiple host plants, plant-mediated differences in honeydew may 

affect parasitoid recruitment, as is seen in some hoverfly species [90]. This could provide an 

opportunity for enemy-free space among aphids occupying suboptimal plant hosts. Overall, the 

potential for host plant honeydew-mediated protection of aphids against parasitism is 

understudied and warrants attention. 
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Honeydew as a Parasitoid Nutritional Source  

Many species of parasitoids require sugar-rich diets to meet metabolic needs. In environments 

rich with floral resources, nectar is a well-studied and highly nutritious source of food [94-96]. 

Comparatively, fewer studies have assessed the suitability of honeydew, a sugar-rich waste 

product of aphids, as a food alternative. Honeydew, which comprises carbohydrates, amino 

acids, and organic acids [97-101], serves as a food source for some parasitoids [58, 102], and 

predators [103], along with other organisms like ant mutualists [104], inhabiting low-nectar 

environments. Several studies have documented honeydew feeding in parasitoids from nectar-

poor environments [60, 96, 103, 105]. Honeydew utilization is especially common for parasitoids 

of cereal aphids, even in the presence of nectar sources. For example, Vollhardt, Bianchi [106] 

note a higher prevalence of honeydew feeding in cereal aphid parasitoids regardless of whether 

field margins bearing flowers are present. This is likely because parasitoids reduce energy use 

costs by remaining within a host patch when consuming honeydew instead of actively searching 

for flowers.  

 

Honeydew as a Kairomone 

In addition to a nutritional source, honeydew is considered a kairomone. Kairomones are 

semiochemicals found on plants, hosts, or host by-products that benefit another species. Aphid 

by-products like honeydew, along with glandular [107] and cornicle secretions [65] are key 

determinants of parasitoid attraction [37] that increase the efficiency of host location and can 

improve the likelihood of parasitism [57, 93, 108]. In certain cases, strong levels of honeydew 

kairomones can elicit parasitoid behaviors in the absence of aphids and other hemipterans. For 

example, Psyllaephagus pistaciae parasitoids increase their searching behavior in the presence of 
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psyllid honeydew alone [109]. As honeydew can lure parasitoids to infested plants and provide 

an important food resource, the role of honeydew in parasitoid-mediated aphid suppression 

merits attention. 

 

Honeydew Relevance to Parasitoid Preference in Agroecosystems 

Multiple honeydew-producing hemipterans infest agricultural crops, including SA. SA is 

currently attacked by a variety of predators and parasitoids in the southern US including the 

generalist parasitoid Aphelinus nigritus. A. nigritus females are synovigenic and can feed on host 

hemolymph, honeydew, honey, or plant material to complete egg maturation (Hopper, University 

of Delaware, pers. communication). When feeding, SAs produce copious amounts of honeydew 

on sorghum, which may provide a potential food resource to this parasitoid. Since parasitoids can 

also use honeydew as a contact kairomone, SA honeydew might attract and facilitate A. nigritus 

parasitism. Overall, understanding the degree of A. nigritus attraction to SA honeydew will 

increase knowledge of the dynamics facilitating parasitism in this parasitoid-host system.  

 

Potential for Honeydew Differences in A. nigritus Preference for SAs 

While most honeydews comprise a range of  sugars, amino acids, and organic acids [60, 76, 110, 

111], the composition and concentration of these macronutrients varies among insect hosts, 

between host plant species, and over time [102, 112]. In the case of SA, it is currently known that 

SA honeydew varies when feeding on different cultivars of sugarcane, Saccharum spp. plant 

hosts [113]. Honeydew variation is important because it can affect parasitoid preference, as seen 

with Aphidius ervi, which prefers honeydew from the bird cherry-oat aphid, Rhopalosiphum 

padi, over that of the English grain aphid, Sitobion avenae, and green peach aphid, Myzus 
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persicae, even when all species feed on the same host plant [60]. In the case of oligophagous or 

polyphagous insect hosts, parasitoids may prefer honeydew produced by the same aphid species 

feeding on different plants [114-116]. Honeydew quantity can also influence parasitoid foraging 

[58], likely because it reflects the population densities of host aphids [106]. In agroecosystems 

where insects deposit honeydew on both crops and weedy vegetation, differences in honeydew 

quality and quantity could lead parasitoids to attack insect hosts in one plant over another, 

resulting in skewed parasitism rates. 

 

This is relevant to SA who feeds on grain sorghum, as well as on the perennial weed Johnson 

grass, Sorghum halepense [117]. This uncultivated weed is abundant across the southern US 

[118] and frequently occurs in proximity to sorghum. Rates of SA parasitism are reportedly 

greater on grain sorghum versus Johnson grass (B. Elkins, unpublished data). Furthermore, 

predation of SA by lady bird beetles and syrphid flies is significantly lower on Johnson grass 

than on grain sorghum (J. Hewlett, unpublished data). Since host plant largely determines 

honeydew composition [103, 119-121], differences in SA honeydew chemical composition, 

along with honeydew quantity, may be driving this natural enemy trend. A better understanding 

of variations in SA honeydew quality and quantity by host plant and over time may help 

determine how parasitoids and other natural enemies modulate their selection of hosts. 

 

Consequently, this study assessed both composition and concentration of sugars, amino acids, 

and organic acids in honeydew from aphids feeding on grain sorghum or Johnson grass. 

Subsequently, I assayed if aphid host plant diet (i.e., grain sorghum or Johnson grass) and 

honeydew collection timepoint (i.e., after 24, 72, and 120 hours) mediated honeydew’s effect on 
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A. nigritus parasitoid attraction. As shown in other studies, I predicted a detectible difference in 

SA honeydew composition between host plants and over time. Considering the trend of less 

parasitism in Johnson grass, I also predicted a strong A. nigritus preference for SA honeydew 

produced on grain sorghum. Since parasitoid foraging generally increases with larger quantities 

of honeydew [106, 122], I further predicted a stronger A. nigritus response to SA honeydew 

produced on grain sorghum collected over a period of 120 hours.  

 

Materials and Methods 

Establishing Main Aphid Colonies 

SAs were reared on either DEKALB® DKS 4420 (Bayer, St. Louis, MO), a susceptible grain 

sorghum variety or wild Johnson grass collected from the Texas A&M Research Farm in 

Sommerville, TX (30°31'54.8"N 96°25'50.2"W). Three to five sorghum seeds were planted in 

3.8 cm diameter x 21 cm high planting tubes (Amazon, Seattle, WA) containing Sun Gro® 

Metro-Mix® 360 (Sun Gro® Horticulture, Agawam, MA). The rhizomes of field collected 

Johnson grass were cut, washed in 2:100 volume of soap and water and replanted in planting 

tubes. Plants were grown at 27°C under a 16L:8D cycle and 70% relative humidity for three 

weeks. 

 

Aphids were collected from grain sorghum (30°32'33.0"N 96°25'36.4"W) and Johnson grass 

(30°32'18.3"N 96°25'04.4"W) field sites and placed on respective grain sorghum or Johnson 

grass plants in separate 40 x 30 x 30 cm cages to establish main colonies. Main colonies were 

defined as those containing a genetic mix of SAs. Cages were constructed from plexiglass sheets 

(ACME Glass Company, Bryan, TX) and fused together with methylene chloride and masking 
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tape. Grain sorghum and Johnson grass-reared SA colonies were maintained under the conditions 

listed above. Plants were added to both colonies each week to sustain population numbers. 

 

Establishing Clonal Aphid Colonies 

 Aphid clonal colony cages were constructed from 1-liter plastic bottles. A 3mm diameter hole 

was cut around the neck of the bottle, while the bottom portion was completely removed. The 

base of a plant tube was then fitted through the hole and secured with masking tape. To prevent 

aphid escape, the bottle was covered with nylon hosiery. With a paintbrush, a single apterous 

aphid from the main SA colonies generated above was placed on a grain sorghum or Johnson 

grass leaf in each bottle cage. Aphids were placed on the same plant species from which they 

were reared in the main colonies. In total, 20 clonal colonies per plant species were maintained in 

a rearing room under the same conditions mentioned above. 

 

Rearing parasitoids 

Grain sorghum or Johnson grass plants infested with SA from the main colonies were placed in 

separate 40 × 30 × 30 cm cages to rear A. nigritus. These A. nigritus cages were put in a different 

room (to avoid parasitoid contamination of the main colonies), under similar light and 

temperature conditions as the SA main colonies above. Aphelinus nigritus mummies 

(successfully parasitized SA) were obtained from the grain sorghum and Johnson grass field sites 

referenced above and individually placed in 0.2 ml PCR tubes (Thermo Fisher Scientific, 

Waltham, MA). Aphid mummies were observed daily until parasitoid emergence. All emerged 

A. nigritus were transferred to A. nigritus cages containing grain sorghum or Johnson grass SA- 

infested plants. Mummies produced in either parasitoid cage were placed in separate PCR tubes 
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and monitored daily until emergence. Only female parasitoids aged 0 - 24 hours were used in 

experiments. Once emerged, females were transferred to separate 1.5 ml centrifuge tubes (VWR 

International, Radnor, PA) containing 2 L of autoclaved water (smeared on the sides of the tube 

to allow hydration while preventing drowning) and a 0 - 72 hour-old male. Females and males 

were observed until mating occurred. 

 

Honeydew Collection 

10 apterous, adult aphids from each of the 20 grain sorghum and Johnson grass clonal colonies 

were transferred via paintbrush to separate clip-cages. Clip cages were lined with round plastic 

disks for honeydew droplet collection and attached to the leaves of 3-week-old grain sorghum or 

Johnson grass plants. Aphids were placed on the same plant species from which they were 

reared. The cages were clipped to each plant and honeydew was deposited continuously for one 

of 3 timepoints: 24, 72, or 120 hours. After freeze-drying for 24 hours, the honeydew disks were 

weighed, then diluted in 15μl High Pressure Liquid Chromatography (HPLC)-grade water, 

filtered through spin columns (Thermo Fisher Scientific) and stored in 1.5ml centrifuge tubes at -

20 °C until use. Twenty replicates (clip cages) per plant species and time point were used for 

HPLC analysis, while 20 other replicates were used in bioassays to assess parasitoid preference.  

 

Analysis of Honeydew Composition Using HPLC 

Sugar and organic acid composition of SA honeydew was analyzed through HPLC. Pre-run, 

samples were thawed and sonicated for 2 minutes, then spun down in a centrifuge at 13,500 rpm. 

Samples were transferred to 2 ml screw top vials containing 150 L glass inserts (Agilent 

Technologies, Santa Clara) and run on the Agilent 1200 binary LC gradient system using the Hi-
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Plex Ca (Duo) 7.7 x 50 mm column and 8L guard column (Agilent Technologies, Santa Clara). 

This system included a quaternary gradient pump, degasser, and Thermostatted Column 

Compartment (TCC SL) diode-array detector (DAD) connected to a 1260 Infinity II refractive 

index detector (RID). The column was eluted with 100% HPLC water at a flow rate of 4.0 ml/min 

at 80°C. The amino acid composition of SA honeydew was analyzed on the same system using the 

AdvanceBio AAA 2.7 m 4.6 x 100mm column with a 2.7 m guard column (Agilent 

Technologies, Santa Clara). Two eluent mixtures (A:10mM Na2HPO4 – 10mM Na2B4O7 at a pH 

of 8.2 and B: 45:45:10% ACN: MeOH HPLC Grade water) were run through the column at a flow 

rate of 1.2ml/min at 40°C. Amino acids were derivatized with o-phthalaldehyde (OPA), 9-

fluorenylmethyloxycarbonyl (FMOC), a borate buffer, and injection diluent containing 100ml of 

eluent mixture A and 0.4 ml concentrated H3PO4 (Agilent Technologies, Santa Clara) to create 

fluorescent molecules for enhanced detection at the 390 nm DAD wavelength [123]. Using the 

Agilent OpenLab ChemStation software, sugar, organic acid, and amino acid identities were 

determined by comparing retention times to those of authentic standards (Sigma-Aldrich, St. 

Louis). Quantities for each compound were determined by comparing peak areas to calibration 

curves.  

 

Statistical analyses were performed using R, Version 4.0.5 (R Core Team, Vienna). Honeydew 

sugar and amino acid content were analyzed by conducting non-metric multidimensional scaling 

ordinations in the package VEGAN [124] to visualize blend differences. Permutational 

multivariate analysis of variance (PERMANOVA) was conducted to quantify differences in 

blends at different collection timepoints and between host plants [125]. The normality of the data 

was verified using Levene's Test of Equality of Variances. An ANOVA assessed the effects of 
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collection timepoint, host plant diet, and an interaction between the two on the total sugar 

concentration of honeydew. Total sugar concentration of honeydew was the dependent variable, 

while collection timepoint and host plant diet were independent variables. Tukey’s HSD assessed 

pairwise comparisons in the total sugar concentration of honeydew by host plant and between 

each collection timepoint. T-tests with Bonferroni corrections were used to compare individual 

sugar, amino acid, and organic acid compounds between host plants within collection timepoints.  

 

Measuring Parasitoid Preference  

Parasitoid preference for either honeydew source was measured at two timepoints: 24 and 120 

hours. Five L of honeydew collected after 24 and 120 hours (from each of the 20 grain sorghum 

and Johnson grass replicate plants mentioned above) was pipetted onto respective two-week old 

grain sorghum and Johnson grass leaves. The leaves were then placed on opposite sides of a 30 

mm diameter x 11 mm high Petri dish. With a paintbrush, one female parasitoid was placed at 

the center of the dish. The parasitoid was allowed to acclimate for 5 minutes before recording 

behavior for 10 minutes using the Behavioral Observation Research Interactive Software 

(BORIS, Turin, Italy) [126]. Preference was measured as the relative proportion of time spent on 

each treatment (= total time on one treatment leaf/the total time spent on both treatment leaves). 

To test parasitoid attraction to either honeydew source, grain sorghum or Johnson grass leaves 

with a drop of water were used as no-sugar sources in a choice-test setting. The study contained 

three choice test variations: 1) honeydew produced by SAs feeding on grain sorghum (herein 

referred to as grain sorghum honeydew) versus water on a grain sorghum leaf, 2) honeydew 

produced by SAs feeding on Johnson grass (herein referred to as Johnson grass honeydew) 

versus water on a Johnson grass leaf, and 3) grain sorghum honeydew versus Johnson grass 
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honeydew on their respective leaves. Accounting for bias toward the original parasitoid aphid 

host (i.e., whether mothers of experimental parasitoids were reared on grain sorghum or Johnson 

grass fed SAs), each choice test variation per timepoint consisted of 20 replicates, 10 with 

parasitoids whose mothers were reared on grain sorghum fed SAs, and the other 10 with 

parasitoids whose mothers were reared on Johnson grass fed SAs. To avoid directional bias, the 

locations of plant leaves on the Petri dish were swapped every other replicate. Each replicate 

consisted of a separate female parasitoid.  

 

Statistical analyses were performed using JMP®, Version 15.2 (SAS Institute Inc., Cary, NC). 

Data from both honeydew versus water experiments (grain sorghum honeydew versus water and 

Johnson grass honeydew versus water) at both collection timepoints (24 and 120 hours) were 

compared to assess the strength of attraction to either honeydew when a second honeydew source 

was not present. Preference for honeydew as well as by the original parasitoid aphid host and 

collection timepoint was assessed in an ANCOVA. The relative proportion of time was measured 

as the total time spent on grain sorghum honeydew (or Johnson grass honeydew)/ the total time 

spent on each honeydew source and water. The data were converted to arcsine square-root values 

(ASIN (SQRT x)) × 57.296) and considered as the dependent variable, while collection 

timepoint, original parasitoid aphid host (i.e., parasitoids whose mothers were reared on grain 

sorghum or Johnson grass fed SAs) were independent variables. Choice treatment (grain 

sorghum honeydew, Johnson grass honeydew, or water) was also factored to assess the strength 

of attraction for one honeydew source over another, between honeydew versus water 

experiments. Honeydew concentration (dry weight in g/15L HPLC-grade water) was used as a 

covariate to account for notable differences in concentration between 24- and 120-hour samples. 
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One-sample t-tests with Bonferroni corrections were then conducted to compare parasitoid 

preference within treatments, by collection timepoint, and by original parasitoid aphid host (null 

hypothesis = no difference in relative time spent on one choice treatment versus another).  

 

Parasitoid Preference: Grain Sorghum Versus Johnson Grass Honeydew  

The effect of two available sources of honeydew (grain sorghum and Johnson grass) on 

parasitoid preference, along with collection timepoint and original parasitoid aphid host was 

measured in a separate ANCOVA. The relative proportion of time was measured as the total time 

spent on grain sorghum honeydew/ the total time spent on both grain sorghum and Johnson grass 

honeydews. As with the honeydew versus water experiments, the data were normalized through 

arcsine transformations and considered the dependent variable. Collection timepoint and original 

parasitoid aphid host were independent variables. The difference in concentration between grain 

sorghum and Johnson grass honeydew was used as a covariate. One-sample t-tests with 

Bonferroni corrections then compared parasitoid preference within treatments, by collection 

timepoint, and by original parasitoid aphid host. 

 

Results  

SAs Fed on Grain Sorghum and Johnson Excretes Honeydew of Varying Concentrations  

The total sugar concentration of honeydew from SAs feeding on grain sorghum and Johnson 

grass significantly differed by timepoint and by host plant, but there was no significant 

interaction between the two (Table II-1). Overall, sugar concentration was greater in Johnson 

grass samples (Figure II-1 A). Total sugar concentrations increased over time although sugar 

concentration did not vary between the 72 and 120-hour timepoints (Figure II-1 B). Despite this, 
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there was a trend towards greater concentrations of sugar in Johnson grass versus grain sorghum 

at each timepoint.  

 

Sugar, Amino Acid, and Organic Acid Profiles Are Similar Between Host Plants  

Sugar and organic acid profiles were not significantly different between grain sorghum and 

Johnson grass honeydew collected after 24 (PERMANOVA F = 3.0852; df = 1,34; P = 0.06) 

(Figure II-2 A) and 72 (PERMANOVA F = 1.5388; df = 1,34; P = 0.212) hours (Figure II-2 B). 

There was a significant difference in profiles between honeydews collected after 120 hours 

(PERMANOVA F = 3.7925; df = 1,34; P = 0.01) (Figure II-2 C). The sugars detected in grain 

sorghum and Johnson grass honeydew samples are shown in Table II-2. Fructose was marginally 

more abundant in Johnson grass honeydew than in grain sorghum honeydew after 72 hours (T = 

4.215; df = 1,34; P = 0.0474). The only organic acid detected in SA honeydew was fumaric acid, 

which was more abundant in Johnson grass than in grain sorghum honeydew at both 24 (T = 

10.71; df = 1,34; P = 0.0025) and 120-hour (T = 5.325; df = 1,34; P = 0.0272) collection 

timepoints (Table II-2). Amino acid profiles were not significantly different between host plant 

honeydews at any of the collection timepoints. Of the detected amino acids, proline, serine, 

aspartic, and glutamic acid were most abundant on honeydew samples in both plant species. Host 

plant-specific differences in amino acids were observed for tryptophan after 120 hours (T = 6.04; 

df = 1,31; P = 0.0198) and Tyrosine after 24 hours (T = 9.401; df = 1,31; P = 0.0041) (Table II-

3).  
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Aphelinus nigritus is Attracted to Honeydew Excreted by Aphids Feeding on Both Grain 

sorghum and Johnson grass 

Across treatments, parasitoid preference (measured as the relative proportion of time spent on 

each treatment) was not influenced by collection timepoint or by the aphid host from which the 

parasitoid emerged. In comparing the two experiments, parasitoids preferred honeydew over 

water, no matter on which host plant honeydew was provided (Table II-4). When given the 

choice between grain sorghum honeydew and water, both grain sorghum and Johnson grass 

parasitoids preferred grain sorghum honeydew at both timepoints (Figure II-3 A). Given the 

choice between Johnson grass honeydew and water, grain sorghum parasitoids preferred Johnson 

grass honeydew at both 24-hour and 120-hour timepoints. However, Johnson grass parasitoids 

preferred Johnson grass honeydew at the 24-hour timepoint but made no choice at the 120-hour 

timepoint (Figure II-3 B).  

 

Aphelinus nigritus Prefers Johnson grass over Grain Sorghum Honeydew 

Across treatments, preference was not influenced by collection timepoint, by the aphid host from 

which the parasitoid emerged, or by an interaction between the two (Table II-5). At the 24-hour 

timepoint, grain sorghum parasitoids preferred Johnson grass honeydew, while Johnson grass 

parasitoids preferred grain sorghum honeydew. At 120 hours, both grain sorghum and Johnson 

grass parasitoids preferred Johnson grass honeydew (Figure II-4).  
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Table II-1 Results from ANOVA indicate that timepoint and host plant diet affect honeydew 

total sugar concentration. Bolded values indicate statistical significance at p < 0.05.  

 

Variables F value df P value 

Collection Timepoint 11.2749 2,104 < 0.0001 

Host Plant  6.0142 2,104 0.0159 

Collection Timepoint  

x Host Plant   
0.4947 2,104 0.6112 

 

Figure II-1 (A) Overall, sugar concentration of honeydew is greater in honeydew from Johnson 

grass aphids (see Table I-1). Statistical significance at p < 0.05). (B) Total sugar concentrations 

of SA honeydew increase over time but are indistinguishable between the 72 and 120-hr 

timepoints. As per Tukey’s HSD, different letters indicate statistical significance across 

timepoints at p < 0.05.  
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Figure II-2 Non-metric multidimensional scaling (NMDS) ordination diagram. Sugar and organic acid profiles are similar between 

grain sorghum and Johnson grass honeydew collected after 24 (A) and 72 (B) hours. Profiles are significantly different between grain 

sorghum and Johnson grass honeydew collected after 120 hours (PERMANOVA F = 3.7925; df = 1,34; P = 0.01) (C).  
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Table II-2 Sugar and Organic Acid Concentrations (mg/ml) of grain sorghum and Johnson grass SA Honeydew Over Time. Values 

are mean ± SE of the mean. As per one-way ANOVA, bolded values within timepoints indicate statistical significance at p < 0.05. 

 

 24 hours 72 hours 120 hours 

Sugar/ 

Organic Acid 
Grain sorghum Johnson grass Grain sorghum Johnson grass Grain sorghum Johnson grass 

Fructose 0.66 ± 0.71  1.18 ± 0.73 2.47 ± 0.71 4.67 ± 0.68 3.32 ± 0.73 4.87 ± 0.70 

Glucose 0.76 ± 0.66 1.3 ± 0.68 2.39 ± 0.66 4.32 ± 0.63 2.91 ± 0.68 4.55 ± 0.64 

Melezitose 0.1 ± 0.10 0.11 ± 0.10 0.39 ± 0.10 0.43 ± 0.10 0.35 ± 0.12 0.52 ± 0.10 

Stachyose 0.02 ± 0.01 0.02 ± 0.01 0.03 ± 0.01 0.02 ± 0.01  0.01 ± 0.01 0.01 ± 0.01 

Sucrose 1.36 ± 0.99 1.34 ± 0.96 3.47 ± 0.96 4.58 ± 0.89 3.15 ± 0.96 4.17 ± 0.91 

Fumaric Acid 1.16 ± 0.35 1.82 ± 0.37 2.39 ± 0.36 3.24 ± 0.34 2.34 ± 0.37 3.76 ± 0.35 
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Table II-3 Proportional Composition of Amino Acids in grain sorghum and Johnson grass SA Honeydew Over Time. Values are 

mean proportions ± SE of the mean. As per one-way ANOVA, bolded values indicate statistical significance at p < 0.05. 
 

 24 hours 72 hours 120 hours 

Amino Acid  Grain sorghum Johnson grass Grain sorghum Johnson grass Grain sorghum Johnson grass 

Alanine 0.09 ± 0.03 0.03 ± 0.03 0.06 ± 0.03 0.1 ± 0.03 0.01 ± 0.04 0.02 ± 0.03 

Arginine 0.02 ± 0.02 0.02 ± 0.02 0.07 ± 0.02 0.05 ± 0.02 0.02 ± 0.02 0.01 ± 0.02 

Asparagine 0.03 ± 0.01 0.03 ± 0.01 0.03 ± 0.01 0.03 ± 0.01 0.12 ± 0.01 0.11 ± 0.01 

Aspartic Acid 0.08 ± 0.02 0.14 ± 0.02 0.01 ± 0.02 0.09 ± 0.02 0.13 ± 0.03 0.11 ± 0.02 

Glutamic Acid 0.16 ± 0.03 0.16 ± 0.03 0.11 ± 0.03 0.14 ± 0.03 0.16 ± 0.03 0.15 ± 0.03 

Glutamine 0.01 ± 0.01 0.02 ± 0.01 0.02 ± 0.01 0.02 ± 0.01 0.02 ± 0.01 0.17 ± 0.01 

Glycine 0.04 ± 0.01 0.03 ± 0.01 0.04 ± 0.01 0.03 ± 0.01 0.01 ± 0.01 0.03 ± 0.01 

Histidine 0.01 ± 0.01 0.01 ± 0.01 0.03 ± 0.01 0.01 ± 0.01 0.01 ± 0.01 0.11 ± 0.01 

Isoleucine 0.01 ± 0.003 - 0.01 ± 0.003 0.01 ± 0.003 0.01 ± 0.004 0.01 ± 0.003 

Leucine 0.01 ± 0.003 0.01 ± 0.002 0.01 ± 0.003 0.01 ± 0.003 0.01 ± 0.004 0.02 ± 0.004 

Lysine - 0.01 ± 0.002 - - 0.01 ± 0.003 - 

Phenylalanine 0.01 ± 0.01 - 0.01 ± 0.01 0.02 ± 0.01 0.01 ± 0.01 0.02 ± 0.01 

Proline 0.39 ± 0.07 0.34 ± 0.07 0.31 ± 0.07 0.3 ± 0.07 - 0.02 ± 0.07 
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Serine 0.07 ± 0.04 0.15 ± 0.04 0.14 ± 0.04 0.12 ± 0.04 0.35 ± 0.04 0.12 ± 0.04 

Threonine 0.01 ± 0.001 0.02 ± 0.006 0.02 ± 0.006 0.04 ± 0.006 0.03 ± 0.007 0.01 ± 0.006 

Tryptophan 0.01 ± 0.003 - 0.01 ± 0.003 - 0.02 ± 0.003 0.09 ± 0.003 

Tyrosine 0.02 ±0.003 0.003 ± 0.003 0.02 ± 0.004 0.01 ± 0.004 0.04 ± 0.004 0.03 ± 0.004 

Valine 0.02 ± 0.01 0.02 ± 0.01 0.01 ± 0.01 0.02 ± 0.01 0.01 ± 0.01 0.01 ± 0.01 
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Table II-4 Neither timepoint nor original parasitoid aphid host mediate parasitoid preference 

(measured as the relative proportion of time spent on each treatment) for grain sorghum or 

Johnson grass honeydew versus water. Bolded values indicate statistical significance at p < 0.05. 

 ANCOVA 

Variables F value df P value 

Collection Timepoint 1.096 1,71 0.2986 

Original Parasitoid Aphid host   0.6485 1,71 0.4223 

Collection Timepoint x Original 

Parasitoid Aphid host   
0.4947 2,104 0.6112 

Choice Treatment  0.0729 1,71 0.7879 

Honeydew Concentration 

(covariate) 
4.9370 1,71 0.0295 
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Figure II-3 (A) Grain sorghum and Johnson grass parasitoids are both attracted to grain sorghum 

honeydew. (B) Grain sorghum and Johnson grass parasitoids are mostly attracted to Johnson 

grass honeydew. As per a one-sample t-test, an asterisk indicates statistical significance at p < 

0.05. 

 

Table II-5 Neither timepoint nor original parasitoid aphid host mediate parasitoid preference 

(measured as the relative proportion of time spent on each treatment) for grain sorghum versus 

Johnson grass honeydew  

 ANCOVA 

Variables  F value df P value 

Collection Timepoint 1.107 1,35 0.300 

Original Parasitoid Aphid host   3.616 1,35 0.066 

Collection Timepoint × Original 

Parasitoid Aphid host   
1.331 1,35 0.256 

Honeydew Concentration 

(covariate) 
0.136 1,35 0.714 
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Figure II-4 Both grain sorghum and Johnson grass parasitoids preferred Johnson grass 

honeydew, with the exception of Johnson grass parasitoids at the 24-hour timepoint (one-sample 

t-test). As per a one-sample t-test, an asterisk indicates statistical significance at p < 0.05. 

 

Discussion 

Aphelinus nigritus preferred sorghum aphid honeydew produced by SA feeding on Johnson grass 

over that of SA feeding on grain sorghum. This preference does not appear to be mediated by 

differences in honeydew sugar, amino acid, or organic acid composition between honeydews 

from SA feeding on Johnson grass or grain sorghum. The sugar and organic acid profiles were 

mostly similar between honeydews produced by SA feeding on sorghum and Johnson grass, 

except for honeydews collected after 120 hours. Differences at this timepoint appear to stem 

from a greater accumulation of fumaric acid in Johnson grass honeydew. No study to my 

knowledge has assessed the role of fumaric acid as a parasitoid attractant or repellant. 

Consequently, it is unknown as to whether this organic acid affects parasitoid recruitment to 
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Johnson grass honeydew. Amino acid profiles were similar between host plants across all 

timepoints. About 70% of all detected amino acids consisted of aspartic acid, glutamic acid, 

proline, and serine —all nonessential amino acids for aphids [60, 99, 127], which obtain essential 

amino acids from the obligate bacterial endosymbiont Buchnera aphidicola [128]. Further, 

aspartic acid, glutamic acid, and proline are likely not limiting amino acids, having all been 

detected in high amounts on several cultivars of grain sorghum [129, 130] and detected in 

Johnson grass honeydew samples in this study.  

 

With respect to honeydew sugar concentration, I observed a higher concentration of total 

honeydew sugars in Johnson grass. Higher honeydew sugar concentrations may result from 

generally higher concentrations of sugar in Johnson grass leaves. However, despite studies 

separately assessing sugar concentration in Johnson grass rhizomes and leaves [131, 132] and 

grain sorghum kernels [133], direct measurements of differences in phloem sugar concentration 

between these two plant species have not been attempted, to my knowledge.  

 

Through the honeydew preference bioassays, it was evident that honeydew from either plant 

source is attractive to A. nigritus. In the honeydew versus water choice tests, honeydew from 

aphids fed on the two host plants tested elicited A. nigritus feeding and searching behaviors. The 

specific sugar requirements of this parasitoid have not been reported. However, several 

aphelinids readily consume and display searching behaviors on host honeydew [134-136], 

suggesting that A. nigritus may use honeydew as a cue to locate SA. This is not always common 

in parasitoids, likely due to high levels of oligosaccharide sugars that may reduce honeydew 
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palatability [137]. Along with crystallization, high viscosity can also make honeydew sugars 

difficult to consume [102], which is why parasitoids tend to prefer nectar resources [138]. 

However, during SA infestations, SA honeydew is likely the most reliable and widely available 

sugar resource for A. nigritus inhabiting grain sorghum and Johnson grass fields. Even if nectar 

or extra floral nectar is available along field margins, A. nigritus may choose the sugar option 

closest to their host and present in high abundances, as seen in other parasitoids [106]. This is 

likely because for synovigenic parasitoids (i.e., females are not born with their full complement 

of eggs), reducing energy use and host searching costs by remaining within host patches may 

increase the number of eggs they oviposit, creating selective pressure to evolve honeydew 

consumption instead of reliance on nectar and the associated active searching for flowers [139, 

140].    

 

The original parasitoid aphid host does not generally affect this parasitoid’s preference for an 

available sugar resource. While sugar requirements specific to A. nigritus have not been reported, 

species of Aphelinidae are known to consume glucose, fructose, and sucrose [136, 141, 142]. It 

is important to remember that A. nigritus is synovigenic, and would require some source of 

sugars to mature eggs [143]. Thus, females would likely not reject available honeydew, 

irrespective of the host plant. This idea is supported by comparisons of the honeydew versus 

water experiments, where parasitoids displayed similarly strong preferences for either grain 

sorghum or Johnson grass honeydew over water.  
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When given a choice between grain sorghum and Johnson grass honeydew, most parasitoids 

preferred Johnson grass honeydew. This is surprising as it directly contrasts field observations of 

higher A. nigritus parasitism rates on grain sorghum (B. Elkins, unpublished data). Differing 

field parasitism rates may reflect physical instead of chemical plant traits. Compared to grain 

sorghum, mature Johnson grass has more bicellular trichomes that can lead to microroughness on 

the leaves [144] Leaf surface can influence parasitism rates of the same host feeding on multiple 

plants. For example, Mulatu et al. [145] observed lower instances of parasitism in the potato 

tuber moth, Phthorimaea operculella when feeding on tomato versus potato leaves. This is 

attributed to a high density of glandular trichomes on tomato that deter parasitoid visitation. 

Differences in leaf surface may also significantly slow parasitoid movement, which could make 

finding hosts difficult [146]. Although parasitoids generally prefer plants on which they produce 

more offspring [147-149], this is not always the case [150]. In this system, it appears that A. 

nigritus’s honeydew preferences do not align with their host oviposition preference.  

 

The only exception to A. nigritus’s preference for Johnson grass honeydew were parasitoids 

originating from Johnson grass, which preferred grain sorghum over Johnson grass honeydew 

collected after 24hours. This result, along with the observations of no preference in Johnson 

grass parasitoids between Johnson grass honeydew collected after 120 hours and water are 

perplexing. Since honeydew is a suitable medium for microbial growth [101, 156, 157], these 

results were initially presumed to stem from differences in the microbial compositions of grain 

sorghum and Johnson grass honeydews. Available data on the microbial compositions of both 

honeydews at different timepoints (J. Holt, unpublished data) does not evidence a correlation 
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with parasitoid preferences measured in this study. As opposed to microbes themselves, my 

results concerning parasitoid preferences may stem from the presence of microbial metabolites or 

microbial volatile organic compounds (MVOCs), which are both shown to mediate natural 

enemy activity. For example, some metabolites of the bacterium Bacillus thuringiensis repel and 

deter oviposition of Eretmocerus eremicus parasitoids on whiteflies [158]. With respect to 

volatiles, Fand et al. [159] isolated VOC-producing bacteria from grapevine mealybug honeydew 

that was highly attractive to the endoparasitoid Anagyrus dactylopii. Similarly, Leroy et al. [101] 

isolated microorganisms from pea aphid honeydew that attracted and enhanced predation by 

hoverflies. Based on this chapter’s results, the microbial metabolites or MVOCs present in SA 

honeydew should be assessed and their roles in mediating A. nigritus honeydew preferences 

tested.  

 

Despite an apparent host preference for SAs feeding on grain sorghum, Aphelinus nigritus 

attraction to Johnson grass SA honeydew has positive implications for pest management, as it 

suggests that this honeydew can recruit parasitoids to SA-infested plants. Ideally, this could lead 

to augmentation of parasitoid populations to potentially suppress SA on Johnson grass before it 

spills over to grain sorghum during the crop’s growing season. Whether A. nigritus honeydew 

attraction can lead to SA suppression is another relevant question that should inform any 

assessments of this parasitoid’s potential as a biocontrol agent of SA.     
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CHAPTER III  

APHELINUS NIGRITUS INDUCES TRANSGENERATIONAL FECUNDITY 

COMPENSATION IN PARASITIZED MELANAPHIS SORGHI  

 

When threatened, aphids adopt a series of behavioral, physiological, developmental, and/or 

morphological responses against their natural enemies [160, 161]. Depending on the degree of 

enemy threat, prey may engage in first-line, second-line, or last resort responses. First-line 

responses are immediate and typically include behavioral responses such as dropping off plants 

[68], rhythmic kicking [162], or abdomen bucking [163], or chemical responses such as the 

production of cornicle secretions. In some aphids, cornicle secretions bear alarm pheromones 

that alert conspecifics of impending danger [164]. Cornicle secretions can also coat the face and 

mouthparts of certain predators and prevent predators’ molting or lead to starvation [64]. While 

first-line responses can be successful, they are often bypassed by some aphid parasitoids. For 

example, the kicking and bucking defensive behaviors of Diuraphis noxia, do not reduce rates of 

parasitism by Aphelinus asychis and Aphidius matricariae [165]. Some parasitoids are also 

attracted to the (E)-𝛽-farnesene (EBF) component of the aphid alarm pheromone [166] 

facilitating parasitism [167]. In situations where first-line responses are overcome, aphids may 

proceed with second-line immunological responses.  

 

Second-Line Immunological Response  

In many insect hosts, immunological responses include the initiation of encapsulation and 

melanization responses [62, 168]. During encapsulation, host hemocytes surround a developing 

parasitoid. Melanin is then deposited around the parasitoid egg or larva to asphyxiate the intruder 



 

33 

 

[62, 169]. Launching immunological responses is costly [170, 171], as they may negatively 

affect insect host size, fecundity, and mating success [172]. In cases of super parasitism (i.e., 

conspecific females ovipositing in a previously parasitized host), the insect host immune system 

may not effectively respond to parasitoid threats [173, 174], especially when other factors like 

pesticide exposure or predation threat are at play [175]. Similarly, the dual presence of predators 

and parasitoids can overwhelm host responses and ultimately suppress immune function [176, 

177]. Aphids lack strong encapsulation responses against parasitism [178, 179]. However, it is 

worth noting that some aphids compensate for immune deficiencies by forming mutualisms with 

bacterial endosymbionts. Nonetheless, the effectiveness of symbiont-mediated responses varies 

by parasitoid type. As an example, pea aphids, Acyrthosiphon pisum containing the bacterial 

endosymbiont, Hamiltonella defensa, can survive parasitism by Aphelinus ervi. However, H. 

defensa provides no protection against Praon pequodorum [180]. A similar case is seen with 

Aphis fabae; when hosting H. defensa, the aphid is protected from Aphidius colemani, but not 

from Lysiphlebus fabarum attacks [181]. 

 

Third-Line Fecundity Response 

When behavioral, chemical and immunological responses fail, aphids and other insect hosts may 

trade survival for increased reproduction [182]. Parasitism effects are often not immediate, but 

rather increase over the time of host infection [183]. Therefore, hosts have a short window of 

opportunity to utilize resources towards increased fecundity. For example, parasitized 

Drosophila nigrospiracula males court more females and invest more reproductive effort than 

unparasitized controls [184]. Similarly, following high-dose infections of the pathogen Serratia 

marcescens, Gryllus texensis crickets tend to lay more eggs [185]. Among crustaceans the water 
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flea, Daphnia magna, exhibits fecundity compensation when parasitized by the horizontally 

transmitted microsporidian, Glugoides intestinalis [186]. In certain cases, parasitism is not 

necessary for compensation; a simple mechanical injury like small needle punctures can induce 

reproduction. For example, pea aphids wounded with needles accelerate reproduction of live 

offspring [70]. When punctured with a needle containing gram negative (G-) bacterium 

Enterobacter cloacae, punctured aphids continually increase their reproductive rate relative to 

uninfected controls [187]. In some aphids, fecundity compensation may be delayed till the next 

generation. For instance, soybean aphids, Aphis glycines, parasitized by Lysiphlebus orientalis 

exhibit transgenerational fecundity compensation, wherein their surviving offspring exhibit 

higher fecundity than offspring from non-parasitized aphids [188]. Similarly, the offspring of 

cowpea aphids, Aphis craccivora, reproduce more when parents are parasitized by L. orientalis 

or Lysiphlebus fabarum [189]. Whether direct or transgenerational, this physiological response 

often comes with a cost, as infected aphids typically have shorter longevity than controls [187]. 

However, in some aphid species, fitness (measured as reproductive success) is ultimately higher 

among parasitized individuals.  

 

Potential for Fecundity Compensation in SA 

SA is an anholocylic species, wherein nymphs are born alive (viviparous), and females 

reproduce parthenogenetically [40]. In the presence of A. nigritus parasitoids, SAs display a 

series of bucking and kicking behaviors (pers. observation). However, A. nigritus usually 

bypasses these first line responses and oviposits in its aphid hosts. SA encapsulation responses 

have not been studied, and the aphid does not possess any of the known facultative 

endosymbionts like H. defensa, which may protect against the parasitoid [190]. As seen in other 
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aphid studies [70, 188], SAs may respond to natural enemy attack by increasing their fecundity. 

In this study, I assessed whether fecundity compensation occurs in SA populations. I tested for 

fecundity compensation by first simulating aphid wounding with a needle puncture, then 

exposing aphids to parasitism by A. nigritus. Based on prior studies, I hypothesized that aphids 

punctured by a needle and stung by A. nigritus would produce more offspring than 

corresponding unpunctured/unstung controls. Additionally, I hypothesized an increase in aphid 

reproduction among the F1 generation of needle punctured/A. nigritus-stung aphids. 

 

Materials and Methods 

SAs occurring on grain sorghum, Sorghum bicolor, at the Texas A&M University Farm (TAMU 

Farm) in Somerville, Texas (30°32'58.0"N 96°26'01.6"W) were collected in fall 2018 and reared 

on DEKALB® DKS 4420 (Bayer, St. Louis, MO) grain sorghum plants in a 34.3 x 34.3 x 61 cm 

rearing cage (BioQuip, Rancho Dominguez, CA) to establish a main colony from which clonal 

colonies were derived. The cage was placed on a shelf in a rearing room at 27°C under a 16:8 

light-dark cycle.  

 

Establishment of Clonal Colonies  

To take into account the potential effects of aphid genotype on the results [191], pairs of 5-day 

old SAs born to the same mother (i.e. sister clones) were used for control and treatment 

replicates. To generate sister clones and standardize SA age, adult apterous aphids were 

transferred from the main colony to separate three-week-old sorghum plants in a 3.8 x 20.96 cm-

high cone-shaped cell (Amazon, Seattle, Washington), and enclosed in a 1-liter plastic bottle. 

The base of the bottle was removed and covered with mesh fabric (Joann, Hudson, Ohio) and 
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placed on a separate shelf in a rearing room under the same conditions mentioned above. Each 

aphid was monitored daily for survival and reproduction. Aphids who died before producing 

nymphs were replaced. 5-day old aphid sister clones were removed in pairs from each plant and 

used for needle puncture or parasitism experiments. In cases in which aphid mothers produced 

more than 1 pair of sister clones, each pair was considered a separate experimental replicate (i.e., 

an aphid producing 8 nymphs would generate 4 pairs of sister clones for use in 4 separate 

replicates).  Pairs of sister clones from approximately 30 different aphid mothers were used as 

replicates across needle puncture and parasitism experiments.  

 

Establishment of Aphelinus nigritus colonies  

Approximately 30 mummies containing A. nigritus were collected from aphid-infested grain 

sorghum plants growing in greenhouses outside the Texas A&M Entomology Research Lab 

(30°36'52.5"N 96°21'02.9"W). All mummies were placed in a Petri dish and stored in a plastic 

bag with a damp paper towel to prevent desiccation. After emerging from a mummy, each 

parasitoid was identified with a dichotomous key and added to a 34.3 x 34.3 x 61 cm rearing 

cage (BioQuip, Rancho Dominguez, CA). Species IDs were verified by Dr. Jim Wooley, (Texas 

A&M University). A. nigritus was reared on SA-grain sorghum infested plants (from the aphid 

colony described above) in a growth chamber at 27°C under a 16:8 light-dark cycle. Rearing 

cages were supplemented with aphid-infested grain sorghum plants as needed.  

   

SA Needle Wound Experiment 

F0 parental generation: One aphid from each pair of 5-day old sister clones was placed on an 

experimental arena where they were left undisturbed for five minutes to acclimate [188]. 
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Observation arenas consisted of a 6 mm diameter hole drilled on the left side of a Petri dish. 

Two-week-old sorghum plants, grown in 50ml centrifuge tubes (Thermo Fisher, Waltham, MA) 

with bottoms cut off for drainage, were passed through the Petri dish hole and secured with 

adhesive putty (Figure III-1). The combined plant tube-Petri dish set up was taped to a tray for 

easy handling and transport. Under a dissecting microscope, each aphid was wounded once 

dorso-laterally with a 0.15 mm diameter needle (Bioquip, Rancho Dominquez) attached to a 

bamboo skewer. The wounding site was approximately 1 mm deep and always on the right side, 

just above the cornicle [188]. The needle was cleaned with 95% ethanol, then dipped in cold 

autoclaved water before each wounding. The Petri dish was then covered and placed inside a 

growth chamber under the previously stated conditions. Control replicates were placed in 

experimental arenas but not wounded by needles. Nymphal production was only recorded for 1 

week to assess immediate responses to mechanical wounding. Nymphs produced each day 

between needle wounding and control treatments were removed with a paintbrush.  

 

F1 generation: One neonate nymph from each wounded aphid was placed in a separate 

experimental arena containing a sorghum leaf. These neonate nymphs represented the F1 

generation, so were allowed to develop to the adult stage, without being subjected to wounding 

[188]. Fecundity was recorded daily for 1 week to assess transgenerational fecundity 

compensation, if it occurred. As with the parental generation, all nymphs produced each day by 

treatments and controls were removed with a paintbrush and counted.  
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SA Parasitism Experiment 

F0 parental generation: As in the needle wounding experiment, an aphid from each pair of 5-day 

old sister clones was placed on individual experimental arenas containing sorghum leaves. 

Aphids were allowed to settle for 5 minutes, after which one A. nigritus wasp (cooled at -20 °C 

for 20 seconds before handling) was placed into the experimental arena. The female was 

observed under a dissecting microscope until her ovipositor pierced the aphid. Aphelinus nigritus 

can sting to either host-feed or oviposit. If feeding on host hemolymph, females insert the 

ovipositor for about five minutes, which usually leads to quick host death. In contrast, an 

oviposition sting lasts about 1 minute [192]. To control for host feeding, only aphids stung for 

less than 1 minute were selected as replicates. Since A. nigritus oviposition stings do not always 

lead to parasitism (Hopper, pers communication), aphids that were stung and later mummified 

(successfully parasitized) (17 replicates in this study) were separated from aphids that were stung 

but did not mummify (16 replicates). As such, fecundity compensation was measured under two 

conditions: 1) aphids that mummified, and 2) aphids that did not mummify. Post-sting, wasps 

were removed with an aspirator, and experimental arenas were covered to prevent aphid escape. 

Control replicates were placed in experimental arenas but not stung by A. nigritus. Nymphal 

production of eventually-mummified aphids and control aphids was recorded for 4 days, after 

which mummified aphids stopped producing offspring. As in the needle wounding experiment, 

nymph production between stung but not mummified aphids and controls was recorded for a 

week. Nymphs were removed each day in both experiments. 

 

F1 generation: One nymph from each mummified or stung but not mummified aphid was placed 

in a Petri dish. These nymphs represented the F1 generation. Nymphs were not stung by A. 
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nigritus and allowed to develop to the adult stage. Fecundity was recorded between treatment 

and controls for 1 week. All nymphs produced by F1 aphid mothers were removed each day with 

a paintbrush and counted.  

 

Using the JMP®, Version 15.2 statistical software (SAS Institute Inc., Cary, USA), separate 

ANOVAs measured differences in nymphal production between needle wounding and parasitism 

treatments in the parental and F1 generations  For each generation, the response variable was the 

difference in nymphal production between treatments and controls. The explanatory variable was 

wound type (i.e., needle wounding or parasitoid sting). Mummification was nested with wound 

type to account for aphids who were mummified after a parasitoid sting. Post-hoc, the average 

number of produced nymphs from needle wounding and parasitoid experiments was compared 

against controls (between each pair of sister clones) under a one-sample t-test with Bonferroni 

corrections (null hypothesis = no difference in average number of nymphs produced between 

treatment and controls). For the parasitism treatment, separate t-tests assessed differences in 

reproduction between treatments and controls for mummified and stung but not mummified 

aphids. A one-sample t-test also compared nymphal production by the F1 generation against 

controls.  
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Figure III-1 Experimental setup for needle puncture and parasitoid experiments. 

 

Results 

Fecundity Compensation Occurs in F1 Generations, but Only after Parasitism  

In the parental generation, rates of nymphal production between treatments and controls did not 

significantly differ by wounding type (F = 1.461; df = 1,62; P = 0.2316). Within treatments, 

neither needle wounding nor A. nigritus sting (regardless of whether aphids were mummified) 

increased SA fecundity. Aphid mothers wounded with needles and unwounded controls did not 

significantly differ in fecundity (T = 0.4456; df = 29; P = 0.6593) (Figure III-2 A). Similarly, 

fecundity of aphid mothers mummified by A. nigritus and controls did not significantly differ (T 

= -0.9983; df = 16; P = 0.3351) (Figure III-2 B). Fecundity of aphid mothers who were stung but 

not mummified by A. nigritus and controls was also not significantly different (T = -0.5831; df = 

15; P = 0.5671) (Figure III-2 C). In the F1 generation, rates of nymphal production between 

treatments and controls did not significantly differ by wounding type (F = 0.1296; df = 1,62; P = 

0.7201). Fecundity of F1 aphids wounded by needles and controls were similar (T = -1.6828; df = 

29; P = 0.1035) (Figure III-3 A). However, fecundity of F1 aphids whose mothers were 
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mummified by A. nigritus was greater relative to controls (T = 2.5005; df = 16; P = 0.0118) 

(Figure III-3 B). In contrast, fecundity of F1 aphids whose mothers were stung but not 

mummified was not significantly different from controls (T = 0.8612; df = 15; P = 0.4027) 

(Figure III-3 C).  

 
Figure III-2 Average nymphal production per day after needle wounding (A), mummification 

(B), or a parasitoid sting not resulting in mummification (C) is not significantly different from 

controls in the parental generation (one-sample t-tests. Statistical significance at p < 0.05).   
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Figure III-3 Average nymphal production per day after needle wounding (A), mummification 

(B), or a parasitoid sting not resulting in mummification (C) is only significantly different 

between mummified and control aphids in the F1 generation (one-sample t-tests. Statistical 

significance at p < 0.05).    

 

Discussion  

Transgenerational fecundity compensation was observed in SA when parasitized successfully 

(i.e. mummification occurred) by A. nigritus. In contrast, needle-wounded or stung, but not 

mummified, SAs did not exhibit increased fecundity relative to controls. Parthenogenetic aphids 
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like SA have telescoping generations, meaning mothers contain embryos of their daughters and 

future granddaughters. Thus, the resulting progeny can be subject to adaptive maternal and 

grandmaternal effects, or transgenerational phenotypic plasticity if primed by environmental 

stressors to the mother [193, 194]. Priming occurs when the parental generation provides cues 

that affects the fitness of developing offspring. This has been most commonly reported when the 

parental environment is subject to biotic stressors [195]. As an example, aphids subject to 

overcrowding or high predator stress can be primed to increase the production of winged forms 

[196, 197].   

 

Though much of the literature discusses priming involving the effect of biotic stressors on 

offspring immune responses [198-200], more attention should be given to reproductive priming, 

especially with aphids, which generally possess weak immune responses and telescoping 

generations. Parental priming for enhanced reproduction, leading to fecundity compensation, 

might improve fitness by increasing the output of nymphs [171], which can theoretically lead to 

increases in aphid population growth. In this system, the F1 generation of successfully parasitized 

SA was primed to increase reproductive output. Moreover, average F1 fecundity outweighed that 

of parental aphids, a concerning result that questions A. nigritus’s actual effectiveness as a SA 

biocontrol agent.  

 

No significant difference in fecundity was observed between needle wounded, A. nigritus 

mummified, and A. nigritus stung but not mummified aphids in the parental generation. There 

was also no decrease in SA reproduction in any of our treatments. Altogether, this suggests some 

level of aphid tolerance to multiple types of wounding. In host-parasite systems, tolerance is 
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measured as a host’s ability to survive and limit the health impact of a parasite [201]. Since 

aphids are known to possess weak immunological responses when compared to other insects 

[179], tolerance, as opposed to mounting a costly immune response, in the presence of non-lethal 

wounding may be an effective host strategy. In this study, SA likely displays tolerance by 

maintaining nymph reproduction after a wounding event [202, 203]. In terms of nymph size, 

there was no observable difference in the dry weights of nymphs produced by parental SA 

between either needle or parasitoid treatments and controls. In the needle treatments, nymphs of 

needle wounded aphids weighed an average of 20 ± 2.3 µg/nymph compared to nymphs of 

control aphids which weighed an average of 18.5 ± 2.2 µg/nymph. Nymphs of mummified 

aphids weighed an average of 16 ± 0.39 µg/nymph compared to nymphs of control aphids which 

weighed an average of 19 ± 0.66 µg/nymph. Finally, nymphs of stung, but not mummified 

aphids weighed an average of 17 ± 0.98 µg/nymph compared to nymphs of control aphids which 

weighed an average of 19 ± 0.75 µg/nymph. Interestingly, there was no difference in average dry 

weight between nymphs produced by the F1 generation of mummified SA (16 ± 0.92 µg/nymph) 

and controls (17 ± 0.83 µg/nymph), suggesting that transgenerational fecundity compensation, 

while significantly increasing nymphal production, does not decrease nymphal size. Collectively 

these results suggest that SA, at the very least, can maintain reproduction in the presence of non-

lethal and lethal stressors, up until death.   

 

In this study, aphids that were stung but not mummified survived longer than mummified aphids 

who died approximately 4 days after exposure to A. nigritus. However, the aphids that survived 

A. nigritus stings did not produce nymphs at a higher rate than controls or mummified aphids. 

Similarly, the F1 generation of aphids whose mothers were stung but not mummified did not 
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reproduce at higher rates than controls. Considering the lack of effect also observed in aphids 

(and their offspring) wounded by needles, parasitoid stings, though necessary to trigger 

transgenerational fecundity compensation, are not by themselves sufficient. Only stings that 

resulted in parasitism triggered fecundity compensation in SA F1. This result possibly reflects a 

differential SA reproductive response to increasing risks of death. Unlike with needle or 

parasitoid stings alone, the insertion and development of parasitoid larvae probably cued a risk 

for early death and rapidly shifted resource allocation strategies in successfully parasitized SA 

[184]. Rapid reproduction in response to increased risk has also been explored by Barribeau et al. 

[204], who observed fecundity compensation in pea aphids exposed to the predator-induced 

aphid alarm pheromone (E)-β-farnesene (EBF), but not in aphids wounded by a small gauge 

sterile needle. These results support the assumption that aphids’ perception of risk affects their 

fecundity. 

 

This study did not assess the presence of A. nigritus eggs laid inside aphids that were stung but 

not mummified. Though it can be inferred that mechanical insertion of the A. nigritus ovipositor 

is not enough to trigger compensation, the presence of unhatched eggs may have introduced 

teratocytes (i.e., large extraembryonic parasitoid cells released into a host after a parasitoid egg 

hatches), that constrained the parental environment and generated a cue towards greater F1 

reproduction. Once released from an injected parasitoid egg, teratocytes actively degenerate host 

tissues and often lead to host castration [205, 206]. Teratocytes can also manipulate the obligate 

aphid bacterial endosymbiont Buchnera aphidicola, which provides essential amino acids for 

survival and development [128], by increasing and diverting the production of amino acids to 

feed developing parasitoid larvae [207]. Alternatively, the results may stem from the presence of 
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A. nigritus venom in parental aphids, which could have primed the life history shift for 

reproductive compensation in F1 SA [193]. The injected venom of parasitoids is a widely studied 

host regulation factor used to degrade host tissues in favor of parasitoid larval development 

[208]. Venom proteins in some parasitoids, like the γ-glutamyl transpeptidase isolated from 

Aphidius ervi [209], directly induces apoptosis of host ovaries, which may have signaled a high-

risk need for increased reproduction among F1 SA.    

 

While members of the family Aphelinidae typically inject teratocytes and venom during 

oviposition [210], literature specific to this aspect of A. nigritus reproductive physiology is 

currently lacking. Furthermore, it is unknown if this parasitoid has teratocytes, or if it can sting 

aphids and inject venom without ovipositing, or vice versa. This information is collectively 

relevant to assess whether eggs, teratocytes, or venom separately, or in combination can prime 

increased SA reproduction. Future studies might consider tracking egg insertion in unmummified 

hosts through light microscopy [208] or transmission electron microscopy [211], to validate 

teratocyte production by this parasitoid. If confirmed, teratocytes could be cultured in vitro and 

injected into SA to elicit a potential reproductive response [212]. Alternatively, venom function 

in SA reproduction could be assessed by dissecting and injecting A. nigritus venom into SA 

[213] Altogether, assessing the function of parasitoid eggs, teratocytes, and venom will further 

uncover key mechanistic factors potentially leading to fecundity compensation in SA.  

 

As a major pest of grain sorghum, SA’s ability to tolerate and compensate for A. nigritus stings 

may hamper this parasitoid’s effectiveness as a biological control agent. While this study 

suggests that F1 daughters of mummified aphids may overcompensate for parasitism, it is 
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unknown if compensation spans multiple generations. Moreover, any effects of A. nigritus 

mediated fecundity compensation on field SA population growth remains unknown. However, a 

recent study by Mercer et al. [214] speculates fecundity compensation as a potential explanation 

for initial observations of increased SA populations post-exposure to Aphidius colemani and 

Aphidius ervi biocontrol agents. Whether A. nigritus exposure increases SA populations in the 

field should be assessed to evaluate whether this parasitoid will exert effective control as a 

biocontrol agent. Hopefully, this work will inspire research on the role of parasitoids in 

promoting fecundity compensation in other systems using biocontrol agents against other aphid 

pests. Aphid damage affects multiple crops, including major commodities like soybean, maize, 

wheat, and cotton [1]. Consequently, the existence of fecundity compensation as a response to 

biocontrol agents may have already been exacerbating aphid problems under biocontrol 

programs. Thus, the roles of tolerance and fecundity compensation in aphid population dynamics 

should be examined and assessed in current and future pest control practices.   
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CHAPTER IV  

TENDING BY RED IMPORTED FIRE ANT, SOLENOPSIS INVICTA (HYMENOPTERA: 

FORMICIDAE), INCREASES LOW POPULATION DENSITIES OF MELANAPHIS 

SORGHI, AND ITS NATURAL ENEMIES ON GRAIN SORGHUM, SORGHUM BICOLOR 

 

In Texas, grain sorghum is visited by multiple ant species, most predominately the red imported 

fire ant, Solenopsis invicta Buren, an invasive species introduced to the southern United States 

sometime between 1933 and 1940 [215, 216]. Originally from Argentina, RIFA is an aggressive 

invader that thrives in agroecosystems, primarily because of the mutualisms it establishes with a 

variety of hemipterans [82, 83, 217, 218]. These mutualisms have led to the displacement of 

native ant species [82, 83, 219], and to destruction of grassland habitats [220]. RIFAs have been 

observed tending SA on sorghum in Texas under field (C. Wright, unpublished data) and 

greenhouse conditions (J. Holt, unpublished data) in what could comprise an emerging 

mutualistic interaction. Because mutualisms result in net benefits for each interacting species, it 

is possible that SA populations tended by RIFA could increase to the detriment of grain sorghum 

production.  

 

Predictably, a RIFA-SA mutualism would be problematic as the density of both species would 

likely increase, as it has been reported for RIFA mutualisms with the cotton mealybug, 

Phenacoccus solenopsis on Chinese hibiscus [221], and with aphid pests on tomato plants [82]. 

Mutualism-driven increases in RIFA density may lead to the production of large mounds, which 

can interfere with crop harvesting [222, 223]. In addition, RIFAs can interfere with aphid natural 

enemies, as reported for RIFAs tending cotton aphid, Aphis gossypii, attacking and reducing the 
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density of predatory lacewings and lady beetles [217, 224], so facilitating additional increases in 

RIFA and aphid population densities. RIFA has become a prolific mutualist due in part to a lack 

of interspecific competition in the US versus their native Argentina, where they often compete 

with Camponotus, Crematogaster, Azteca, Cephalotes, and Nylanderia ants [78]. This lack of 

competition makes RIFAs more likely to develop a food-for-protection mutualism with SA in 

Texas sorghum. 

 

The effects of RIFA presence on SA natural enemies is presently unknown. As noted previously, 

several species of natural enemies have been identified attacking this aphid in the US, including 

Lysiphlebus testaceipes Cresson, first reported in Florida [225], Xanthogramma aegyptium Wied, 

first reported in Louisiana [226], and A. nigritus, reported in Texas [56]. The fungal pathogen 

Verticillium lecanii (Zimm.) Viegas is cited as a natural enemy in Florida [227]. Reported SA 

predators include a variety of coccinellids, lacewings, and hoverflies [56]. RIFA tending of SA 

may adversely affect these natural enemies and hinder SA suppression, as shown in other ant-

aphid mutualisms [228, 229]. Thus, it is relevant to assess any effects of RIFA tending of SA on 

natural enemy density. 

 

Impacts of ant tending on aphids or other hemipterans and their natural enemies can additionally 

vary with aphid population density. As seen in Breton and Addicott [75], effects of ant tending 

are typically positive when initial aphid densities are low and per capita ant-aphid interactions 

are high. Morales [230] observed a similar effect on low densities of Publilia concave 

treehoppers, which benefited more from Formica obscuriventris ant tending than at high density 

populations. Initial population densities of aphids and other hemipterans can also affect 
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recruitment and density of natural enemies. This is shown in with Lasius neoniger-tended Aphis 

fabae, which were better protected from ladybird predation when aphid populations were smaller 

[231]. This information is applicable to SA, whose population densities vary by season [232]. As 

such, the extent to which RIFA affects SA population growth and natural enemy density at 

different SA densities warrants testing. 

 

As noted above, a RIFA-SA mutualism could exacerbate pest problems caused by both RIFAs 

and SAs, as seen in other examples of ant-aphid mutualisms [82, 221, 233, 234]. This study 

sought to document the effects of RIFA on SA population density in the field to assess the 

existence and strength of any potential correlation between species potentially engaging in an 

incipient mutualistic interaction. Three hypotheses were tested: 1) SA population growth is 

greater in the presence of red imported RIFA than in its absence; 2) RIFA presence mediates the 

density of SA natural enemies, and; 3) any effects of SA density on natural enemy density is 

modulated by initial aphid densities in the field. Documenting an emerging mutualistic 

interaction between SAs and red imported RIFAs, will serve as a baseline for future, comparative 

studies. 

 

Materials and Methods  

Establishment of Experimental Plots  

This study consisted of two identical experiments conducted in summers 2019 and 2020 in a 

single grain sorghum field (variety Pioneer 83P56), which was not treated with insecticides, in 

the Texas A&M Research Farm in Somerville, Texas (N30.5519°, W096.4264°). The 2019 

experiment was conducted between 19 June and 25 July, while the 2020 experiment was 
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conducted between 15 June and 23 July; this timing corresponded to midseason GSIII grain 

filling sorghum stage. Sorghum aphid populations are also at their highest during this period.  

Three weeks before initiating each experiment, ant presence was assessed using baited centrifuge 

tubes containing a 1.5cm piece of hot-dog [235]. The centrifuge tubes (50 ml, VWR 

International, Radnor) were modified by drilling three holes in their caps to allow ant access 

[236]. Baited traps were attached to the base of one plant in each of 40 randomly chosen plots 

and were recovered 48 h later; each plot consisted of 5 contiguous plants within a row, and plots 

were >6 m apart in every direction. Plots in which the baited vial attracted at least five RIFAs 

were selected for inclusion in the study, and 40 plots were selected in this manner. 

 

RIFAs were excluded from 20 of the 40 plots by applying a Tanglefoot (Scotts Miracle-Gro, 

Marysville, OH, USA) barrier at the base of each plant within a plot. The barrier was reapplied 

as necessary, and plants receiving this treatment were repeatedly monitored for presence of ants; 

additionally, immediately neighboring sorghum plants and all nearby weeds were removed. 

Sheets of weed barrier ground cover (Dewitt Company, Sikeston) were placed at the base of all 

plots. A 3-week period from application of the Tanglefoot barrier and the start of the experiment 

was allowed to ensure that RIFAs were not present in plots corresponding to the RIFA-exclusion 

treatment (see below).  

 

Measuring RIFA Effects on SA Density and Natural Enemy Activity 

Two treatments were used to measure RIFA effects on SA density and natural enemy activity: (i) 

RIFA-inclusion, and (ii) RIFA-exclusion. Initial SA density was measured 3 weeks after having 

established the 40 plots (when the Tanglefoot barrier was first applied) and is referred to as 
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Week 0. Aphid density was measured as the number of aphids on the 5th leaf (from the bottom) 

in each of the plants per plot. Final SA density was measured 3 weeks later on the same leaves 

used to measure initial density and is referred to as Week 3. The fifth leaf was used for 

measuring final aphid density in the few cases (n = 6) in which the 5th leaf died prior to 

measuring final aphid density.  

 

Additional observations were made to assess whether RIFA presence mediated SA natural 

enemy activity. Specifically, parasitoid and predator densities were measured on Weeks 0, 1, 2 

and 3. The number of successfully parasitized aphids (mummies) was used as a proxy for 

parasitoid activity, and the combined numbers of live predator adults, immatures, and eggs were 

used as a proxy for predator activity; parasitoid mummies were of Aphelinidae and Encyrtidae, 

while predators included Coccinellidae, Syrphidae, and Chrysopidae. All counts of SAs and 

natural enemies were made with the aid of a manual counter. The average numbers of SAs, 

parasitoid mummies, and predators across the five plants of each plot were used for data 

analyses.  

 

The effects of RIFA presence on growth of SA populations were assessed through non-

parametric ANOVA, with treatment (RIFA exclusion, RIFA inclusion), year (2019, 2020), and 

treatment × year interaction as independent variables, and aphid density growth per leaf (= final 

aphid density – initial aphid density) as the response variable. Aphid density growth values were 

transformed to rank values prior to analyses, and planned contrast comparisons were used to 

compare between initial and final aphid densities within each year, if warranted by a significant 
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treatment × year interaction. Initial aphid densities (Week 0) were compared between years via a 

Kruskal-Wallis non-parametric ANOVA. 

 

The effects of RIFA tending on any relationship between SA density and natural enemy activity 

were assessed via Spearman correlations of SA density and parasitoid and predator activities, 

separately for each RIFA treatment (RIFA inclusion, RIFA exclusion) and year (2019, 2020); all 

values were converted to their natural logarithm values. Fisher’s r to z transformations were used 

to compare effect sizes (Spearman’s ρ) between RIFA treatments for parasitoids and predators 

separately, within years. The strength of the responses of parasitoid and predator activities, each 

separately, were also compared to increasing aphid density between RIFA inclusion and 

exclusion plots by comparing their linear regression slopes within each of the two years; all 

values were converted to their natural logarithm values. 

 

The strengths of responses of parasitoids and predators, were compared separately, to increasing 

aphid densities between seasons with high (2020) and low (2019) aphid densities (see Results). 

This was done by comparing their linear regression slopes between the high and low aphid 

density seasons for parasitoids and predators separately; all values were converted to their 

natural logarithm values.  

 

Results 

Evidence for a RIFA-SA Mutualism  

Initial aphid density was ca. four-fold greater in 2020 (63.6 ± 11.5 aphids per leaf) compared to 

2019 (15.6 ± 4.6 aphids per leaf) (Kruskal-Wallis Statistic = 35.253, F = 62.860; df = 1,78; P < 
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0.0001). Sorghum aphid population growth (slope) differed between the 2019 and 2020 sorghum 

growing seasons (Table IV-1). Aphid populations grew by 25.7 (± 13.9) aphids per leaf during 

2019 but decreased by 59.0 (± 13.9) aphids per leaf during 2020. Although aphid populations did 

not differ between RIFA treatments (i.e., exclusion versus inclusion), the interaction of RIFA 

treatments with year was significant (Table IV-1). In 2019, aphid populations grew significantly 

more under RIFA inclusion (57.1 ± 25.0 aphids per leaf) compared to exclusion (–5.6 ± 8.3 

aphids per leaf) (F = 6.845; df = 1,76; P < 0.0001), as expected (Figure IV-1). In contrast, aphid 

population growth did not differ between RIFA exclusion (–67.5 ± 21.5 aphids per leaf) and 

inclusion (–50.5 ± 8.1 aphids per leaf) plots in 2020 (F = 0.077; df = 1,76; P = 0.782) (Figure IV-

1). Collectively, these results showed that red imported RIFA presence variably mediates SA 

population growth and suggested that RIFA enhances SA population growth only when initial 

aphid densities are low.  

 

RIFA Mediation of SA-Natural Enemy Activity 

A variety of natural enemies were detected in this study. The main aphid parasitoid mummies 

found were of A. nigritus, consistent with previous reports of this parasitoid on grain sorghum in 

Texas [44, 237]. Among predators, lacewings, hoverflies, lady beetles, and dusky lady beetle 

larvae were observed, all of which are voracious aphid feeders [56]. 

 

Both parasitoid and predator activities were mediated by RIFA presence, though the effect of 

RIFA presence differed between the two years of this study. Parasitoid activity and SA density 

were positively correlated in both years irrespective of treatment (i.e., RIFA exclusion or 

inclusion) but the correlation was 3.2× stronger in the presence compared to absence of RIFA in 
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2019 (Figure IV-2 A). The opposite occurred in 2020, when the correlation was stronger (1.8×) 

in the absence of RIFAs (Figure IV-2 B). In the case of predators, predator activity and SA 

density were positively correlated in 2019, when correlations were slightly (1.5×) stronger in the 

presence compared to absence of RIFA (Figure 2c). However, predator activity and aphid 

density were negatively correlated in 2020 but did not differ in the presence compared to absence 

of RIFA (Figure 2d).  

 

The response of parasitoid activity to increasing SA density (i.e., as measured by the correlation 

slope) was 2.5× stronger in the presence compared to absence of RIFA in 2019, but unaffected 

by RIFA in 2020 (Table IV-2). In comparison, the response of predator activity was unaffected 

by RIFA presence in both 2019 and 2020. Altogether, these results showed variable effects of 

RIFA presence on natural enemy activity. While RIFA correlations with parasitoid activity at 

increasing aphid densities are consistently positive, the strength of these correlations and 

response of parasitoid activity to the presence or absence of ants varies by season. For predators, 

RIFA correlations with predator activity can be positive or negative depending on the season; 

regardless, RIFA presence does not significantly affect predator activity.  

 

RIFA Effect on Natural Enemy Activity at Low Initial (2019) Versus High (2020)                  

Initial SA Densities 

In the presence of RIFA, the response of parasitoid activity to increasing SA density was 

positive, and 5.3× greater when initial aphid density was low (2019) versus when it was high 

(2020) (Table 3). In contrast, while predator activity in the presence of RIFA responded to 

increasing SA density in both years, it changed signs between years, being positive when initial 

aphid density was low, and negative when it was high. Overall, these results suggest that RIFA 
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more strongly enhances positive SA-parasitoid correlations at low compared to high SA 

densities, and drastically changes correlations between SA density and predator activity from 

positive to negative at low compared to high SA densities. 

 

Table IV-1: Both initial SA densities and the effects of RIFA treatment on aphid population 

growth vary by year. 

 ANOVA Kruskal-Wallis test 

Measurements 
F value Df P value H value df P value 

Year 
- - - 62.86 1,78 < 0.0001 

RIFA Treatment 
2.734 1,76 0.102 - - - 

Year x RIFA 

Treatment 

4.189 1,76 0.044 - - - 

SA Population 

Growth (Slope) 

98.123 1,76 < 0.0001 - - - 
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Figure IV-1: A mutualism-led increase in SA populations operates at low SA densities.  

Final aphid densities are greater when ants are included in 2019 (F = 4.383; df = 1,76; P = 

0.0396), but not in 2020 (F = 1.4107; df = 1,76; P = 0.2386). Initial aphid abundances are 

significantly different between years (F = 15.0601; df = 1,76; P = 0.0002) with 4× less aphids in 

2019 than in 2020. 
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Figure IV-2: Spearman correlations of SA density and parasitoid and predator activities.  

Parasitoid activity positively correlates with aphid density in 2019 (A) and 2020 (B). Correlation 

of parasitoid density and SA density is stronger under RIFA inclusion in 2019 (Fisher’s z = 6.22; 

P < 0.001); Predator activity is variably correlated with aphid density in 2019 (C) and 2020 (D). 

Correlation of predator density and SA density is stronger under RIFA exclusion in 2019 

(Fisher’s z = 2.05, P = 0.02) while correlations were not significantly different in 2020 (Fisher’s 

z = -1.14, P = 0.127). 
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Table IV-2: Response of parasitoid activity to increasing aphid density (slope) is stronger in the 

presence of RIFA in 2019, but not 2020. Response of predator activity to increasing SA density 

were similar in RIFA inclusion and exclusion in both 2019 and 2020. 

 

Table IV-3: Response of parasitoid activity (slope) is positive at low and high densities but 

stronger at initially low SA density. The response of predator activity to increasing aphid density 

is positive at low but negative at high initial aphid density. 

 

 

    Slope Comparisons 

Year 
Natural 

Enemy 
Treatment Slope F value df P value 

2019 

Parasitoid 

RIFA 

Inclusion 
0.24012 

8.18 1,156 0.005 
RIFA 

Exclusion 
0.09535 

Predator 

RIFA 

Inclusion 
0.15695 

0.15 1,156 0.695 
RIFA 

Exclusion 
0.17865 

2020 

Parasitoid 

RIFA 

Inclusion 
0.04565 

1.45 1,156 0.230 
RIFA 

Exclusion 
0.08340 

Predator 

RIFA 

Inclusion 
-0.13163 

0.65 1,156 0.421 
RIFA 

Exclusion 
-0.09344 

   Slope Comparisons 

Natural 

Enemy 

Initial aphid 

density  

(Week 0 of 

experiment)  

Slope F Values df P value 

Parasitoid Low 0.240 29.93 1, 156 < 0.0001 
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Discussion 

Importance of Initial Aphid Density in the SA-RIFA Mutualism 

The results showing that SA density increased in the presence of RIFA in the low-SA density 

year but not in the high-SA density year is consistent with the hypothesis that ant-aphid 

mutualisms operate only at low aphid densities [75], as well as with suggestions that RIFA only 

opportunistically tends hemipterans [78, 82, 219]. Differences in the findings between years are 

likely due to a significantly lower initial abundance of SAs in 2019 versus 2020: Initial SA 

counts were ca. 15 aphids per leaf in 2019, and ca. 60 per leaf in 2020. A lack of mutualism at 

higher aphid densities likely stems from a “dilution” of RIFA-SA interactions as compared to 

lower aphid densities. Aphids are parthenogenetic and have short generation times, so their 

populations can outnumber those of ants in a relatively short period of time. Per SA-capita RIFA 

tending levels (and associated effects on SA population growth) may decline simply due to an 

excess of aphids [238]. In addition, most plants in the 2020 field site bore copious amounts of 

honeydew at the start of the experiment, which may have been enough to satisfy local RIFA 

colony requirements (pers. observ.).  

 

Compared to their initially high densities, a decrease in SA densities in 2020 may reflect a 

population bust. Aphids commonly cycle through population booms and busts, as mediated by 

bottom-up and top-down factors, such as plant health and natural enemy pressure, respectively 

High 0.046 

Predator 

Low 0.157 

45.70 1, 156 < 0.0001 

High -0.132 
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[239]. Nonetheless, because the initial 2019 aphid numbers were similar to the final 2020 aphid 

numbers, a RIFA-mediated boom in SAs may have occurred after the 2020 population bust. This 

would likely lead to RIFA recruitment and increases in RIFA-SA interactions. This hypothesis is 

supported by personal observations of less honeydew on plant leaves in 2020 at the end versus 

beginning of the experiment. Since RIFAs seek a honeydew reward, it is plausible that ants 

would actively tend and increase initially low SA populations, as they did in 2019. 

 

RIFA Effects on SA Natural Enemies   

A stronger correlation and response of parasitoid activity to increasing SA density in the 

presence versus absence of RIFA in 2019 is contrary to the expectation that ants would protect 

aphid colonies from parasitoid activity and suggests that RIFA does not significantly hinder 

parasitoid activity. This could be the result of behavioral modifications by parasitoids in the 

presence of RIFA. Parasitoids display behaviors facilitating successful oviposition while 

avoiding ant attack [240, 241]. Moreover, some parasitoids prefer ant-tended aphids because 

they are less defensive, and more likely to produce parasitoid offspring [242, 243]. As such, A. 

nigritus may benefit from RIFA presence by having a better selection of hosts relative to 

untended SAs. This hypothesis could be validated through field or laboratory observations of A. 

nigritus parasitism behavior in the presence and absence of RIFA. Nonetheless, the 2020 results 

showing a weak response of parasitoid activity to increasing aphid density in the presence versus 

absence of RIFA show that RIFA-mediation of parasitoid activity is variable. In contrast, the fact 

that RIFA had no effect on the response of predator activity to changes in SA density in 2019 or 

2020 parallels previous findings of high predation pressure on SA in sorghum [56, 244, 245], and 

suggests that ants are not effectively impeding predator aggregative responses. 
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Roles of RIFA and Initial SA Density on Natural Enemy Activity 

As with the behavioral modifications noted above, a stronger response of parasitoid activity to 

RIFA at initially low SA density in 2019 likely resulted from a RIFA-mediated rapid increase in 

available hosts. Since primary parasitoids are dependent on hosts for development, increases in 

host populations would naturally increase parasitoid densities. This would also explain a weaker 

parasitoid response in 2020, where initially high aphid numbers gradually decreased and limited 

the availability of hosts over time. Observations of a negative predator response to SA densities 

in 2020, irrespective of RIFA presence, align with Hewlett et al. [244], who found that predators 

effectively suppressed low-density populations of SA.  

 

The SA-RIFA interaction may change in time, as observed in other ant-aphid mutualisms under 

greenhouse [229, 231, 246], and field conditions [247-249]. Recurring assessments of SA-RIFA 

interactions will allow the anticipation of any mutualism-mediated population increases of either 

pest [250, 251], and may help develop ways to manipulate the interaction for the benefit of 

growers. This work measuring the effects of red imported RIFA on SA population growth may 

serve as a baseline for future comparative studies of RIFA and SA interactions.   
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CHAPTER V  

CONCLUSIONS 

 

The grain sorghum agroecosystem is filled with several players that can help or hinder SA 

biological control. This dissertation assessed how SA interacts with both antagonists (parasitoids 

and predators) and potential mutualists (RIFAs) to determine the feasibility of natural enemy-

mediated pest control. Regarding SA interactions with antagonists, I have confirmed the role of 

SA honeydew as an A. nigritus parasitoid attractant (Chapter II). Effects of SA honeydew on 

other parasitoids’ attraction, as well as on their fitness is presently unexplored. This needs to be 

assessed to discern parasitoids most capable of attacking SAs while surviving on SA honeydew. 

Specifically, the effects of SA honeydew on parasitoid survival, longevity, and fertility—all 

prominent factors in parasitoid fitness [136, 252-254], should be studied. It may also be worth 

exploring the effects of honeydew on parasitoid sex ratios. Benelli et al. [255] hypothesize 

parasitoid diet to influence mating success and sperm viability, which could affect the proportion 

of female offspring within a population. While studies specifically linking diet to mating are 

limited [256, 257], effects of diet on sex ratios are well known. For instance, progeny of the 

leafroller parasitoid, Dolichogenidea tasmanica, are strongly male biased in the absence of floral 

resources [258]. In contrast, when provided a sucrose-based sugar diet, sex ratios of Pteromalus 

cerealellae offspring are female-biased [259]. Similarly, the egg parasitoid, Trichogramma 

ostriniae, produces significantly more females when fed honeydew from Rhopalosiphum maidis 

aphids [260]. Whether SA honeydew plays a role on altering parasitoid fitness, including SA 

parasitism rate, is unknown.  
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In addition to being a parasitoid attractant, SA honeydew is also preferred by A. nigritus when 

produced on Johnson grass, though it is unknown if Johnson grass honeydew is preferred over 

grain sorghum by other SA parasitoids. This is worth exploring, especially if A. nigritus host 

choices align with their honeydew preferences. Parasitoids have previously shown differential 

preferences for the same insect host feeding on grain sorghum versus Johnson grass. For 

example, a study by Baxendale et al. [261] showed a marked preference of Tetrastichus near 

venustus parasitoids for sorghum midge, Cantarinia sarghicola, on Johnson grass. In contrast, 

three other parasitoids, Eupelmus papa, Tetrastichus near blaslophagi, and Aproslocelus 

diplosidis preferred C. sarghicola when the midges fed on grain sorghum. Assessing the 

honeydew and host preferences of several parasitoids may help uncover the species most likely 

to attack overwintering SA in Johnson grass. In turn, populations of these parasitoids could be 

built up and released on Johnson grass to suppress SA numbers before grain sorghum is planted. 

 

This dissertation also confirmed the possibility of fecundity compensation in SA when attacked 

by A. nigritus (Chapter III). Since many parasitoids probe aphids before accepting them as hosts, 

the fact that I observed a lack of compensation to simple wounding events is a positive result. 

Nonetheless, the results after successful parasitism could question the use of certain parasitoids 

in biological control programs. It is important to recognize that fecundity compensation was only 

assessed under A. nigritus parasitism in the parental and F1 generations of SA. It is unknown if 

increases in reproduction extend to the F2 or even F3 generations, which could theoretically boost 

SA population growth and increase the baseline fecundity levels of future SA generations. 

Furthermore, this behavioral response remains to be tested in the field and with other SA 

parasitoids, notably L. testaceipes, the second most common SA parasitoid in College Station, 



 

65 

 

Texas [56]. Aphelinus nigritus effects on SA field populations need to be assessed to determine if 

compensation practically poses a threat to aphid control efforts. While this chapter mainly 

focuses on an SA parasitoid, the role of predators in SA reproductive strategies should also be 

highlighted. Even without direct contact, predators can induce aphid alarm pheromones that 

bring about aphid dispersal and other escaping behaviors [164]. For example, exposure to the 

2,4,6‑trimethylpyridine alkaloid from the pink-spotted lady beetle, Coleomegilla maculata 

induces strong avoidance behaviors in SA [262]. Given the results of this chapter, it is entirely 

possible that the presence of a nearby predator or predator volatile compounds may affect aphid 

reproduction, especially if the risk of death is high. A straightforward way to test this is by 

exposing SAs to predator volatiles as done by Zhou et al. [262], followed by observations of 

potential increases in reproduction.  

 

It must be stressed that A. nigritus and other synovigenic parasitoids also host feed to obtain 

nutrients towards maturing eggs. Together, host feeding, and parasitism-related SA deaths could 

possibly offset and even minimize any reproductive compensation that increases SA numbers. 

The same is possible for SA predators who may eat as many aphids as they indirectly produce 

through any fecundity compensation they may trigger. As mentioned above, these possibilities 

should be explored through field studies exploring whether SA parasitism and predation produce 

fecundity compensation capable to impact SA populations levels at field scale. One other avenue 

worth exploring is whether parasitism induces SA fecundity compensation at different instars. In 

other aphids, it is already known that rates of parasitoid attack and time of aphid mummification 

differ by instar [80]. Aphid instars can also affect parasitoid handling and oviposition times 

because older instars tend to display stronger defensive or avoidance behaviors than younger 
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instars [263]. Though my experiments solely focused on adult aphids, earlier instars, who are 

less likely to avoid parasitism, may more readily allocate resources to increased rates of 

reproduction. SAs of all developmental stages are present in the field, and their reproductive 

responses to parasitism warrant attention.   

 

This dissertation further confirms the existence of a RIFA-sorghum aphid mutualism (Chapter 

IV). However, the mutualism only operates at initially low aphid (15 aphids/leaf) densities where 

per capita RIFA tending rates are high. I hypothesize a weaker RIFA-sorghum aphid association 

due to the overabundance of honeydew nutrients that likely satisfy RIFA colony requirements. 

This is supported by the results, where initially high SA densities (60 aphids/leaf) did not 

increase in the presence of RIFAs. If the RIFA-sorghum aphid mutualism is food-dependent, 

which it appears to be, a mutualism-mediated SA population increase could be prevented by 

adding artificial sugar sources to fields. This type of sugar provisioning has successfully 

disrupted mutualisms before and promoted pest control by natural enemies [264-266]. RIFA 

sugar preferences are well studied [267-270], which makes the development of alternative sugar 

sources that disrupt mutualisms even more practical. Since the sugar composition of SA 

honeydew is already known, an artificial diet mimicking SA honeydew could be created to 

further dissociate RIFAs from linked SAs to a carbohydrate resource. 

 

Interestingly, RIFA doesn’t appear to disrupt natural enemy dynamics in this system. I observed 

a numerical response of both parasitoids and predators to RIFA-driven SA population increases, 

likely because more SAs were available to parasitize or consume. These results go against 

typical reports of RIFA as an aggressive tender who often attacks aphid natural enemies [79]. For 
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the purposes of SA biological control, RIFAs may not be aggressive SA tenders, which could 

make it easier to introduce or augment natural enemies in the field. Alternatively, RIFA-SA 

interactions may still be new, and require further assessments to determine their impact on SA 

antagonists. While this dissertation focused on RIFA-sorghum aphid interactions during the 

summer, when SA populations are highest, it is more so relevant to assess RIFA impacts on SA 

at the start of the sorghum growing season (mid-March). This is because biological control is 

often more effective when pest numbers are low [271-273]. If early season interactions between 

RIFAs and SAs do not hinder natural enemy growth, concerns over the negative effects of RIFAs 

could be mitigated in SA pest management.  

 

Despite their small size and recent arrival, SAs have largely influenced the last 8 years of 

sorghum production in Texas. The fact that SA damage became widespread immediately after its 

2013 introduction highlights the strength of biological invasions when a food source is abundant 

and natural enemy suppression is weak. The success of SA mirrors other invasive aphids who 

benefit from obligate parthenogenesis and can rapidly increase in population size [274]. This is 

helped by the general homogeneity of farm environments compared to natural landscapes, which 

favors aphid adaptation to specific food sources [275]. Nonetheless, the right application of 

natural enemies can impede aphid expansion if all possible factors influencing natural enemy-

aphid interactions are considered.  

 

The overarching message of this dissertation is to highlight the ecological complexity involved 

in the biocontrol of recently invasive species. For decades, pest management largely took a one-

size-fits-all chemical approach while ignoring the idiosyncratic attributes of individual pests’ 
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ecological interactions. While this led to short term successes, the development of insecticide 

resistance makes it continually pertinent to assess the biology of pest insects, their antagonists, 

and mutualists. This includes the often-overlooked ecological factors emphasized in this 

dissertation that, if widespread, can alter current pest control strategies against several aphid 

pests (invasive or native). Ideally, a sufficient understanding of pest ecology, paired with 

biological and chemical control under an integrated pest management framework should dampen 

effects of SA, as well as those of other aphids. As with cereal aphids before it, SA likely won’t 

be the last pest introduced to a high-value crop. We should take advantage of this relatively new 

pest and consider all ecological factors that may apply to combatting future pest invasions.   
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