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ABSTRACT 

 Active DNA demethylation by Thymine DNA glycosylase (TDG) is essential for 

embryogenesis and genetic reprogramming, and like all transactions involving DNA, 

TDG-dependent demethylation must occur within the structural constraints of chromatin. 

Although a relationship between TDG and chromatin can sometimes be inferred, a 

molecular understanding is lacking. To address this knowledge gap we developed a 

method for introducing DNA modifications into chromatin with single nucleotide 

resolution and then applied this approach to engineering synthetic chromatin with a 

substrate for studying TDG catalysis, the demethylation intermediate 5-formylcytosine. 

Subsequent analysis of TDG reactivity within various chromatin ‘environments' provided 

the first direct evidence that chromatin structure regulates demethylation by TDG. This 

platform also enabled the first biochemical investigations into the influence of TDG on 

chromatin structure. While genomic architectures like chromatin loops and phase 

separated condensates have been observed at genes regulated by TDG, decoupling the 

direct contribution of TDG to these structures from the complex milieu of regulatory 

factors inside the cell remains a significant challenge. Utilizing synthetic chromatin, we 

discover that TDG destabilizes local fiber compaction while, simultaneously, promoting 

chromatin oligomerization (i.e. condensation) via bridging interactions mediated by the 

intrinsically disordered N-terminal domain. Overall, this work establishes a new paradigm 

for TDG as a dynamic regulator of chromatin structure and organization.  

Finally, a novel therapeutic approach for targeting PRC2 based on mirror image 

RNAs is described. PRC2 is a long non-coding (lnc)RNA-associated chromatin modifying 
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enzyme that is frequently dysregulated in breast, prostate, ovarian, and esophageal cancers 

and, therefore, is a prime drug target. Inspired by evidence that PRC2 promiscuously (i.e. 

non-specifically) interacts with RNAs that contain guanine quadruplexes (G4s), we sought 

to develop inhibitors that mimicked these PRC2-interacting motifs. In this regard we 

exploited the synthetic enantiomer of naturally occurring D-RNA (L-RNA) and established 

that PRC2 binds RNA irrespective chemistry and that L-RNA G4s are potent inhibitors of 

PRC2-substrate interactions.  
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the presence or absence of TDG. (b) The same experiment depicted in 

part (a) except with 0, 25, 50, 100, or 150 mM KCl.  (c) Percent of 

chromatin remaining in solution (un-condensed) following incubation 

with the indicated protein. .............................................................................. 103 

Figure 4.3: : TDG induces chromatin oligomerization independent of the histone 

tail domains and DNA sequence. (a) Agarose gel (0.6%) (left) and SDS 

PAGE (15%) (right) analysis of 12-NCP arrays following digestion with 

Trypsin (2.5 Units/µL) to remove histone tail domains. (b) Representative 
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(or free 12-601 DNA) following treatment with increasing concentrations 

of TDG. Histone octamer composition is listed top the right of each gel 

image. (c) Solubility plot for the experiments shown in part (b). Error bars 

represent standard deviation from at least three independent experiments.
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Figure 4.4: Analysis of chromatin condensation via FRET. (a) Schematic of inter-

fiber FRET approach. (b) Mg2+-induced oligomerization of nucleosome 

arrays. Precipitation data (black) is shown on the left Y-axis, and inter-

fiber FRET data (red) is shown on the right Y-axis. (c) Comparison of the 

inter-fiber FRET signal for arrays treated with Mg2+ or TDG. Error bars 

represent standard deviation from at least three independent experiments.
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Figure 4.5: TDG-mediated chromatin oligomerization is regulated by its 

intrinsically disordered N- and C-terminal domains. (a) Disorder 

probability for all residues within TDG determined by the Protein 
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TDG-LANA fusion constructs. Error bars represent standard deviation 
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chromatin oligomers were incubated with the indicated concentration of 

601 DNA (a) or GADD45a (b-c), and the change in solubility was 

monitored following centrifugation. Error bars represent standard 

deviation from at least three independent experiments. ................................. 111 

Figure 4.7: DNA methylation inhibits TDG-mediated chromatin condensation. (a) 

Hypermethylation of CpG dinucleotides within 12-601 DNA confirmed 

by resistance to HpaII digestion (0.7% agarose). (a) Precipitation assay to 

monitor nucleosome array oligomerization. (Un)methylated nucleosome 

arrays were incubated with the indicated concentration of TDG, 

oligomers were removed by centrifugation, and the percentage of arrays 

remaining in solution was determined by gel electrophoresis. (b) Soluble 

fraction following treatment of (un)methylated arrays with different TDG 

variants (1 µM). Error bars represent standard deviation from at least 
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Figure 4.8: Visualization of TDG-chromatin LLPS droplets in vitro. (a) Wide-field 

fluorescence microscopy images of TDG-chromatin complexes in 

solution and (b) after being dripped onto a coverslip at the indicated 

concentrations. (c) High resolution confocal microscopy images of TDG-

chromatin complexes. ..................................................................................... 116 

Figure 4.9: Protein-DNA phase diagrams. (a) Representative images depicting the 

method in which LLPS was determined. Colored spheres indicate LLPS, 

red X’s demarcate the absence of LLPS (b) Over-layed phase diagrams 

for TDG, TDG82-308, and H1.1. (c) Individual phase diagrams for the 

indicated proteins and a Cy5-labelled DNA (207 bp). Phase diagrams 

were produced as described [54], [245], [247], [249], [250]. ......................... 118 

Figure 4.10: TDG-chromatin droplets are sensitive to 1,6-hexanediol and Na+. (a) 

Fluorescent microscopy images of chromatin droplets, generated with the 

indicated protein (5 µM), exposed to increasing concentrations of 1,6-

hexanediol. (b) Fluorescent microscopy images of the same droplets 

described in (a) exposed to the indicated concentration of NaCl. .................. 119 

Figure 4.11: : Chromatin LLPS droplets mediated by TDG mature into gel-like 

aggregates in an N-terminal domain-dependent manner. (a) Schematic 

depicting the expected types of TDG-chromatin phases. (b) Droplet aging 

assay to detect aggregation in which the bottom of the sample vessel was 

imaged via fluorescence microscopy after a one hour incubation period. 

(c) Preliminary FRAP experiment conducted on a Cy3-labelled 

chromatin aggregate generated by treatment of 20 nM arrays with 5 µM 

full-length TDG for > 2 hours. ....................................................................... 121 
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Figure 4.12: Computed disorder probability and residue content for select 

vertebrate and yeast TDG homologs. Proteins were aligned based on their 

catalytic domain structures and the x-axis is labelled based of hTDG.  

Percent abundance for select residues was determined only for the NTD, 

and percent similarity was calculated via ncbi protein blast alignment 

tool. The Gene IDs for each protein is provided. ........................................... 123 

Figure 4.13: Proposed model for the regulation of chromatin structure by TDG. (a) 

Macroscopic mechanism. Upon recruitment, TDG binds to linker DNA 

between nucleosomes and de-compacts the local fiber structure. As TDG 

molecules accumulate within an individual fiber the overall architecture 

becomes conducive for oligomerization and then, when a critical density 

is reached, TDG-bound chromatin condenses into a liquid-like state. This 

process is driven by the NTD and antagonized by the CTD, GADD45, 

and potentially other regulators that interact with the NTD. (b) TDG-level 

mechanism. The ability of TDG’s catalytic domain to bind DNA is 

enhanced by the positively charged NTD [159], [234]; interactions of the 

NTD with the same DNA as the catalytic domain is referred to as cis 

binding. Our findings suggest a new function for the NTD as an effector 

of chromatin condensation, which we propose is driven by trans DNA-

binding events. ................................................................................................ 125 

Figure 5.1: PRC2 binds G4 RNA irrespective of stereochemistry. (a) CD spectra of 

D- and L-(GGAA)10 RNAs in the presence of either 100 mM KCl (K+) or 

100 mM LiCl (Li+). (b) Representative EMSA gels (1% agarose) of 

(GGAA)10 binding to PRC2 (0–1 μM). (c) Saturation plot for binding of 

either D-(GGAA)10 or L-(GGAA)10 to PRC2 in the presence of 100 mM 

KCl or (d) 100 mM LiCl. Error bars show SD (n = 3). .................................. 144 

Figure 5.2: PRC2 binds similarly to both D- and L-(G3A4)4 G4 RNAs. (a) CD 

spectra of D- and L-(G3A4)4. (b) Representative EMSA gels (1% 

agarose, 0.2 TBE supplemented with 10 mM KOAc) of (GGAA)10 

binding to PRC2 (0–1 μM). Binding conditions were the same as 

described in Figure 1b (main text). (c) Saturation plot for binding of either 

D- or L-(G3A4)4 to PRC2. Error bars show SD (n= 3). ................................. 145 

Figure 5.3: PRC2 binds similarly to both D- and L-(GA)20 RNAs. (a) CD spectra 

of D- and L-(GA)20. The spectral data for both D- and L-(GGAA)10 RNAs 

is overlaid for comparison. (b) Representative EMSA gels (1% agarose, 

0.2 TBE supplemented with 10 mM KOAc) of D-(GA)20 and L-(GA)20 

binding to PRC2 (0–1 μM). Binding conditions were the same as 

described in Figure 1b (main text). (c) Saturation plot for binding of either 

D- or L- (GA)20. Error bars show SD (n= 3). ................................................. 146 
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Representative EMSA gels (1% agarose, 0.2 TBE supplemented with 10 

mM KOAc) of D-(A)40, L-(A)40, and D- (dGGAA)10 binding to PRC2 (0–

2 μM). Binding conditions were the same as described in Figure 1b (main 

text). (d) Saturation plot for binding of D-(A)40, L-(A)40, and D-

(dGGAA)10 to PRC2. Error bars show SD (n= 3). ......................................... 147 

Figure 5.5: Both L- and D- versions of (GGAA)10 bind to the same site on PRC2 

(a). Pre-formed PRC2-D-(GGAA)10 complexes are disrupted by L-

(GGAA)10 and vice versa (b). (c) Competitive binding experiments for L-

(A)40 versus pre-formed PRC2- (GGAA)10 complexes. ................................. 149 

Figure 5.6: L-(GGAA)10 outcompetes native substrates for binding to PRC2. (a) 

Schematic depiction of Cy5-labelled domain I (nucleotides 1-300) of the 

lncRNA HOTAIR. Internal Cy5 dyes were installed via NHS ester 

coupling to 5-aminoallyl UTP, which was stochastically introduced 

during transcription. (b) Pre-formed complexes between PRC2 (250 nM) 

and HOTAIR-300 (25 nM) are disrupted by L-(GGAA)10 and (c) D-

(GGAA)10, but not (d) L-(A)40........................................................................ 150 

Figure 5.7: L- and D- RNA G4s antagonize chromatin binding by PRC2. (a) Pre-

formed complexes between PRC2 (1000 nM) and a 12-mer 

oligonucleosome array (8 nM) are disrupted by L-(GGAA)10 and (b) D-
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Chapter II Figure A.1 : Schematic of SI-12-601-WT array. (a) Design of the 12 

individual 601 fragments (N1-12) used in the assembly of SI-12-601-WT. 

The primers used to generate each 601 are listed below their respective 

601 units (see Table S1 for sequences). Ligation of N1-N2-N3-N4, N5-

N6-N7-N8 and N9-N10-N11-N12 yielded the three tetramers (Tet1, Tet2 

and Tet3) shown in (b). The blue rectangles correspond to the 601 

sequence and the black lines represent linker DNA. (b) Diagram of the 

full SI-12-601-WT array with each tetramer (Tet1- top, Tet2-middle, 

Tet3-bottom), their individual 601 components (N1-N12), and restriction 

enzyme sites indicated. (c) Restriction map of the pUC-SI-12-601-WT 

plasmid construct. (d) Restriction digestion analysis of pUC-SI-12-601-

WT (0.5% Agarose, 1x SodiµM Borate buffer). Lane 1, 0.5 kb–10 kb 

ladder; Lane 2, undigested plasmid; Lane 3, control 12×601 array; Lane 

4, EcoRV digest of pUC-SI-12-601-WT to release the 12×601 DNA; 

Lane 5, PflMI and AvaI double digest of pUC-SI-12-601-WT to release 

Tet2 (middle 4x601). (e) Excision of specific 1-, 2-, 3-, or 4x601 

fragments from within Tet2 by digestion with the indicated restriction 
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enzymes (1x601→PflMI/BstXI; 2x601→PflMI/DraIII; 
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Figure A.2: Position and sequence details for all ‘nickable’ 12×601 templates 

prepared in this work compared to with WT 601 template (SI-12-601-

WT). (a) Sequence-level view of N5 within SI-12-601-WT and changes 

made to generate template 12-601-Dy and 12-601-Nt. Red sequence 

represents the Nt.BbvCI and yellow sequence represents Nt.BstNBI 

recognition sites, respectively. (b) Sequence-level view of linker DNA 

between N5 and N6 within SI-12-601-WT and changes made to generate 

template 12-601-Nb. Orange sequence represents the Nb.BbvCI 

recognition sites. Together, the constructs depicted in (a) and (b) offer 

nearly complete coverage over all possible translational conformations of 

the desired insert (see Figure 2.1). (c) Sequence-level view of N7 within 

SI-12-601-WT and changes made to generate template 12-601-Nt/SI. 

Green sequence represents the Nb.BssSI recognition sites. ........................... 207 

Figure A.3: Position and sequence details for dU containing mononucleosome 

substrates 1-NCP-dU49 and 1-NCP-dU88. (a) Sequence-level view of 

the 1x601 DNA template (1-601-Nt) used to prepare mononucleosome 1-

NCP-dU49, which is identical to nucleosome 5 (N5) within array 12-

NCP-dU49. Yellow sequence represents the Nt.BstNBI recognition sites. 

(b) Sequence-level view of the 1x601 DNA template (1-601-Nb) used to 

prepare mononucleosome 1-NCP-dU88, which is identical to 

nucleosome 5 (N5) and the adjacent linker DNA within array 12-NCP-

dU88. Orange sequence represents the Nb.BbvCI recognition sites. (c,d) 

Electrophoretic mobility shift assays demonstrating the insertion of dU 

containing oligonucleotides into 1-601-dU49 (a) and 1-601-dU88 (b). 

Lane 1, ladder; lane 2, unmodified 1-601-Nt or 1-601-Nb DNA DNA, 

respectively; lane 3, 1x601 DNA treated with nicking endonuclease 

results in doubly nicked DNA that migrates slightly higher than the intact 

DNA; lane 4, ligated 1x601 fragment containing a dU lesion; lane 5, 

UDG/APE1 treatment of ligated material (from lane 4) generates a single 

nick and thus allows for the dU incorporation efficiency to be determined 

based on the difference in intensities of the intact (lacking dU) and the 

nicked (containing dU) DNA bands. .............................................................. 208 

Figure A.4: Analysis of nucleosome and oligonucleosome array reconstitutions. (a) 

Agarose gel (0.6%, 0.2× TBE) analysis of 12×601 DNA templates 

reconstituted with increasing concentrations of histone octamer. The 

molar ratio of histone octamer to DNA template is indicated. (b) Native 

PAGE (5%, 59:1 acrylamide:bisacrylamide) analysis of 1×601 DNA 

templates reconstituted with increasing concentrations of histone 

octamer. The molar ratio of DNA to histone octamer is indicated. (c) 
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Agarose gel (0.6%, 0.2× TBE) analysis of 12×601 DNA templates 

reconstituted with increasing concentrations of histone octamer lacking 

the histone H4 tail domain (ΔH4 tail). The molar ratio of 601 units to 

histone octamer is indicated. ........................................................................... 209 

Figure A.5: DNase footprinting analysis (10% denaturing PAGE, 19:1 

acrylamide:bisacrylamide) of free DNA and mononucleosomes 

reconstituted with the native 601 DNA sequence or one modified with 

Nt.BstNBI recognition sites. The Nt.BstNBI recognition sites are 

positioned as indicated in Figure 2.1 and A.2. ............................................... 210 

Figure A.6: Synthesis and incorporation of a protected AP lesion into a 12×601 

template. (a) Synthetic scheme for preparing an O-nitrobenzyl protected 

phosphoramidite (compound S4). Compound S4 was prepared, 

characterized, and purified as described by Sczepanski et. al [121]. (b) 

Representative electrophoretic mobility shift assay demonstrating the 

insertion of an oligonucleotide containing the DNA modification 

depicted in (a) into 12-601-Nb. All reactions were carried out on the 

corresponding plasmid DNA and the 601 DNA fragments (N6-7) 

containing the modified site was excised via PflMI and DraIII restriction 

digestion (Figure A.1) prior to analysis by native polyacrylamide gel 

electrophoresis. ............................................................................................... 211 

Figure A.7: Verification of full nucleosome occupancy in reconstituted 

oligonucleosome arrays. (a) Restriction digestion analysis (5% native 

PAGE, 59:1 acrylamide:bisacrylamide) of reconstituted 12-NCP-Nt (i.e. 

unmodified array; lanes 1-3) stained with ethidium bromide, 12- NCP-

dU49 (lanes 4-6, autoradiogram) and 12-NCP-dU88 (lanes 7-8, 

autoradiogram). Both 12- NCP-Nt (WT) and 12-NCP-dU49 arrays were 

digested with PflMI/BstXI (lanes 3 and 6 respectively) and 12-NCP-
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2, 5 and 7, respectively) and were run side-by-side with the digested 

arrays. Undigested 12-NCP-Nt and undigested 12- NCP-dU49 (lanes 1 

and 4, respectively) were used as controls. (b) Agarose gel (0.5%, 0.2× 

TBE) analysis of the partial micrococcal nuclease digestion of 12-NCP-

Nt (lane 3), 12-NCPdU49 (lane 4) and 12-NCP-dU88 (lane 5). Lanes 1 

and 2 are DNA ladders (50–400 bp and 0.5– 10 kb, respectively). ................ 212 

Figure A.8: Verification of the translational positioning of the dU49 lesion within 

12-NCP-dU49. (a) Schematic of the experiment described herein. (b) An 

aliquot of 12-601-dU49 and 12-NCP-dU49 were digested completely 

with Micrococcal nuclease (see 2.3.11) and the full reaction mixture for 

each respective substrate (free DNA and chromatin) was analyzed via 



xxii 

 

10% Native PAGE (19:1, acrylamide: bisacrylamide). Representative 

images of an Ethidium Bromide stained digest gel (left) and an 

autoradiograph of the same gel (right). Prior to MNase treatment of the 

free DNA (12-601-dU49) a high molecular band is present (lane 2). 

Addition of MNase to the free DNA sample leads to degradation of 12-

601-dU49 to small oligonucleotide fragments that do not remain in the 

gel (lane 3). Treatment of 12-NCP-dU49 with MNase converts the intact 

12×601 DNA (lane 4) into a distinct band which migrates at ~150bp (lane 

5). (c) The ~147 bp band in part (b) was cut and purified from the gel, 

then digested further with AluI. Treatment with AluI converts the ~147 

bp fragment (lane 2) to a ~103 bp fragment (lane 3). The observed 

digestion pattern of the 12-NCP-dU49 indicates that the dU49 lesion is 

maintained within the nucleosome core particle and that the nucleosome 

(N5) containing the dU lesion is positioned as expected. Lane 1 in both 

parts (b) & (c) contains a DNA ladder consisting of 50, 100, 150, 200, 

300 and 400 bp dsDNA fragments. ................................................................ 213 

Figure A.9: Chromatin oligomerization assay. (a) Agarose gel (0.5%, 0.2× TBE) 

analysis of the supernatant fractions of 12-NCP-Nt arrays as a function 

of Mg2+ concentrations. (b) Quantitative analysis of the band intensities 
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Figure A.10: AFM tapping mode topography images of the 12-NCP-dU49 and 12-

NCP-dU88 chromatin in the extended states in absence of MgCl2: (a-d) 

and (g-j), respectively. The white dashed box in (d) highlights the strand 

imaged under high resolution in (e). (e) High resolution 250 x 250 nm 

scan, all 12 nucleosomes and linking DNA are visible; (f) Height profile 

of scanned substrate, The blue line in e shows the corresponding cross 

section. (g-l) contain the same analyses, except for 12-NCP-dU88 
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Figure A.11: AFM tapping mode topography images of the 12-NCP-dU49 and 12-

NCP-dU88 in the compacted states in presence of 2 mM MgCl2: (a) 1 x 

1 µm image of compacted 12-NCP-dU49, The white dashed box in a 
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resolution 250 x 250 nM scan image of compacted 12-NCP-dU49; (c) 

Height profile of scanned substrate, The blue line in (b) shows the 

corresponding cross section; (d) 1 x 1 µm image of compacted 12-NCP-

dU88, The white dashed box in d highlights the strand imaged under high 

resolution in (e); (e) High resolution 250 x 250 nM scan image of 
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Figure A.12: AFM tapping mode topography images of the 12-NCP-dU49/APE1 

complex. (a) High resolution 250 x 250 nm image of the APE1 (denoted 
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by the white arrow) complexed to the 5th nucleosome of a 12-NCP-dU49. 

The red and blue lines show where the corresponding cross sections in 

(b) were taken. (b) The red cross section shows the height profiles of the 

nucleosome while the blue cross section shows the height of the enzyme 

supported by the 5th nucleosome. Similarly, (c) and (d) show a second 12-

NCP-dU49/APE1 complex image and cross section, respectively ................ 218 

Figure A.13: Schematic and gel images (10%, 19:1 denaturing PAGE, 

autoradiogram) showing the complete removal of damaged inserts from 

12-601-dU49 (a) and 12-601-dU88 DNA (b): Both 12-601 DNAs were 

digested with UDG/APE1 and specific nickase enzymes. After nickase 

digestion, >99% of inserts were removed from DNA templates (lane 2 in 

each gel); after UDG/APE1 digestion followed by nickase digestion, 

>99% of damaged insert were removed from 12-601 DNA templates.  

Schematic of UDG/APE1 combined kinetics against 12-NCP-dU49 (c) 

and 12-Link-dU88 (d) chromatin: Each kinetics assay was a combination 

of four steps- nicking of DNA through digestion of UDG/APE1 followed 

by NaBH4 reduction of nicked 3’ end, extraction of DNA through 

Proteinase K digestion followed by PCI extraction and precipiatation, 

specific nickase digestion to remove the damaged insert and separation in 

denaturing PAGE for analyzation. Respective naked DNAs (12-601-

dU49 and 12-601-dU88) and mononucleosomes (1-NCP-dU49 and 1-

Link-dU88) were also digested with UDG/APE1 in identical way. .............. 219 

Figure A.14: BER of damaged DNA within various chromatin environments. (a,b) 

The indicated substrates (4 nM) were incubated with UDG and APE1 (1 

nM each) in the presence of either 0.2 mM Mg2+ (left) or 0.2 mM Mg2+ 

(right). ΔH4 tail indicates substrates assembled using histone H4 lacking 

the N-terminal tail domain (residues 1−19). (c) Initial rates of cleavage of 

dU by UDG/APE1. Rates were calculated by fitting the digestion data in 

panels (a) and (b) to a single phase exponential and multiplying each rate 

constant by the Ymax as previously described [122], [155]. Values in 

parentheses (red) were obtained using substrates lacking the histone H4 
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Figure A.15: Representative gel (10%, 19:1 denaturing PAGE) images (auto-

radiograms) of UDG/APE1 combined kinetics against three different 

types of dU49 and dU88 chromatin substrates at two different MgCl2 

concentrations: (a) 12-601-dU49 at 0.2 mM  MgCl2 (b) 1-NCP-dU49 at 

0.2 mM  MgCl2 (c) 12-NCP-dU49 at 0.2 mM  MgCl2, (d) 12-601-dU49 

at 2 mM  MgCl2, (e) 1-NCP-dU49 at 2 mM  MgCl2 (f) 12-NCP-dU49 at 

2 mM  MgCl2. (g) 12-601-dU88 at 0.2 mM  MgCl2 (h) 1-Link-dU88 at 

0.2 mM  MgCl2 (i) 12-Link-dU88 at 0.2 mM  MgCl2, (j) 12-601-dU88 at 
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2 mM  MgCl2, (k) 1-Link-dU88 at 2 mM  MgCl2 (l) 12-Link-dU88 at 2 
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Figure B.1: ESI-MS spectra of 5fC-containing oligonucleotides N5_5fC49 (a) and 
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Figure B.2: Sequence and design details of the 5fC49- and 5fC88-containing 

12×601 DNA templates (12-601-49 and 12-601-88, respectively). (a) 

Schematic representation  of  the  position  of  5fC49  within 12-601-49, 

which was  constructed  from pUC-12-601-49 via strand exchange using 

oligonucleotide N5_dU49. (b)  Representative  electrophoretic  mobility  

shift  assay (10%  29:1  acrylamide:bisacrylamide) demonstrating  the  

insertion  of  a  5fC49  containing  oligonucleotide (N5_5fC49) into 

plasmid pUC-12-601-49 (i.e. 12-601-49).   All   reactions   were   carried   

out   on   the corresponding  plasmid  DNA  as  described  previously and  

the  601  DNA  fragment  (N5, 178bp) containing  the  modified  site  was  

excised  via  PflMI  and  BstXI  restriction  digestion  prior  to  analysis  

by 10% native PAGE (19:1 acrylamide:bisacrylamide). Lane 1, 200 bp 

marker; lane 2, unmodified pUC-12-601-49;  lane  3, pUC-12-601-49 

DNA treated with Nb.BbvCI; lane 4, ligated pUC-12-601-49 following 

strand exchange with 5ʹ-[32P]-N5_dU49; lane 5, TDG treatment of ligated 

material from lane 4. Lanes 4* and 5* are radiograph images of lanes 4 

and 5. (c) The same as (a) but for 5fC88 within 12-601-88. (d) All  

reactions  were  carried  out  on  the  corresponding  plasmid  DNA  as  
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pUC-12-601-88; lane 3, pUC-12-601-88 DNA treated with Nb.BbvCI; 

lane 4, ligated pUC-12-601-88 following strand exchange with 5ʹ-[32P]-

N5_dU88; lane 5, TDG treatment of ligated material from lane 4. Lanes 

4* and 5* are radiograph images of lanes 4 and 5. ......................................... 227 

Figure B.3: Characterization of reconstituted nucleosome arrays. (a) Agarose gel 

electrophoresis (0.6%) analysis of 12-601-49 reconstituted with 

increasing concentrations of the indicated histone octamer. The molar 

ratio of histone octamer to DNA template is indicated. (b) Restriction 

digestion analysis (5% native PAGE, 59:1 acrylamide:bisacrylamide) of 

12-NCP-49 nucleosome arrays. Both naked DNA (12-601-49) and the 

indicated array were digested with PflMI/BstXI and were run side-by-

side to determine nucleosome occupancy at N5. (c) Partial Micrococcal 

nuclease digestion analysis (1% agarose) of 5fC49-containing arrays. (d) 

Agarose gel electrophoresis (0.6%) analysis of 12-601-88 reconstituted 

with the indicated ratio of histone octamer to DNA template. (e) 
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Restriction digestion analysis (5% native PAGE, 59:1 

acrylamide:bisacrylamide) of 12-NCP-88 nucleosome arrays. Both 

naked DNA (12-601-88) and the indicated array were digested with 

PflMI/DraIII and were run side-by-side to determine nucleosome 

occupancy at N5 and N6. (f) Partial Micrococcal nuclease digestion 

analysis (1% agarose) of 5fC88-containing arrays. WT: canonical 

octamers; Δ4: histone H4 tail deleted octamers; DV: histone H2A.Z/H3.3 

dual-variant octamers. ..................................................................................... 228 

Figure B.4: Characterization of reconstituted mononucleosomes. Native PAGE 

(5%, 59:1 bisacrylamide:acrylamide) analysis of (a) 1-601-49 and (b) 1-

601-88 reconstituted with increasing concentrations of the indicated 

histone octamer, yielding mononucleosomes 1-NCP-49 and 1-NCP-88, 

respectively. The molar ratio of histone octamer to DNA template is 

indicated. WT: canonical octamers; Δ4: histone H4 tail deleted octamers; 

DV: histone H2A.Z/H3.3 dual-variant octamers. ........................................... 229 

Figure B.5: Characterization of dye-labeled nucleosome arrays. (a) Structural 

representation of the Cy3/Cy5-labeled arrays (12-NCP-FRET) used for 

the FRET analysis. The Cy3/Cy5-labeled DNA (12-601-FRET) used to 

assemble these arrays was reported previously.[158]  (b) Agarose gel 

electrophoresis (0.6%) analysis of 12-601-FRET reconstituted with the 

indicated ratio of histone octamer to DNA template. Images from the Cy3 
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CHAPTER 1  

INTRODUCTION  

 

The genetic blueprint for all life on Earth is written using the same four-letter 

language. These four letters (A, G, C and T) represent the four major bases of DNA and 

their exact sequence encodes the instructions for building the protein machinery required 

to operate a cell. The information stored by DNA is translated into proteins by a third 

biopolymer, RNA which, together constitute the central dogma of molecular biology and 

is the framework that governs all information flow in biology (Figure 1.1). While the four 

DNA bases have remained constant over the course of evolution, the size and complexity 

of what constitutes a genome has changed dramatically, as have the mechanisms in which 

it is stored within the cell. The genomes of complex eukaryotic organisms, from plants to 

humans, are encoded by billions of base pairs of DNA and, due to their large size, could 

not possibly fit inside a cell without some form of co-packaging partner. Ultimately, DNA-

packaging is achieved through hierarchical organization into nucleoprotein complexes 

known as chromatin, the structure of which is expected to regulate how the underlying 

genetic information is processed, repaired, and read. 

Due to its complex nature, chromatin has remained a challenge to study and thus 

a detailed understanding of its structure function relationships has remained elusive. In 

Chapter 1, I provide a literature review and relevant background on research related to the 

study of DNA and chromatin. Chapter 2 discusses the development of a methodology for 

introducing synthetic DNA modifications into chromatin in vitro. Chapters 3 and 4 



2 

 

describe research focused on understanding the relationship between chromatin structure 

and active DNA demethylation, with emphasis on the effects that chromatin has on 

catalysis by thymine DNA glycosylase (TDG) (Chapter 3) as well as how TDG, in turn, 

influences chromatin structure (Chapter 4). Finally, Chapter 5 details the discovery and 

investigation of interactions between L-nucleic acids and the promiscuous RNA-binding 

protein: Polycomb Repressive Complex 2 (PRC2).  

 

 
Figure 1.1: The central dogma of molecular biology. Arrows represent the directional flow of 

information as it occurs naturally. 
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1.1 DNA, Nucleosomes, and Chromatin 

 

1.1.1  DNA and the genome 

Deoxyribonucleic acid (DNA) is a relatively stable nucleotide biopolymer and its 

constituent bases are capable of forming sequence-specific interactions through a distinct 

pattern of hydrogen (H-) bonding known as Watson Crick (WC) base pairing:  Adenine 

(A) pairs with Thymine (T) via two H-bonds and Guanine (G) pairs with Cytosine (C) via 

three H-bonds (Figure 1.2) [1]. WC base-pairing enables molecular recognition and is the 

basis for template-dependent synthesis which is important for ensuring accurate 

transmission of information between generations. In DNA, and ribonucleic acid (RNA), 

individual nucleotides are covalently linked to each other via phosphodiester linkages 

between the 3’-hydroxyl of one monomer and the 5’-phosphate of the next (5’→3’ 

polarity) [1]. DNA naturally adopts a B-form helix due to the preferred C2’-endo sugar 

conformation of its sugar whereas, owing to the presence of the 2’-hydroxyl group, the 

ribose sugar is predominantly C3’-endo and the helical structure of RNA is mainly A-

form [2], [3] (Figure 1.3). These subtle chemical differences render RNA flexible and 

capable of folding into myriad secondary structures (see Chapter 5) [4]–[7], making RNA 

well-suited for the wide range of functions it serves within the cell. However, a tendency 

to fold intra-molecularly, combined with increased sensitivity to alkaline conditions due 

to the 2’-hydroxyl, renders RNA less than ideal for storing the entire genome of complex 

life.  
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Figure 1.2: Structure of DNA, RNA, and their constituent nucleobases. (a) Chemical structure of 

DNA and RNA. (b) A-T and (c) G-C base pair with the Watson Crick (WC) interface, major-, and 

minor-grooves labelled. (d) Cartoon depiction of the structure of DNA and RNA. This figure was 

adapted from refs. [8] and [9]. 

 

  

The term “genome” refers to an organism’s complete set of genetic information 

and can include anywhere from a few thousand, to tens of thousands, of individual genes 

[10]–[13]. A gene is the minimal coding DNA sequence that, when transcribed and/or 

translated, produces a functional RNA or protein product. There is not a clear correlation 

between organism complexity and number of genes [12], which is reflected by the fact 

that humans contain ~25,000 protein-coding genes compared to the >50,000 genes that 

have been detected in some protozoa [12], [14].  

There is substantial evidence that non-coding (nc)RNAs serve functions just as 

essential as proteins, for there are many more non-protein coding than coding genes in the 

human genome (see Chapter 5). Nonetheless, evolving biological complexity requires a 
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significant number of DNA base pairs (e.g. ~3.5 billion bp for human haploid) and 

presents the cell with the challenge of fitting this information in a small nucleus. This 

storage problem is complicated by the rod-like structure of DNA, DNA has a tendency to 

undergo strand breaks from physical strain and damaging agents  [15]–[17], all of which 

are life threatening to the cell (see section 1.2.1 and 1.2.2). To facilitate the safe storage 

of DNA and to facilitate its condensation a class of packaging proteins known as histones 

has evolved in eukaryotes. Histones are highly conserved proteins and are essential 

components of chromatin and its fundamental subunit: the nucleosome. 
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Figure 1.3: Chemical structures of DNA and RNA. The two most common sugar conformations 

and associated helical structures are depicted in boxes to the right and the lesser common Z-form 

DNA, which is characterized by a left handed helix resulting from a syn base-sugar conformation, 

is shown in the bottom left hand corner. This figure was adapted from ref. [18].  
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1.1.2  The Nucleosome Core Particle 

It was extremely challenging to pin down either protein or nucleic as the true 

source of heredity. This was because nuclear extracts from eukaryotic cells contained 

extensive quantities of a substance having equal parts DNA and protein (i.e. histones).  

This mysterious substance was named chromatin because of its appearance when stained 

with dyes and it remained a challenge to study for decades following its identification 

[19]. Major questions surrounding DNA’s role in genetics were answered through the 

1940’s and 50’s when Avery and co-workers demonstrated virulent DNA transformed into 

bacteria was still lethal [20]. These initial findings were confirmed by Hershey and Chase, 

who showed the protein component of viruses remained bound to the surface of cells while 

DNA was the genetic material that was injected and replicated inside them, proving DNA 

could transmit genetic information [21]. These observations, combined with Watson and 

Crick’s description of the double helix structure of DNA from crystals obtained by 

Rosalind Franklin, led to DNA’s template-dependent mechanism of replication and 

synthesis to be realized [1].  

While research involving DNA flourished, early efforts to characterize the 

abundant protein component of chromatin were complicated by proteases and solubility 

issues. Acid extraction of nuclei yielded stoichiometric quantities of four distinct histones, 

H2A, H2B, H3, and H4, and a fifth (H1) with approximately half abundance [22]–[25]. 

This revealed some insight into the potential modular nature of chromatin but, still, the 

tendency of histones to aggregate, both individually and in mixtures, rendered a molecular 

understanding of DNA-histone complexes out of reach. A substantial breakthrough came 
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when Roger Kornberg reported the X-ray diffraction pattern of native chromatin [22]. 

Kornberg’s data demonstrated that chromatin consisted of a repeating unit, and this 

repeating unit could only form in the presence of H2A, H2B, H3, and H4 (the major 

histones). From this, Kornberg proposed that chromatin’s structure was based on a 

repeating unit, the nucleosome, which consists of ~200 bp of DNA and 2 copies of each 

of the four major histones. Because H1 is present at half abundance and is not required for 

the repeating unit to form, he proposed it bound outside of the nucleosome. Decades of 

subsequent work in the chromatin field would support this early theory and shed more 

light on the intricate mechanisms of chromatin structure and organization [24]–[27] 

(Figure 1.4).  
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Figure 1.4: Hierarchal depiction of DNA condensation into nucleosomes and chromatin. This 

figure was adapted from ref. [27]. 
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Early efforts to characterize nucleosomes relied heavily on strategic digestion of 

chromatin isolated from nuclei with proteases and nucleases. For example, partial 

digestion of intact chromosomes with microccal nuclease (MNase) from Staphylococcus 

aureus produced nucleosome bound DNA fragments ranging from ~160-240 bps in length 

indicating that nucleosomes, on average, were spaced between ~20-80 bps apart 

depending on the chromatin [28], [29]. Because MNase’s activity towards DNA is 

dramatically reduced when a protein is present, only free DNA gets digested. In the 

context of chromatin, free DNA occurs between nucleosomes in the linker region. 

Interestingly, regardless of the chromatin source, prolonged digestion yielded a 

homogenous population of nucleosome core particles (NCPs) containing ~147 bp of DNA. 

These NCPs were homogenous enough to crystalize and provided a low resolution (20 Å) 

look at the cylindrical/disk-like structure of endogenous nucleosomes [30]. Additionally, 

this structure demonstrated NCPs were semi-symmetrical about a dyad axis and placed 

the histone core in the center, serving as a spool around which the DNA was wrapped [30]. 

As expected, further probing these NCPs with DNase, which unlike MNase is a 

nuclease capable of cleaving the phosphodiester backbone of nucleosomal DNA, revealed 

the DNA backbone was most accessible when it was facing outward, away from the 

histone octamer surface [29], [30]. Interestingly, the DNase-cleavage pattern indicated 

DNA was most reactive at intervals of 10n bp, suggesting the DNA helix repeat length is 

condensed in nucleosomes relative to natural B-form DNA. These findings were later 

corroborated by hydroxyl radical-foot printing experiments which offer an unbiased 

survey of the DNA backbone’s solvent accessibility [31].  
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Researchers supplemented these nuclease analyses with proteolytic cleavage 

experiments using native and in vitro assembled nucleosomes. By comparing the histone 

degradation pattern of intact nucleosomes and nucleosomes having various combinations 

of histone proteins, the structural significance of the H3-H4 tetramer in forming the 

nucleosome core was established [29]. These studies demonstrated that H3-H4 tetramers 

bound ~80 bp of DNA near the dyad (40 bp on either side), are essential for nucleosome 

formation, and alone are sufficient to produce stable nucleo-histone complexes (i.e. 

tetrasomes) that somewhat resemble the NCP [29], [32]. By the 1990s a picture of the 

nucleosome was coming together, but it wasn’t totally clear until Luger et. al reported a 

high-resolution structure of the nucleosome in 1997 [27] (Figure 1.5). 

This ground-breaking structure revealed that all major histones (H2A, H2B, H3 

and H4) share two distinct structural elements: a globular core and two highly unstructured 

tail domains at their N- and C- termini (Figure 1.5) [27]. The globular domain of each 

histone is constructed by a helix-loop-helix motif which contributes to the formation of a 

protein scaffold around which DNA can be directly wrapped (~1.7 times); the unstructured 

N- and C-terminal tails extend beyond the core nucleosome, making contacts with DNA 

and histones on proximal nucleosomes (Figure 1.5) [27], [33], [34]. The physical contacts 

between histones and DNA involve electrostatic and hydrogen bonding interactions with 

the phosphate backbone, as well as hydrophobic interactions with the sugar group, and 

importantly, do not involve the DNA major groove and are therefore not sequence-

specific. With that being said, the histone octamer is not a perfect sphere and thus, 

wrapping of the DNA double helix around an irregular, but symmetric, histone core 
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requires heterogenous bending of the DNA molecule and presents a thermodynamic 

barrier to nucleosome formation that relies on DNA bending [27], [35], [36]. 

An ideal DNA packaging protein would exhibit zero sequence bias, however, 

inherent differences in local DNA flexibility and the irregular structure of the octamer 

core creates a thermodynamic landscape where local minima exist at DNA sequences most 

capable of bending/contorting at intervals conducive for nucleosome formation. Most 

notably, significant bending occurs at sites flanking the nucleosome dyad, around super-

helical location (SHL) +/- 1.5, where the DNA double helix must accommodate the H3-

H4 interface (Figure 1.5). There is not a set genetic code for nucleosome positioning, but 

the requirement for sharpest bending to occur with 10bp periodicity (when the major 

groove of the DNA faces inwards towards the nucleosome core and the minor groove faces 

outward) does bias sequences with periodical repeats of TA/AA/TT motifs recurring every 

~10bp towards being stronger nucleosome binders [37]–[39]. This is supported by analysis 

of naturally occurring, and synthetic, DNA sequences which indicate the strongest 

nucleosome positioning sequences tend to have GC-rich sequences oscillating out of phase 

with these AT-rich motifs [37]–[39]. 
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Figure 1.5: High resolution structure of the nucleosome core particle. (a) The Luger nucleosome 

with the dyad and H2A/H2B acidic patch indicated. (b) Zoomed in view of the H3-H4 and (c) 

H2A-H2B folded structures interfacing with DNA inside a nucleosome. α= alpha helix, L= loop. 

This figure was adapted from ref. [27] (pdb: 1aoi.). 
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1.1.3 Chromatin Structure 

 

1.1.3.1 Primary and secondary structure of chromatin 

It was apparent from early work that chromatin was dynamic. Electron 

micrographs revealed the primary structure of chromatin resembled beads-on-a-string, but 

was capable of undergoing reversible intra-molecular compaction in the presence of 

cations, including Na+, Mg2+, Ca2+, and spermidine (Spd3+), to produce condensed 

secondary structures known as chromatin fibers [22], [24], [40], [41]. Cations neutralize 

the DNA’s negatively charged backbone and reduce electrostatic repulsion between DNA 

strands, enabling inter-nucleosomal (intra-fiber) interactions mediated by the histone tail 

domains to form  [33], [34], [42]. Perhaps the best example of such an interaction is the 

H4-tail/H2A acidic patch, which involves K16, R19, K20 and R23 from the H4 N-termini, 

most notably H4K16, and a set of 8 spatially clustered Asp/Glu residues on the H2A/H2B 

dimer surface ( Figure 1.5, H2A: E56, E61, E64, D90, E91, E92 and H2B: E102, E110) 

[34], [43]. Together, these histone domains constitute a docking mechanism that facilitates 

stacking of proximal nucleosomes on top of each other. Non-specific ionic interactions 

between the histones and nearby DNA further contribute to chromatin folding. 

Histone tails mediate the folding of nucleosome arrays into the basic organization 

unit of chromatin: the 30 nm fiber (see Figures 1.4 and 1.6). The 30 nm fiber is expected 

to have implications on gene regulation, yet still, its predominant architecture has yet to 

be established. Two of the main competing models are the one-start (solenoid) and two-

start (zig-zag) (Figure 1.6) [26], [44]–[46]. In the one-start model nucleosomes interact 
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with their neighbors (n + 1) and stack directly on top of each other to form a solenoid-like 

coil [26], [44]. In the two-start model the linker DNA is rigid and linear. This straightening 

of the linker DNA positions neighboring nucleosomes side-by-side in 3D space and 

creates a zig-zag pattern of folding in which every other nucleosome (n + 2) stacks on top 

of each other [45], [46]. Some of the best evidence that supports of the zig-zag model 

comes from the crystal structure of a tetra-nucleosome unit of chromatin, and the cryo-

electron microscopy (Cryo EM) structure of a chromatin fiber, which show a two-start 

chromatin helix [45], [46].  

 
Figure 1.6: Ball and stick representation of the solenoid (one start) and zig-zag (two start) models 

of the 30 nm fiber. Red and blue spheres indicate nucleosomes which are connected by linker 

DNAs portrayed as sticks. This figure was adapted from ref. [47]. 

 

Structural data indicates shorter DNA linker lengths, which are inherently less 

flexible, tend to favor a zig-zag chromatin fiber fold, chromatin having more flexible, 

longer, linker DNAs tends to adopt a solenoid fiber coil, however these preferences can 

change when linker histones, or other DNA-binding proteins, are present [45], [48]–[50]. 
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Interestingly, some chromatin structural studies suggest the ‘zig-zag’ and ‘solenoid’ 

models are not mutually exclusive and can co-exist in the same chromatin fiber [45], [48], 

[49], [51].  

Due to non-uniform nucleosome spacing and an abundance of DNA-binding 

factors in vivo it is not likely that a single chromatin secondary structure dominates. An 

alternative theory to the one- and two-start models suggests that chromatin may be 

irregular and unstructured in the nucleus, forming an interdigitated framework that can be 

described by ‘polymer melt’. Somewhat in agreement with this, imaging of native 

chromatin while still inside the cell revealed that neither version of the archetypical fibers 

(‘zig-zag’ or ‘solenoid’) were detected in interphase human chromatin [51], [52]. Instead, 

chromatin visualized in the nucleus had diameters ranging from 5-25 nm and, rather than 

being regularly folded, local fiber architecture was disordered [51] and could be sub-

divided into heterogenous segments with variable nucleosome density and topologies [52]. 

Ultimately, each of these varying models are supported in their by experimental evidence, 

therefore it is likely all of these chromatin architectures occur within the cell. 

 

1.1.3.2 Tertiary and higher order structures 

The contribution of order and disorder to chromatin organization increases as the 

structures progress up the hierarchy from nucleosome to chromosome. Apart from the 

mitotic chromosome, chromatin spends most of its time dispersed within functional 

genetic compartments in the nucleus. Such compartments partition the genome into 

transcriptionally active and silent domains, euchromatin and heterochromatin, 
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respectively [53]–[55]. On a macroscopic scale, this division of the genome is realized in 

the form of chromosome territories, which comprise millions of base pairs (Mbp) of DNA 

that, themselves, are further sub-divided into topographically associated domains (TADs) 

(Figure 1.7) [51], [53]. Architectural proteins, like the CCCTCF-binding factor (CCTCF) 

and cohesin, play an important role in establishing these compartments, the properties of 

which are influenced by tertiary chromatin interactions [56], [57]. 

In vitro, chromatin fibers self-associate (i.e. oligomerize) in a histone-tail 

dependent manner via non-specific histone-DNA and H4-H2A interactions between 

separate fibers, or distal regions of the same fiber [22], [24], [40], [41]. Inter-fiber binding 

events are mediated primarily by H4, however, H3 contributes moderately to these 

interactions and H2A~H2B contribute minimally [41], [42], [58], [59].  Inter-molecular 

interactions are enhanced by cationic salts and some chromatin binding proteins [41], [42], 

[58], [59]. Chromatin oligomerization, also known as condensation, can produce multi-

fiber complexes with properties ranging from densely packed, heterochromatic, and solid-

like, to active, euchromatic, and liquid-like. Although chromatin condensation can be 

attributed to the histone tails and architectural proteins, local features like nucleosome 

density and linker DNA length produce fibers with differing higher order outcomes. For 

instance, one study found short, regularly spaced nucleosomes and a ‘zig-zag’ chromatin 

fiber were enriched in heterochromatin, whereas nucleosome depleted regions and a 

solenoid architecture were indicative of euchromatin [60]. Furthermore, chromatin 

looping, a tertiary structure that involves physical contacts between regions of chromatin 

on the same fiber that has implications for gene expression and domain organization 
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(Figure 1.7), is also expected to occur and to depend on nucleosome density and linker 

DNA length [61], [62]. 

Recent efforts to understand chromatin structure have benefited greatly from 

computational models that treat chromatin as a flexible polymer with self-interacting and 

self-avoiding domains [50], [60], [62], [63]. Molecular simulations using such platforms 

have provided additional insight into how structural variables (e.g. nucleosome density 

and spacing) contribute to higher order chromatin structure and have been validated 

against biological data. These relationships are supported by a multitude of genomic 

sequencing experiments which, have enabled researchers to map chromatin secondary and 

tertiary structure on a genomic scale. For instance, DNase- and MNase-seq, and more 

recently Assay for Transposase-Accessible Chromatin (ATAC-seq), have enabled 

quantification and mapping of nucleosome density in vivo by identifying accessible (i.e. 

euchromatic and active) regions of the genome [64]–[67]. Additionally, researchers have 

been able to probe the three-dimensional organization of the genome by enzymatically 

ligating proximal DNAs within fixed nuclei prior to downstream sequencing; this has been 

accomplished using chromatin conformation capture (3C), chromatin interaction analysis 

by paired-end tagging (ChIA-PET), and subtle derivatives thereof [53], [64], [68]–[70]. 
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Figure 1.7: Schematic depicting the different scales of chromatin tertiary structure within the cell, 

from Mega base pair chromosome territories → kilo base pair topographically associated domains 

→ local chromatin domains established via chromatin loops. This figure was adapted from ref. 

[71]. 

 

 

1.1.4 Chromatin epigenetics 

As previously stated, the structure of native chromatin is highly dynamic and 

heterogenous in vivo. This is because a variety of mechanisms to establish local chromatin 

states that can change depending on the state of the cells. These mechanisms include ATP-

dependent chromatin remodeling enzymes, like ISWI and SWI/SNF, which establish 

nucleosome domains with defined linker lengths [72]. Additionally, linker histones, 

heterochromatin associated proteins, and transcription factors can bind DNA and create 

both local and higher order chromatin architectures that are important for transcriptional 

control [59], [73]–[75]. Ultimately, however, primary sequence information alone is not 

sufficient to coordinate the elaborate cross-talk required to regulate chromatin state on a 

cell-by-cell basis. Instead, this is achieved by direct chemical modification to the 

underlying DNA and histones. The exact identity and distribution of these modifications 
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add an extra layer of information to the underlying genetic code and this additional 

information is generally known as epigenetic information. 

 

1.1.4.1 DNA epigenetics 

The major DNA epigenetic modification in humans is 5-methylcytosine (5mC). 

DNA methylation in the form of 5mC is established by DNA methyltransferase (DNMT) 

enzymes 1, 3a, and 3b. DNMT1 maintains symmetric methylation of CpG dinucleotides 

after DNA replication and DNMTs 3a/b catalyze the de novo methylation of cytosine. 

Adding a methyl group to C5 alters the chemistry of the DNA major groove and, due to 

Van der Waals repulsion between the hydrophobic methyl group and the negatively 

charged phosphate groups of adjacent nucleotides, reduces local DNA flexibility [76]. 

This methylation-induced rigidity of dsDNA has been shown to negatively influence 

nucleosome binding affinity while also enhancing intra-molecular compaction within 

methylated nucleosome arrays [36], [76]–[78]. Additionally, 5mC serves as an epitope for 

methyl-CpG binding domain (MBD) containing proteins, which have a high affinity for 

methylated CpG dinucleotides and are capable of established transcriptionally inactive 

chromatin domains [79].  

While 5mC is the major modification in human DNA, representing ~1% of all 

cytosines, three additional modified cytosine forms have been detected in mammals: 5-

hydroxymethyl-, 5-formyl-, and 5-carboxy-cytosine (5hmC, 5fC, and 5caC, respectively). 

These derivatives are produced enzymatically via oxidation of 5mC (see 1.2.3. Active 

DNA demethylation) and have been implicated in a range of genomic processes. 
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Accumulation of these oxidized 5mC derivatives can counteract the negative effects of 

DNA methylation on transcription [80]; however, the outcomes associated with these 

modifications is highly context specific and can also lead to gene silencing [66], [67], 

[81]–[83]. In many cases, the gene-suppressing functions of oxidized cytosine derivatives, 

including 5fC and 5caC, are implicated in epigenetic priming, a process that involves 

maintaining a gene in a temporarily silent state until an appropriate stimuli/signal triggers 

gene expression (see 1.2.3. Active DNA demethylation).  

All oxidized cytosine derivatives have a hydrophilic substituent at the C5 position 

and, therefore, present a dramatically different major groove to chromatin-associated 

proteins and DNA-binding factors than 5mC. In further contrast to 5mC, the presence of 

even just one 5hmC, 5fC, or 5caC in a DNA molecule can enhance the DNA’s flexibility, 

as well as its ability to bind nucleosomes [76], [81].  

 

1.1.4.2 Histone Epigenetics 

Ultimately, the methylation status of individual DNA sequences helps govern the 

establishment and distribution of histone post-translational modifications (PTMs) and is 

tightly coupled. Compared to DNA, histones undergo a wide range of enzymatically 

catalyzed covalent modifications. These range from small chemical additions like 

acetylation, methylation, and phosphorylation [84]–[87], to large modifications including 

the addition of ubiquitin, ubiquitin-like proteins, and ADP-ribose polymers [88]–[91]. Due 

to an abundance of nucleophilic lysine side chains, and multiple arginine, serine, and 

tyrosine residues, the exact location and number of PTMs that occur on an individual 
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histone, and ultimately a nucleosome, can vary substantially. In general, most histone 

PTMs occur at lysine residues and are established by histone writers and removed by 

erasers.  

Even though the genetic outcomes associated with histone epigenetics is extremely 

context-dependent, some generalizing statements can be made. For instance, because 

lysine residues near the nucleosome core contribute to DNA-binding through electrostatic 

interactions, PTMs that alter lysine charge states can reduce nucleosome stability and 

increase DNA accessibility [92]. This effect has been reported for modifications that 

neutralize lysine’s natural positive charge, like acetyl-, propionyl-, butyryl-, and crotonyl-

lysine [84], [92]–[95], and is expected to be even more pronounced in nucleosomes 

harboring other acyl-lysine PTMs, like malonyl-, succinyl-, and glutaryl-lysine, which 

have charge inverting (+1 → -1) effects [92], [96]. In addition to mediating stability at the 

nucleosome level, positively charged lysine residues on the histone tail domains interact 

with DNA on neighboring nucleosomes, as well as the acidic patch on the H2A/H2B dimer 

surface, and facilitate intra-molecular compaction of nucleosome arrays. Similar to the 

disruptive effects exerted by acyl-lysine modifications at the nucleosome-level, charge-

altering acyl-lysine modifications on the histone tails can also disrupt higher order 

chromatin folding by antagonizing these inter-nucleosomal contacts [85], [94]–[98].  

Histone acetyltransferases (HATs) primarily catalyze the transfer of an acetyl 

group from an acetyl-CoA donor to the ɛ-amino group of histone lysine residues, but some 

catalyze the broad spectrum of acyl transfers outlined above. Other enzyme-catalyzed 

histone PTMs that alter the charge and structure of native lysine, such as phosphorylation 



23 

 

[99], [100], ubiquitination, and ADP-ribosylastion, enhance DNA accessibility at the 

nucleosome level and antagonize lysine-dependent chromatin folding pathways [86], [89], 

[91], [99], [101]. In the case of lysine methylation, even though all possible lysine 

methylation states (me1-, me2-, and me3-) remain cationic, their associated structural 

outcomes with respect to chromatin and DNA accessibility is more complicated and can 

be activating (e.g. H3K4me1/2/3) or repressing (e.g. H3K9me1/2/3 and H3K27 me1/2/3) 

depending on the interactions of the reader protein.  

In summary, epigenetic modifications of DNA and histones coordinate specific 

chromatin environments and facilitate biological processes including gene expression, 

recombination, replication, and DNA repair. In efforts to gain in depth, molecular-level, 

insights into the structure-function relationships of chromatin and the myriad chemical 

modifications that it undergoes in vivo researchers have exploited a variety of chemical 

and molecular biology techniques to introduce histone and DNA modifications into 

chromatin with residue-level selectivity. Indeed, most of the structural outcomes described 

in this section can be recapitulated by synthetic chromatin strategies; common methods 

for preparing synthetic chromatin in the laboratory will be reviewed briefly in the section 

below. 

 

1.1.5  Synthetic Chromatin 

Many of the advancements made in our understanding of how DNA sequences 

govern nucleosome formation and stability came from work conducted in the laboratory 

of the late Jonathon Widom. One of the most significant contributions from his laboratory 
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was the discovery of the synthetically derived 601 sequence, which has remarkably strong 

nucleosome binding capabilities [35]. Although other native positioning elements, such as 

the alpha satellite and Sea Urchin 5S rRNA gene sequences can produce reliable 

nucleosomes [36], [37], since first being reported, the 601 sequence has become the gold 

standard for in vitro nucleosome reconstitution and has enabled unprecedented structural 

insights into nucleosome and chromatin structure [38]. The 601 sequence, and subtle 

derivatives thereof, are some of the early developments in the field of ‘synthetic 

chromatin’ (see 1.1.5) and have since been exploited by researchers to probe the reactivity 

of specific nucleotides within a unique nucleosomal (and chromatin) environments [39]–

[41], as well as to investigate the relationship between histone post-translational 

modifications and chromatin structure [42]–[44].    

In vitro-reconstituted chromatin fibers, typically assembled from recombinant 

histone proteins and DNA generated via PCR or plasmid digestion, are the basis for 

synthetic chromatin. As mentioned above, some of the early applications of synthetic 

chromatin were focused on determining the influence of a DNA sequence’s position 

within the nucleosome, as well as the extent of local array folding, on DNA reactivity 

[102]–[104]. These studies primarily utilized generic and sequence-specific 

endonucleases which react with DNA by hydrolyzing the phosphodiester backbone, 

creating a free 3’-hydroxyl and 5’-phosphate, and creating double-stranded breaks [102], 

[104], [105]. Digestion patterns revealed that the accessibility of individual nucleotides to 

DNA-binding factors is highly dependent on their positions within chromatin (Figure 1.8) 

and suggested DNA-binding factors may rely on spontaneous fluctuations in DNA-
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nucleosome conformations (i.e. DNA-breathing) to gain access to target sequences (Figure 

1.8) [103], [106], [107]. The basic trends in DNA accessibility observed from these studies 

of synthetic chromatin reflect protein-DNA interactions in a very general sense, however, 

they appear to be representative of how most DNA-binding factors are regulated by 

chromatin structure. 

 
Figure 1.8: The ability of enzymes to access specific DNA sequences within nucleosomes depends 

on the translational position and rotational orientation of the target nucleotide (pdb: 1kx5). 

Accessibility is expected to be mediated, in part, by spontaneous unwrapping events known as 

‘DNA breathing’. 

 

1.1.5.1 Protein Engineering Strategies 

There are a number of protein engineering strategies at the disposal of researchers, 

each capable of producing milligram quantities of histones harboring site-specific post-

translational modifications (PTMs) for incorporation into chromatin [88], [101], [108]–

[110]. The most straight forward approach is to generate the PTM enzymatically; however, 

maintaining site-specific control over histone modifying enzymes is not always possible 
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when doing this. Native chemical ligation (NCL), expressed protein ligation (EPL) 

cysteine-selective chemistries, and non-canonical amino acid (ncaa) incorporation are all 

reliable chemical biology alternatives that are therefore used instead [88], [101], [108]–

[110].  

NCL and EPL employ similar mechanisms whereby trans-esterification covalently 

attaches a protein with an N-terminal cysteine to a peptide having a C-terminal thioester. 

Spontaneous S-N acyl shift then yields a native peptide bond between the two, once 

separate, protein fragments [111]. Apart from protein ligation, the thiol group of cysteine 

affords a number of other chemical approaches for installing PTMs site-specifically. For 

instance, disulfide bond formation has been exploited to reversibly attach large ubiquitin-

like modifiers to histone proteins [110]; electrophilic mono-, di-, and tri-methylamines 

have been used to convert cysteines to methyl-lysine analogues [108], [112]; and thiol-

reactive moieties, like maleimide, have been used to label histones with chemical probes 

for applications in studying chromatin structure [89], [101], [113]. Incorporation of ncaa 

into histones by using novel tRNA/tRNA synthetase pairs is yet another option for 

generating proteins with defined PTMs and has the added benefit of allowing the modified 

protein to be purified directly from recombinant sources [114]–[116].  

 

1.1.5.2 DNA Engineering Strategies 

In contrast to histone PTMs, there are far fewer methods for incorporating DNA 

modifications into large DNA templates with the same precision and efficiency. Some of 

these challenges are discussed further in Chapter 2 and were the motivation for our 
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laboratory to pursue a new method for generating site-specifically modified DNA 

molecules suitable for reconstituting synthetic chromatin. In this section traditional 

approaches for assembling such templates will be discussed, of which the most common 

is piece-by-piece assembly through enzymatic ligation [117]–[119] (summarized in Figure 

1.9a-b). Such bottom-up engineering is required because of the size limitations of 

chemical DNA synthesis, which precludes the efficient preparation of DNA oligomers 

>200 nucleotides [120]. As a result, mixtures of many small DNA duplexes, having 

complementary overhangs, are often ligated together, directionally, to create larger DNAs 

suitable for chromatin reconstitutions. When the modification of interest is located 

internally within the DNA molecule, such piece-by-piece ligation approaches are 

especially required [117]–[119], [121], [122]. On the other hand, when the modification 

is near the 5’- or 3’- termini or does not require precise positioning, the modification can 

be introduced into the underlying sequence via primer extension or PCR using modified 

primers or dNTPs [81], [117], [123], [124] (Figure 1.9a-Method 1). However, the inability 

of some modifications to be recognized by DNA polymerases could hamper template 

synthesis via standard PCR and, to overcome some of the limitations of polymerase-

mediated synthesis, ligation-based methods are frequently used in conjunction with 

synthesis methods. 

Even though DNA polymerases are incapable of selectively incorporating 

modified nucleotide triphosphates during templated synthesis, in some cases, polymerases 

can be coaxed into adding a modified nucleotide triphosphate to the 3’-end of  a 5’-

overhang, and then the rest of the template can be assembled via ligation (Figure 1.9a-
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Method 2). Besides enzymatic polymerization and ligation, which generate DNA 

molecules with phosphodiester linkages identical to those present in endogenous DNA, 

chemical alternatives to the traditional phosphodiester bond have been pursued. Perhaps 

the most notable alternative is the use of triazole linkages generated through Cu2+-

catalyzed click reactions between DNAs having 3’- alkynes and 5’- azido groups [125], 

[126]. By appending these functionalities to duplexes having complementary overhangs, 

just as above, large DNA molecules can be assembled in a single mixture. Even though 

unnatural triazole bonds moderately alter local DNA structure and thermodynamic 

properties (i.e. melting temperature), a synthetic gene assembled via these synthetic 

linkages was a viable template for PCR and was capable of being transcribed in bacteria 

cells [125]. Nevertheless, the DNA templates best suited for quantitative biochemical 

analyses are those which most closely resemble that of native DNA. Once a modified 

DNA template suitable reconstituting chromatin has been prepared, synthetic nucleosomes 

and chromatin can be reconstituted using salt-dialysis or enzymatic methods (Figure 1.9c)  

Figure 1.9: DNA engineering strategies for assembling synthetic chromatin fibers having precisely 

positioned DNA modifications. (a) Overview of “3” common strategies for achieving site-

selective incorporation of modified nucleotides into ~200 bp DNA templates. Method 1: DNA 

modification is installed within primer via chemical synthesis and then incorporated into the 

template by PCR/PE. Method 2: Polymerase-dependent extension (or gap-filling) of free 3’-ends 

in the presence of the desired modified triphosphate. This method requires an additional gap-

filling/ligation, or primer extension step. Method 3: Ligation-based assembly of a DNA template 

by annealing a mixture of complimentary short, synthetic oligonucleotides. Strategic overlay of 

the short DNAs allows assembly of a full-length duplex and subsequent ligation results in an intact 

template. (b) Assembly of chromatin-sized DNA arrays from site-specifically modified DNA and 

nucleosome positioning repeat sequences generated via some combination of the approaches 

outlined in (a). Restriction enzyme digestion produces complimentary sticky ends that can be 

ligated enzymatically to generate larger DNA oligomers. The desired, full-length, DNA must be 

purified by gel electrophoresis, HPLC, or size-selective precipitation; depending on the size and 

complexity of the template DNA molecule, multiple iterations of digestion, ligation, and 

purification may be required. (c) Methods for reconstituting synthetic chromatin (NAP-1: 

nucleosome assembly protein 1). 
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1.2 DNA Repair 

 

1.2.1  Overview of repair pathways 

Genome integrity is maintained through the coordinated efforts of multiple DNA 

repair pathways. Each pathway is responsible for repairing specific types of DNA damage 

and are active at different times during a cell’s life. This section will briefly overview the 

major DNA repair pathways, with an emphasis on Base Excision Repair (see 1.2.1.4). 

 

1.2.1.1 Mismatch repair 

DNA mismatch repair (MMR), also referred to as methyl-directed repair (MDR), 

is responsible for detecting and repairing errors made by DNA polymerases during 

replication and recombination. This pathway is most active during S phase and is specific 

to the newly synthesized daughter strand. MMR is initiated when a Mutator S (MutS) 

homodimer identifies and binds a DNA mismatch. This initial recognition signals a MutL 

protein to bind the DNA downstream on the template strand and then, through MutS-MutL 

binding, create a DNA loop [127], [128]. The resulting loop is processed by MMR-related 

nucleases and is effectively converted to a large gap via removal of the damaged portion 

of the newly synthesized daughter strand; this gap is then re-filled and sealed by DNA 

polymerase and DNA ligase [127], [128]. 
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1.2.1.2 Double-strand break repair 

dsDNA breaks, which can arise from factors including ionizing radiation and 

physical strain, pose a serious threat to the cell. dsDNA breaks are repaired via two 

pathways: Non-homologous end-joining (NHEJ) and Homologous repair (HR) [16], [17], 

[129], [130]. NHEJ is the most direct approach to repairing dsDNA breaks and involves 

recognition of newly formed DNA ends by X-ray Cross Complementation (XRCC) 

protein isoforms [16], [17]. These XRCC proteins interact with other structural proteins 

to bridge the two broken DNA ends and facilitate their re-alignment. XRCC dimers also 

act as scaffolds for nucleases, polymerases, and ligases, which process the DNA termini 

to ensure they are compatible, and then  re-attach them via ligation [16], [17]. NHEJ offers 

a rapid response to repairing double-stranded breaks; however, because it occurs 

independent of a template and does not require sequence homology, deletions and other 

alterations can sometimes be introduced when this pathway is used.  

In contrast to NHEJ, which can repair dsDNA breaks at any point in the cell cycle 

and is highly error-prone, HR is template-dependent and only available during S/G2 phase 

when sister chromatids are accessible [16], [17], [129], [130]. During HR, the dsDNA 

breaks are processed by helicases and exonucleases to generate large (>100 nt) single 

stranded regions on their 3’-ends [102], [103]. Then, through interactions with proteins 

involved in recombination, the free 3’-ends of these broken DNA fragments invade the 

homologous sequence on sister chromosomes and are used in what is essentially a primer-

extension reaction, in which the intact chromosome serves as the template for re-
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synthesizing the DNA of the damaged strand. Subsequent end-filling and ligation 

regenerates an intact DNA molecule on the damaged chromosome. 

 

1.2.1.3 Nucleotide Excision Repair  

Nucleotide Excision Repair (NER) is the primary response to bulky DNA lesions 

that significantly perturb the DNA helix [131]–[133]. These lesions include DNA photo-

adducts and covalent DNA-protein cross-links. NER employs a cut-and-fill mechanism 

whereby the DNA is cleaved at sites adjacent to the lesion and then replaced with a freshly 

synthesized strand. The NER pathway is highly conserved. In prokaryotes UV-induced 

repair proteins (Uvr) first locate pyrimidine-pyrimidine dimers (UvrA-UvrB), then 

hydrolyze the DNA backbone downstream (UvrB) and upstream (UvrC) of the DNA 

damage site [131], [133]. Helicase activity from UvrD then removes the damaged single 

strand and forms a gap that is subsequently filled by a DNA polymerase and sealed by a 

DNA ligase[131], [133]. In eukaryotes the mechanism is more complex and is facilitated 

by additional factors, but proceeds through a similar mechanism [132].    
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1.2.2  Base Excision Repair 

The Base Excision Repair (BER) pathway, summarized in Figure 1.10, is 

responsible for repairing DNA lesions that occur directly on the bases themselves [134]–

[136]. Due to their electron-rich aromatic rings and nucleophilic heteroatoms, purine and 

pyrimidine bases are the most reactive components of DNA and frequently undergo 

alkylation, oxidation and hydrolysis in vivo and in vitro. In most cases, the resulting 

modification has negative effects on the DNA’s stability and can alter the integrity of its 

sequence-encoded information. For instance, 3-methyladenine cannot be replicated by 

DNA polymerases, and 7-methyl-guanine (and -adenine) are prone to spontaneous 

depurination, which leads to cytotoxic apurinc/apyrimidinic (AP) sites [134]–[136]. 

Additionally, other DNA bases such as 8-oxoguanine and uracil (which results from 

hydrolytic deamination of cytosine) exhibit altered WC base-pairing patterns and can be 

mistakenly read by polymerases during replication, resulting in mutagenic G:C→T:A and 

G:C→A:U transitions if not repaired [119], [137]–[139]. 
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Figure 1.10: BER pathway overview. 
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BER is the frontline defense against lesions affecting the bases and, as its name 

implies, is initiated by the removal (i.e. excision) of a damaged base by a specific DNA 

glycosylase. There have been 11 distinct DNA glycosylases reported to date [135], [136], 

each of which is capable of recognizing and cleaving the N-glycosidic bond of their 

cognate base to generate an AP site that is subsequently processed by AP endonuclease 1 

(APE1) or an AP lyase modality within the DNA glycosylase itself (see 1.2.2.1) [135], 

[140]. Next, AP-processing by APE1 results in phosphodiester bond cleavage 5’- to the 

damaged nucleotide and creates a 5’-deoxyribose phosphate which is ultimately removed 

by DNA polymerase β (Pol β) and then replaced using a deoxynucleotide triphosphate 

(dNTP) complementary to the DNA base paired opposite the damage site (Figure 1.10) 

[135], [136], [141]. The DNA nick produced by Pol β is then sealed by DNA Ligase III, 

restoring the intact duplex structure [135], [136], [142].     

 

1.2.2.1 DNA glycosylases 

DNA glycosylases fall into two general classes: mono-functional and bi-

functional. The major difference is that, in addition to catalyzing N-glycosidic bond 

hydrolysis, bifunctional glycosylases also maintain an active site lysine residue capable of 

forming a Schiff base with the C1’-aldehyde of AP sites, facilitating elimination across 

the C2’-C3’ bond and cleavage of the phosphodiester linkage 3’- to the AP site [135], 

[140]. Whether monofunctional or bifunctional, DNA glycosylases share a similar strategy 

for identifying and reacting with damaged bases. 
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The first challenge glycosylases must overcome is locating their cognate DNA 

substrates within a human genome of ~7×109 total base pairs. The exact details regarding 

the mechanism of lesion search and recognition by DNA glycosylases varies from enzyme 

to enzyme but, in general, appears to rely on a combination of diffusion and non-specific 

ionic interactions. It is statistically improbable for a glycosylase, floating around the 

nucleus in 3-dimensional (3D) space, to rely on random collisions with a damaged DNA 

molecule to produce enzyme-substrate complexes conducive for chemistry. Instead, it is 

expected that positively charged residues dispersed along the glycosylase surface helps to 

maintain the enzyme in close proximity to the negatively charged DNA backbone [143]–

[146]. This prolonged proximity mediated by electrostatic attraction, coupled to random 

diffusion of the enzyme under physiological conditions, results in the effective 1D 

translocation of the glycosylase along the DNA backbone [144]–[146]. There are several 

competing theories to explain this translocation phenomena, but they all seem to have 

some elements of the ‘hop-and-slide’ mechanism whereby the DNA glycosylase will 

randomly translocate, or ‘tumble’, along a DNA molecule for some length in search for 

lesions before dissociating, briefly, and then re-binding to either the same, or a different, 

DNA molecule to continue the search process. 

DNA scanning by glycosylase enzymes involves constant sampling of nucleotides 

within the DNA duplex. While some DNA damage imparts local changes to the DNA 

helix that could readily be detected by surface level interactions, base modifications often 

offer little structural changes to the DNA helix and require a more invasive mode of 

searching. In this regard, all known glycosylases employ a base-flipping mechanism that 
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involves an aliphatic or cationic side chain which intercalates into the DNA duplex and 

flips the base in question into the enzyme’s active site [140], [143], [147], [148]. To 

overcome the energetic penalty associated with breaking base pairing and base stacking 

interactions glycosylase enzymes rely on the free energy associated with binding, as well 

as favorable interactions mediated by the intercalator residue (e.g. an arginine residue that 

facilitates base-flipping). 

DNA glycosylases must perform base-flipping even on undamaged bases, but their 

active sites are so finely tuned for recognizing specific modifications that the half-life of 

non-specific DNA-complexes for most glycosylases is short-lived, where a ‘specific’ 

complex refers to one that is conducive with product formation and a ‘non-specific’ 

complex refers to a complex that cannot yield a product. Once a suitable DNA base has 

been flipped into the active site an oxocarbenium transition state begins to form as the N-

glycosidic bond lengthens; then, an activated water molecule strategically positioned 

within the active site attacks the electrophilic C1’ and completes a catalytic event for the 

glycosylase [147], [149], [150]. Some glycosylases rapidly dissociate from their AP 

products and move on to continue their search for DNA damage, whereas others remained 

bound for prolonged periods until displaced by APE1 or other repair factors [135], [140], 

[151], [152].  

 

1.2.2.2 BER within nucleosomes 

As discussed in section 1.1.5 (Synthetic chromatin), the nucleosome introduces 

physical barriers to DNA-binding that have been shown to inhibit repair by BER enzymes. 
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The two main factors which contribute to nucleosomal DNA reactivity towards nucleases 

(see Figure 1.8): translational positioning relative to the dyad and rotational orientation 

relative to the histone octamer surface, have been shown to modulate BER enzyme 

catalysis with the same general position-dependent effects. In summary, (1) BER is least 

efficient near the dyad and on lesions rotated inward towards the histone octamer, (2) BER 

is most efficient on lesions facing outward from the histone octamer and located near the 

nucleosome entry/exit site [136], [153]–[157], and (3) BER at linker DNA occurs with 

similar efficiency as with free DNA [119], [124], [158] in the absence of higher order 

chromatin structure and linker histones [119], [124], [158]. These general trends in 

reactivity have been determined from synthetic chromatin systems in which nucleosomes 

and chromatin with site-specifically positioned DNA lesions including 2’-deoxyuridine 

[154], [157]–[159], 8-oxoguanine [119], [157], and 5-formylcytosine were used to 

studying BER initiation by Uracil DNA glycosylase (UDG), 8-oxoguanine glycosylase 

(OGG1), and Thymine DNA glycosylase (TDG) [124], respectively. Similar reconstituted 

systems have enabled investigation of the effects of lesion positioning within a 

nucleosome on downstream BER proteins, like APE1 [156], DNA pol β [160], and DNA 

Ligase I [142]. Lastly, even though all BER enzymes are generally inhibited by 

nucleosomes, some enzymes in particular are much more negatively affected than others. 

TDG and OGG1 are two examples of enzymes that are strongly inhibited by nucleosomes 

and this could reflect the need to tightly regulate their transcription-related activities [137], 

[161], [162],[124], [153], [157].  
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1.2.3 Active DNA demethylation 

As discussed above, DNA methylation plays a central role in regulating chromatin 

structure and gene expression. Due to its stability, 5mC was long thought to be a static 

modification that was only removed through inhibition of DNMT1-mediated maintenance 

methylation. Eventually, however, it became clear that a passive, replication-dependent, 

mechanism could not account for the rates of demethylation observed on a genomic-scale 

in early embryos [163], [164], or at hormone-responsive genes in somatic tissue [64], [68], 

[75], [165], [166]. Together, these observations contributed to the discovery of an active 

mechanism for removing 5mC from the genome, known as active DNA demethylation 

(Figure 1.11). 

Active DNA demethylation proceeds through BER enzymes. In plants, the DNA 

glycosylases ROS1 (DML1), DML2, DML3, and DME initiates BER at 5mC sites, 

directly, by cleaving the N-glycosidic bond and generating an AP site [167]. Interestingly, 

there have been no mammalian glycosylases discovered to date with this capability. 

Instead, there are two main pathways for demethylation in mammals which, like plants, 

also requires the cell’s BER machinery [168]–[171]. The major difference is that before 

BER is initiated by a DNA glycosylase the methylated base is first converted to a 

demethylation intermediate by activation induced-cytosine deaminases (AID/APOBEC) 

or enzymes from the ten-eleven translocation (TET1-3) family of iron oxidases (Figure 

1.11). AID/APOBEC enzymes deaminate 5mC to generate G:T mismatches that are 

substrates for removal by the G:T-specific mismatch glycosylase TDG, or the methyl-

domain binding 4 glycosylase MBD4.  
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Although AID/APOBEC are active in the cell, the primary pathway for initiation 

of 5mC demethylation is TET-mediated oxidation [169], [172]. TET enzymes catalyze the 

iterative oxidation of 5mC to 5hmC, 5fC, and 5caC. The two most oxidized 5mC 

derivatives, 5fC and 5caC, are substrates for Thymine DNA glycosylase (TDG) which 

converts these modifications to AP sites before handing them off to downstream BER 

factors [152], [168].  

 

Figure 1.11: TDG-dependent BER is a pipeline for active DNA demethylation. 

 

1.2.3.1 Thymine DNA glycosylase 

TDG is capable of cleaving the N-glycosidic bond of many natural and unnatural 

modified-cytosine and uracil nucleobases, with key determinants for activity being the 

presence of an electron withdrawing substituent at the C5 position and a guanine base 
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located opposite the damaged base [161], [173]–[175]. Substrates for TDG base excision  

include thymine glycol, C5-halogenated pyrimidines, and 5-hydroxy- or 5-

hydroxymethyl-uracil, among others [161], [174], [175].   Even though TDG exhibits 

remarkable substrate promiscuity, which is extremely uncommon for a DNA glycosylase, 

there is little evidence to suggest TDG’s biologically relevant targets include all of the 

substrates it has been reported to cleave in vitro. Mainly, endogenous TDG initiates BER 

at G:T and  G:U mismatches. Additionally, as the only glycosylase (known to be) capable 

of removing 5fC and 5caC from DNA in mammals, TDG also plays an essential role in 

regulating DNA methylation dynamics throughout the genome [169], [170]. Interestingly, 

there is now convincing evidence to suggest that 5fC and 5caC are stable modifications 

capable of regulating gene expression, not just simply demethylation intermediates, which 

places TDG in the pivotal role of determining whether 5fC and 5caC sites are retained as 

epigenetic marks or removed via BER  [76], [81], [82], [176], [177].  

Like all known glycosylases, TDG scans DNA for potential substrates by actively 

‘flipping’ potential target bases out of the DNA duplex into its active site. While most 

glycosylases employ aliphatic side chains to perform this base-flipping function, TDG 

uses a critical arginine residue (R275) that, in addition to base-flipping, forms stabilizing 

π-cation interactions with the DNA in place of the protruded base [178]. Arginine 275 is 

juxtaposed within an intercalation loop near the active site of TDG that forms sequence-

specific hydrogen bonding interactions with the CpG dinucleotide on the adjacent DNA 

strand, and the neighboring G on the same strand as the modified cytosine (Figure 1.12a-

b) [147], [173]. These hydrogen bonding contacts, plus considerable ionic interactions 
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with the phosphate backbone involving residues from the catalytic domain and the highly 

basic N-terminal domain contribute to a large footprint (~20 bp) and high stability for 

TDG-DNA complexes (Figure 1.12c).  

The dissociation constants of TDG and DNA substrates harboring a G:T/U 

mismatch or oxidized cytosine derivatives are in the low nanomolar range (50-150 nM) 

[178], [179]. Following substrate recognition, TDG catalysis proceeds through an SN1-

like mechanism (Figure 1.12d) which involves stabilizing interactions with the modified 

base to promote an oxocarbenium intermediate. This intermediate is fully hydrolyzed to 

product by an active site water molecule, which is positioned for nucleophilic attack via 

Asn140. After product formation, Asn140 maintains hydrogen-bond contacts with the C1’-

OH and the abasic sugar remains stably bound in a hydrophobic pocket. These AP-

interactions, in addition to the already existing CpG- and phosphate- contacts, result in an 

extremely high affinity for the product of its own reaction, with TDG-AP complexes 

having Kd values < 1 nM [178]. Because of this, TDG catalytic models are often generated 

using single turnover conditions (see Chapter 3) [173], [178], [180]. 

To summarize, in vitro binding studies have demonstrated that TDG’s ability to 

form stable complexes with DNA depends minimally on the identity of the (un)modified 

cytosine but, instead, is highly dependent on the presence and density of CpG 

dinucleotides [124], [179]. Although one might expect that tight, non-specific, DNA-

binding could be a fatal flaw for a glycosylase, this unique ability of TDG to remain stably 

bound at CpG dinucleotides allows TDG to serve as a scaffold for nucleating transcription 

factor complexes [75], [181] and proteins involved in BER [152], [170]. In fact, there is 
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accumulating evidence to suggest the BER-associated catalytic functions of TDG may be 

generally less important than its role as a scaffold and transcriptional co-activator (see 

Chapter 4) [64], [68], [162].  

 
 

Figure 1.12: TDG structure and mechanism. (a) Structure of TDG-product complex within a CpG 

dinucleotide; CpG-recognition and base-flipping involves an intercalation loop (red). (b) CpG- 

specific interactions mediated by the intercalation loop involve Glu278 (top), Ala274, and Pro280 

(bot). (c) Schematic depicting the direct physical contacts between TDG’s catalytic domain and 

DNA. (d) TDG catalytic mechanism. This figure was adapted from refs. [147], [173]. 

 

The biological importance of TDG is exemplified by the embryonic lethal 

phenotype of TDG knockout in mice [182], as well as the dramatically altered epigenome 

and transcriptome profiles that result from TDG deletion in embryonic stem cells (ESCs) 

[66], [182], [183]. Depleting TDG leads to accumulation of 5fC and 5caC at genomic 

features associated with important gene-regulatory functions, such as promoters and 

enhancers [66], [67], [183], and results in a global increase in DNA methylation [182], 
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[184]. In addition, loss of TDG alters the levels and distribution of histone PTMs 

associated with poised and transcriptionally active promoters and enhancers, including 

histone acetylation and H3K4 methylation [66], [182], [183]. In addition to roles in 

development, TDG-mediated DNA demethylation also plays a key role in transcriptional 

activation at a subset of hormone-responsive genes, where DNA 

methylation/demethylation occurs rapidly and in a cyclic, stimuli-dependent, fashion [64], 

[68], [165], [166]. 

 

1.2.3.2 Chromatin landscapes associated with DNA demethylation  

As mentioned previously, 5mC accounts for nearly 1% of all cytosines, where 

5hmC, 5fC, and 5caC only account for 0.1 and 0.01-0.001%, respectively [183], [185], 

[186]. Although these fractions might appear insignificant the establishment of these 

modifications by TET enzymes is tightly regulated and occurs almost exclusively within 

CpG dinucleotides of gene regulatory elements (GREs), such as enhancers and promoters, 

where they encode specific epigenetic instructions related to demethylation and 

transcription [66], [183], [185]–[187]. GREs do not encode protein products, but instead 

regulate the expression of nearby (cis) or distal (trans) genes by producing ncRNA 

transcripts, known as enhancer (e)RNAs, that enhance the recruitment of transcriptional 

machinery to target genes. These eRNAs and chromatin architectural proteins also 

contribute to 3D genome architectures, like enhancer promoter loops and other 

transcriptionally competent higher order structures. 
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TDG-dependent demethylation at enhancers and promoters coincides with the 

placement of histone variants H2A.Z and H3.3 near these sites [67], [165]. Both variants 

are structurally similar to their non-variant counterparts, but subtle residue changes leads 

to reduced stability and enhanced DNA accessibility at the nucleosome level when they 

are present [67], [188], [189]. The main source of instability in these nucleosomes is H3.3 

[190]. The subtle differences between H3.3 and H3.1 reside on the globular domain at the 

H2A/H2B dimer interface [188], [191]. The position of these altered side chains decreases 

octamer stability and favors dimer eviction during transcription [186], [188], [190], [191]. 

Enhanced DNA accessibility at the nucleosome level is also associated with alternative 

chromatin architectures mediated by the H2A.Z acidic patch [191], [193]–[195],  which is 

enlarged relative to the corresponding H2A acidic patch and has been shown to both 

promote intra-fiber compaction and inhibit inter-fiber oligomerization (i.e. condensation) 

[195]. Nucleosomes containing the histone variants H2A.Z and H3.3 are inherently 

unstable and primed for demethylation and transcription [193].  

The de-stabilizing effects mediated by variant histones is enhanced by acetylation, 

which occurs on most histones at active enhancers (see 1.1.4.2) [191]. Acetylation is a 

hallmark feature of transcriptionally active chromatin and is deposited on H2A.Z, H3.1, 

H3.3, and H4, with notable sites including: H3K18ac, H3K27ac, H3K122ac, H4K16ac, 

and H2A.Zac (K4, K7, K11) [64], [84], [93], [196], [197]. These acetylation sites are 

enriched in poised and active promoters, and enhancers, and overlap considerably with 

5fC and 5caC.  
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One contributing factor to the observed distribution of histone acetylation and 

oxidized 5mC derivatives throughout the genome is the direct, physical, interaction of 

TDG with HATs like CBP/p300, which directly links TDG-dependent demethylation to 

transcription [162]. TDG stimulates acetylation of H3 by p300 in vitro and in vitro [198] 

and TDG/p300 form ternary complexes with the transcriptional regulators estrogen 

receptor alpha (ERα), retinoic acid receptor (RAR), growth arrest and DNA damage 

inducible alpha (GADD45α) [64], [75], [181], and these complexes have direct effects on 

chromatin structure and gene expression. Currently, models in which TDG recruits p300 

to bound genomic sites, or where TDG-p300 complexes are co-recruited via interactions 

with other regulatory factors, are favored. In addition to directing CBP/p300 acetylation 

to the underlying chromatin, TDG itself is also acetylated at lysine residues within its N-

terminal domain (K70, K94, K95 and K98) and these PTMs of TDG regulate its DNA-

binding and catalytic activity, as well as interactions with other proteins, including APE1 

[162], [199].  

In addition to the known transcriptional coactivators CBP/p300, and the various 

nuclear receptors mentioned before, TDG has also been indirectly linked to numerous 

other TFs like CTCF, FOXA1, GATA3, MED3, and BRD4 [64], [200]–[203]. 

Interestingly, TFs like GATA3 and BRD4, among others, co-localize with steroid 

receptors known to interact with TDG, and also bind to GREs implicated in DNA 

demethylation. Intriguingly, recent biochemical experiments have demonstrated that 

many transcriptionally competent higher order chromatin structures require factors that 

interact with TDG. These structures include enhancer-promoter loops [64], [68], [75] and, 
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recently, a form of chromatin condensation which equates to liquid-liquid phase 

separation. In light of recent evidence it appears TDG could be directly involved in these 

structural processes that coordinate 3D genomic architecture at sites marked for 

demethylation and transcriptional activation [64]. The higher order chromatin structures 

associated with active DNA demethylation, and TDG’s direct role in this process, will be 

explored in Chapter 4. 

 

1.3 Thesis Aims 

Despite evidence that chromatin organization and TDG-mediated DNA 

demethylation are tightly coordinated in vivo, a molecular-level understanding of the 

structure-function relationships of TDG and chromatin has remained elusive. Overcoming 

this knowledge gap requires moving beyond in vivo studies and necessitates quantitative 

in vitro experiments using chemically defined systems. Unfortunately, due to the 

heterogeneity and combinatorial complexity of native chromatin, such experiments cannot 

be performed on chromatin isolated from cells. In the absence of a straight-forward 

approach for assembling chemically defined nucleosome arrays (i.e. synthetic chromatin) 

suitable for studying TDG-dependent demethylation, an initial focus of this research was 

the “Development of a ‘plug-and-play’ approach for assembling chromatin with site-

specifically positioned DNA modifications” (Chapter 2). This methodology enables 

single-base resolution control over any synthetically accessible DNA modification and its 

position within a defined array of 12 nucleosomes.  



48 

 

This ‘plug-and-play’ approach was used to engineer chromatin fibers with DNA 

demethylation intermediates (5fC) and fluorescent probes for measuring inter-

nucleosomal distances. Work with this system revealed that “Chromatin structure and the 

pioneer transcription factor FOXA1 regulate TDG-mediated removal of 5fC from DNA” 

(Chapter 3) and offered the first ever quantitative insight into chromatin structure’s role 

in regulating demethylation by TDG. Lastly, this body of work established a novel 

function for TDG as a chromatin architectural protein. By broadening the scope of our 

investigations to consider the implications of non-specific DNA-binding by TDG on local 

and higher order chromatin structure, it was discovered that “Reversible chromatin 

condensation by thymine DNA glycosylase” (Chapter 4) could be a mechanism for 

coupling chromatin condensation (i.e. phase separation) to genomic sites bound by TDG. 

Building off the general chemical biology techniques applied to studying 

chromatin structure and TDG, a second research focus was the discovery and 

characterization of a novel class of PRC2 inhibitors based on mirror image L-RNA G-

quadruplexes (Chapter 5). Not only does this work represent a new modality for targeting 

nucleic acid-binding proteins in disease, but it represents the first known example of an 

endogenous protein interacting with a nucleic acid sequence independent of chirality. 
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CHAPTER 2                                                                                             

DEVELOPMENT OF A ‘PLUG-AND-PLAY’ APPROACH FOR ASSEMBLING 

CHROMATIN WITH SITE-SPECIFICALLY POSITIONED DNA MODIFICATIONS 

 

Chemically defined nucleosome arrays (i.e. synthetic chromatin) have become a 

common tool for elucidating fundamental molecular mechanisms of chromatin regulation 

by enabling researchers to carry out quantitative measurements under precisely defined 

experimental conditions [99], [115], [116]. In particular, the availability of multiple 

protein engineering strategies for introducing site-specific post-translational modifications 

(PTMs) has enabled assembly of synthetic chromatin fibers harboring defined 

arrangements of modified histones (see 1.1.5.1) [88], [90], [96], [204]. These chromatin 

substrates have been instrumental in revealing how specific histone PTMs alter DNA 

accessibility and local chromatin structure, in many cases providing molecular details that 

could not be obtained using simpler systems (i.e., mono- or di-nucleosomes) [89], [117], 

[118], [205].  

Unfortunately, even though synthetic chromatin approaches offer a platform for 

investigating the functional relationship between chromatin structure and DNA 

modifications, the technical challenge of generating site-specifically modified DNA 

templates (>2000 bp) suitable for reconstituting nucleosome arrays is a major challenge  

___________ 
*Parts of this chapter have been reprinted with permission from Banerjee, D. R.†; Deckard III, 

C.E. †; Elinski, M. B.; Buzbee, M. L.; Wang, W. W.; Batteas, J. D.; Sczepanski, J. T., Plug-and-

Play Approach for Preparing Chromatin Containing Site-Specific DNA Modifications: The 

Influence of Chromatin Structure on Base Excision Repair, Journal of the American Chemical 

Society, 2018, 140 (26), 8260–8267. 
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for at least two reasons: first, most nucleotide modifications are incompatible with enzyme 

dependent replication (i.e. PCR); and second, DNA polymerases are unable to install 

modified nucleoside triphosphates in a site-specific manner. In the past, multistep ligation-

based strategies, in which many short oligonucleotides are hybridized and subsequently 

ligated to generate the desired modified DNA duplex, have been sufficient for producing 

chromatin templates (see Figure 1.7) [97], [118], [204]. However, ligation efficiencies 

drop precipitously with increasing number of individual DNA fragments, thus making the 

isolation of useable quantities of pure, full-length, template time-consuming and difficult. 

In the absence of a straightforward approach to prepare synthetic chromatin 

containing precisely positioned DNA modifications, we developed a methodology, termed 

‘plug-and-play’, that enables the efficient and stream-lined incorporation of virtually any 

synthetically accessible DNA modification into chromatin fibers, in vitro, with single-

nucleotide resolution. The end goal of this project was to investigate the structure function-

relationship between chromatin structure and TDG, an area that is poorly understood, 

therefore we first sought to validate our system by applying it to UDG and APE1 [136], 

[144], [154], [155], [158]. We initially chose this system because UDG and APE1 are well 

characterized in DNA- and mononucleosome-only systems. Additionally, dU lesions 

resulting from hydrolytic deamination of cytosine and enzymatic deamination by 

AID/APOBEC [138], [184], [206] frequently occur within a CpG context, which are 

extremely relevant to studying TDG. This chapter describes the rationale design and 

development of ‘plug-and-play’ chromatin templates, as well as the experimental 
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procedures required to introduce both natural and synthetic DNA modifications into a 

requisite chromatin template. 

2.1 Results 

 

2.1.1  Rational Design of Modular Chromatin Templates  

In order to construct nucleosome arrays with site-specifically modified DNA, we 

first focused on developing a straightforward approach for inserting modified nucleotides 

into the requisite 12×601 DNA template (see 2.3.2 and Figure A.1-2). In particular, we 

sought to avoid the inefficient joining together of multiple DNA fragments using 

intermolecular ligation. Instead, we chose to employ a strategy whereby sequence-specific 

nicking endonucleases (or “nickases”) are used to nick the DNA at two proximal sites 

resulting in formation of a short gap upon melting [207], [208]. This gap is then filled with 

a DNA oligonucleotide carrying the desired modification and the nicks subsequently 

resealed to generate an intact DNA template (Figure 2.1a). Because the sealing of DNA 

nicks by T4 DNA ligase is extremely efficient, this approach streamlines the purification 

process. Overall, this strategy reduces the time and increases the yield of modified DNA 

compared to previously employed ligation-based methods.  

The strand-exchange reaction outlined above offers a general approach for 

modifying plasmid DNA [207], [208] but, within the context of 12×601 DNA, this method 

enables precise control over the translational and rotational setting of the corresponding 

DNA modifications and its environment within a defined chromatin fiber (Figure 2.1). 

There are several important considerations to be made when designing these ‘nickable’ 
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templates: where the DNA modification(s) of interest will be positioned within the 

12×601; which base pairs from the native 601s can be altered without compromising 

nucleosome binding; and what is the melting temperature and relevant secondary structure 

of the modified ssDNA fragment. 

 

 

Figure 2.1: Plug-and-play chromatin. (a) Schematic depiction of the plug-and-play method and 

12×601 DNA array (b) used in this work. Arrays consisted of 12 repeats of the Widom nucleosome 

positioning sequence (NPS). Colored rectangles on the 12×601 template indicate excisable ssDNA 

fragments enabled via digestion with the nicking endonucleases indicated in the bottom left. (c) 

Plug-and-play constructs offer complete coverage over all three major translational regions of 

interest within the nucleosome (orange= linker DNA, yellow= nucleosome entry/exit, red= dyad). 

(d) Structural representation of the 12×601 nucleosome arrays employed in this work. The 

chromatin image shown here was constructed by fitting the crystal structure of the tetranucleosome 

(PDB: 1zbb) into the published electron density map (pdb: 1zbb, emd: 2600) using Chimera.  

 

Due to the symmetrical nature of the nucleosome about the dyad (Figure 2.1c), 

each 177 bp nucleosome within the 12×601 array contains ~88 unique translational 

environments. To allow for complete coverage over all sites within this region it was 
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partitioned into three distinct segments (Figure 2.1b-c). Each segment was flanked by a 

‘nickase’ recognition sequence, which were introduced within the 601 at sites estimated 

to have a low probability of impacting the DNA’s ability to form a stable nucleosome 

(Figure A.2). Mutations to TA/AT/TT/AA repeat sequences, especially near SHL (+/-) 

~1.5, and GC/CG/CC/GG rich sequences near the dyad were generally avoided, with less 

care paid to sequence changes near the entry/exit site relative to sequences located internal 

to the nucleosome [15]–[18]. Indeed, DNase footprinting analysis of a 601-mutant 

mononucleosome containing the Nt.BstNBI nickase recognition site, as is it occurs within 

nucleosome N5 of 12-601-Nt and 12-601-Nt/SI, confirmed that these minor sequences 

variations did not significantly alter the rotational positioning of the DNA relative to the 

native 601 sequence (Figure A.5). Additionally, the target sequences’ melting temperature 

(Tm) and tendency to dimerize and form secondary structures should be taken into 

consideration. For these reasons, the excisable 601 fragments were designed to be 14-33 

nucleotides (nts) in length with melting temperatures (Tm) in the range of 45-65 ˚C, if 

possible; the DNA modification, was placed ≥3 nts away from the ligation junction; and, 

in cases near the dyad, additional consideration is required for Guanine-, and GC-rich 

sequences that have a tendency to form secondary structures like G-quadruplexes, 

hairpins, and homo-dimers that could potentially compete with hybridization of the 

ssDNA insert to the 601 template [209], [210]. For example, when targeting sequences 

having multiple consecutive guanines it is best to perform subsequent exchanges in buffers 

lacking monovalent cations known to stabilize these structures, such as K+. An important 

benefit of the current platform is that the chosen nicking endonuclease recognition 
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sequences allow modification of either strand of DNA by using the orthogonal nickase 

(e.g. Nb.BbvCI and Nt.BbvCI, which cut bottom and top, respectively).  

2.1.2  Reconstitution and Characterization of ‘Plug-and-Play’ Chromatin 

To demonstrate the feasibility and versatility of this approach, the ‘plug-and-play’ 

arrays outlined in Figure 2.1 were used to generate DNA templates harboring a variety of 

lesions and fluorescent probes with applications in studying the relationship between 

chromatin structure and BER. Specifically, 12-601-Nt and 12-601-Nb were used to 

generate templates harboring a 2’-deoxyuridine (dU) or an O-nitrobenzyl (ONV) protected 

abasic site at the +49 and +88 translational positions of N5, 12-601-dU49(dU88) or 12-

601-ONV49(ONV88) (Figure 2.2, Figure A.6), respectively; and 12-601-Nt/Nb was used 

to generate a dually-modified template that contained Forster Resonance Energy Transfer 

(FRET) pairs, Cyanine 3 and 5, on adjacent 601s (Figure 2.3) [117]. Once prepared, the 

intact DNAs were reconstituted into 12mer nucleosome arrays using well-established 

protocols (see methods 2.3.7 and 2.3.8). Prior to reconstitution, each 12×601 DNA 

template was released from its corresponding plasmid backbone via digestion with EcoRV 

and the remaining plasmid DNA was digested into shorter DNA fragments with DraI and 

HaeII. The presence of plasmid DNA contaminants did not affect the reconstitution 

efficiency and enabled us to eliminate a purification step in the process. 
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Figure 2.2: Site-specific incorporation of dU into 12×601 DNA templates. (a) Representative 

electrophoretic mobility shift assay demonstrating the insertion of a dU-containing oligonucleotide 

(N5_dU+49) into template 12-601-Nt. All reactions were carried out on pUC-12-601-Nt and the 

601 DNA fragment (N5) containing the modified site was excised via PflMI and BstXI restriction 

digestion (Figure 2.1b, A.1) and analyzed by native PAGE. (b) The same analysis described in 

part (a) except for the insertion of N5_dU+88 into pUC-12-601-Nb. The 601 fragments (N5-N6) 

depicted were excised with PflMI and DraIII restriction digestion (Figure 2.1b, A.1). 

 

 
 

Figure 2.3: Dual insertion of fluorescent modifications within the 12-601-Nt/SI DNA array. (a) 

Cryo-electron microscopy structural model of the 30 nm chromatin fiber (12×601, pdb: 1zbb, emd: 

2600) showing the locations of the Cy3 and Cy5 modifications, as well as the corresponding 

Nt.BstNBI (yellow) and Nb.BssSI (green) excisable DNA regions (see Figure 2.1). (b) 

Electrophoretic mobility shift assays demonstrating simultaneous insertion of Cy5-labelled 

N5_dU+49_Am+39 and Cy3-labelled N7_Am.T-39 into 12-601-Nt/SI. The gel was imaged first 

with the indicated fluorescent channel (see below) and then stained and visualized with EtBr. 
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Optimal reconstitution conditions were determined by histone octamer titration 

(Figure 2.4 and A.6), and fully saturated nucleosome arrays were separated from the 

digested plasmid DNA via selective magnesium-induced precipitation (Figure 2.4) [58], 

[211]. Native gel electrophoresis of the reconstituted products revealed a single discrete 

band consistent with a homogeneous population of nucleosome arrays (Figure 2.4), 

restriction enzyme digests of the reconstituted arrays demonstrated full nucleosome 

occupancy (Figure Appendix A.7a), and partial digestion with micrococcal nuclease 

(MNase) confirmed the presence of 12 positioned nucleosomes (Figure A.7b). These data 

suggest that incorporation of a single dU residue does not significantly influence the 

overall structure of the nucleosome array and is consistent with several previous studies 

showing that the presence of a single, or even multiple, dU residues does not adversely 

affect mononucleosome and oligonucleosome array formation [122], [141], [212]. The 

translational setting of dU49 in relation to the underlying nucleosome was also verified 

through a series of nuclease digestions (Figure A.8). 
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Figure 2.4: Characterization of modified 12-mer nucleosome arrays. (a) Representative agarose 

gel (0.7%, 0.2× TBE) demonstrating selective Mg2+-precipitation of 12-NCP-dU49. Lane 1, 

undigested pUC19 plasmid containing the dU49 insert; lane 2, EcoRV-digested plasmid from lane 

1 showing the release of 12-601-dU49; lane 3, reconstituted 12-NCP-dU49 prior to selective Mg2+ 

precipitation; lane 4, pure 12-NCP-dU49 obtained from the pellet following selective Mg2+ 

precipitation of the mixture in lane 3; lane 5, remaining supernatant following selective Mg2+ 

precipitation of the mixture in lane 3. (b) Purified 12-mer nucleosome arrays. Lane 1, 12-601-

dU49 prior to reconstitution (for reference); lane 2, wild-type 12×601 nucleosome array; lane 3, 

12-NCP-dU49; lane 4, 12-NCP-dU88. (c) Agarose gel (0.6%, 0.2x TBE) depicting crude, dually 

labelled 12-601-Nt/SI DNA, before and after reconstitution and Mg2+-induced precipitation to 

remove DNA impurities (Lanes 1 and 2, respectively). Lanes 1 and 2 were visualized with the 

three indicated fluorescent channels to confirm the presence of Cy3 and Cy5. (d,e) AFM tapping 

mode topography images of 12-NCP-dU49 in extended form. The white box in panel (d) 

highlights the image under high-resolution in panel (e).   
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 In collaboration with the Batteas laboratory, we further validated the biochemical 

integrity of our modified arrays using atomic force microscopy (AFM) (Figure 2.4 and 

A.9). At low salt concentrations, the arrays adsorb onto the surface in an extended form, 

enabling individual nucleosomes on the array to be resolved and counted. At least two-

dozen well-resolved 12-mer arrays were analyzed for each sample and the overall results 

demonstrate greater than 98% of the nucleosome positioning sequences in both 12mer 

substrates were incorporated into a nucleosome. In addition, we successfully obtained 

AFM images of APE1 bound to the nucleosome array (Figure A.7). This complex was 

prepared by first treating 12-NCP-dU49 with UDG to convert dU49 into an abasic site. 

After removing UDG via precipitation, excess APE1 was added to the sample along with 

glutaraldehyde (0.1%) to trap and stabilize the interaction for AFM imaging. As expected, 

APE1 bound specifically to the fifth nucleosome (N5, Figure 2.1) originally containing 

the dU lesion (dU49). In contrast, no complexes were observed between APE1 and 

undamaged chromatin (Figure A.6). Together, these unprecedented images further 

validate the authenticity of our substrates and demonstrate the potential utility of our 

system for single molecule characterization of BER component enzymes on chromatin. 

  



59 

 

 

 

Figure 2.5: Applications of ‘gapped’ chromatin templates. (a) Proposed method for heterogenous 

chromatin assembly. A DNA gap is generated via capture probes and nucleosome formation is 

subsequently inhibited, selectively, at N5. This is achieved via a gap spanning the dyad (~24 nt on 

each side) which cannot bind a nucleosome during salt dialysis reconstitutions. The DNA gap is 

filled with a polymerase and then a modified histone octamer is installed at the open site via the 

nucleosome assembly protein (NAP-1). I have performed steps 1-3 and step 4-5 are currently being 

optimized by our laboratory. The plasmid for preparing this gapped chromatin template (pUC-12-

601-Gap) and the requisite 12-601-Gap DNA was been prepared and confirmed by sequencing 

(Table A.2). (b) Gap-filling reaction carried out on the N5 gapped 12-601-Gap template after gap 

formation using T4 DNA polymerase (0.1 U/µL, 1.5 U total) and 0.2 mM dNTPs. 1 U Nickase 

and 1 U Ligase was used per 1 µg plasmid DNA. (c) Sequence details of the template and capture 

strands used to generate the 12-601-Gap.  
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2.2 Conclusions and Broader Impact 

In summary, a straightforward and efficient method for generating 

oligonucleosome arrays containing site-specific DNA modifications based on nicking 

endonucleases was developed. Using this approach, we assembled 12-mer nucleosome 

arrays containing site-specifically positioned dU residues and studied their repair in 

chromatin by UDG/APE1. This work led to the first experimental evidence that inter-

nucleosome interactions mediated by histone tail domains (i.e., histone H4) play an 

important role in regulating BER within higher order chromatin structures (Appendix A). 

In addition to enabling specific internal DNA sites to be modified, the ‘plug-and-play’ 

method also affords regio-selective, dual-strand, and 3’- and 5’- termini modification. 

These applications of our ‘plug-and-play’ methodology weren’t utilized for a complete 

project, however, exploratory studies yielded promising results which have motivated 

current and future projects. For instance, using ‘gapped’ 12×601 DNA templates we 

demonstrated nucleosomes could be prevented from forming, providing the basis for a 

heterogenous chromatin assembly project (see Figure 2.5a). One could also use a DNA 

polymerase lacking 5’-exonuclease activity to fill in this gap with the desired modified 

triphosphates (Figure 2.5b). We also generated chromatin templates having modified 3’- 

and 5’- ends for selective labelling and pull-down experiments (Appendix F). 

Overall, this approach offers a modular platform for investigating a range of 

chromatin-related chemistries. Further broadening the applications of our ‘plug-and-play’ 

chromatin, it has recently enabled the in vitro characterization of two potential 

therapeutics: the first being L-RNA inhibitors of PRC2 (see Chapter 5) and the second 
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being a collaborative study with researchers from the Graduate School of Pharmaceutical 

Sciences at the University of Tokyo, where they are using the ‘plug-and-play’ strategy to 

investigate the selectivity of an acetylation drug catalyst with epigenetic reprogramming 

potential on chromatin structure and DNA repair.  

 

2.3 Materials and Methods 

 

2.3.1  General 

Restriction enzymes (EcoRV, EcoRI, XbaI, TspRI, PflMI, BstXI, BstEII, DraIII-

HF, AvaI, AluI, Nb.BbvCI, Nb.BssSI, HaeII, DraI, Nt.BstNBI), T4 DNA Ligase, UDG, 

APE1, T4 polynucleotide kinase, micrococcal nuclease (MNase), and shrimp alkaline 

phosphatase were purchased from New England Biolabs (Ipswich, MA). [γ32P]-ATP was 

purchased from Perkin Elmer (Waltham, MA). N-Hydroxysuccinimide (NHS) esters of 

Cy3 or Cy5 dyes used in the labeling of T2.N5_dU+49_Am+39 and T2.N7_Am.T-39 

(Table A.3) were acquired from Lumiprobe Life Science Solutions (Hallendale Beach, 

FL). Synthetic oligonucleotides (Table A.1- A.3) were either purchased from Integrated 

DNA Technologies (Coralville, IA) or prepared by solid-phase synthesis on an Expedite 

8909 DNA/RNA synthesizer. DNA synthesis reagents and nucleoside phosphoramidites 

were purchased from Glen Research (Sterling, VA), and lock nucleic acid (LNA) 

phosphoramidites were obtained from Exiqon (Denmark, Kingdom of Denmark).  
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2.3.2  Construction of 12×601 DNA templates. 

We began by assembling a “general” DNA template (SI-12-601-WT) composed 

of 12 repeating units of the 147-base pair (bp) “601” nucleosome positioning sequence 

with 30 bp of linker DNA separating each 601 unit (Figure A.1). This template was 

designed to be modular such that the four central 601 units (N5–8) could be easily replaced 

using a unique set of restriction enzymes. To facilitate assembly of full-length SI-12- 601-

WT DNA (2094 bp), the 12×601 sequence was divided into three individual 4×601 

“tetramers” (Tet1–3), each of which was prepared separately (Figure A.1). Individual 601 

units within each tetramer were generated by PCR from the native 601 DNA sequence 

using primers designed to introduced unique restriction sites at both ends of the 601 unit 

(Figure A.1 and Table A.1). Following PCR, each 601 unit was treated with its 

corresponding restriction enzyme(s), pooled into separate reaction mixtures (N1–N4 for 

Tet1, N5–N8 for Tet2, and N9– N12 for Tet3), and ligated together to generate their 

corresponding tetramer. Purified tetramers were cloned into separate pUC19 vectors 

between the EcoRI and XbaI restriction sites and correct assembly was confirmed by 

sequencing (Eton Bioscience, Inc., San Diego, CA). The tetramer DNA (Tet1–3) were 

then released from their plasmid backbones using the corresponding set of restriction 

enzymes (EcoRI/PflMI for Tet1, PflMI/AvaI for Tet2, and AvaI/XbaI for Tet3), purified 

by agarose gel electrophoresis, and ligated together in a single reaction to generate the 

full-length SI-12-601-WT product (Figure A.1). The SI-12-601-WT product was 

subsequently cloned into the pUC19 vector between the EcoRI and XbaI sites, S3 

generating plasmid pUC-SI-12-601-WT (Figure A.1c). Correct assembly of this plasmid 
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was verified via sequencing from both ends and by selective restriction digestion analysis 

(Figure A.1d,e).  

Plasmid pUC-SI-12-601-WT was then used to prepare the 12-mer DNA templates 

depicted in Figure 2.1 (12-601-Nt, 12-601-Nb, and 12-601-Nt/SI). Individual 601 units 

(e.g. N5) within pUC-SI-12-601-WT were excised using the appropriate restriction 

enzymes and replaced with new 601 units containing the corresponding nickase 

recognition sites (Figure A.2). These new 601 units were generated by PCR as described 

above using primers listed in Table A.2. Plasmids containing 12-601-Nt, 12-601-Nb, and 

12-601-Nt/SI are referred to as pUC-12-601-Nt, pUC-12-601-Nb, and pUC-12-601-

Nt/SI, respectively (Figure A.2). Each plasmid was verified by sequencing.  

 

2.3.3 Preparation of dU- and ONV-containing 12-601 DNA templates.  

Plasmids pUC-12-601-Nt and pUC-12-601-Nb (500 µg, 160 pmol) were digested 

for 1 hour with 500 units of Nt.BstNBI or Nb.BbvCI, respectively, in a 700 µL reaction 

mixture according to the manufacturer’s recommended protocol using NEB buffer 3.1 

(100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, 100 µg/mL BSA, pH 7.9) or “Cutsmart” 

buffer (50 mM KOAc, 20 mM Tris-acetate, 10 mM MgOAc, 100 µg/mL BSA, pH 7.9). 

To the digested plasmid was added 3.2 nmol of the 5ʹ-[32P]- labeled synthetic 

oligonucleotide insert- N5_dU+49 or N5_dU+88 for 12-601-dU49 and 12-601-dU88, 

respectively; and N5_ONV+49 or N5_ONV+88 for 12-601-ONV49 and 12-601-ONV88, 

respectively (Table A.3)- and 800 pmol of the corresponding lock nucleic acid (LNA) 

capture probe (LNA.Capt_NCP or LNA.Capt_Link, respectively; Table A.3). The 
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reaction mixture was then heated at 80°C for 20 minutes before being cooled to room 

temperature at -1 °C/min. Following the annealing step (~1 hour), 400 units of T4 DNA 

ligase and ATP (2 mM final concentration) were added to the mixture. The ligation 

reaction was allowed to proceed for 2 hours at room temperature and inactivated at 70 °C 

for 20 minutes. The efficiency of each step of the exchange process (nicking, insertion, 

and ligation) was carefully monitored in order to ensure complete insertion of the modified 

oligonucleotide (see Figure 2.2, 2.3 and Figure A.3). For this, ~1 pmol aliquots were taken 

and digested with either PflMI/BstXI (pUC-12-601-Nt) or PflMI/DraIII (pUC-12-601-

Nb) to release the 601 unit(s) harboring the nickase sites (Figure 2.1 and A.1). Aliquots 

isolated following the ligation step from dU-containing samples were treated with 

UDG/APE1 (100 nM each) as described below, and ONV-containing samples were 

exposed to 365 nm lamp at 4˚C for 15 minutes prior to treatment with APE1. These 

aliquots were subsequently analyzed by 10% native PAGE (19:1 

acrylamide:bisacrylamide). After the integrity of the modified DNA was confirmed, the 

reaction mixture was desalted by ethanol precipitation, and the modified 12×601 DNA 

template was removed from the corresponding plasmid backbone via digestion with 

EcoRV (Figure 2.4). The reaction mixture was also digested with DraI and HaeII (600 

units each) in order to degrade the plasmid DNA to fragments ≤ 700 bp. The digest was 

monitored using 0.8% Agarose (1× sodium borate buffer). Following digestion, the 

reaction mixture was passed through a QIAquick spin column (Qiagen, Hilden, Germany) 

and the eluted DNA was used directly to reconstitute oligonucleosome arrays.  
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2.3.4 Dual modification of 12-601-Nt/SI. 

Starting from plasmid pUC12-601-Nt/SI, Cy3 and Cy5 were installed using the 

oligonucleotide exchange process described above. Briefly, pUC-12-601-Nt/SI was 

digested sequentially using Nt.BstNBI and Nb.BssSI and labeled in a single exchange step 

using the corresponding fluorescently labelled oligonucleotide inserts 

(N5_dU+49_Am+39 and N7_Am.T-39, respectively; Table A.3). As before, the 

efficiency of the exchange process was monitored by native PAGE (Figure 2.4).  

 

2.3.5 Regio-selective modification via polymerase gap-filling. 

Our strand exchange methodology enables modifications to be installed in 

chromatin with single nucleotide resolution, but it also allows for specific regions of a 

nucleosome to be modified via polymerase-dependent gap-filling. As a proof of concept 

we generated a gap spanning the dyad by performing the strand-exchange reaction using 

only pUC-12-601-Gap and the corresponding DNA capture strands in 25-fold excess 

(Figure 2.5, Table A.3 ). The resulting gap was then able to be filled using T4 DNA 

polymerase (0.1 Unit/μg DNA), 200 μM dNTP’s in nucleosome buffer supplemented with 

1 mM MgCl2 and subsequently ligated with T4 DNA ligase. The gap was only completely 

filled when all four dNTP’s were included in the reaction and, although no modified bases 

were included here, we expect this methodology would allow any polymerase-compatible 

DNA modification to be introduced region-specifically within chromatin. 
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2.3.6  Preparation of 1-601-dU49 and 1-601-dU88 DNA templates 

The oligonucleotide exchange procedure described above was also used to prepare 

mononucleosome substrates 1-601-dU49 and 1-601-dU88 (Figure A.3) containing dU 

modifications at the same translational positions relative to nucleosome 5 (N5) in the 

corresponding arrays (12-NCP-dU49 and 12-NCP-dU88, respectively). For clarity, these 

DNAs are used (below) to generate mononucleosome substrates 1-NCP-dU49 and 1-

NCP-dU88, respectively. The unmodified 1×601 DNA template (1-601-Nt) 

corresponding to 1-601-dU49 was prepared by PCR from the native 601 DNA sequence 

using primers N5_FWD.EcoRI/PflMI and N5_REV.Nt.BstNBI (Table A.1, A.2 and 

Figure A.1. The unmodified 1×601 DNA template (1-601-Nb) corresponding to 1-601-

dU88 was prepared similarly using primers N5_FWD.EcoRI/PflMI and 

Nick.NCP_REV.Nb.BbvCI (Table A.1, A.2; Figure A.3). The dU residues (dU49 and 

dU88) were then installed into 1-601-Nt and 1-601-Nb using the same oligonucleotide 

exchange process described above, employing N5_dU+49 and N5_dU+88 (Table A.3), 

respectively. Complete incorporation of the modified oligonucleotide was confirmed by 

native PAGE (Figure A.3).  

 

2.3.7 Histone preparation and octamer refolding 

Recombinant human histones (H2A.1, H2B.1, H3, H4, H4Δ-tail) were expressed 

and purified using established protocols [109], [121]. Histone octamers were refolded 

using standard protocol [213], and purified by size exclusion chromatography using a S5 

SuperDex 200 10/300 GL column (GE Lifesciences, Boston, MA). Purified histone 
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octamer was stored in Octamer Buffer (2 M NaCl, 5 mM BME, 0.2 mM PMSF, 1 mM 

EDTA, 10 mM HEPES, pH 7.8).  

 

2.3.8 Reconstitution of mononucleosomes and oligonucleosome arrays 

The reconstitution of nucleosome arrays generally followed the protocol described 

in ref. 3, with some modifications. Crude plasmid digests (above) containing the modified 

12×601 DNA templates (12-601-dU49 or 12-601-dU88) were mixed with varying molar 

ratios of refolded histone octamers in a 25 µL reaction mixture containing 2 M NaCl at 4 

°C. Typical reconstitutions reactions contained 1.2-1.7 equivalent histone octamer relative 

to the DNA. The final concentration of 12×601 DNA in each sample was 0.1 µg/µL. The 

reaction mixture was then transferred to a 3.5k MWCO Slide-A-Lyzer MINI dialysis unit 

(Thermo Fisher Scientific, Waltham, MA) and floated over 500 mL of pre-cooled 

nucleosome high salt (HS) buffer (2 M NaCl, 0.1 mM PMSF, 10 mM HEPES, pH 7.8). 

Over a period of ~24 hours at 4 °C, the HS buffer was exchanged with 1.6 L low salt (LS) 

buffer (25 mM NaCl, 0.1 mM PMSF, 10 mM HEPES, pH 7.8) using peristaltic pump. 

When the buffer exchange was complete, reconstitution mixtures were spun at 13,000 ×g 

for 20 minutes to remove any aggregates and the arrays were purified from the plasmid 

DNA using selective Mg2+ precipitation (6 mM MgCl2). After addition of MgCl2, the 

samples were incubated on ice for 30 minutes, spun at 13,000 ×g for 20 minutes at 4 °C, 

and the pellet and supernatant were separated. The pellet containing the pure arrays was 

then dissolved in 25 µL of LS buffer. The reconstituted arrays (12-NCP-dU49 and 12-

NCP-dU88) were analyzed by 0.6% agarose gel (0.2×TBE buffer, 12V/cm, 90 minutes) 
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and stained with ethidium bromide (Figure 2.4 and Figure A.4). For arrays lacking the H4 

tail domain, which precludes selective Mg2+-induced precipitation, the 12×601 DNA was 

purified by preparative agarose gel electrophoresis prior to reconstitution. For this 

purpose, the 12-601-dU49 containing plasmid was digested with EcoRV/DraI/HaeII as 

described before, then digests were separated in 1% Agarose gel (1× sodium borate 

buffer), and the 12-601-dU49 band was excised and eluted using QIAquick Gel Extraction 

kit (Qiagen). The purified DNA was then used in reconstitution with octamer_∆H4 using 

the same protocol described above. Mononucleosomes were reconstituted using the 

identical salt dialysis method described above. Reconstituted mononucleosomes were 

analyzed by 5% native PAGE (59:1 acrylamide:bisacrylamide) and only those sample 

samples containing <5% free DNA were used further (Figure A.4). Mononucleosome and 

nucleosome array concentrations were determined by measuring the A260 in 0.1 M NaOH 

as reported previously. 

 

2.3.9 DNase Footprinting  

Reconstituted nucleosomes were treated with 2 unit DNase I in a 10 µL reaction 

mixture containing 1× DNase buffer (10 mM Tris, 2.5 mM MgCl2, 0.5 mM CaCl2, pH 

7.5) for 30s (free DNA) or 45s (nucleosomes). The reaction was stopped by adding 40 µL 

quenching buffer containing 200 mM EDTA, 1% SDS and 1 unit proteinase K. The 

proteins were then removed by extracting with phenol:chloroform:isoamyl alcohol 

(25:24:1, v/v, ThermoFisher Scientific) and the DNA desalted by ethanol precipitation. 

The resulting DNA pellet was resuspended in formamide loading buffer (90% formamide, 
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10 mM EDTA) and analyzed by 10% denaturing PAGE (19:1 acrylamide:bisacrylamide; 

Figure A.5). The alignment of the banding pattern for the native and Nt.BstNBI-modified 

mononucleosomes indicates that the rotational positioning is consistent across both DNA 

substrates. 

 

2.3.10 Restriction digestion of oligonucleosome arrays 

Nucleosome saturation was confirmed by digestion of 0.2 pmol oligonucleosome 

array with 10 units of either PflMI/BstXI (for 12-NCP-Nt and 12-NCP-dU49) or 

PflMI/DraIII (for 12-NCP-dU88) in LS buffer supplemented with 2 mM MgCl2. The 

respective naked DNAs (12-601-Nt, 12-601-dU49, and 12-601-dU88) were also digested 

under the same conditions, and both sets of samples (naked and arrays) were analyzed 

side-by-side on a 5% native PAGE gel (59:1 acrylamide:bisacrylamide; Figure A.7a). The 

presence of a nucleosome band as well as the absence of significant free DNA (<3%) 

demonstrates full nucleosome occupancies in these reconstituted arrays. 

 

2.3.11 Partial micrococcal nuclease digestion of reconstituted arrays 

The presence of 12 nucleosomes per array was further confirmed through partial 

micrococcal nuclease (MNase) digestion (Figure A.7b). Arrays (0.4 pmol) were digested 

with 1000 units of MNase for 60 sec on ice in presence of 5 mM CaCl2. Reactions were 

stopped with the addition of 0.2% (v/v) SDS and 20 mM EDTA and filtered through a 

QIAquick spin column. The eluted DNA was analyzed on a 0.5% agarose gel (1× sodium 
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borate buffer) and visualized with ethidium bromide (Figure A.7. The presence of twelve 

bands confirmed 12 positioned nucleosomes on the array. 

 

2.3.12 Analysis of the translational setting of dU49 and the integrity of nucleosome N5 

 Nucleosome array 12-NCP-dU49 (0.2 pmol) was digested with 10 units MNase 

at 37 ºC for 10 min in presence of 1 mM CaCl2. The reaction was stopped with the addition 

of 0.2% (v/v) SDS and 20 mM EDTA and filtered through a QIAquick spin column. The 

eluted DNA was then separated by 10% native PAGE (19:1 acrylamide:bisacrylamide; 

Figure A.8), and the band corresponding to the fully digested array (~150bp) was excised 

and eluted overnight in buffer EB (200 mM NaCl, 10 mM EDTA, 10 mM Tris, pH 7.6). 

The eluted DNA was filtered through a 0.22 micron syringe filter (Millipore, Burlington, 

MA) and desalted using ethanol precipitation. The DNA pellet was resuspended in 20 µL 

Tris buffer (10 mM). The sample was then treated with 5 unites AluI for 60 minutes 

according to the manufacturer’s recommended protocol using Cutsmart buffer (50 mM 

KOAc, 20 mM Tris-acetate, 10 mM MgOAc, 100 µg/mL BSA, pH 7.9). The products of 

the digestion were separated by 10% native PAGE (19:1 acrylamide:bisacrylamide) and 

visualized with ethidium bromide staining and autoradiography (Figure A.8). 

 

2.3.13 Mg2+ precipitation analysis of reconstituted arrays 

To analyze the aggregation behavior, an unmodified 12-mer array comprised of 

12-NCP-Nt was incubated in separate reaction mixtures each containing 0.2 pmol array, 

25 mM NaCl, 0.1 mM PMSF, and 10 mM HEPES (pH 7.8) and either 0, 0.2, 2 or 5 mM 
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MgCl2 in a total volume 20 µL at 37 ºC for 60 minutes. Aliquots were taken at 0, 10, 30 

and 60 min and spun at 13000 × g for 10 minutes at 4 ºC. The supernatant was then 

analyzed by 0.6% agarose (0.2× TBE, 12 V/cm at 4 ºC; Figure A.9) and the extent of 

aggregation was estimated through measuring the percentage of un-precipitated DNA 

present in supernatant.  
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CHAPTER 3                                                                                                  

CHROMATIN STRUCTURE AND THE PIONEERING TF FOXA1 REGULATE 

TDG-MEDIATED REMOVAL OF 5-FORMYLCYTOSINE FROM DNA 

 

In addition to its well-known role initiating BER at mismatched pyrimidine bases 

(T/U) within the context of CpG dinucleotides [139], [214], Thymine DNA glycosylase 

(TDG) has recently been implicated in epigenetic regulation through its involvement in 

the removal of 5-methylcytosine (5mC) from genomic DNA [161], [215]. In mammals, 

enzymatic reversal of 5mC to cytosine occurs through TET/TDG-mediated BER (see 1.2.3 

Active DNA demethylation) [169],[169],[177],[168]. Although 5fC and 5caC are 

“committed” to removal by TDG, emerging evidence suggests that they are not simply 

intermediates in the demethylation pathway but may also possess unique regulatory 

functions [76], [81], [82], [123], [176]. This places TDG in the pivotal role of determining 

whether 5fC and 5caC are retained as potential epigenetic marks or removed via BER.  

Despite the importance of TDG in the active DNA demethylation pathway, it is 

unclear how TDG catalysis is regulated in vivo. Recent evidence suggests chromatin 

structure is likely to play an important role. For example, wrapping DNA into 

mononucleosomes inhibits TDG-mediated BER of G·T mismatches in vitro [153]. 

Furthermore, TDG knockdown leads to 5fC and 5caC accumulation at genomic regions  

__________ 
*Parts of this chapter have been reprinted with permission from Deckard III, C. E.; Banerjee, D. 

R.; Sczepanski, J. T., Chromatin Structure and the Pioneering Transcription Factor FOXA1 

Regulate TDG-Mediated Removal of 5-Formylcytosine from DNA, Journal of the American 

Chemical Society, 2019, 141 (36), 14110-14114. 
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where chromatin is generally more accessible, implying that TDG-mediated 

demethylation occurs at these sites [183]. However, the functional relationship between 

chromatin structure and TDG-dependent DNA demethylation has not been directly 

addressed. Herein, we assembled synthetic chromatin harboring site-specifically 

positioned 5fC residues and characterized, for the first time, the impact of general and 

tissue-specific chromatin environments on TDG-mediated removal of 5fC. For the ‘tissue-

specific’ chromatin studies we were motivated to examine FOXA1 and FOXA1-

dependent enhancers because, even though substantial biological data points to a direct 

role for FOXA1 in regulating TDG-dependent demethylation (see 3.0.1), quantitative 

biochemical data to support this is lacking.  

 

3.0.1 Forkhead BoxA1 (FOXA1) Overview 

FOXA1 is a pioneer transcription factor (TF) involved in liver development and 

gene regulation at hormone-responsive genes in breast and prostate tissue [216]. Unlike 

general transcription factors, which are typically inhibited by nucleosomes and chromatin, 

FOXA1 belongs to a unique class of TFs that have pioneering capabilities. As a pioneer 

factor FOXA1 invades compact chromatin to locate target sequences. This is possible due 

to a combination of specific and non-specific DNA-interactions that contribute to long-

lived ternary complexes which equates to long search times. Although FOXA1 binds the 

consensus sequence: 5’-A(A/T)TRTT(G/T)RYTY [217], [218], FOXA1 also binds 

nucleosomes non-specifically with high affinity.  
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DNA-binding is facilitated by a winged-helix domain that resembles the helix-

loop-helix structure of linker histone H1.1, except in that it has more pronounced loop 

(i.e.’wing’) structures. Unlike H1.1, FOXA1 has been shown to open compacted 

chromatin and contribute to the formation of chromatin loops and transcriptionally 

activating higher order chromatin structures [74], [203], [218]. The gene-regulating 

functions of FOXA1 are tightly coupled to chromatin epigenetics and, importantly, DNA 

methylation states [165], [202], [218]. FOXA1 interacts with Pol β, DNA ligase, XRCC1, 

and PARP-1 and is expected to promote DNA demethylation by nucleating BER 

complexes at oxidized 5mC sites [165], [202]. Interestingly, the genomic distribution of 

FOXA proteins highly overlaps with the histone variant H2A.Z and, together, are two 

essential features of active enhancers [203], [216], [219].  

 

3.1 Results 

 

3.1.1 Nucleosomes and Chromatin Structure Inhibit TDG 

We prepared nucleosome arrays consisting of 12 copies of the “Widom 601” 

nucleosome position sequence [35], each of which was separated by 30 bp of linker DNA 

(Figures 3.1 and B.2) [158]. Each substrate contained a single, site-specifically positioned 

5fC residue, which was incorporated using the ‘plug-and-play’ approach described in 

Chapter 2 [158]. Two different positions were examined: one within the nucleosome-

bound region of the 601 DNA (49 nucleotides from the N5 dyad; 5fC49) and one centered 

within the adjacent linker DNA (88 nucleotides from the N5 dyad; 5fC88) (Figures 3.1a 
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and B.2). Incorporation of 5fC at these positions was expected to provide insight into the 

role of nucleosome positioning on the removal of 5fC. Although nucleosomes are known 

to inhibit DNA glycosylases relative to linker DNA [119], [158], 5fC49 is oriented 

outward relative to the histone octamer surface where it is presumably more accessible to 

TDG. We note, however, that we cannot rule out that positioning 5fC elsewhere may lead 

to different outcomes. The arrays described above were reconstituted using histone 

octamers containing either canonical histone H4 or histone H4 lacking the N-terminal tail 

domain (residues 1−19, Δ4) (Figure B.3). Under the conditions used in our glycosylase 

assays (2 mM Mg2+), canonical arrays fold into compact fibers similar to condensed 

chromatin in vivo (i.e., the 30 nm chromatin fiber), whereas H4 tailless arrays remain in a 

mostly extended “beads-on-a-string” conformation [33], [211]. This behavior was 

confirmed using a Förster resonance energy transfer (FRET)-based assay that measures 

the distance between nucleosome 5 (N5) and nucleosome 7 (N7) (Figures 3.1b-c and B.5) 

[117], [118]. Unlike canonical arrays (12-NCP), the FRET signal for H4 tailless arrays 

(12-NCPΔ4) was unchanged upon the addition of 2 mM Mg2+, indicating that they remain 

in an extended conformation (Figure 3.1c). By using both canonical and H4 tailless arrays, 

we are able to probe TDG activity within two distinct structural states of chromatin under 

identical ionic conditions (i.e., 2 mM Mg2+). The glycosylase activity of TDG was 

determined by measuring cleavage of the 5fC-containing strand following sodium 

hydroxide treatment of the abasic site product (Figure B.6). Due to significant product 

inhibition of TDG [152], all experiments were performed under single-turnover conditions 

using an excess of TDG (200 nM) over substrate (10 nM).  
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Figure 3.1: Chromatin substrates containing site-specifically incorporated 5fC residues. (a) 

Nucleosome arrays prepared in this study. (b) Cryo-electron microscopy structural model of the 

30 nm chromatin fiber (12×601, EMD-2600) used in this study showing the locations of 5fC49 

and 5fC88. The nucleosome surface (PDB ID: 1ZBB) was fitted to the electron density map using 

Chimera.20 Locations of the donor (Cy3) and acceptor (Cy5) for the FRET assay are indicated. 

(c) FRET analysis of nucleosome array compaction. Arrays were reconstituted using either 

canonical histone octamers (12-NCP), H4 tail deleted octamers (12-NCPΔ4), or H2A.Z/H3.3 

dual-variant octamers (12-NCPDV). All fluorescent intensities were normalized to canonical 

arrays (12-NCP) at 2.0 mM Mg2. As a control, we cut 12-NCP-FRET in half at the DraIII 

restriction site such that the FRET dyes are on separate fibers (6-NCP-FRET). 

 

We first examined the ability of TDG to excise 5fC49 positioned within the 

nucleosome core (Figure 3.2a). Compared to naked DNA (12-601-49), excision of 5fC49 

was dramatically reduced on folded chromatin (12-NCP-49), resulting in only 8.5 ± 4% 

product formation after 30 min. Deletion of the histone H4 tail domain (12-NCP-49Δ4) 

only modestly increased the amount of 5fC49 that was excised by TDG (18.7 ± 0.9%). 
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Similar results were obtained for mononucleosomes containing an identically positioned 

5fC site (1-NCP-49), which are unable to fold into higher order chromatin structures. 

Together, these results reveal that the majority of 5fC49 is inaccessible to glycosidic bond 

cleavage by TDG regardless of chromatin folding and that the histone octamer represents 

a major barrier for the removal of 5fC from chromatin.  

Next, we examined the ability of TDG to excise 5fC88 from the linker DNA 

(Figure 3.2b). In contrast to 5fC49, TDG readily excised 5fC88 from both extended arrays 

(12-NCP88Δ4) and mononucleosomes (1-NCP-88), reaching ∼80% product formation 

after 30 min. On compact arrays (12-NCP-88), however, TDG activity was significantly 

reduced (max extent = 33.8 ± 8.3%), which may reflect the introduction of steric clash 

between TDG and histone proteins upon chromatin folding. Alternatively, the limited 

flexibility of linker DNA within compact 30 nm fibers may prevent DNA bending by TDG 

[50], [220], which is required for target identification and glycosidic bond cleavage [143]. 

Irrespective of the structural basis, these results reveal that 5fC residues positioned 

between nucleosomes are susceptible to removal by TDG, although the level of chromatin 

folding impacts the process.  
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Figure 3.2: TDG-mediated removal of 5fC49 (a) and 5fC88 (b) from different chromatin 

environments. Bar graphs show the fraction of 5fC cleaved after 30 min. Error bars represent 

standard deviation from at least three independent experiments. 

 

We observed that excision of 5fC88 on naked DNA (12-601-88) was reduced 

compared to mononucleosomes and extended arrays (Figure 3.2b), which is similar to 

what we previously observed for uracil DNA glycosylase (UDG) [158]. One possible 

explanation is that wrapping DNA into a nucleosome reduces the number of nonspecific 

TDG binding sites [179], which can compete with 5fC88 for binding to TDG [143]. 

Consistent with this hypothesis (and our observations for 5fC49), we found that TDG 

binds naked 601 DNA ∼7-fold more tightly than 601 mononucleosomes (Figure 3.3a). 
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We also observed that excision of 5fC from 12-601-88 was less than 12-601-49 (Figure 

3.2). This may reflect the high CpG content (i.e., TDG binding sites) near 5fC49, which 

could further facilitate its removal relative to 5fC88 (Figure B.1) [179]. 

Collectively, the above results reveal that both chromatin folding and nucleosome 

positioning are capable of regulating TDG activity on DNA and, thus, are likely key 

contributors to the observed distribution of 5fC (and 5caC) throughout the genome.  In 

particular, nucleosomes severely impede TDG activity, indicating that nucleosome-bound 

5fC residues will be long lived in vivo. This is important because 5fC has recently been 

shown to form DNA−protein cross-links with histones [81], [123]. In addition, our results 

are consistent with the observation that 5fC sites overlap with nucleosomes at tissue-

specific enhancers in vivo and provide a mechanistic explanation for the retention of 5fC 

at these sites [81].  

 

3.1.2  H2A.Z/H3.3 and FOXA1 differentially regulate TDG 

Finally, we extended these studies to a specific chromatin environment known to 

undergo active DNA demethylation in cells, namely forkhead box A1 (FOXA1) dependent 

enhancers [165]. In mammals, FOXA1 directs liver development and collaborates with 

hormone receptors to regulate prostate and breast-specific gene expression [216]. 

Importantly, recruitment of FOXA1 to enhancers leads to an “epigenetic switch” that 

induces local DNA demethylation through a mechanism that has been linked to BER 

[165], [202]. Whether FOXA1 activities contribute to the regulation of TDG, and thus 5fC 

metabolism, has yet to be delineated. Additionally, enhancers tend to be enriched with the 
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histone variants H2A.Z and H3.3 (including H2A.Z/H3.3 dual-variant nucleosomes), 

which help establish an environment permissive to TF-binding, including FOXA1 [194], 

[221]. Furthermore, 5fC colocalizes with both histone variants in vivo [183], suggesting a 

potential role for histones H2A.Z and H3.3 during DNA demethylation.  

In order to replicate this environment in vitro, we assembled nucleosome arrays 

using histone octamers containing both H2A.Z and H3.3 (Figure B.3). Consistent with 

previous observations [190], H2A.Z/H3.3-containing arrays (12-NCPDV) were less 

compact than canonical arrays (12-NCP) as determined by FRET (Figures 3.1c). 

Nevertheless, the linker DNA within dual-variant arrays was found to be less accessible 

to restriction enzyme digestion than canonical arrays (Figure 3.4), suggesting that dual-

variant arrays may actually adopt a more restrictive structure toward DNA-binding 

proteins. Accordingly, we found that excision of both 5fC49 and 5fC88 by TDG was 

further reduced on H2A.Z/H3.3-containing arrays (12-NCP-49DV and 12-NCP88DV, 

respectively) relative to what we observed for canonical arrays (Figure 3.2). Most notably, 

TDG activity at 5fC49 was nearly abolished on H2A.Z/H3.3 arrays, with <2% of 5fC49 

being converted to product. Interestingly, TDG activity on mononucleosomes was 

unaffected by the incorporation of the H2A.Z/H3.3 dual-variant octamer (Figure 3.3), 

indicating that the reduced glycosylase activity on dual-variant arrays was likely due to 

altered inter-nucleosome interactions. These data reveal that incorporation of H2A.Z/H3.3 

into chromatin further inhibits TDG and, thus, may function to preserve the local 

epigenetic status (e.g., 5fC/5caC) of DNA. 
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Figure 3.3: TDG activity is hampered by nucleosome structure independent of octamer identity. 

(a) Saturation plots for binding of TDG to naked 601 DNA (1-601) or 601-derived NCPs as 

determined by EMSA. Data were fit to a one site specific-binding equation with GraphPad Prism 

(v7.03) (b) Digestion of canonical and H2A.Z/H3.3 NCPs containing 5fC 49 or (c) 5fC88 by TDG. 

Error bars represent standard deviation from at least three independent experiments. Rates (kobs 

min-1) were calculated by fitting the digestion data to a single exponential equation and multiplying 

each rate constant by the Ymax as previously described [111], [122], [212]. 

 
 

 

Figure 3.4: Restriction enzyme accessibility within canonical and H2A.Z/H3.3 (DV) arrays. (a) 

Schematic depicting the linker site probed by BstXI in accessibility assays. (b) Representative gel 

images of chromatin digestion reactions in the presence of 0.2 or 2 mM MgCl2. (c) Plot depicting 

the time-dependent digestion of the indicated chromatin at both low and high Magnesium 

concentrations. Error bars represent standard deviation from at least three independent 

experiments. 
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In contrast, incubation of H2A.Z/H3.3-containing arrays with FOXA1 resulted in 

increased TDG activity at both 5fC sites (Figure 3.5). In fact, product formation at 5fC88 

on compacted dual-variant arrays (12-NCP-88DV) and canonical arrays (12-NCP-88) in 

the presence of FOXA1 was nearly equivalent to what was observed for untreated 

extended arrays (12-NCP-88Δ4). Interestingly, FOXA1 did not stimulate TDG-mediated 

removal of 5fC49 from canonical arrays, indicating that this effect may be sensitive to the 

composition of the underlying histone octamer. Consistent with FOXA1’s ability to open 

compact chromatin [74], we detected an increase in the inter-nucleosomal distance 

between N5 and N7 in the presence of FOXA1 for both canonical and dual-variant arrays 

(Figure 3.5e). In contrast, addition of either histone H1.1 or BSA resulted in further 

compaction (Figure 3.5f). These observations suggest a mechanism wherein FOXA1 

stimulates TDG by altering the chromatin structure (presumably by increasing DNA 

accessibility).  

Surprisingly, however, we found that FOXA1 also stimulated TDG on naked DNA 

(Figure 3.6). While future investigations are clearly needed to elucidate the exact 

mechanisms by which FOXA1 stimulates TDG activity on chromatin, these results 

demonstrate that, in addition to its chromatin remodeling activities [74], FOXA1 may 

promote DNA demethylation by stimulating TDG. It is worth noting that even in the 

presence of FOXA1, efficient removal nucleosome-bound 5fC residues will likely require 

additional factors, such as ATP-dependent chromatin remodelers [222]. 
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Figure 3.5: FOXA1 stimulates TDG activity on chromatin via fiber decompaction. (a) Fraction of 

5fC49 or (c) 5fC88 cleaved following treatment of WT and DV arrays with TDG in the presence 

of FOXA1. (b) Time-dependent cleavage of the indicated 5fC49 or (d) 5fC88 array by TDG in the 

presence or absence of 500 nM FOXA1. Curves are fits to a single-exponential model. (e) FRET 

analysis of canonical (12-NCP-FRET) and dual-variant (12-NCP-FRETDV) arrays in the 

presence of FOXA1 (0–1000 nM) or (f) H1 or BSA. All FRET intensities were normalized to the 

same array in the absence of FOXA1. A significant difference (p < 0.01) in array compaction was 

detected for all FOXA1 concentrations except 10 nM. The concentration of chromatin (10 nM) 

and TDG (200 nM) were constant in all experiments, and all error bars represent standard deviation 

from at least three independent experiments. 
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Figure 3.6: FOXA1 physically interacts with TDG and stimulates 5fC removal from free DNA. 

(a) Time-dependent cleavage of a 12-601-49 (10 nM) by TDG (200 nM) in the presence or absence 

of FOXA1. (b) Time-dependent cleavage of a 5fC-containing 33-mer (50 nM) by TDG (200 nM) 

in the presence or absence of FOXA1 or BSA (500 nM). (c) The same reaction depicted in (b) 

except with UDG (1 nM). Error bars represent standard deviation from at least three independent 

experiments. Curves are fits to a single-exponential model. (d) Schematic depicting FOXA1 pull-

down using immobilized TDG. (e) Fold enrichment of FOXA1 eluted from Ni-NTA resin treated 

with DNA, (His-tagged) TDG, or DNA+TDG with increasing NaCl (see 3.3.15). 

 

3.2 Conclusions 

In summary, we utilized novel nucleosome arrays containing positioned 5fC 

residues and H2A.Z/H3.3 to provide the first direct evidence that local chromatin states 

influence active DNA demethylation by regulating TDG. To the best of our knowledge, 

this was the first time active DNA demethylation has been studied using precisely 

modified nucleosome arrays. Our data provide fundamental mechanistic insights into the 
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observed genomic distribution of 5fC (and 5caC) and brings us closer to understanding 

how the DNA demethylation machinery is targeted throughout the genome. Our findings 

also showed that H2A.Z/H3.3-containing nucleosomes and FOXA1 may have opposing 

roles in controlling 5fC turnover. In particular, stimulation of TDG’s glycosylase activity 

represents a novel role for FOXA1 in the DNA demethylation pathway and warrants 

further investigation. 

 

3.3 Materials and Methods 

 

3.3.1 General 

Restriction enzymes (EcoRV, PflMI, BstXI, DraIII-HF, Nb.BbvCI, Nb.BssSI, 

HaeII, DraI), T4 DNA Ligase, APE1, T4 polynucleotide kinase, micrococcal nuclease 

(MNase), and shrimp alkaline phosphatase were purchased from New England Biolabs 

(Ipswich, MA). [γ32P]-ATP was purchased from Perkin Elmer. N-Hydoxysuccinimide 

(NHS) esters of Cy3 or Cy5 dyes used in the labeling of -53-Cy3 insert and +51-Cy5 

insert (Table B1) were acquired from Lumiprobe Life Science Solutions. Synthetic 

oligonucleotides (Table B1) were either purchased from Integrated DNA Technologies 

(IDT) or prepared by solid-phase synthesis on an Expedite 8909 DNA/RNA synthesizer 

using standard methods. DNA synthesis reagents and nucleoside phosphoramidites were 

purchased from Glen Research. Locked nucleic acid (LNA) phosphoramidites were 

obtained from Exiqon. The integrity of DNAs containing 5-formylcytosine was confirmed 

by mass spectrometry prior to use (Figure B.1). 



86 

 

3.3.2  Histone preparation and octamer refolding 

Recombinant human histones (H2A.1, H2A.Z, H2B.1, H3, H3.3, H4, H4Δ-tail) 

were expressed and purified as described in Chapter 2 (see 3.3.7) Histone octamers were 

refolded as previously described [121], [158], [223], and purified by size exclusion 

chromatography using a SuperDex 200 10/300 GL column (GE Healthcare Lifesciences). 

Purified histone octamers were stored at 4 °C in Octamer Buffer (2 M NaCl, 5 mM BME, 

0.2 mM PMSF, 1 mM EDTA, 10 mM HEPES, pH 7.8). Histone H1.1 was purchased from 

Abcam (ab198676). 

 

3.3.3 TDG expression and purification 

The codon optimized gene for human thymine DNA glycosylase (UniProt 

identifier: Q13569-1) was purchased as a gBlock Gene Fragment from IDT and assembled 

by PCR as recommended by the manufacturer. The assembled DNA was cloned into a 

pET28a expression vector (Novagen) between the NdeI and HindIII restriction sites, 

generating plasmid pET28a-hTDG. Correct assembly of this plasmid was verified by 

DNA sequencing (Eton Bio). 

TDG was expressed and purified using a modified version of the procedure 

originally reported by Kunz et. al [174]. The TDG plasmid assembled above (pET28a-

hTDG; 10 ng) was transformed into BL21 (DE3) cells and the outgrowth (1 mL) was used 

to seed 4 × 25 mL cultures of Terrific Broth (TB) supplemented with 50 μg/mL 

Kanamycin. After shaking overnight at 37 °C, each 25 mL growth was used to innoculate 

750 mL of TB supplemented with 2% glucose and 50 ug/mL Kanamycin. The cells were 
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grown to an OD600 ~0.800 at 30 °C with vigorous shaking and expression was induced 

with 0.5 mM IPTG at room temperature for 5 hours. Next, the cells were pelleted by 

centrifugation at 3900 rpm for 60 minutes using a swinging bucket rotor (all centrifuging 

steps were carried out at 4 °C) and the resulting cell pellet was resuspended in Buffer H0 

(50 mM HEPES, pH 8.0, 300 mM NaCl, 10% glycerol, 1 mM PMSF); 40 mL of Buffer 

H0 was used per 1 L of cell culture. To begin lysis, the resuspended cell pellet was frozen 

at -80 °C (until solid) and then thawed on water at 4 °C. The cells were further lysed by 

sonicating on ice for 5 minutes, and lysates were cleared by centrifugation (10,000 × g, 60 

minutes) and subsequently filtered with a 0.2 um syringe tip filter. The filtered lysate was 

passed over a 1 mL pre-packed TALON column (GE Healthcare Lifesciences) 

equilibrated with 5 column volumes (CV) of Buffer H0. The TDG-bound resin was then 

washed with 25 CV Buffer H1 (1 mM immidazole in Buffer H0), followed by 25 CV of 

Buffer H5 (5 mM immidazole in Buffer H0). Bound TDG was then eluted from the resin 

with 5 CV Buffer H500 (500 mM immidazole in Buffer H0). The TDG-enriched sample 

from the TALON filtration step was exchanged into Buffer HP50 (50 mM HEPES, pH 8, 

50 mM NaCl 10% glycerol, 10 mM BME, 1 mM PMSF) using a 5mL HiTrap Desalting 

column (GE Healthcare Lifesciences). The protein sample was loaded onto a 5 mL 

Heparin column (GE Healthcare Lifesciecnes) that had been preequilibrated with 5 CV 

Buffer HP50. Bound proteins were eluted using a linear gradient (0% → 100%) of Buffer 

HP1000 (50 mM HEPES, pH 8, 1 M NaCl 10% glycerol, 10 mM BME, 1 mM PMSF) 

over 10 CV. Fractions containing TDG were pooled and  directly loaded onto a Superdex 
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200 Increase 10/300 GL column. Pure TDG was isolated following isocratic elution with 

buffer HP50. 

 

3.3.4 FOXA1 expression and purification 

The codon optimized gene for full-length human FOXA1 (UniProt identifier: 

P55317-1) was purchased as a gBlock Gene Fragment from IDT and assembled by PCR 

as recommended by the manufacturer.  The assembled DNA was cloned into the pET28a 

expression vector (Novagen) between the NcoI and XhoI restriction sites, generating 

plasmid pET28a-FOXA1). Correct assembly of this plasmid was verified by DNA 

sequencing (Eton Bio, San Diego, CA). FOXA1 was purified from E. coli as previously 

described [224]. 

 

3.3.5 Preparation of DNA substrates containing 5fC 

Assembly of plasmids pUC-12-601-49 and pUC-12-601-88 containing 

unmodified 12×601 templates used to prepare 12-601-49 and 12-601-88, respectively, was 

described previously [158]. A short oligonucleotide containing a single 5fC residue (Table 

B.1) was incorporated into these plasmids using the strand-exchange protocol described 

in Chapter 2 [158]. Briefly, plasmids pUC-12-601-49 and pUC-12-601-88 (500 μg, 160 

pmol) were digested with 500 units of Nb.BbvCI nicking endonuclease for 1 hour in 

Cutsmart Buffer (50 mM KOAc, 20 mM Tris-acetate, 10 mM MgOAc, 100 µg/mL BSA, 

pH 7.9). To the digested plasmids was added 800 pmol of an LNA capture probe (49-

capture for pUC-12-601-49; 88-capture for pUC-12-601-88) (Table B1) and the reaction 
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mixture was heated at 80°C for 20 minutes before being slowly cooled to room 

temperature at 1 °C/minute. The resulting gap was then filled by the addition of 3.2 nmol 

of the appropriate 5’-[32P]-labeled synthetic oligonucleotide insert containing either 5fC49 

or 5fC88 (N5_5fC49 or N5_5fC88, respectively) and subsequently the sample was heated 

at 50 °C for 2 minutes before being slowly cooled to room temperature at -1 °C/minute. 

After the gap-filling step, 400 units of T4 DNA ligase and ATP (2 mM final concentration) 

were added to the mixture. The ligation reaction was allowed to proceed for 4 hours at 

room temperature before inactivation of the ligase at 70 °C for 20 minutes. The efficiency 

of each step of the exchange process (nicking, insertion, and ligation) was carefully 

monitored in order to ensure complete (>95%) insertion of the modified oligonucleotide 

(Figure B.2). For this purpose, ~1 pmol aliquots were taken and digested with either 

PflMI/BstXI (pUC-12-601-49) or PflMI/DraIII (pUC-12-601-88) to release the 601 

unit(s) harboring the 5fC-modified site. Aliquots were then treated with both TDG (0.5 

µM) and APE1 (35 nM) in a reaction buffer containing 2 mM MgCl2 at 37 °C for 30 

minutes. The reactions were then analyzed by 10% native PAGE (29:1 

acrylamide:bisacrylamide) (Figure B.2). After the integrity of the 5fC-containing DNA 

was confirmed, the modified 12×601 DNA template (12-601-49 or 12-601-88) was 

removed from the corresponding plasmid backbone via digestion with EcoRV. The 

plasmid was further digested with DraI and HaeII (600 units each) in order to degrade the 

plasmid DNA into fragments ≤ 700 base pairs (bp) in length. This digestion was monitored 

using 1% Agarose (1× sodium borate buffer). Following digestion, the modified 12×601 

was purified via preparative agarose gel electrophoresis and extracted using a QIAquick 
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Gel Extraction Kit (Qiagen). The purified DNA was used directly to reconstitute 

oligonucleosome arrays (below). 

DNA templates 1-601-49 and 1-601-88 used to assemble mononucleosomes 

containing 5fC (1-NCP-49 and 1-NCP-88, respectively) were prepared by PCR from the 

native 601 DNA sequence using either N5_5fC49 (for 1-NCP-49) or N5_5fC88 (for 1-

NCP-88) and CpG-601-FWD as primers (Table B.1). 

 

3.3.6 Reconstitution of mononucleosomes and nucleosome arrays 

Reconstitution of both mononucleosomes and nucleosome arrays was carried out 

according to procedures described in Chapter 2. Immediately following the reconstitution 

step, samples were centrifuged at 13,000 × g for 20 min and the resulting pellets were 

discarded. Chromatin substrates were stored at 4 °C in nucleosome buffer (25 mM NaCl, 

0.1 mM PMSF, 10 mM HEPES, pH 7.8) until use. Reconstituted arrays were analyzed by 

0.6% agarose gel electrophoresis (Figure B.3) and reconstituted mononucleosomes were 

analyzed by 5% native PAGE (59:1 acrylamide:bisacrylamide) (Figure B.4). 

 

3.3.7 Nucleosome saturation assay 

Nucleosome saturation was confirmed by digestion of ~100 ng (~ 80 fmol) 

nucleosome arrays with 5 units of either PflMI/BstXI (12-NCP-49) or PflMI/DraIII (12-

NCP-88) in nucleosome buffer supplemented with 2 mM MgCl2. The respective naked 

DNAs were also digested under the same conditions, and both sets of samples (naked 

DNA and arrays) were analyzed side-by-side by 5% native PAGE (59:1, acrylamide: 
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bisacrylamide) (Figure B.3b,e). The presence of a nucleosome band as well as the absence 

of significant free DNA (<3%) demonstrates full nucleosome occupancies in these 

reconstituted arrays. 

 

3.3.8 Partial micrococcal nuclease digestion of reconstituted arrays 

The presence of 12 nucleosomes per array was confirmed through partial 

micrococcal nuclease (MNase) digestion. Arrays (200 ng, 160 fmol) were digested with 2 

units of MNase for 1 minute at room temperature in nucleosome buffer supplemented with 

1 mM CaCl2. Reactions were stopped with the addition of 0.5% (v/v) SDS and 10 mM 

EDTA. The partially digested DNA was analyzed on a 1% agarose gel and visualized with 

ethidium bromide (Figure B.3c,f). 

 

3.3.9 Analysis of chromatin compaction by FRET 

Nucleosome arrays were fluorescently labeled with both Cy3 (Donor) and Cy5 

(Acceptor) as previously reported [158], placing the dyes in the identical positions 

reported by Poirier et. al (Figure B.5) [117]. We refer to these substrates as 12-601-FRET 

and 12-NCP-FRET for naked DNA and arrays, respectively. This FRET system has been 

shown to measure Mg2+-induced array compaction, reaching a maximally compact state 

concentrations exceeding 1 mM, as well as structural changes in the array due to protein 

binding. Array compaction was monitored via FRET using the methodology described by 

Hieb et. al [225]. Nucleosome arrays (10 nM) were equilibrated in nucleosome buffer 

supplemented with the indicated concentration of MgCl2 at 37 ˚C for 5 minutes before 
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being transferred to a Nunc 384-Well Optical (glass) Bottom Plate (Thermofisher) (Figure 

B.5). When measuring the impact of either FOXA1, H1.1, or BSA on array compaction, 

the indicated amount of protein was added to the reaction mixture and incubated at 37 °C 

for 20 minutes prior to being transferred to the plate. The plate was imaged using a 

Typhoon FLA 9500  multimode imager  (GE Healthcare Lifesciences) at 100 μm 

resolution using the laser settings and emission filters indicated below.6 Raw sample 

emission intensities for FRET (Fraw), Acceptor (A), and Donor (D) channels were 

quantified for the same area within each sample well using ImageQuant TL software (GE 

Healthcare Lifesciences).  

 Fraw:  532 nm ex.; 665 nm em.; PMT voltage: 675 

 D:  635 nm ex.; 665 nm em.; PMT voltage: 675 

 A: 532 nm ex.; 575 nm em.; PMT voltage: 625 

All FRET intensities reported herein were corrected for spectral overlap as previously 

described [225]. Briefly, FRET (F) intensities were determined using Eq. 1, which corrects 

the raw FRET data (Fraw) for background resulting from donor bleed-through into the 

acceptor emission (𝛸d, Eq. 2), as well as background from direct acceptor excitation at the 

donor’s excitation wavelength (𝛸a, Eq. 3) [225]. 

 Fcorr = F – (D • 𝛸d) – (A • 𝛸a)   

𝛸d is obtained from the ratio of Fraw and D with the donor only sample (2). 

 𝛸d = F/D 

𝛸a is obtained from the ratio of Fraw and A with the donor only sample (3). 

 𝛸a = F/D 
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Values of 𝛸d and 𝛸a were determined separately for each sample by measuring the donor- 

and acceptor- only samples under identical reaction conditions. 

 

3.3.10  TDG digestion reactions 

Reaction mixtures contained 10 nM of the indicated substrate in nucleosome buffer 

supplemented with 2 mM MgCl2. Reactions were initiated by adding TDG (200 nM) and 

incubating at 37 ˚C for the indicated times. When FOXA1 was present, the indicated 

amount of the protein was added to the reaction mixture prior to TDG (Figure 3.5). For 

mononucleosomes, reactions were supplemented with 110 nM (11 equivalents) of 

unmodified mononucleosomes such that the ratio of modified to unmodified 

mononucleosomes, as well as total number of 601 units, was identical to the 12×601 

arrays. Aliquots were removed at different times and quenched by the addition of 1% SDS 

(v/v) and Proteinase K (2 units/μL; New England Biolabs). After incubating at 37 ˚C for 

15 minutes, the mixture was diluted to 125 µL with water and extracted with an equal 

volume of a solution containing phenol/chloroform/isoamyl alcohol (25:24:1). The DNA 

was then desalted by ethanol precipitation, and the resulting pellet was resuspended in 

CutSmart Buffer containing 5 units Nb. BbvCI in order to excise the 5’-[32P]-labelled 

oligonucleotide insert from the much larger 12×601 DNA. The digestion was carried out 

for 45 minutes at 37 ˚C, at which point 0.1 M NaOH (final) was added and the sample was 

heated at 70 ˚C for 5 minutes to induce cleavage of any remaining abasic sites. The 

digested DNA was then resolved by 10% denaturing PAGE (19:1 

acrylamide:bisacrylamide) and visualized using a Typhoon FLA 9500 gel imager. (Figure 
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B.6). The fraction cleaved was quantified using ImageQuant TL software (GE Healthcare, 

v8.1). At least three replicates were carried out for each substrate. 

 

3.3.11  Electrophoretic mobility shift assays 

The binding affinity of TDG to naked DNA and mononucleosomes was 

determined by EMSA. 5’-[32P]-labelled 601 DNA or mononucleosomes (5 nM) were 

incubated with the indicated concentrations of TDG (0–1 μM) in nucleosome buffer 

supplemented with 0.2 mM MgCl2 and 5% glycerol. The binding reactions were carried 

out at 37 ˚C for 20 minutes and were resolved by 5% native PAGE (59:1 

acrylamide:bisacrylamide), which were run at 160 V for 30 minutes at 4 ˚C. The gel was 

visualized using a GE Typhoon gel imager and quantified using ImageQuant TL software 

(Figure B.7). 

 

3.3.12 Restriction enzyme accessibility assay 

The indicated nucleosome arrays (5 nM) were digested with BstXI (0.1 units/μL) 

in nucleosome buffer supplemented with either 0.2 or 2 mM MgCl2 at 37 ˚C. Aliquots 

were taken at the indicated times and quenched with three volume equivalence of 

nucleosome buffer supplemented with 0.1% SDS, 2 units/μL Proteinase K, and 8% 

glycerol and then were heated at 60 ˚C for 10 minutes. Digested DNA was resolved by 

1% agarose gel electrophoresis and visualized/quantified as described above (Figure 3.4). 
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3.3.13 TDG and UDG digestion of a short duplex DNA 

A 5’-[32P]-labeled 33 bp duplex was generated by annealing N5_5fC49 with 2 

equivalent of its compliment (N5_5fC49-comp; Table B.1) and was purified by 20% 

native PAGE (29:1 acrylamide:bisacrylamide). Reaction mixtures contained the above 

DNA duplex (50 nM) and the indicated protein effector (FOXA1, H1.1, or BSA) at 500 

nM in nucleosome buffer supplemented with 2 mM MgCl2. Reactions were initiated by 

the addition of TDG (200 nM) and were incubated at 37 ˚C for the indicated times (Figure 

3.6). Aliquots were treated as described above and the digested DNA was resolved by 

10% denaturing PAGE (19:1 acrylamide:bisacrylamide). The gel as visualized using a GE 

Typhoon gel imager and quantified using ImageQuant TL software. Digestion reactions 

with UDG (1 nM) were carried out identically using a substrate containing deoxyuridine 

(dU) in place of 5fC (N5_dU49; Table B.1). 

 

3.3.14 Statistical analysis 

All FRET data were presented as means and standard deviations. Statistical 

analysis was conducted using GraphPad Prism (v7.03). All data sets were first compared 

by unpaired one-way analysis of variance (ANOVA). For the FOXA1-FRET data, 

significant differences were determined between each concentration of FOXA1 tested and 

a control lacking any additional protein using a Dunnett’s multiple comparisons test. In 

both cases, statistical significance was considered as P-values less than 0.05. 
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3.3.15  TDG-FOXA1 pulldown 

For pull-down experiments the N-terminal His-tag of FOXA1 was removed via 

TEV digestion and >98% cleavage was confirmed via SDS PAGE (Figure B.8).  TEV-

treated FoxA1 (500 nM) was then equilibrated at 37 °C in 280 µL nucleosome buffer (0.2 

mM MgCl2) supplemented with either TDG only (200 nM), 1-601 DNA only (10 nM), or 

both TDG and 1-601 (200 nM & 10 nM, respectively). After a 30 minute incubation period 

the entire reaction mixture was passed through a poly prep column packed with 100 µL 

TALON resin (GE Lifesciences, Marlborough, MA), five times at room temperature – 

The TALON resin was blocked with 1 mg/mL BSA and washed with 10 mL nucleosome 

buffer prior to sample application.-- The protein-bound resin was then washed with 5 mL 

nucleosome buffer, followed by multiple 2.5 mL washes using buffers with increasing 

NaCl concentration (100, 200, and 500 mM). Finally, all proteins were eluted from the 

resin with 2.5 mL of elution buffer (500 mM imidazole).  

Then, all 2.5 mL fractions exchanged into milli-Q H2O with a 10 kDa MWCO 

Ultra 4 Amicon, the volume was then measured by pipetting, and exactly half of each 

sample was lyophilized. The resulting pellet was re-suspended in 4 µL H2O and spotted 

on a 0.2 μm nitrocellulose membrane (Bio-rad #1620112). The membrane was then 

blocked with 5% (w/v) fat-free milk and probed with a FOXA1-specific antibody (Abcam, 

#ab55178) at 1:275 dilution. The membranes were then treated with an Alexa647 anti-

mouse antibody at 1:500 dilutions (Invitrogen- #A32728), imaged using a Typhoon FLA 

9500 gel imager (PMT: 700 V, channel: Cy5), and quantified with Image Quant software. 

After subtracting background, which was determined by measuring an equivalent area of 
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a non-protein-bound portion of the membrane, all dot intensities were converted into %-

retained values based on the average of 4 blots containing 2.5 % of the overall FOXA1 

input. Because the TEV digestion did not go to 100% completion, a small fraction of 

FOXA1 in our pull-down assay was capable of binding the resin independent of TDG or 

DNA. We expected this background binding would be consistent across experiments and 

could therefore be used to control (normalize data) for equal sample loading. Although 

not ideal conditions, we believe this is a conservative approach towards identifying a 

potential interaction between TDG and FOXA1 (because FOXA1 molecules that remain 

bound to either DNA or resin-bound TDG until the imidazole wash would contribute to 

the background binding and ultimately deflate the normalized value for % retained). 
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CHAPTER 4                                                                                                   

REVERSIBLE CHROMATIN CONDENSATION BY THYMINE DNA 

GLYCOSYLASE  

 

Nucleosomes, the basic unit of chromatin, interact with each other over short 

distances to form locally compact structures (e.g. 30 nm diameter fibers) that modulate 

DNA accessibility at the level of single genes [211]. On a larger scale, long-range 

chromatin fiber contacts within, and between, chromosomes drive the condensation of 

chromatin into distinct structural domains that are key to genome organization and 

function [226]. Unraveling the molecular mechanisms underlying the formation and 

regulation of these locally and globally condensed chromatin structures, and identifying 

the protein factors involved, is essential for understanding the fundamental genomic 

processes of the cell. 

Having established the relationship between chromatin structure and TDG 

catalysis (Chapter 3), we next wanted to examine the inverse relationship: the effect of 

TDG on chromatin structure.  Beyond its catalytic roles, TDG has been shown to function 

as a transcriptional co-activator through its association with various transcription factors 

and activating histone modifiers, such as the histone acetyltransferases CBP and p300 

[162], thereby coordinating the formation of a transcriptionally permissive chromatin state 

[161], [227]. TDG also mediates long-range physical contacts between promoters and 

enhancers at a subset of hormone responsive genes [64], [75]. While TDG’s role in 

chromatin organization is generally viewed as indirect, we recognized that TDG possesses 
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several features that suggest it may have the capacity to alter chromatin structure directly: 

TDG binds non-specifically to DNA [26] and nucleosomes [124] in vitro and contains an 

intrinsically disordered lysine-rich regulatory domain that closely resembles the C-

terminus of linker histone H1, a basic peptide known to promote chromatin fiber folding 

and condensation [113], [228], [229]. Herein, we now provide the first experimental 

evidence that TDG can directly alter chromatin structure through its physical interactions 

with DNA. Importantly, we show that TDG promotes condensation of chromatin fibers 

into higher-order oligomeric structures, thereby linking TDG-dependent pathways to 

long-range chromatin organization. 

 

4.1 Results 

 

4.1.1  TDG condenses chromatin through interactions with linker DNA 

We first considered the ability of TDG to alter chromatin structure at the single-

fiber level (we use “TDG” throughout to refer to the full-length human protein). In 

particular, we focused on TDG’s ability to bind to and alter the structure of nucleosome 

arrays compacted into “30 nm” chromatin fibers. Previous biophysical studies have shown 

that nonspecific binding of transcription factors (TFs) to nucleosome arrays, and 

specifically to extra-nucleosomal (or “linker”) DNA, causes array decompaction [117], 

[124]. Given TDG’s high affinity for DNA, even in the absence of a target nucleobase 

[179], we reasoned that TDG may also drive chromatin decompaction through similar 

interactions. To test this, we assembled 12-mer nucleosome arrays containing fluorescent 
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donor and acceptor dyes that were placed at locations that allow nucleosome stacking 

interactions, and thus the overall compaction of the array, to be monitored by FRET 

(Förster resonance energy transfer) (Figure 4.1 and C.1) [117], [124]. Under the conditions 

used in our assay (2 mM Mg2+), nucleosome arrays fold into maximally compact 30 nm 

fibers [211], which is accompanied by a characteristic increase in FRET (Figure 4.1a) 

[117], [124]. In the presence of 200 nM TDG, this FRET signal was reduced by ~40%, 

indicating that TDG induced decompaction of the arrays. In fact, this effect was more 

pronounced for TDG than with the pioneering TF FOXA1, which is known to actively 

initiate chromatin decompaction and promote DNA accessibility [74], [124]. We 

presumed that the relevant TDG binding occurred with the linker DNA because, compared 

to nucleosomal DNA, linker DNA more closely resembles typical B-form DNA [46], 

[220], is generally more accessible to DNA binding factors [102], and is a better substrate 

for TDG’s glycosylase activity [124], [153]. Consistently, we found that TDG binds 

mononucleosomes containing linker DNA (30 bps) more strongly than those without (Kd 

= 59 ± 7 nM and 255 ± 49 nM, respectively) (Figure 4.1b), and protects linker DNA within 

nucleosome arrays from micrococcal nuclease (MNase) digestion (Figure 4.1d). Overall, 

these results strongly suggest that TDG drives chromatin fiber decompaction through 

nonspecific binding to linker DNA. 
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Figure 4.1: TDG locally de-compacts chromatin fibers via interactions with linker DNA. (a) FRET 

analysis of compact 12-mer arrays (2 mM Mg2+) in the presence of TDG (200 nM) or FOXA1 (1 

µM). All fluorescent intensities were normalized to the 12-mer array in the absence of protein 

additives (Array). ***P < 0.001. (b) Saturation plots for binding of TDG to naked 601 DNA or 

mononucleosomes having different arrangements of linker DNA. The Kd is listed below each 

substrate. (c) MNase digestion of nucleosome arrays in the presence of TDG. The concentration 

of TDG (nM) used in each experiment is listed to the right. Error bars represent standard deviation 

from at least three independent experiments. 

   

We next asked whether TDG’s association with chromatin fibers influences their 

ability to undergo oligomerization (also referred to as “condensation”). In vitro, individual 

chromatin fibers undergo self-association into higher-order oligomeric structures at Mg2+ 

concentrations greater than 3-4 mM, a process that mimics the formation of long-range 

intra- and inter-fiber interactions observed in native chromatin [34], [211]. We incubated 

12-mer nucleosome arrays with increasing concentrations of Mg2+, removed the 

precipitated oligomers by centrifugation and quantified the unassociated fibers in the 

supernatant. Compared to Mg2+ alone, the presence of TDG resulted in a profound increase 

in array oligomerization (Figure 4.2a). A similar affect was observed for the monovalent 

cation K+ (Figure 4.2b). Notably, significant precipitation of the arrays was observed even 

in the absence of these added salts, suggesting that TDG alone is capable of inducing 

chromatin condensation. Therefore, we excluded Mg2+ and K+ from the following 
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experiments to ensure that the observed chromatin condensation could be attributed solely 

to TDG.  Indeed, titration of 12-mer arrays with only TDG led to a concentration-

dependent increase in precipitated material (Figures 4.2c and C.3), with the midpoint for 

array oligomerization occurring at ~200 nM TDG (~3:1 molar ratio of TDG to 

mononucleosome). For comparison, the midpoint for histone H1.1-induced 

oligomerization occurred at ~50 nM (~1:1 molar ratio of H1.1 to mononucleosome). The 

fact that TDG induced both nucleosome array decompaction, as well as inter-fiber 

oligomerization, at similar concentrations suggests that these two processes are coupled. 

We chose not to incubate TDG with arrays that had been pre-bound by H1.1 because these 

proteins are localized to different chromatin domains in vivo. For instance, TDG and its 

substrates, 5fC/5caC, are primarily localized to active promoter and enhancers [64], [67], 

[68], whereas linker histone H1.1 is depleted at these sites [230], [231]. This indicates that 

TDG will most often be bound to chromatin lacking H1.1.  
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Figure 4.2: Analysis of TDG-chromatin condensates via precipitation. (a) Representative gel 

images showing the soluble fraction from Mg2+ dependent (0 – 10 mM) oligomerization 

experiments carried out in either the presence or absence of TDG. (b) The same experiment 

depicted in part (a) except with 0, 25, 50, 100, or 150 mM KCl.  (c) Percent of chromatin remaining 

in solution (un-condensed) following incubation with the indicated protein.  

 

In contrast to TDG, two related DNA glycosylases, uracil DNA glycosylase 

(UDG) and single-stranded mono-functional uracil glycosylase (SMUG1), as well as 

BSA, had no effect on chromatin solubility (Figures 4.2c and C.3). TDG-mediated array 

oligomerization still occurred in the absence of histone N-terminal tail domains (Figure 

4.3a and C.3). Thus, histones tails are not essential for TDG-mediated chromatin 

condensation. This is in contrast to linker histones, which have been shown to require the 

histone tail domains to induce oligomerization [51]. This suggests that histone H1 and 



104 

 

TDG promote chromatin condensation through distinct mechanisms. Although the histone 

tail domains were mostly dispensable for array oligomerization by TDG, nucleosome 

cores are essential, as TDG failed to precipitate free 12-mer DNA (Figure C.3). 

Importantly, we found that oligomerization is not coupled to DNA sequence, as TDG 

precipitated chromatin reconstituted from human genomic DNA (Figure 4.3d and C.4) 

and, finally, it is worth emphasizing that the nucleosome arrays employed in this study 

lack substrates for TDG base excision, indicating that catalysis is not a requirement for 

chromatin condensation.    

 
Figure 4.3: : TDG induces chromatin oligomerization independent of the histone tail domains and 

DNA sequence. (a) Agarose gel (0.6%) (left) and SDS PAGE (15%) (right) analysis of 12-NCP 

arrays following digestion with Trypsin (2.5 Units/µL) to remove histone tail domains. (b) 

Representative gel images showing the soluble fraction of various tailless 12-NCP arrays (or free 

12-601 DNA) following treatment with increasing concentrations of TDG. Histone octamer 

composition is listed top the right of each gel image. (c) Solubility plot for the experiments shown 

in part (b). Error bars represent standard deviation from at least three independent experiments. 
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We further confirmed that the insoluble TDG-complexes were in fact oligomers, 

comprising multiple chromatin fibers, using an inter-fiber FRET-based assay (Figure 4.4 

and C.5). Nucleosome arrays were labelled separately with either Cy3 (donor) or Cy5 

(acceptor) dyes via maleimide conjugation to histone H2A bearing a N110C mutation, and 

the labelled arrays were mixed in a 1:1 ratio. Upon fiber oligomerization, which has been 

proposed to involve interdigitation of nucleosomes between different fibers [232], the dyes 

become close enough in space to allow for efficient FRET [90]. We first validated the 

method using Mg2+, which is well known to induce chromatin fiber oligomerization. 

Consistently, titration of the donor/acceptor array mixture with increasing concentrations 

of Mg2+ resulted in a concentration dependent increase in FRET. Moreover, treatment of 

condensed arrays (5 mM Mg2+) with MNase significantly reduced the FRET signal (Figure 

4.4c), which is consistent with the inability of mononucleosomes to undergo Mg2+-

induced oligomerization [233]. These observations strongly suggest that the FRET system 

properly monitors inter-fiber oligomerization. We then applied the assay to TDG. 

Treatment of the donor/acceptor array mixture with 1 µM TDG, which induces nearly 

complete array precipitation (Figure 4.2.b), resulted in a pronounced increase in inter-fiber 

FRET relative to untreated arrays (Figure 4.4c). This FRET signal was similar to arrays 

treated with 5 mM Mg2+, which also induces complete array precipitation. Collectively, 

these data indicate that the observed precipitation of nucleosome arrays by TDG is indeed 

due to inter-fiber oligomerization. Interestingly, incubation of MNase-treated arrays (i.e. 

mononucleosomes) with TDG resulted in a modest reduction in the inter-molecular FRET 

signal compared to what was observed for Mg2+ (5 mM) (Figure 4.3c). This difference 
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suggests that oligomerization by TDG involves more specific bridging interactions 

between nucleosomes and TDG, and is consistent with our observation that, despite 

binding tightly to DNA, TDG requires nucleosome cores to induce array oligomerization. 

 

 

Figure 4.4: Analysis of chromatin condensation via FRET. (a) Schematic of inter-fiber FRET 

approach. (b) Mg2+-induced oligomerization of nucleosome arrays. Precipitation data (black) is 

shown on the left Y-axis, and inter-fiber FRET data (red) is shown on the right Y-axis. (c) 

Comparison of the inter-fiber FRET signal for arrays treated with Mg2+ or TDG. Error bars 

represent standard deviation from at least three independent experiments. 

 

4.1.2 The N- and C-terminal domains of TDG have opposing roles during chromatin 

condensation 

The linker histone H1.1 contains a disordered positively charged C-terminal 

domain (CTD) that is responsible for stabilizing secondary chromatin structures and 

promoting chromatin condensation [113], [228], [229]. The N-terminal domain (NTD) of 

TDG (residues 1-110; Figure 4.5), which confers enhanced DNA binding and has other 

important regulatory functions, shares a number of similarities with the histone H1.1 CTD: 

they are both highly basic, mostly disordered, and have low sequence complexity (Figure 

4.5b) [161], [215], [227]. This observation prompted us to ask whether TDG’s NTD is 

responsible for mediating chromatin condensation. Indeed, we found that deletion of 

residues 1–110 (TDG111-410) completely abolished TDG’s ability to condense nucleosome 
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arrays (Figures 4.5 and C.6). Interestingly, deletion of TDG’s CTD (residues 309–410; 

TDG1-308 and TDG82-308) had the opposite effect, instead promoting array oligomerization 

in the presence of the NTD. Notably, TDG82-308, which contained only the catalytic domain 

and a particularly basic region of the NTD (residues 82–110), was capable of condensing 

chromatin with nearly the same efficiency as histone H1.1. Given that the catalytic domain 

alone poorly oligomerized arrays (TDG111-308), this suggests that TDG’s ability to 

condense chromatin is localized to residues 82–110 of the NTD. Previous studies using 

short DNA duplexes have shown that these residues form high-affinity non-specific 

complexes with DNA [159], [234]. Thus, in the context of chromatin, it is possible that 

residues 82–110 may bind DNA between arrays to facilitate oligomerization. Our 

observation that TDG-mediated oligomerization is impaired by the presence of its full N- 

and C-terminal domains provides additional support for this mechanism, as those domains 

have been shown to destabilize non-specific interactions between residues 82–110 and 

DNA [234]. We cannot rule out, however, that TDG dimerization, which has been 

observed at very high TDG concentrations (> 1 µM) [147], contributes to array 

oligomerization. If so, our results suggest that the CTD may also destabilize this 

interaction (compare TDG111-308 to TDG111-410) (Figure 4.5c). 

In order to gain further support for a mechanism involving TDG’s NTD, we 

tethered residues 1–110 to a nucleosome-targeting peptide from the Kaposi’s sarcoma-

associated herpesvirus protein LANA (LANA-TDG1-110) [113], [235]. Remarkably, 

incubating 12-mer arrays with the LANA-TDG1-110 fusion protein induced 

oligomerization to a similar extent as full-length TDG (Figure 4.5d and C.7). This effect 
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was dependent on the attachment of TDG1-110 to LANA, as proteolytic cleavage of their 

linkage significantly impaired array oligomerization (LANA+TDG1-110). These results not 

only confirm that TDG-mediated oligomerization is derived largely from its disordered 

NTD, but also suggests that TDG’s folded catalytic domain (i.e. the “reader” domain) 

serves in this context to recruit the lysine-rich NTD to chromatin. These data are also in 

agreement with the previous finding that the NTD binds DNA regardless of whether or 

not it is attached to TDG, and through similar interactions [234]. As expected, a fusion 

protein comprising LANA and TDG’s CTD (LANA-TDG309-410) had no effect on array 

solubility. 

 
Figure 4.5: TDG-mediated chromatin oligomerization is regulated by its intrinsically disordered 

N- and C-terminal domains. (a) Disorder probability for all residues within TDG determined by 

the Protein DisOrder prediction System (PrDOS).[236] (b) Percent abundance of low complexity 

amino acids for Histone H1.1 and the indicated TDG tail domains. (c) Side-by-side comparison of 

the solubility plots for the indicated TDG deletion mutant and wild-type TDG. (d) The same 

solubility plots depicted in part (c), but for experiments conducted with TDG-LANA fusion 

constructs. Error bars represent standard deviation from at least three independent experiments. 
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4.1.3 TDG-mediated chromatin condensation is reversible 

If chromatin fiber oligomerization is driven by non-specific inter-fiber interactions 

between TDG’s NTD and DNA, it should be possible to disrupt, and thus re-solubilize, 

the resulting oligomers using competitor DNA. To test this, we treated insoluble TDG-

chromatin oligomers with increasing concentrations of free 207 bp 601 DNA and 

measured the soluble fraction. Consistent with our hypothesis, excess free DNA was 

capable of reversing array oligomerization by TDG (Figures 4.6 and C.7). Importantly, 

the 12-mer arrays remained intact throughout the precipitation and redissolution cycle 

(Figure C.7), as does TDG’s catalytic activity (Figure C.7c). Therefore, like 

oligomerization by divalent cations [58], TDG-mediated chromatin condensation is freely 

reversible. Insoluble H1.1-chromatin oligomers were also reversible by free DNA, but this 

process was much less gradual than for TDG (Figure 4.6 and C.7). This further highlights 

the different mechanisms used by these two proteins to condense chromatin. Surprisingly, 

free DNA was unable to re-solubilize arrays that had been precipitated by TDG1-308 and 

TDG82-308, indicating that reversibility is highly dependent on the presence of the CTD 

(Figure C.7). This again is consistent with the CTD acting to destabilize inter-array 

interactions between the NTD (presumably residues 82–110) and DNA, in this case being 

required to prevent irreversible oligomerization. Moreover, these data imply that reversal 

of array oligomerization by DNA does not involve TDG’s catalytic domain. 
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4.1.3.1 Growth Arrest and DNA Damage Inducible Alpha (Gadd45) 

The N- and C-terminal domains of TDG have been shown to mediate interactions 

with numerous protein partners [159], [160], [225], [235]. On the basis of our data above, 

we predict that these interactions might be capable of altering the formation and/or 

stability (i.e. reversibility) of TDG-mediated chromatin oligomers. We decided to explore 

this possibility using growth arrest and DNA damage inducible alpha (GADD45a). 

GADD45α is a low molecular weight (18 kDa) and highly acidic protein (pI = 4.36), 

present in every cell type, that has known implications in DNA repair, cell cycle 

maintenance, and epigenetic reprogramming [238]–[240]. Although a detailed 

mechanistic understanding of how GADD45α participates in these pathways is not clear, 

in vivo and in vitro data indicate this acidic protein increases DNA accessibility at the 

nucleosome and chromatin level through electrostatic interactions with the core histone 

tails (Figure C8) [239], [241]. In addition to its roles in cell growth control, genomic 

stability, and DNA repair, GADD45a has been shown to functionally and physically 

interact with TDG to promote removal of 5fC/5caC from genomic DNA [181], [237], 

[240]. Importantly, these interactions involve both the N- and C-terminal domains of TDG 

(residues 1–132 and 178–397, respectively) [237]. As before, we exposed insoluble TDG-

chromatin oligomers to increasing concentrations of GADD45a and monitored the change 

in solubility (Figures 4.6 and C.8). We found that GADD45a readily reversed array 

oligomerization by full length TDG, with nearly half the precipitated arrays becoming re-

solubilized in the presence of a stoichiometric amount of GADD45a relative to TDG.  
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Figure 4.6: TDG-mediated chromatin oligomerization is reversible. Insoluble chromatin oligomers 

were incubated with the indicated concentration of 601 DNA (a) or GADD45a (b-c), and the 

change in solubility was monitored following centrifugation. Error bars represent standard 

deviation from at least three independent experiments. 

 

Importantly, GADD45a does not re-solubilize H1.1-chromatin oligomers (Figure 

4.6c and C.8), which further demonstrates the specificity of the interaction between 

GADD45a and the disordered tail domains of TDG. GADD45a was also capable of 

reversing array oligomerization by LANA-TDG1-110, although with reduced efficiency, 

revealing that the functional protein-protein interaction involves at a minimum TDG’s 

NTD. In agreement with our DNA competition experiments, re-solubilization of TDG-

array oligomers by GADD45a was dependent on the presence of TDG’s CTD in the 

context of the full-length protein (Figure 4.6b), further supporting a model wherein TDG’s 

CTD potentiates the disruption of NTD-mediated inter-fiber interactions by external 

regulators. Collectively, these data demonstrate that TDG-mediated chromatin 

condensation can be regulated through protein-protein interactions involving its NTD (and 

presumably its CTD), and importantly, implicate GADD45a in controlling chromatin 

structural organization through its association with TDG. It is worth noting that multiple 

lysine residues within the N- and C- terminal domains of TDG undergo posttranslational 
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modification (e.g. acetylation, phosphorylation, and Sumoylation), which has been shown 

to influence TDG’s interactions with DNA and other proteins [242]. By extension of our 

results above, we anticipate that these modifications will also impact the formation and/or 

stability of TDG-mediated chromatin oligomers, thereby meriting further investigation. 

 

4.1.4 DNA methylation impairs chromatin condensation by TDG 

Finally, we tested whether TDG-dependent chromatin oligomerization was 

sensitive to the methylation status of the underlying DNA using nucleosome arrays that 

had been hypermethylated by the CpG methyltransferase MssSI (Figure 4.7a and C.9). 

We found that DNA methylation significantly impaired array oligomerization by TDG, 

with the majority of methylated arrays (~70 %) remaining soluble following exposure to 

1 µM TDG (Figure 4.7b). DNA methylation also inhibited chromatin condensation by 

LANATDG1-111, albeit to a lesser extent than with the full protein. 

 

Figure 4.7: DNA methylation inhibits TDG-mediated chromatin condensation. (a) 

Hypermethylation of CpG dinucleotides within 12-601 DNA confirmed by resistance to HpaII 

digestion (0.7% agarose). (a) Precipitation assay to monitor nucleosome array oligomerization. 

(Un)methylated nucleosome arrays were incubated with the indicated concentration of TDG, 

oligomers were removed by centrifugation, and the percentage of arrays remaining in solution was 

determined by gel electrophoresis. (b) Soluble fraction following treatment of (un)methylated 

arrays with different TDG variants (1 µM). Error bars represent standard deviation from at least 

three independent experiments.  
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In contrast, TDG variants lacking their CTD were capable of fully aggregating 

methylated arrays (Figure 4.7c). Together, these data suggest that DNA methylation 

weakens inter-array interactions mediated by TDG’s NTD, which is magnified by the 

destabilizing effects of the CTD. One possible explanation is the increased rigidity 

imparted on the DNA duplex by 5mC, which has been shown to alter nucleosome stability 

and dynamics (i.e. DNA accessibility) [76]. These changes could, for example, promote 

intra-array interactions of TDG’s NTD at the expense of inter-array binding and 

condensation. Additionally, the reduced flexibility of methylated DNA could hinder DNA 

bending by TDG [143], which may play an important role during condensation. Future 

investigations are required to determine the exact mechanism. It will also be important to 

examine how other cytosine modifications impact the ability of TDG to condense 

chromatin, particularly 5fC, which has been shown to greatly enhance DNA flexibility 

[76]. Most excitingly, these data support a potential regulatory mechanism wherein 5mC 

prevents the formation of TDG-dependent chromatin structures at methylated (or inactive) 

genomic regions in vivo. 

 

4.1.5 TDG-chromatin condensates are liquid-liquid droplets  

 

4.1.5.1 Regulation of chromatin by liquid-liquid phase separation (LLPS) 

Recent biochemical studies have revealed that some salt- (i.e. Mg2+) and protein-

induced chromatin condensates are actually phase separated liquid-liquid droplets [73], 

[113], [243], [244]. In biology, liquid-liquid phase separation (LLPS) underlies the 
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formation of membraneless compartments/organelles such as the nucleolus, P-bodies, and 

stress granules [245], [246]. This process achieves high local concentrations of proteins 

and nucleic acids relative to the bulk solution and creates compartments with specific 

functions; in the context of chromatin these compartments vary from repressed 

heterochromatin to transcriptionally hyper-active chromatin domains [53], [54], [230]. 

Proteins that induce chromatin LLPS have intrinsically disordered regions (IDRs) capable 

of forming weak, multivalent, interactions with other proteins and chromatin molecules 

that, collectively, facilitate the exclusion of water and the formation of macro-molecular 

assemblies (e.g. multi-phase systems). Based on the evidence presented above, which 

directly links the extensive IDRs of TDG to chromatin condensation, we expect TDG-

chromatin condensates are actually LLPS droplets.  

LLPS has been tossed around as a mechanism for regulating macroscopic 

chromatin organization for a while and is supported by computational models [63] and the 

high level of disorder present in native chromatin [51], [52]. Only recently, however, has 

biochemical evidence for chromatin LLPS been reported in the literature. Still, LLPS is a 

relatively new concept in the chromatin field and a standard set of in vitro and in vivo 

experiments to validate the liquid-liquid character of biomolecular condensates has yet to 

be established. The study of LLPS systems requires careful consideration and should be 

evaluated based on the criteria depicted in Table 4.1 (below). One challenge with 

confirming the presence of LLPS droplets is their shared properties with other 

macroscopic assemblies like gels, fibrils, and solid/glass-like aggregates, which 

themselves can result from LLPS droplet aging or maturation. The primary method for 
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detecting and studying LLPS systems is direct visualization by microscopy. Preliminary 

evidence to support a LLPS-driven model for chromatin regulation by TDG is provided 

in the following section. 

Table 4.1: List of four basic criteria for classifying chromatin condensates as LLPS droplets. 

  

Physiological conditions 

1. Round (spherical) droplets 

2. Concentration-dependent assembly 

3. Sensitivity to salts and aliphatic alcohols 

4. Dynamic and capable of mixing/fusing 

 

 

4.1.5.2 Characterization of TDG-chromatin LLPS droplets 

The TDG precipitation experiments described above were pre-formed in the 

presence of 25 mM NaCl, conditions that are not suited for chromatin LLPS (Figure 4.8a, 

first panel) [113]. Interestingly, when we added K+ and Mg2+
 to intracellular 

concentrations (100 mM and 2 mM, respectively) and looked at the samples with a 40× 

objective we observed robust droplet formation by all TDG variants having at least one 

intact IDR, even with TDG308-411, which failed to aggregate chromatin in precipitation 

experiments, but moderately promoted chromatin oligomerization in inter-fiber FRET 

experiments (Figure 4.8a and C.10b). TDG-chromatin (labelled with Cy3 or Cy5) 

condensates were observed in solution and on coverslips using an FL-Auto2 wide field 

imaging system or a confocal microscopy* (Figure 4.8). These preliminary findings 

demonstrate that TDG-chromatin droplets (1) form under physiological conditions and (2) 
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are round/spherical in nature. Future quantitation of droplet sphericity will confirm the 

roundness of these structures, which appear spherical to the naked eye.  

 

Figure 4.8: Visualization of TDG-chromatin LLPS droplets in vitro. (a) Wide-field fluorescence 

microscopy images of TDG-chromatin complexes in solution and (b) after being dripped onto a 

coverslip at the indicated concentrations. (c) High resolution confocal microscopy images of TDG-

chromatin complexes. 

 

The second criterion for LLPS is concentration-dependent assembly. To test if 

TDG promotes LLPS in such a manner we exposed 20 nM nucleosome arrays to 

increasing TDG. This revealed initial phase separation (i.e. condensation) occurs at 

concentrations ranging from 0.5 to 5 µM, depending on the variant used, and that droplet 

abundance, and size to some extent, appeared to increase in direct correlation to protein 

concentration (Figure C.10). As expected, trends in LLPS potency closely resembled 

solubility trends from precipitation experiments, where TDG82-308 and TDG1-308 were the 

most effective inducers of phase separation (Figure C.10). A common method for 
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demonstrating concentration-dependent assembly in the literature is through the 

construction of phase diagrams. Protein-nucleic acid phase diagrams are generated for 

two-component systems by systematically varying the concentration of one component 

while holding the other constant. Here, we generated Protein-DNA phase diagrams by 

visualizing mixtures of TDG, TDG82-308, and H1.1 with Cy5-601 DNA (Figure 4.9).  

Phase diagrams reveal a striking similarity between the phase behavior of TDG82-

308 and H1.1, pointing to a similar mechanism of DNA condensation for the cationic 

residues within TDG82-111 and the H1.1 CTD. Interestingly, full-length TDG, which differs 

from the other proteins in that it has a large, hydrophobic, and uncharged IDR (TDG309-

411), was less effective at promoting LLPS. Nonetheless, all proteins tested impacted LLPS 

at low micromolar concentrations. Before assigning biological significance to in vitro 

LLPS it is important to consider if the phase separation phenomena occurs under 

conditions (i.e. concentrations) of nucleic acid and protein that can reasonably be achieved 

in the cell. Ultimately, it is difficult to assess this component because there are a multitude 

of variables that regulate protein recruitment and distribution throughout the nucleus, 

however, the concentration regimes in which we detect phase separation are similar to, or 

substantially lower than, conditions that have been reported for other transcriptional 

regulators that promote LLPS in vitro. For instance, HP1 phase separates chromatin at >1 

µM [71], [241], BRD4 at concentrations >10 µM [113], [201], MED1 at >10 µM [201], 

VRN at > 2.5 µM [247], and H1.1 and PC4 at ratios of 1:1 with respect to individual 

nucleosome, to name a few [68], [246]. Based on these observations, and the intimate 

association of TDG with genomic elements suspected to undergo LLPS in vivo (e.g. 
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enhancers) [55], [200], [201], we believe chromatin condensation is a bona fide function 

of TDG. 

 

Figure 4.9: Protein-DNA phase diagrams. (a) Representative images depicting the method in 

which LLPS was determined. Colored spheres indicate LLPS, red X’s demarcate the absence of 

LLPS (b) Over-layed phase diagrams for TDG, TDG82-308, and H1.1. (c) Individual phase diagrams 

for the indicated proteins and a Cy5-labelled DNA (207 bp). Phase diagrams were produced as 

described [54], [245], [247], [249], [250]. 

 

 A third criteria for determining if biomolecular condensates are in fact liquid-like 

is by exposing them to aliphatic alcohols, such as 1,6-hexanediol, and salts, which have 

been used to disrupt LLPS bodies involving protein IDRs, RNA, and chromatin in vitro 

and in vivo. Weak hydrophobic contacts are disrupted by 1,6-hexanediol and ionic 

interactions are destabilized by elevated salt concentrations, thus the sensitivity of 

biomolecular condensates to these factors can provide valuable information regarding the 

contribution of hydrophobic and electrostatic interactions to droplet assembly. To test for 

effects of 1,6-hexanediol and salt on TDG-chromatin condensates we generated LLPS 
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droplets using 20 nM Cy3-chromatin and 5 µM protein as before and exposed them to 

increasing concentrations of the desired antagonist (Figure 4.10). 

 

Figure 4.10: TDG-chromatin droplets are sensitive to 1,6-hexanediol and Na+. (a) Fluorescent 

microscopy images of chromatin droplets, generated with the indicated protein (5 µM), exposed 

to increasing concentrations of 1,6-hexanediol. (b) Fluorescent microscopy images of the same 

droplets described in (a) exposed to the indicated concentration of NaCl. 

 

 Fluorescent microscopy images of chromatin droplets revealed that full-length 

TDG was extremely sensitive to 1,6-hexanediol, with droplet formation completely 

abrogated in the presence of just 0.1% alcohol (Figure 4.10a). In contrast, droplets formed 

by TDG82-308 and H1.1 were much more resilient to disruption by 1,6-hexanediol, 

suggesting that residues 309-411 of TDG contribute a hydrophobic element to chromatin 

droplets, whereas TDG82-308 and H1.1 are largely stabilized by ionic interactions. 

Consistent with this interpretation, we find chromatin droplets formed by TDG82-308 and 

H1.1 were highly sensitive to Na+
 (Figure 4.10b). We note TDG catalysis is also highly 

sensitive to ionic conditions, whereas the ability of TDG to bind DNA is not (see Figure 



120 

 

C.13 for added discussion).  Taken together, the preliminary data presented thus far in the 

form of (1) visible (sphere-like) droplets, (2) concentration-dependent threshold for 

assemble, and (3) sensitivity to disruption by hydrophobic and ionic small molecules, 

strongly point to a LLPS-model for chromatin regulation by TDG; however, additional 

quantitative investigations will ultimately be required both in vitro and in vitro.  

 The final criterion for classifying a LLPS system involves thorough interrogation 

of droplet dynamics. If the condensate is truly liquid-like then its constituent protein and 

nucleic acids should be capable of free diffusion and, therefore, should exhibit internal 

mixing profiles and viscosity properties comparable to other liquid-like systems. 

Additionally, liquid-droplets consisting of the same components should be capable of 

interacting and undergoing fusion, or some other form of binding, which leads to droplet 

growth and/or progression into fibril-, gel-, or solid-like states. In the future, fluorescence 

recovery after photobleaching (FRAP) and fluorescence lifetime measurements will be 

used to probe the phase properties of TDG-chromatin droplets. Interestingly, in 

conducting preliminary FRAP experiments we observed that droplets induced by the 

hydrophobic IDR of TDG (TDG111-410), although quite small, remained in a liquid-like 

state for extended periods of time, whereas the droplets mediated by the cationic IDR of 

TDG (TDG82-308) were only temporarily soluble, and amalgamated into gel-like 

aggregates that settled to the bottom of the sample vessel (Figure 4.11b). Consistent with 

these TDG-mediated condensates being gel- and not solid-like, we did observe minimal 

FRAP in pilot experiments (Figure 4.11).  
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Figure 4.11: : Chromatin LLPS droplets mediated by TDG mature into gel-like aggregates in an 

N-terminal domain-dependent manner. (a) Schematic depicting the expected types of TDG-

chromatin phases. (b) Droplet aging assay to detect aggregation in which the bottom of the sample 

vessel was imaged via fluorescence microscopy after a one hour incubation period. (c) Preliminary 

FRAP experiment conducted on a Cy3-labelled chromatin aggregate generated by treatment of 20 

nM arrays with 5 µM full-length TDG for > 2 hours.  
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4.1.5.3 Evolutionary basis for IDRs in TDG and BER enzymes 

More experiments are required to fully understand the liquid-like properties of 

TDG-chromatin condensates, both in vitro and in cells. Nevertheless, the importance of 

these disordered domains is  further reflected in TDG phylogenic analysis, which indicates 

that although sequence conservation is low within the NTD compared to the rest of the 

protein, the overall IDR content of the NTD remains fairly constant across species (4.13). 

We also note the apparent trend in shortening and refinement of the NTD disorder profile 

as you progress from amphibian to mammal. From an evolutionary perspective, we 

speculate the change in size and IDR profile reflects an effort to ‘fine-tune’ the entropy of 

the NTD. Low complexity IDRs are associated with high conformational entropies, 

contain little information, and are theoretically disfavored by evolution- which molds 

proteins based on structure:function-driven relationships- however, their ability to self-

interact through weak, multi-valent, interactions and form phase separated compartments 

reduces the entropic cost of other information related processes. Because IDR-dense 

phases have a large number of isoenergetic microstates (i.e. high entropy) they can form 

spontaneously and bring other proteins and nucleic acids along with them, creating 

apparent order and organization. In the case of TDG, perhaps IDR’s contribute to this form 

of organization at genomic sites that require rapid and dynamic changes in DNA 

epigenetics, something that may have played an important role in the evolution of 

hormone-responsive gene control. While TDG is the first DNA repair protein we are aware 

of that has been reported to induce chromatin LLPS, exploratory studies also led to the 
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discovery that two other BER enzymes with IDRs, APE1 and PARP1, are also capable of 

inducing chromatin LLPS (Figure C.14).  

 

Figure 4.12: Computed disorder probability and residue content for select vertebrate and yeast 

TDG homologs. Proteins were aligned based on their catalytic domain structures and the x-axis is 

labelled based of hTDG.  Percent abundance for select residues was determined only for the NTD, 

and percent similarity was calculated via ncbi protein blast alignment tool. The Gene IDs for each 

protein is provided.  

 

4.2 Conclusions 

In summary, this work provides the first evidence that TDG directly alters 

chromatin structure through its physical interactions with DNA, and further expands 

TDG’s functional repertoire to include chromatin condensation. The proposed model 

based off our findings is depicted in Figure 4.13 and our results are summarized in Table 

4.2. While the biological significance of this remarkable property remains to be 
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determined, TDG’s involvement in a number of gene regulatory pathways, such as DNA 

demethylation and transcription, suggests that chromatin remodeling by TDG will have 

important biological consequences. For example, TDG’s intrinsic ability to bind and 

locally open compact chromatin fibers may play a role in its ability to recruit and/or 

promote the activity of downstream factors during transcriptional activation, such has been 

observed for pioneering TFs [251]. Importantly, these “pioneering” activities could be 

targeted to sites enriched with 5fC/5caC, with TDG’s slow off-rate following excision 

allowing for stable recruitment of activating transcription factors and further chromatin 

opening [152], [179].  

One particularly exciting possibility offered by our results is that TDG directly 

participates in the formation of long-range chromatin fiber interactions, for example, 

between gene enhancers and promoters during transcriptional activation (i.e. chromatin 

looping). In support of this hypothesis, genome-wide studies have shown that, in response 

to 17-estradiol (E2), TDG localizes to sites that are involved in the interactions between 

promoters and enhancers of E2-responsive genes [64]. Importantly, the three-dimensional 

(3D) reorganization of E2-responsive genes upon E2 stimulation is abrogated upon TDG 

depletion, indicating that TDG plays a central role in 3D chromosomal rearrangements 

during E2-mediated transcriptional activation in vivo. Furthermore, our results support a 

phase-separation model of chromatin regulation by TDG, which is consistent with the 

interaction of TDG with E2-responsive genes known to undergo LLPS [201], [252]. To 

the best of our knowledge this is the first example of a DNA glycosylase capable of 
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regulating higher order chromatin structure, a function that has thus far been reserved for 

architectural proteins and transcription factors. 

 

Figure 4.13: Proposed model for the regulation of chromatin structure by TDG. (a) Macroscopic 

mechanism. Upon recruitment, TDG binds to linker DNA between nucleosomes and de-compacts 

the local fiber structure. As TDG molecules accumulate within an individual fiber the overall 

architecture becomes conducive for oligomerization and then, when a critical density is reached, 

TDG-bound chromatin condenses into a liquid-like state. This process is driven by the NTD and 

antagonized by the CTD, GADD45, and potentially other regulators that interact with the NTD. 

(b) TDG-level mechanism. The ability of TDG’s catalytic domain to bind DNA is enhanced by 

the positively charged NTD [159], [234]; interactions of the NTD with the same DNA as the 

catalytic domain is referred to as cis binding. Our findings suggest a new function for the NTD as 

an effector of chromatin condensation, which we propose is driven by trans DNA-binding events.  
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Table 4.2: Summary of condensation and reversibility results. Chromatin condensation 

potency was classified based off protein A50 (i.e. the concentration regimes that yield 

>50% precipitation): an A50  ≤ 250 nM is depicted as +++, an A50 between 250- 500 nM is 

depicted as ++, an A50  > 500 nM is depicted as +, and a lack of detectable precipitation is 

represented by a (-). Sensitivity to cytosine methylation (5mC) and reversibility is 

indicated as yes (Y) or no (N). ND = not determined. 
 

Protein 

Oligomerization  5mC- 

sensitive 

Reversibility 

Precipitation LLPS DNA GADD45a 

TDG ++ ++ Y Y Y 

H1.1 +++ +++ N Y N 

TDG1-308 +++ +++ N N N 

TDG82-308 +++ +++ N N N 

TDG111-308 + ND Y Y Y 

TDG308-410 - + ND ND ND 

LANA-TDG1-110 ++ ++ Y ND Y 

LANA-TDG309-410 - ND ND ND ND 

 

4.3 Materials and Methods 

 

4.3.1  General 

Restriction enzymes (EcoRV, PflMI, BstXI, DraIII-HF, HaeII, DraI), UDG, 

hSMUG, NEB Next dsDNA Fragmentase, M.SssI CpG Methyltransferase, and 

micrococcal nuclease (MNase) were purchased from New England Biolabs (Ipswich, 

MA). Maleimide- Cy3 and Cy5 dyes (cat. nos. 21380, 23380) used in the labeling of 

H2AN110C were acquired from LµMiprobe Life Science Solutions (Hunt Valley, MD). 

Sequencing grade trypsin (cat. no. 90057) was purchased from Fisher Scientific (Waltham, 

MA). Synthetic oligonucleotides were either purchased from Integrated DNA 

Technologies (IDT) or prepared by solid-phase synthesis on an Expedite 8909 DNA/RNA 

synthesizer using standard methods. DNA synthesis reagents and nucleoside 
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phosphoramidites were purchased from Glen Research (Sterling, VA). Mixed human 

genomic DNA (cat. no. G3041) was purchased from Promega Corp. (Madison, WI). 

 

4.3.2 Histone preparation and octamer refolding  

Recombinant human histones (H2AN1110C, H2A.1, H2B.1, H3.1, and H4.1) were 

expressed and purified using established protocols.1–3 Tail-less histone proteins (H3 

residues 38-135, H4 residues 17-99) were purchased from the Histone Source (Ft. Collins, 

CO). Histone H1.1 (cat. no. ab198676) was purchased from Abcam (Cambridge, MA). 

Histone H2AN1110C was fluorescently labelled with maleimide Cy3 and Cy5 dyes using an 

established protocol [101], and histone octamers were refolded and purified as previously 

described in Chapter 2. Purified histone octamers were stored at 4 °C in Octamer Buffer 

(2 M NaCl, 5 mM BME, 0.2 mM PMSF, 10 mM HEPES, pH 7.8) until further use. 

 

4.3.3 Protein expression and purification  

Full-length human TDG (410 amino acids) and truncated TDG variants were 

expressed in Escherichia coli and purified as described in Chapter 3. Expression plasmids 

for all truncated TDG variants were generated by deleting the corresponding nucleotides 

from plasmid pET28a-hTDG using inverse PCR followed by re-ligation of the linearized 

plasmid. All truncated TDG variants were confirmed to be catalytically active using a 5fC-

containing DNA duplex as described in Chapter 3 (Figure C.6) The codon optimized gene 

fragments for expression of LANA-TDG1-110, LANA-TDG309-410, and full-length human 

GADD45a (UniProt identifier: P24522) were purchased as gBlock Gene Fragments from 
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IDT and assembled by PCR as recommended by the manufacturer. The assembled DNA 

was cloned into the pET28a expression vector (Novagen) between the HindIII and NdeI 

restriction sites, generating plasmids pET28-LANA.1-110TDG, pET28-LANA.309-

410TDG, and pET28a-GADD45, respectively. Correct assembly of all plasmids was 

verified by DNA sequencing (Eton Bio, San Diego, CA). 

LANA-TDG fusion proteins were expressed and purified as other TDG variants, 

except no activity screening was carried out. For GADD45a preparation, the plasmid 

assembled above (pET28a-GADD45) was transformed into BL21 (DE3) cells and the 

outgrowth (0.8 mL) was used to seed 1 × 100 mL mL cultures of 2YT media suuplemented 

with 50 μg/mL Kanamycin. After shaking overnight at 37 °C, 25 mL of overnight culture 

was used to innoculate 4 × 1 L of 2YT media supplemented with 50 ug/mL Kanamycin. 

The cells were grown to an OD600 ~0.800 at 37 °C with vigorous shaking and expression 

was induced with 0.2 mM IPTG at 37 °C for 5 hours. Next, the cells were pelleted by 

centrifuging at 3900 RPM for 60 minutes using a swinging bucket rotor (4 °C) and the 

resulting cell pellet was resuspended in Buffer H10 (50 mM HEPES, pH 8.0, 300 mM 

NaCl, 10% glycerol, 10 mM imidazole, 5 mM BME); 40 mL of Buffer H10 was used per 

1 L of cell culture. To begin lysis, the resuspended cell pellet was frozen at -80 °C (until 

solid) and then thawed on water at 4 °C. The cells were further lysed by sonicating on ice 

for 5 minutes, and lysates were cleared by centrifugation (10,000 × g, 60 minutes) and 

subsequently filtered with a 0.2 µM syringe tip filter. The filtered lysate was applied to a 

5 mL HisTrap FF colµMn (GE Healthcare Lifesciences) equilibrated with 5 colµMn 

volµMes (CV) of Buffer H10. The protein-bound resin was then washed with a 10 CV 
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Buffer H10, then GADD45 was eluted with a linear gradient (0 →100%) of buffer H1000 

(buffer H10 supplemented with 1 M imidazole) over 10 CV. Fractions containing pure 

protein were combined and exchanged into Buffer HP50 (50 mM HEPES, pH 8, 50 mM 

NaCl 10% glycerol, 10 mM BME, 1 mM PMSF) using a 5mL HiTrap Desalting colµMn 

(GE Healthcare Lifesciences). Protein samples were stored at -80 °C until use. 

 

4.3.4  Preparation of DNA templates 

The DNA templates (12-601 and 12-601-FRET) used to reconstitute nucleosome 

arrays consisted of 12 copies of the “Widom 601” positioning sequence, each of which is 

separated by 30 bp of linker DNA (Figure C.1). These DNAs were assembled as 

previously described in Chapters 2 and 3. See Figure C.1 caption for more details. 

4.3.5 Reconstitution of mononucleosomes and nucleosome arrays.  

Reconstitution of both mononucleosomes and nucleosome arrays was carried out 

as described in Chapters 2 and 3 using histone octamers described above. Immediately 

following the reconstitution step, samples were centrifuged at 13,000 × RPM for 20 min 

and the resulting pellets were discarded. Soluble chromatin substrates were stored at 4 °C 

in buffer NB (25 mM NaCl, 0.1 mM PMSF, 10 mM HEPES, pH 7.8) for later use. 

Reconstituted arrays were analyzed by 0.6% agarose gel electrophoresis (Figures C.1b, 

C.1e, C.4b, and C.5b) and reconstituted mononucleosomes were analyzed by 5% native 

PAGE (59:1 acrylamide:bisacrylamide) (Figure C.2) to check for free DNA. Nucleosome 

arrays reconstituted from DNA template 12-601 and 12-601-FRET (Figure C.1) are 

referred to as 12-NCP and 12-NCP-FRET, respectively. 
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In the case of human genomic DNA, reconstitution by salt dialysis was conducted 

as described above, however, the histone octamer:DNA ratios were varied more broadly 

(0.5:1 – 3.0:1) to identify a suitable ratio for producing soluble nucleosome arrays. In our 

hands, a ratio of 0.75:1 (octamer;DNA) most efficiently reconstituted fragmented human 

genomic DNA into chromatin (Figure C.4). 

 

4.3.6 Nucleosome occupancy assay.  

Nucleosome saturation of arrays was confirmed by digestion of ~150 ng (~ 120 

fmol) of reconstituted arrays with 7.5 units PflMI and BstXI in buffer NB supplemented 

with 2 mM MgCl2. Free 12-601 DNAs were also digested under the same conditions, and 

both sets of samples (naked DNA and arrays) were analyzed side-by-side with native 

PAGE (5%, 59:1, acrylamide: bisacrylamide) (Figure C.1c, C.1f, and C.5c). Prior to gel 

loading, the final glycerol concentration was adjusted to 5% using a solution consisting of 

nucleosome buffer supplemented with 30% glycerol. The presence of a nucleosome band 

as well as the absence of significant free DNA (<1%) demonstrates full nucleosome 

occupancies in these reconstituted arrays.  

 

4.3.7 Micrococcal nuclease digestion of free and bound arrays 

The presence of well positioned 147 bp-nucleosomes was confirmed for 12-NCP 

arrays by complete micrococcal nuclease (MNase) digestion. Arrays (150 ng) were 

digested with 12 units of MNase, in a 20 µL reaction, for 10 minutes at 37 ˚C in buffer 

NB supplemented with 0.1 mM MgCl2. Reactions were stopped with the addition of SDS 
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loading buffer (LB) to final concentrations of 0.1% SDS and 5% glycerol. The fully 

digested DNA was analyzed on a 1% agarose gel and visualized by ethidium bromide 

staining (Figure C.4b). Nucleosome occupancy following reconstitution of human 

genomic DNA was confirmed in a similar manner. 

For the TDG protection assay (Figure 4.1d), 12-mer arrays (5 nM) were pre-

incubated with 0.1, 0.5, or 1 µM TDG in a 25 µL reaction mixture containing buffer NB 

supplemented with 0.2 mM MgCl2 for 15 minutes at 37 ̊ C. At that point, 2.7 µL of MNase 

reaction buffer (1.5 U/µL MNase and 0.2 mM MgCl2) was added and the reaction was 

allowed to proceed at 37 ˚C. Aliquots were taken at the indicated times and quenched with 

SDS LB as before. Digestion reactions were analyzed by 0.7% agarose (1 × Sodium Borate 

(SB) buffer, 195 V, 25 minutes) and visualized by ethidium bromide staining (Figure 4.d). 

Analysis of chromatin fiber compaction via intra-fiber FRET. Intra-fiber compaction 

experiments were carried out as previously reported5 using an identically labeled 

nucleosome array (12-NCP-FRET) (Figure C.1).5 Briefly, 10 nM 12-NCP-FRET arrays 

were equilibrated in buffer NB supplemented with 2 mM MgCl2 at 37 °C for 5 minutes. 

At that point, either 200 nM TDG or 500 nM FOXA1 was added, and the reaction mixture 

was incubated for an additional 20 minutes at 37 °C prior to being transferred to a Nunc 

384-Well Optical (glass) Bottom Plate (Thermofisher). The plate was imaged and 

processed as described in Chapter 3. All FRET intensities reported herein were corrected 

for spectral overlap as previously described [124], [225]. 
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4.3.8 Electrophoretic mobility shift assays (EMSA). 

The binding affinity of TDG to naked DNA and mononucleosomes was 

determined by EMSA (Figure C.2). 5’-[32P]-labelled 601 DNA or mononucleosomes (5 

nM; Figure C.2) were incubated with the indicated concentrations of TDG (0–1 μM) in 

buffer NB supplemented with 0.2 mM MgCl2 and 5% glycerol. The binding reactions were 

carried out at 37 °C for 20 minutes and were resolved by 5% native PAGE (59:1 

acrylamide:bisacrylamide), which were run at 160 V for 30 minutes at 4 °C. The gel was 

visualized using a GE Typhoon gel imager and quantified using ImageQuant TL software 

imager (GE Healthcare Lifesciences) (Figure C.2). 

 

4.3.9 Analysis of chromatin oligomerization via precipitation 

Chromatin oligomerization was determined by precipitation as previously 

described [42], [78], [90], [253]. Briefly, nucleosome arrays (5 nM) were incubated in the 

presence of the indicated protein in a reaction mixture consisting of buffer NB for 10 

minutes at 37 ˚C. Unless indicated otherwise (Figure 4.2), Mg2+ (MgCl2) was not included 

in the reaction mixture. Following the incubation, samples were centrifuged (13,000 RPM) 

at 4 ˚C for 15 minutes and an aliquot of the supernatant was combined with SDS LB and 

analyzed by 0.7% agarose gel electrophoresis (1×SB Buffer, 195 V, 20 minutes). 

  

4.3.10 Generation of histone tail deleted nucleosome arrays 

Nucleosome arrays lacking individual tail domains (Figure 4.3) were reconstituted 

using 12-601 DNA and recombinant histone octamers, refolded from either H3 or H4 tail-
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deleted proteins (globular domains only, H3 residues: 38-135 & H4 residues 17-99). 

Nucleosome arrays lacking all histone tail domains were generated via Trypsin digestion 

of intact 12-NCP arrays. Briefly, lyophilized Trypsin was dissolved in 50 mM acetic acid 

(100 ng/µL) and diluted 1:1 with 250 mM TRSI (pH 7.9). Nucleosome arrays (25 nM) 

were then digested with 0.5 ng/µL Trypsin at room temperature for 30 minutes. Reactions 

were quenched by addition of TQ buffer (final concentration: 50 ng/µL aprotinin, 0.25 

mg/mL BSA, 10 mM HEPES pH 7.8, 25 mM NaCl, 0.1 mM PMSF) and samples were 

stored on ice until time of use. Successful tail removal was confirmed by native and 

denaturing gel electrophoresis (Figure 4.3a). 

 

4.3.11 Fragmentation of human genomic DNA 

Human genomic DNA was thawed on ice, and then 20 µg was diluted into 180 µL 

of 1.1× NEB NEXT® dsDNA Fragmentase® buffer. Next, the Fragmentase stock solution 

was vortexed for 3 seconds and then 20 µL of enzyme was added directly to the DNA 

mixture, bringing the total volume to 200 µL. The final reaction mixture was vortexed for 

an additional 3 seconds, then incubated at 37 ̊ C for 8 minutes, with gentle vortexing every 

2 minutes. The reaction was quenched by addition of SDS to a final concentration of 0.1%, 

and successful generation of 0.5-3kbp DNA fragments was confirmed by agarose gel 

(0.7%) electrophoresis (Figure C.4a). The DNA was then desalted with an EconoSpin mini 

spin column (cat. no. 1920-050/250, Epoch Life Sciences) and eluted in milli-Q H2O. 
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4.3.12 Analysis of chromatin oligomerization via inter-fiber FRET 

In order to monitor FRET between arrays, two separate arrays were reconstituted 

using histone octamers labeled with either Cy3 (donor arrays) or Cy5 (acceptor arrays) 

dyes via histone H2AN1110C (Figure C.5). To allow for accurate determination of the FRET 

intensity, three separate reaction mixtures were prepared for each concentration of MgCl2 

or TDG tested:  

DA: 1:1 mixture of Donor to Acceptor arrays (FRET sample) 

DO:  1:1 mixture of Donor to unlabeled arrays (Donor only) 

AO: 1:1 mixture of Acceptor to unlabeled arrays (Acceptor only) 

All reactions contained a final chromatin concentration of 5 nM in buffer NB. Following 

the addition of TDG (or MgCl2), each sample was incubated at 37 °C for 15 minutes and 

the reaction mixture was transferred to a Nunc 384-Well Optical (glass) Bottom Plate 

(Thermofisher) for imaging. Prior to imaging, optical plates were siliconized with 

Sigmacote (Sigma Aldrich) according to the manufacturer’s instructions. All reaction 

mixtures were imaged using a Typhoon FLA 9500 multimode imager (GE Healthcare 

Lifesciences) at 100 μm resolution using the three laser settings and emission filters in the 

order indicated below: 

 F: FRET channel (532 nm ex.; 665 nm em.; PMT voltage: 675) 

 A: Acceptor channel (635 nm ex.; 665 nm em.; PMT voltage: 675) 

D: Donor channel (532 nm ex.; 575 nm em.; PMT voltage: 625) 

As before, we determined the corrected FRET (Fcorr.) intensities for TDG- and Mg2+-

treated chromatin samples using Eq. 1; where F, A, and D represent the fluorescent 



135 

 

intensities from the FRET, Acceptor, and Donor channels, respectively, from the DA 

chromatin sample containing a 1:1 mixture of donor to acceptor arrays.  

 Fcorr = F – (D • 𝛸d) – (A • 𝛸a)   

In order to account for background signal, which result from donor bleed-through into the 

acceptor emission (𝛸a), as well as background from direct acceptor excitation at the 

donor’s excitation wavelength (𝛸d), we determined 𝛸a and 𝛸d values (Eqs. 2 & 3) for each 

Magnesium or TDG concentration using the respective AO and DO samples described 

above. 𝛸a is obtained from the ratio of F and A intensities from the AO sample and 𝛸d is 

obtained from the ratio of F and D intensities with the DO sample, all of which contain 

identical Magnesium or TDG concentrations as their corresponding DA sample. 

 𝛸a = F/A    (3) 𝛸d = F/D 

 

4.3.13 Chromatin aggregation reversibility assay 

Pre-formed chromatin oligomers were generated by incubating 1 µM TDG (or the 

indicated TDG variant) with 5 nM 12-mer arrays in a reaction mixture (8 uL) containing 

buffer NB at 37 ˚C for 15 minutes. At this point, 4 uL of a solution containing either 601 

DNA or GADD45a, both at 3-times the final desired concentration (Figure 4.6, C.7, and 

C.8), was added to the mixture. After incubating for 10 minutes at 37 ˚C, samples were 

centrifuged at (13,000 RPM) at 4 ˚C for 15 minutes and an aliquot of the supernatant was 

combined with SDS LB and analyzed by agarose gel (0.7%) electrophoresis (Figure C.7, 

and C.8). 
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4.3.14 M.SssI methylation of nucleosome arrays 

For methylation reactions, 12-601 DNA (60 nM) was incubated with 0.35 U/µL 

M.SssI in CutSmart buffer supplemented with 0.4 mM SAM at 37 ˚C for 4 hours. To 

confirm CpG sites were fully methylated, a 75 fmol aliquot was digested with 10 units 

HpaII in a 10 µL reaction containing 1 × CutSmart buffer at 37 ˚C for 45 minutes. 

Following the digest, glycerol was added (5%, v:v) and the reactions were analyzed via 

agarose gel (0.7%) electrophoresis. HpaII-resistant 12-601 DNA was used in subsequent 

nucleosome reconstitutions and confirmed to form chromatin via native agarose gel 

electrophoresis. 

 

4.3.15 Statistical Analysis 

All FRET data were presented as means and standard deviations. Statistical 

analysis of intra- and inter-fiber FRET studies was conducted using GraphPad Prism 

(v8.4.2). For comparison of the corrected FRET intensities (Figure 1b and 2X) between 

samples containing either free 12-NCP arrays or 12-NCP arrays that had been 

oligomerized by TDG or Mg2+, all data sets were first compared by unpaired one-way 

analysis of variance (ANOVA), then significant differences were determined between 

each condition tested using a Tukey’s multiple comparisons test (α = 0.05). An identical 

analysis (ANOVA and Tukey’s multiple comparisons) was used to compare TDG-induced 

precipitation of wild-type and hyper-methylated arrays (Figure 5). 
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4.3.16 TDG activity assay 

TDG activity following a cycle of oligomerization was determined by adding 325 

fmol of a 5fC-containing 601 DNA (1-601-5fC49, described in Chapter 2) to pre-formed 

TDG-chromatin aggregates before or after they were incubated at 37 ˚C for 15 or 30 

minutes. Abasic sites generated by TDG were cleaved by including APE1 (35 nM) and 

0.1 mM MgCl2 in the final reaction mixture. The reactions were incubated at 37 ˚C for 45 

minutes, then quenched with Native loading buffer (5% glycerol, 0.1% SDS, 10 mM 

HEPES, pH 7.8), and nicked/intact 1-601-5fC49 were separated with 10% (29:1) Native 

PAGE (Figure C7c). 

 

4.3.17 Analysis of sequence and disorder among TDG homologs 

The disorder probability for TDG homologs were computed using Protein 

Disorder prediction System (PrDOS) and aligned using the calculated disorder 

probabilities from the catalytic domain. Mean disorder probability was calculated from 

the averaged predicted values for the TDG N-terminal domain, which considered every 

amino acid upstream of the PrDOS minima bordering the catalytic domain from each TDG 

species; this site corresponds to residue D126 in hTDG. Sequence similarities were 

determined for the same N-terminal residues, and the full-length proteins, with respect to 

hTDG via ncbi blast protein alignment. Gene IDs are as follows: S. pombe (yeast): 

2539432, T. carolina triunguis (tortoise): 112106684, X. tropicalis (tree frog): 448432 G. 

fortis (finch): 102035597, G. gallus (chicken): 395510, C. porcellus (guinea pig): 
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100724604, S. scrofa (pig):100155184, P. troglodytes (chimpanzee):452188, H. sapiens 

(human) 6996. 

 

4.3.18 Fluorescence microscopy of chromatin LLPS droplets  

If not otherwise stated, LLPS was induced by mixing protein (10 µM) and nucleic 

acid (40 nM) samples at 1:1 ratios. Proteins were prepared in buffer HP50 (10% glycerol, 

10 mM HEPES, pH 7.8, 50 mM NaCl) and combined with nucleic acid sample in 2× LLPS 

buffer (1×: 100 mM KCl, 2 mM MgCl2, 10 mM HEPES, pH 7.8, 25 mM NaCl). The final 

concentration of glycerol was 5%. Mixtures were incubated at 37˚C for 10-15 minutes, 

then transferred to either a 384-well (Nunc) glass-bottom plate or a glass coverslip. A 10 

µL volume is required for glass-plate imaging and only 1-2 µL was used to wet the 

coverslip when imaging on slides. Fluorescence microscopy images, unless otherwise 

stated, were obtained using an Invitrogen FL-Auto2 wide field imaging system (40×) 

objective. Images and videos were processed in ImageJ. 
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CHAPTER 5                                                                                                      

SUMMARY OF THE POLYCOMB REPRESSIVE COMPLEX 2 BINDS RNA 

IRRESPECTIVE OF STEREOCHEMISTRY 

 

5.1 Background 

 

5.1.1 Long non-coding RNAs 

In the central dogma of molecular biology RNA is typically depicted as simple 

mediator between genotype and phenotype but, in reality, RNA participates in almost 

every facet of gene regulation. To put in perspective the importance of RNA’s non-

messenger roles: it is estimated that ~90% percent of the genome is transcribed whereas 

only 1.5-2% these total genes encode for proteins. These non-protein coding genes account 

for rRNA, tRNA, miRNA, as well as lncRNAs, which have recently received increased 

attention due to their involvement in a wide range of genomic processes [254]–[256]. 

Indeed, transcriptomic data suggests that nature may have relied heavily on the evolution 

of lncRNA-mediated pathways to achieve biological complexity which, as mentioned in 

Chapter 1, is not correlated to the number of protein coding genes [14], [255], [257], [258]. 

In these pathways,lncRNAs are expected to function as signals, guides, decoys, scaffolds, 

or structural elements [256].  

 

__________ 
*Parts of this chapter have been reprinted with permission from Deckard III, C. E.; Sczepanski, 

J.T., Polycomb Repressive Complex 2 Binds RNA Irrespective of Stereochemistry, Chemical 

Communications, 2018, 54, 12061-12064. 
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As structural components, lncRNA molecules can function as transcriptional 

repressors by directly binding to chromatin, facilitating its condensation into a densely 

compacted state. In humans this has important functions in silencing autosomal genes that 

should only be expressed from one of the diploid chromosomes. The lncRNA Xist, for 

example, is transcribed on the inactive X chromosome (Xi) in females and coats the entire 

chromosome to facilitate its condensation into an aggregated Barr body [259]; other 

transcripts like Kcnqtot1 and Air also silence target genes by binding to chromatin in cis 

[255], [255], [260]. In addition to binding-induced silencing, lncRNAs to serve as 

molecular scaffolds and guides to recruit and maintain transcriptional repressors at 

chromatin near target genes, such as PRC2 (see 5.1.2), [255], [256], [261]. In the case of 

PRC2 and related chromatin modifiers the outcome is gene silencing but, as discussed in 

section 1.2.3.2 and Chapter 4, eRNAs (a type of lncRNA) can provide scaffolding 

functions for enzymes involved in DNA demethylation and transcription [64], [68], [181], 

and their interaction with chromatin can lead to condensed states with high levels of 

expression [55], [64], [200]. Finally, lncRNAs can function as decoys by essentially 

distracting proteins from binding chromatin or other target molecules [256]. 

 

5.1.2 Polycomb Repressive Complex 2 

The Polycomb Repressive Complex 2 (PRC2) is perhaps the most represented 

lncRNA-associated protein(s) in the literature. This multimeric protein assembly contains 

the H3K27-specific histone methyltransferase: Enhancer of Zeste Homologue 2 (EZH2). 

EZH2 catalyzes the mono-/di-/tri-methylation of H3K27(me1/2/3), which leads to 
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transcriptional silencing [262]. Fully functional PRC2 complexes also require the Early 

Embryonic Development (EED) factor, the Supressor of Zeste variant 12 (SUZ12) protein, 

and the Retinoblastoma binding protein 4/8 (Rbbp4/8); and participation from other 

subunits such as AEBP2 and JARID2 can lead to more active PRC2 complexes [262]–

[264]. The timely recruitment of PRC2 to specific loci by lncRNAs is critical for 

embryonic development, X-inactivation, and the proper maintenance of lineage specific 

genes [254], [255], [257], [263], [3]; while dysregulation of PRC2 is the cause of 

numerous cancers [263], [264]. Not surprisingly, the activity of PRC2 is tightly controlled. 

 

5.1.3 PRC2 in cancer 

PRC2 dysregulation occurs through numerous mechanisms and each is associated 

with a unique diseased phenotype. For example, PRC2 components are overexpressed in 

breast cancer, prostate cancer and melanomas; gain of function mutations in EZH2 are 

implicated in multiple lymphomas; and overexpression of lncRNAs associated with PRC2 

recruitment are linked to metastatic tumors in breast, ovarian, and esophageal cancers 

(lncRNA: HOTAIR) and neuronal melanomas (lncRNA: ANRIL), to a name a few [267]–

[272]. As a result, substantial efforts have been devoted to developing PRC2 inhibitors. 

These include active site inhibitors, allosteric inhibitors, and lncRNA anti-sense 

oligonucleotides (ASOs). Despite the presence of multiple strategies for inhibiting PRC2, 

off-target effects from small molecule HMT inhibitors and chemistry-dependent toxicities 

associated with modified ASOs still pose a challenge from a therapeutic perspective.  
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Based on recent evidence that PRC2 interacts with RNA promiscuously in vitro 

and in vivo [273]–[276], that these interactions have important gene regulatory functions 

in cancer biology [255], [257], [265], and that this interaction is antagonistic to PRC2 

catalysis [276], [277], we predicted that synthetic oligonucleotides capable of mirroring 

the RNA motifs that PRC2 bound most tightly could be potential therapeutic targets. 

Although the molecular basis for the interactions between PRC2 and lncRNAs remain 

unclear, emerging evidence now suggests that the presence of guanine (G)-rich RNA 

motifs are a key determinant for binding by PRC2. For example, Kaneko et al. showed 

that poly(G), but not poly(A), was bound by PRC2 in vitro [278]. Moreover, Wang et al. 

recently reported that PRC2 binds G > C,U >> A in single stranded RNA and has a 

preference for binding folded G-quadruplex (G4) RNA structures [275], [277]. These in 

vitro data are consistent with the preferential binding of PRC2 to RNAs containing G-

tracts in vivo [273], [274], [279].  

We believe an alternative strategy for targeting PRC2, one based on L-RNA 

inhibitors, could offer several advantages over other methods. L-nucleic acids (L-

RNA/DNA) are the synthetic enantiomer of naturally occurring D-nucleic acids [280]. 

Although they share identical physical and chemical properties, oligonucleotides of one 

chirality are unable to interact with complimentary nucleic acids of the opposite chirality 

[280], [281]. Moreover, the complete exclusion of L-nucleic acids from nature have 

rendered them “invisible” to enantioselective nucleases, and other cellular components, 

that have evolved to only recognize the natural D-form [280], [281]. In light of these facts, 
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we were motivated to ask whether the promiscuity of PRC2 towards G-rich RNAs could 

be extended to mirror image L-RNA and, specifically, L-G4 RNA structures.  

 

5.2 Results 

 

5.2.1  PRC2 binds G4 RNA independent of stereochemistry 

To initially test for potential interactions between PRC2 and L-G4 RNAs, we 

synthesized both D- and L-RNA versions of (GGAA)10, a G4- forming RNA previously 

shown to bind PRC2 with high affinity (Kd = 7.7 ± 2.4 nM) [274], [275]. For consistency, 

both enantiomers of (GGAA)10 were Cyanine 3 (Cy3)-labeled at their 5 ends (Figure D.1). 

Formation of G4 structures was confirmed by circular dichroism (CD) spectroscopy for 

both enantiomers of (GGAA)10 [209], which exhibited the expected mirror symmetry 

(Figure 5.1a) [281]. Folding of these RNAs was further verified by gel electrophoresis 

(Figure D.1). We then evaluated the ability of each enantiomer of (GGAA)10 to bind PRC2 

using an electrophoretic mobility shift assay (EMSA) (Figure 5.1b) [275]. Remarkably, 

we found that PRC2 bound with similar affinity to both D- and L- (GGAA)10 (Kd = 39 ± 5 

and 20 ± 4 nM, respectively). Moreover, the Hill coefficients were nearly identical (~4), 

suggesting that PRC2 factors bound both enantiomers of (GGAA)10 using a common mode 

of cooperativity.  
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Figure 5.1: PRC2 binds G4 RNA irrespective of stereochemistry. (a) CD spectra of D- and L-

(GGAA)10 RNAs in the presence of either 100 mM KCl (K+) or 100 mM LiCl (Li+). (b) 

Representative EMSA gels (1% agarose) of (GGAA)10 binding to PRC2 (0–1 μM). (c) Saturation 

plot for binding of either D-(GGAA)10 or L-(GGAA)10 to PRC2 in the presence of 100 mM KCl or 

(d) 100 mM LiCl. Error bars show SD (n = 3). 

 

PRC2’s broad, multi-subunit RNA binding site [275], [282], as well as its 

preference for long RNAs (>300) over short RNAs [273], suggests that PRC2 could 

accommodate multiple bound (GGAA)10 RNA motifs. However, the exact binding 

stoichiometry of PRC2:RNA is unknown and is likely to vary depending on the RNA 

target. Finally, to demonstrate that binding of L-G4 RNA by PRC2 was not unique to 

(GGAA)10, we prepared a second G4-forming RNA, (G3A4)4, and found that it too bound 

PRC2 irrespective of stereochemistry (Kd = 57 ± 5 and 52 ± 4 nM for D- and L-(G3A4)4, 

respectively) (Figure 5.2). To the best of our knowledge, this is the first reported example 

of a native RNA-binding protein (or protein of any type) recognizing L-RNA.  
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Figure 5.2: PRC2 binds similarly to both D- and L-(G3A4)4 G4 RNAs. (a) CD spectra of D- and L-

(G3A4)4. (b) Representative EMSA gels (1% agarose, 0.2 TBE supplemented with 10 mM KOAc) 

of (GGAA)10 binding to PRC2 (0–1 μM). Binding conditions were the same as described in Figure 

1b (main text). (c) Saturation plot for binding of either D- or L-(G3A4)4 to PRC2. Error bars show 

SD (n= 3). 

 

To assess the importance of a folded G4 structure on the binding of L-RNA by 

PRC2, we replaced the K+ cations in the EMSA binding buffer with Li+, which results in 

destabilization of the G4 structure. We found that the affinity of PRC2 for both D- and L-

(GGAA)10 was reduced by ~2-fold under these conditions (Figure 5.1d). This modest loss 

of affinity in the absence of a folded G4 is in agreement with Wang et al. and further 

confirms that folded L-G4 structures are not the sole determinant for PRC2 binding to G-

rich RNAs [275]. Consistently, PRC2 was able to bind tightly to both D and L versions of 

the non-G4- forming RNA (GA)20 (Kd = 66 ± 7 and 59 ± 6 nM, respectively) (Figure 5.3). 

In fact, the affinity of PRC2 for (GA)20 was similar to that of (GGAA)10 in the absence of 

K+ (i.e. no G4s). In contrast, PRC2 bound very weakly to both enantiomers of (A)40 
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(estimated Kd > 800 nM; Figure 5.4), which is consistent with its preference for G-rich 

RNA motifs. Interestingly, we found that the deoxyribose version of D- (GGAA)10, D-

(dGGAA), also bound very weakly to PRC2 (estimated Kd > 1000 nM; Figure 5.4). This 

is despite evidence that D-(dGGAA)10 forms G4 structures. This result was somewhat 

unexpected given the ability of PRC2 to bind tightly to diverse G-rich sequences, even in 

the absence of G4 structure formation [275]. Therefore, while the chirality of the sugar 

moiety is not a determinant for binding of G-rich oligonucleotides by PRC2, the identity 

of the sugar (ribose versus deoxyribose) is critical. 

 

Figure 5.3: PRC2 binds similarly to both D- and L-(GA)20 RNAs. (a) CD spectra of D- and L-

(GA)20. The spectral data for both D- and L-(GGAA)10 RNAs is overlaid for comparison. (b) 

Representative EMSA gels (1% agarose, 0.2 TBE supplemented with 10 mM KOAc) of D-(GA)20 

and L-(GA)20 binding to PRC2 (0–1 μM). Binding conditions were the same as described in Figure 

1b (main text). (c) Saturation plot for binding of either D- or L- (GA)20. Error bars show SD (n= 

3). 
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Figure 5.4: PRC2 binds weakly to (A)40 and D-(dGGAA)10. (a,b) CD spectra of both enantiomers 

of (A)40 and the D-(dGGAA)10, respectively. c) Representative EMSA gels (1% agarose, 0.2 TBE 

supplemented with 10 mM KOAc) of D-(A)40, L-(A)40, and D- (dGGAA)10 binding to PRC2 (0–2 

μM). Binding conditions were the same as described in Figure 1b (main text). (d) Saturation plot 

for binding of D-(A)40, L-(A)40, and D-(dGGAA)10 to PRC2. Error bars show SD (n= 3). 

5.2.2 D- and L- RNA G4s share the same PRC2 binding 

Because D- and L-(GGAA)10 are simply mirror images of each other, we reasoned 

that they bind to the same site on PRC2. This is important because it implies that L-RNA 

could potentially inhibit PRC2 from binding endogenous D-RNA targets. To test this 

hypothesis, we carried out competition assays in which increasing concentrations of 

unlabeled L-(GGAA)10 was added to pre-formed complexes of PRC2 and Cy3-labeled D-

(GGAA)10, and vice versa (Figure 5.5). These data revealed that both D- and L-(GGAA)10 

could outcompete their respective enantiomers for binding to PRC2. However, the L-

(GGAA)10-PRC2 complex was somewhat more resistant to higher concentrations of 

competitor than its D-RNA counterpart, which may reflect the slightly higher affinity of 

L- (GGAA)10 for PRC2 as compared to D-(GGAA)10 (Figure 5.1). As expected, L-(A)40 
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failed to compete against both enantiomers of (GGAA)10, even when present in 1,000-fold 

excess (Figure 5.5). Taken together, these data strongly suggest that the same RNA-

binding site on PRC2 recognizes both D- and L-(GGAA)10 RNA and, based on their similar 

binding properties, we conclude that it does so independent of nucleic acid chirality. 
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Figure 5.5: Both L- and D- versions of (GGAA)10 bind to the same site on PRC2 (a). Pre-formed 

PRC2-D-(GGAA)10 complexes are disrupted by L-(GGAA)10 and vice versa (b). (c) Competitive 

binding experiments for L-(A)40 versus pre-formed PRC2- (GGAA)10 complexes.  

 

5.2.3 L- RNA G4s antagonize PRC2-substrate complex formation 

Motivated by the above results, we next asked whether L- (GGAA)10 could inhibit 

PRC2 from binding the long noncoding (lnc)RNA HOTAIR, a bona fide in vivo target 

required for PRC2 occupancy and H3K27 trimethylation of the HOXD loci and many 

other genomic sites [254], [255], [257], [283]. HOTAIR is also overexpressed in numerous 

human cancers and has been shown to promote breast cancer invasiveness and metastasis 

in a manner that is dependent on PRC2 [284]–[286]. Thus, disrupting the PRC2-HOTAIR 

interaction represents a promising approach for developing effective cancer therapy. For 

these studies, we employed the first 300 nucleotides from the 5 end of HOTAIR 

(HOTAIR-300), which was previously shown to bind PRC2 in vitro (Figures 5.6 and D.4) 

[255], [273], [279], [287]. As before, we titrated unlabeled L-(GGAA)10 with pre-formed 
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complexes of PRC2 and Cy5-labeled HOTAIR-300 (Figure 5.6). At a stoichiometric 

concentration of L-(GGAA)10 relative to PRC2 (250 nM), we observed almost complete 

dissociation of HOTAIR-300 from PRC2. Similar results were obtained using D- 

(GGAA)10, whereas L-poly(A)40 failed to compete (Figure 5.6). These results demonstrate  

that L-(GGAA)10 is an effective inhibitor of lncRNA-PRC2 interactions and 

further support a common binding site for both D- and L-RNA.  

 

Figure 5.6: L-(GGAA)10 outcompetes native substrates for binding to PRC2. (a) Schematic 

depiction of Cy5-labelled domain I (nucleotides 1-300) of the lncRNA HOTAIR. Internal Cy5 

dyes were installed via NHS ester coupling to 5-aminoallyl UTP, which was stochastically 

introduced during transcription. (b) Pre-formed complexes between PRC2 (250 nM) and 

HOTAIR-300 (25 nM) are disrupted by L-(GGAA)10 and (c) D-(GGAA)10, but not (d) L-(A)40.   

 

Recent studies have shown that native D-RNA, including D-(GGAA)10, is able to 

disrupt the association of PRC2 with both naked DNA and nucleosomes in vitro, 

suggesting that RNA and chromatin share the same or mutually exclusive binding sites on 

PRC2 [275], [287]. In line with these studies, we tested whether L-(GGAA)10 could also 

prevent PRC2 from binding to chromatin. For these experiments, we employed a Cy5-

labeled 12-mer oligonucleosome array reconstituted in vitro using recombinant human 

histones (Figures 5.7, D.3, and D.4). We found that L-(GGAA)10 was able to disrupt pre-
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formed complexes between PRC2 and the oligonucleosome array in a concentration-

dependent manner, with no discernable PRC2-chromatin complexes remaining upon the 

addition of a stoichiometric concentration of L-(GGAA)10 relative to PRC2 (1 μM) (Figure 

5.8). Again, these results closely mirrored those obtained using D-(GGAA)10 (Figure 5.8). 

Thus, we conclude that, like native D-RNA, the interaction of PRC2 with L-RNA and 

chromatin is mutually antagonistic. 

 

Figure 5.7: L- and D- RNA G4s antagonize chromatin binding by PRC2. (a) Pre-formed complexes 

between PRC2 (1000 nM) and a 12-mer oligonucleosome array (8 nM) are disrupted by L-

(GGAA)10 and (b) D-(GGAA)10.  
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5.3 Conclusions, Outlook, & Broader Impact 

In summary, we demonstrated that PRC2’s promiscuous binding to RNA extends 

to mirror image L-RNA, thereby providing the first evidence that native proteins are 

capable of recognizing L-oligonucleotides. Remarkably, we found that PRC2 bound 

similarly to both enantiomers of G4-forming RNAs, suggesting a chirality-independent 

mode of recognition. This unexpected and wholly novel finding dramatically broadens the 

definition of “promiscuous” RNA binding, which now must be expanded to include 

nucleic acid chirality. Previous studies have shown that native D-RNA is capable of 

inhibiting PRC2’s methyltransferase activity by preventing it from binding its nucleosome 

substrates [275]. Thus, our discovery that D- and L-RNA bind competitively to the same 

site on PRC2 opens the door for therapeutic targeting of PRC2 using nuclease-resistant L-

G4 RNAs [280], [281], [288], [289]. An important next step towards achieving this goal 

will be to demonstrate that L-G4 RNAs inhibit PRC2 methyltransferase activities in vitro 

and in human cells.  

Importantly, our discovery that a native RNA-binding protein recognizes L-RNA 

challenges the prevailing assumption that L-oligonucleotides are “invisible” to the 

stereospecific environment of the cell and implies that protein interactions should be taken 

into consideration when designing L-oligonucleotides for intracellular applications. Given 

the large number of proteins that have been shown to interact with nucleic acids in a 

nonspecific or “promiscuous” manner [290], it is reasonable to predict that the 

stereochemical promiscuity observed herein is not unique to PRC2. Therefore, it will be 

important to undertake future efforts aimed at identifying additional proteins that are 
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capable of interacting with L-RNA (and L-DNA), which if successful will contribute to 

the future development of intracellular L-oligonucleotide technologies and may ultimately 

lead to new therapeutic opportunities. The application of structured, guanine-rich, L-RNA 

oligonucleotides as inhibitors of PRC2 was also successfully patented through our efforts. 

 

5.4 Materials and Methods 

 

5.4.1  General 

The DNA and RNA oligonucleotides were either purchased from Integrated DNA 

Technologies (IDT, Coralville, IA) or prepared using an Expedite 8909 DNA/RNA 

synthesizer. Oligonucleotide synthesis reagents, D-nucleoside phosphoramidites, and 

Cyanine 3 (Cy3) phosphoramidite were purchased from Glen Research (Sterling, VA), 

and L-nucleoside phosphoramidites were purchased from ChemGenes (Wilmington, Ma). 

All oligonucleotides were purified by polyacrylamide gel electrophoresis (PAGE) and 

desalted by ethanol precipitation; the purity and integrity of each oligonucleotide was 

confirmed with mass spectrometry (Novatia, Newton, PA). Polycomb Repressive 

Complex 2 was purchased from Active Motif (Carlsbad, CA). N-Hydroxysuccinimide 

(NHS) ester of Cyanine 5 (Cy5) used in the labeling of HOTAIR was acquired from 

LµMiprobe Life Science Solutions (Hallendale Beach, FL). 
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5.4.2 Electrophoretic Mobility Shift Assays (EMSA) 

Prior to use, Cy3-labeled oligonucleotides (Appendix D) were diluted to 100 nM 

in TE Buffer (10 mM TRIS pH 7.5, 1 mM EDTA) and denatured at 95 °C for 10 minutes 

before being snap cooled on ice for 5 minutes. The oligonucleotides were then diluted to 

50 nM in PRC2 binding buffer (50 mM Tris pH 7.4, 100 mM KCl, 2.5 mM MgCl2, 0.1 

mM ZnCl2, 2 mM BME, 0.1 mg/mL BSA, and 5% glycerol) and allowed to fold at 37 °C 

for 30 minutes. In some instances, the KCl was replaced with LiCl (see Figure 5.1). The 

oligonucleotides were then diluted to 2 nM into individual binding reactions (10 μL) 

containing PRC2 binding buffer and increasing concentrations of PRC2 (0.1–1000 nM). 

Binding reactions were carried out at 30 °C for 30 minutes and bound and unbound 

fractions were subsequently separated by 1% agarose gel electrophoresis (0.2 X TBE 

supplemented with 10 mM KOAc or LiOAc as indicated). Agarose gels were run at 4 °C 

for 75 minutes at 44V. The gels were visualized using GE Typhoon gel imager using the 

Cy3-emmision filter (excitation: 532 nm; PMT: 950 V) and quantified using ImageQuant 

TL software.  

We found that the proximity of the Cy3 dye to the terminal guanosines within our 

G4 RNAs resulted in fluorescent quenching (~2.5-fold). However, upon PRC2-binding, 

an increased Cy3 emission was observed that we attributed to exclusion of the dye from 

proximal guanosine residues. This phenomenon has been observed previously for G-rich 

sequences.3,4 To account for this phenomenon in our calculations, we corrected all 

unbound fluorescent intensities by a factor equal to the maximµM Cy3-signal as measured 

in the presence of saturating PRC2 divided by the fluorescence of unbound Cy3-RNA. 
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5.4.3  Circular dichroism (CD) spectroscopy 

For CD experiments, oligonucleotides (9.8 μM) were folded as described above in 

a buffer containing 2 mM sodiµM phosphate (pH 7.0), 0.1 mM EDTA, and 100 mM of 

either KCl or LiCl as indicated. Data were obtained from a 450 μL sample in a quartz 

cuvette using an Applied Photophysics Chirascan spectrophotometer (Leatherhead, 

England) at 1 nm intervals from 220 to 370 nm. All data were collected at a constant 

temperature of 23 °C. 

 

5.4.4 (GGAA)10 competition assay. 

Complexes of PRC2 (100 nM) and Cy3-labeled (GGAA)10 (10 nM) were pre-

formed in PRC2 binding buffer as described for EMSAs (30 minutes at 30 °C). 

Competitive binding experiments were carried out by adding variable concentrations (10–

1300 nM) of unlabeled D-(GGAA)10 competitor to the pre-formed PRC2-Cy3-L-

(GGAA)10 complexes (or vise versa), and the reaction was allowed to proceed for 30 

minutes at 30 °C. Bound versus unbound fractions were subsequently separated by 1% 

agarose gel electrophoresis (0.2 X TBE supplemented with 10 mM KOA) and quantified 

as described above. 

 

5.4.5 HOTAIR-binding and Competition assay 

A DNA fragment representing the first 300 nt of HOTAIR (HOTAIR-300) was 

prepared via PCR assembly using gBlocks Gene Fragments (IDT; Coralville, IA). The 

resulting DNA was added directly into a 100 L transcription reaction containing 10 U/L 
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T7 RNA polymerase, 0.001 U/L Inorganic pyrophosphatase (IPP), 25 mM MgCl2, 2 mM 

spermidine, 10 mM DTT, 40 mM Tris (pH 7.9), and 5 mM of each of the four NTPs, 

where 5-aminoallyl-UTP (Thermo Fisher Scientific, Waltham, MA) was supplemented in 

the transcription reaction at 0.5 mM. The reaction mixture was incubated at 37 °C for 2 

hours, then enzymes, DNA, and unincorporated NTPs were removed using a Quick-RNA 

Mini Prep Plus Kit (Zymo Research, Irvine, California) and pure HOTAIR RNA was 

obtained in 1 X TE buffer. We then used the internally positioned amine functional groups 

(on the 5-aminoallyl-UTP) to couple a Cy5 NHS-ester (LµMiprobe Life Science 

Solutions, Hallendale Beach, FL) using the provided procedure. For the competition 

experiments, HOTAIR-PRC2 complexes (25 and 250 nM, respectively) were pre-formed 

in PRC2 binding buffer as described for EMSAs, and unlabeled (GGAA)10 or (A)40 

competitor RNA was added in 3-fold increments from 1 nM to 3 µM. (Figure 5.6). Bound 

versus unbound fractions were subsequently separated by 1% agarose gel electrophoresis 

(0.2 TBE supplemented with 10 mM KOA) and quantified as described above. 

 

5.4.6  Assembly and Characterization of Cy5-labelled 12×601 arrays 

Human histone proteins were expressed and purified as described in Chapter 2 and 

the Cy5-labelled nucleosome array was assembled using our recently published “plug and 

play” approach.2 Briefly, we utilized two internally positioned nicking endonuclease sites 

(Nt. BstNBI) within the fifth 601 unit (N5) of the 12 601 array (Figure 5.7) to generate 

two single-stranded breaks flanking a region of 28 nucleotides (nt). The dual-nicked 12-

601 array DNA was then mixed with 20-fold excess of a Cy5-labelled (internally) 
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oligonucleotide insert consisting of a sequence identical to the 28 nt fragment generated 

by the Nt. BstNBI nicking endonuclease. The mixture was then heated at 80°C for 20 

minutes before being cooled to room temperature at -1°C/min. Following the annealing 

step (~1 hour), T4 DNA ligase and ATP (2 mM final concentration) were added to the 

mixture to reseal the nicks and generate an intact DNA strand. The efficiency of the 

exchange process (nicking, insertion, and ligation) was carefully monitored in order to 

ensure complete insertion of the modified oligonucleotide (see Figure 5.7). 

Oligonucleosome reconstitutions were carried out via salt dialysis and the arrays were 

purified by selective Mg2+ -induced precipitation. Nucleosome saturation was confirmed 

by selective restriction enzyme digestion (Figure 5.7). 

 

5.4.7 Chromatin-binding and Competition assay 

In order to confirm that PRC2 was capable of binding the Cy5-labled 

oligonucleosome array, we performed an EMSA using the same conditions described for 

the (GGAA)10 binding experiments (Figure D.4). Using 8 nM arrays, we found that 1:1 

PRC2-chromatin complexes were initiated at PRC2 concentrations 500 nM), we observed 

non-stoichiometric binding by PRC2, resulting higher molecular weight complexes that 

migrated significantly slower than unbound chromatin when analyzed by agarose gel 

electrophoresis (0.7%). For the competition assay, we chose a concentration of PRC2 that 

resulted in a clearly visible interaction by gel electrophoresis (1000 nM PRC2) and 

generated PRC2-chromatin complexes by incubating PRC2 with the Cy5- labeled array (8 

nM) at 30 °C for 30 minutes in PRC2 binding buffer. We then added unlabeled competitor 
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(GGAA)10 RNA in 3-fold increments from 1 nM up to 3 µM and analyzed the results by 

0.7% agarose gel electrophoresis (0.2 TBE, 10 mM KOAc, 44 V, 5 hours) (Figure 5.8). 
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A) APPENDIX                                                                                                    

CHAPTER 2 SUPPLEMENTARY DATA 

 

A.1 Supplementary Text 

In order to gain insight into mechanisms of BER on chromatin, several previous 

studies have measured the combined activities of UDG and APE1 on mononucleosomes 

containing precisely positioned dU residues [122], [154]. During BER, UDG specifically 

recognizes and removes uracil bases in DNA resulting in formation of an abasic site, which 

is subsequently cleaved by APE1 in order to generate a nicked substrate for downstream 

processing [135]. In general, the catalytic activities of both enzymes are reduced on 

nucleosome substrates as compared to naked DNA [134], [160], [291]. This is attributed 

to reduced flexibility of the DNA when associated with histones, as well as steric 

hindrance by the histones globular and tail domains when the DNA is folded into 

nucleosomes [160]. Furthermore, the extent of inhibition is dependent on the rotational 

setting of the lesion, such that dU residues having their phosphate backbones oriented 

away from the histone octamer surface (referred to as outward facing) are converted to 

product more rapidly than those facing inward.  

Despite these prior investigations, however, a detailed analysis of the impact of 

higher order chromatin folding on BER has not been reported using site-specifically 

damaged systems. This is because the vast majority of studies have been carried out on 

damaged mononucleosomes, which are incapable of folding into native chromatin 

structures. We are aware of only a single in vitro study addressing BER within the context 
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of folded chromatin (Nakanishi et al.; [212]). Despite the significance of this study, the 

authors utilized stochastically damaged nucleosome arrays as substrates, thereby 

precluding precise quantification of BER efficiency at specific damage sites. Therefore, 

whether conclusions based on these previous systems accurately reflect BER in vivo 

requires further consideration. Thus, having assembled site-specifically damaged 

nucleosome arrays, we set out to characterize the influence of the local chromatin 

environment, and in particular, the degree of chromatin compaction, on the initial steps of 

BER. 

Using the two dU containing nucleosome arrays prepared above (12-NCP-dU49 

and 12-NCP-dU88, Figure 2.1), we assessed the efficiency of uracil removal by the 

combined activities of UDG and APE1 within the context of multiple distinct chromatin 

states. In order to facilitate analysis of the UDG/APE1 digestion products by gel 

electrophoresis, the corresponding dU containing 12×601 DNA templates (12- 601-dU49 

and 12-601-dU88) were assembled from 12-601-Nt and 12-601-Nb, respectively, using 

5′-[32P]-labeled oligonucleotide inserts (Table A.3) and subsequently reconstituted into 

oligonucleosome arrays as described above. In our assays, both naked DNA and 

oligonucleosome arrays (4 nM) containing the positioned lesion were treated with UDG 

and APE1 (1 nM each), resulting in the formation of a singlestrand break at the damage 

site. Following the reaction, the dU-containing 5′-[32P]-labeled insert was specifically 

excised from the larger 12×601 array using the corresponding nicking endonuclease, and 

the products were resolved by denaturing gel electrophoresis (Figure A.13 and A.15). 

Distilling the large chromatin complex down to a short (< 40 nt) radiolabeled fragment 
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greatly simplifies the analysis of the UDG/APE1 digestion reaction and highlights another 

advantage of our plug-and-play approach. Complete removal of the damaged insert from 

the 12×601 DNA template was confirmed by the absence of high molecular weight bands 

in the gel (Figure A.15). In order to determine the impact of chromatin compaction on the 

activities of UDG/APE1, our precisely damaged nucleosome arrays (12-NCP-dU49 and 

12-NCP-dU88) were digested in the presence of either 0.2 or 2 mM Mg2+. Nucleosome 

arrays take on an extended beads-on-a-string conformation in the presence of 0.2 mM 

Mg2+, representing an accessible chromatin state (i.e., euchromatin). However, in the 

presence of 2 mM Mg2+, nucleosome arrays fold into maximally compact fibers similar to 

condensed chromatin in vivo (i.e., the 30 nm chromatin fiber) [34], [211], [232]. Indeed, 

AFM images of the damaged 12-mer arrays confirm that they are highly compacted at 2 

mM Mg2+ (Figure A.11). In addition to the damaged arrays, a similar set of digestion 

reactions were carried out on mononucleosome substrates (1-NCP-dU49 and 1-NCP-

dU88) containing identically positioned dU modifications (Figure A.3). By comparing 

UDG/APE1 digestion efficiencies between these two types of chromatin substrates (i.e., 

mononucleosomes and arrays), the impact of chromatin folding was readily separated 

from the intrinsic inhibitory effects of the underlying histone octamer. We first examined 

the series of substrates containing dU49, which is positioned within the nucleosome core 

and is outwardly oriented in relation to the histone octamer surface. In the presence of 0.2 

mM Mg2+, the combined action of UDG/APE1 cleaved both mononucleosomes (1-NCP-

dU49) and nucleosome arrays (12-NCP-dU49) containing dU49 at nearly equivalent rates 

(2.8 ± 1.4 and 1.9 ± 0.5 min−1 , respectively), which was ∼2−3-fold slower than the rate 
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observed for digestion of the corresponding naked DNA (12-601-dU49; Figure A.14). The 

total extent of digestion was also similar for both chromatin substrates (∼60%). This result 

indicates that accessibility of dU49 within the extended nucleosome array is dictated 

almost exclusively by the underlying histone octamer (i.e., nucleosome 5), whereas 

neighboring nucleosomes have little effect on the rate of BER. In contrast, when the 

concentration of Mg2+ was increased to 2 mM, which induces compaction of the extended 

array, cleavage of dU49 by UDG/APE1 was dramatically inhibited in the nucleosome 

array as compared naked DNA (Figure A.14). Indeed, the observed initial rates for these 

digestion curves (0.6 ± 0.1 and 14.1 ± 3.8 min−1, respectively) indicate that dU49 was 

digested at least 20-fold slower within compacted chromatin than within the naked DNA 

substrate. This is despite an overall increase in UDG/APE1 activity (∼2-fold) as a result 

of increased Mg2+ concentration [292]. The reduced UDG/APE1 efficiency is not due to 

array aggregation, because a chromatin oligomerization assay[89] failed to detect 

significant precipitation of a oligonucleosome array under the assay conditions (Figure 

A.9). Importantly, digestion of dU49 within the compact array (12-NCP-dU49) proceeded 

∼8-fold slower than on the corresponding mononucleosome substrate (1-NCP-dU49), 

suggesting that inter-nucleosome interactions are the major contributor of the inhibition 

observed at this site. This observation is significant because it implies that chromatin 

conformational dynamics, and regulators there of (e.g., histone PTMs), are likely to 

contribute to the rate of BER in vivo. In order to confirm that the observed inhibition was 

a direct result of inter-nucleosome interactions and chromatin folding, the UDG/APE1 

digestion experiments above were repeated using nucleosome arrays reconstituted from 
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histone octamers lacking the H4 N-terminal tail (residues 1−19). The H4 tail domain 

mediates chromatin compaction through contacts with the H2A acidic patch on an adjacent 

nucleosome [26], [213]. Therefore, deletion of the H4 tail significantly impairs Mg2+-

induced compaction of nucleosome arrays without influencing the stability of individual 

nucleosome core particles [33]. In the presence of 2.0 mM Mg2+, the tail-less array was 

digested ∼14- fold faster by UDG/APE1 than the array containing full-length histone H4 

(Figure A.14), indicating that UDG/APE1 activity could be rescued by disrupting 

chromatin compaction. In contrast, deletion of the H4 tail had a modest effect on the 

digestion efficiency of dU49 within mononucleosomes (80%) within the 12-mer array is 

sequestered within nucleosomes, which effectively reduces the amount of DNA that UDG 

and APE1 must sample prior to finding the damaged site. Alternatively, compaction of the 

damaged DNA into a 30 nm fiber, which is expected to increase molecular crowding and 

effective DNA concentration around the lesion [45], may promote a facilitated diffusion 

search mechanism by UDG/APE1, thereby increasing the efficiency of lesion 

identification and repair [144], [293], [294]. Regardless of the mechanism, these data 

presented here suggest that densely packed chromatin environments (i.e., 

heterochromatin) may promote the initial steps of BER. Given that BER within linker 

DNA is not well characterized, this is the first study examining BER of a site-specifically 

positioned DNA lesion within an oligonucleosome array, it will be important to investigate 

how the position of a DNA lesion within the linker region, as well as the “linker histone” 

H1 [119], [155], affects the activities of BER proteins in the context of different chromatin 

architectures. Using stochastically damaged 12-mer nucleosome arrays as BER substrates, 
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Nakanishi et al [212]. previously reported that the combined activities of UDG and APE1 

are only modestly inhibited (∼2−3-fold) within compact chromatin. This observation led 

the authors to conclude that DNA base damage within heterochromatin remains mostly 

accessible to UDG/APE1, and thus the initial steps of BER do not require significant 

disruption of chromatin structure. However, the data presented above using site-

specifically modified arrays (Figure 4), which provides a much higher resolution analysis 

of BER, now suggests otherwise. Indeed, we showed that the rate of uracil removal by 

UDG/APE1 within compacted nucleosome arrays varied by as much as 70-fold between 

the two positions tested (Figure A.14). Thus, we conclude that damaged DNA within 

heterochromatin does not remain mostly accessible to BER initiation, but rather the 

accessibility varies significantly in a position-dependent manner.  

 

A.2 Supplementary Methods 

 

A.2.1  Imaging of reconstituted arrays using Atomic Force Microscopy (AFM) 

 Structural characterization of the nucleosome arrays were performed via 

topographic atomic force microscopy (AFM) imaging in an Agilent 5500. Tapping mode 

was operated in a dry nitrogen environment (relative humidity 0.1%) to eliminate capillary 

effects. The nominal tip radius was 10 nm, the spring constant was typically ~50 N/m 

(Aspire conical tips, CT170R), and the setpoint for imaging was 4 V – 6 V. Image analysis 

was done in the software program Scanning Probe Imaging Processing (SPIP). Sample 

plates were newly prepared before each imaging session. Poly-L-lysine (PL) was 
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deposited on freshly cleaved mica by dropcasting 30 µL of a 10 µg/mL aqueous solution 

for a 30 second incubation, then rinsing from the surface with nanopore water (18.2 

MΩ•cm, Barnstead) and drying under flowing nitrogen. Three types of samples were 

prepared for structural characterization: 1) the extended state chromatin, 2) compacted 

state chromatin, and 3) the chromatin-enzyme (APE1) complex. For each case, the final 

concentration of sample was 0.25 nM in low salt buffer (25 mM NaCl, 0.1 mM PMSF, 10 

mM HEPES pH 7.8) and the sample was cross-linked with 0.1% (v/v) glutaraldehyde (EM 

grade, Electron Microscopy Science) overnight on ice. For extended state imaging, 30 µL 

of sample was drop-casted over poly-L-Lysine coated mica for a 1 min incubation time, 

then gently washed with nanopure water and dried under flowing nitrogen. For compact 

state imaging, the sample was incubated with 2 mM MgCl2 for 30 minutes on ice before 

cross-linking, the rest of 98% saturation. This further validates the biochemical results 

obtained with the 12-NCP-dU49 chromatin.  

AFM characterization of 12-NCP-dU88 identified 42 well-resolved strands in 

four, 1 µm x 1 µm scans (Figure A.10-A.12). In the higher resolution images (250 nm x 

250 nm scan) all 12 individual nucleosomes were visible along with the linker DNA 

(Figure A.10). The heights of the nucleosomes were measured to be 2.2 nm – 3.5 nm and 

the height of the DNA was determined to be ~0.8 nm (Figure A.10). Out of the 42 well-

resolved strands, 36 were fully saturated, while 3 of the arrays were missing a single 

nucleosome. An additional 3 substrates lacked 2 nucleosomes. Thus, of the 504 

nucleosome positioning sequences present in the 42 arrays characterized, 495 were 
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wrapped into a nucleosomes, yielding >98% nucleosome occupancy. This further 

validates the biochemical results obtained for the 12-NCP-dU88 chromatin.  

AFM imaging of both the 12-NCP-dU49 and 12-NCP-dU88 chromatin substrates 

in the presence of 2 mM MgCl2 revealed that both arrays adopted a more ‘compacted’ 

conformation, representative of heterochromatin (Figure A.11). In the compacted 

individual nucleosomes and the linker DNA were not well-resolved. However, these 

images confirmed that when the samples were prepared in the presence of MgCl2 the 

strands were folded into a compact structure representative of the 30 nm fiber. These 

observations are in accordance with previous reports that considered the compaction of 

native and in vitro reconstituted chromatin [45], [46], [295]. 

AFM imaging of APE1-treated 12-NCP-dU49 resulted in the identification of two 

extended arrays bound by APE1 on the N5 nucleosome (Figure A.12). Our ability to 

identify additional complexes was likely complicated by our use of Mg2+ precipitation to 

remove excess enzyme from the sample prior to fixing and imaging. Magnesium promotes 

APE1 turn-over and dissociation from AP sites , making it challenging to trap the complex. 

Nevertheless, to the best of our knowledge, this is the first time BER on chromatin (i.e. 

oligonucleosome arrays) has been imaged at single-molecule resolution.  

The first APE1-bound array was completely saturated and shows APE1 localized 

to N5 (250 nm x 250 nm high resolution scan, Figure A.15). The stacking arrangement of 

APE1 and the underlying nucleosome was very distinct, as APE1 was laterally offset on 

top of N5, with a combined height of ~5 nm. The stacking observed in APE1-bound 

samples was unique compared to AFM images of unbound arrays, where the stacking of 
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multiple nucleosomes results in a vertical alignment. In the second APE1-chromatin 

complex (250 nm x 250 nm high resolution scan, Figure A.12), the chromatin substrate 

had eleven nucleosomes with APE1 bound at the N5 nucleosome with similar laterally 

offset stacking. Importantly, even though the second APE1-bound chromatin was not 

completely saturated, the nucleosome containing the AP lesion (N5) was occupied by 

histone octamer. The images reported here of chromatin bound with APE1 at N5 provides 

further evidence for the authenticity of our sample.  

No APE1-chromatin complexes were identified in AFM images obtained using 

undamaged oligonucleosome arrays (12-NCP-Nt) (Figure A.12). In four 1 µm x 1 µm 

scans (Figure A.12), 16 well-resolved strands were identified. In the 250 nm x 250 nm 

higher resolution scan (Figure A.12), 12 individual nucleosomes were visible, with heights 

measured to be 2.3-3.1 nm. Out of the 16 well-resolved strands, 11 were fully saturated. 

Most importantly, in areas where clusters of nucleosomes appeared vertically stacked, 

there was no observed lateral offset that would be characteristics of the nucleosome-APE1 

complex. 

 

A.2.2  UDG/APE1 digestion 

Reaction mixtures contained 4 nM of the appropriate substrate, 25 mM NaCl, 0.1 

mM PMSF, 10 mM HEPES, pH 7.8, and either 0.2 or 2 mM MgCl2. Reactions were 

initiated by adding UDG and APE1 (1 nM each) and incubated at 37 ºC for 0 to 60 minutes. 

For mononucleosome samples (1-NCP-dU49 and 1-NCP-dU88), reactions were 

supplemented with 44 nM (11 equivalents) of undamaged mononucleosomes such that the 
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ratio of damaged to undamaged mononucleosomes, as well as total number of 601 units, 

was identical to the 12- mer arrays. Aliquots were removed at different times and the 

reaction stopped with the addition of 1% SDS (v/v), NaBH4 (10 mM), and 5 units 

proteinase K. The mixture was then extracted with phenol:chloroform:isoamyl alcohol 

(25:24:1, v/v, ThermoFisher Scientific) and the DNA desalted by ethanol precipitation. 

The resulting DNA was digested with 5 units of either Nt. BstNBI or Nb.BbvCI 

(depending on the substrate) in order to excise the dU containing 5ʹ-[32P]- labeled 

oligonucleotide insert from the large 12×601 DNA array (Figure A.13). The digested DNA 

was then resolved by 10% denaturing PAGE (19:1 acrylamide:bisacrylamide) and 

visualized using a Typhoon FLA 9500 gel imager (GE Healthcare) (Figure A.15). The 

fraction cleaved was quantified using ImageQuant TL software (GE Healthcare, v8.1). At 

least three replicates were carried out for each substrate, and initial rates were calculated 

by fitting the digestion data in to a single phase exponential and multiplying each rate 

constant by the Ymax as previously described [111], [122], [212]. 
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A.3 Supplementary Figures 

Chapter II Figure A.1 : Schematic of SI-12-601-WT array. (a) Design of the 12 individual 601 

fragments (N1-12) used in the assembly of SI-12-601-WT. The primers used to generate each 601 

are listed below their respective 601 units (see Table S1 for sequences). Ligation of N1-N2-N3-

N4, N5-N6-N7-N8 and N9-N10-N11-N12 yielded the three tetramers (Tet1, Tet2 and Tet3) shown 

in (b). The blue rectangles correspond to the 601 sequence and the black lines represent linker 

DNA. (b) Diagram of the full SI-12-601-WT array with each tetramer (Tet1- top, Tet2-middle, 

Tet3-bottom), their individual 601 components (N1-N12), and restriction enzyme sites indicated. 

(c) Restriction map of the pUC-SI-12-601-WT plasmid construct. (d) Restriction digestion 

analysis of pUC-SI-12-601-WT (0.5% Agarose, 1x SodiµM Borate buffer). Lane 1, 0.5 kb–10 kb 

ladder; Lane 2, undigested plasmid; Lane 3, control 12×601 array; Lane 4, EcoRV digest of pUC-

SI-12-601-WT to release the 12×601 DNA; Lane 5, PflMI and AvaI double digest of pUC-SI-12-

601-WT to release Tet2 (middle 4x601). (e) Excision of specific 1-, 2-, 3-, or 4x601 fragments 

from within Tet2 by digestion with the indicated restriction enzymes (1x601→PflMI/BstXI; 

2x601→PflMI/DraIII; 3x601→PflMI/BstEII; 4x601→PflMI/AvaI). 
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Figure A.2: Position and sequence details for all ‘nickable’ 12×601 templates prepared in this work 

compared to with WT 601 template (SI-12-601-WT). (a) Sequence-level view of N5 within SI-

12-601-WT and changes made to generate template 12-601-Dy and 12-601-Nt. Red sequence 

represents the Nt.BbvCI and yellow sequence represents Nt.BstNBI recognition sites, respectively. 

(b) Sequence-level view of linker DNA between N5 and N6 within SI-12-601-WT and changes 

made to generate template 12-601-Nb. Orange sequence represents the Nb.BbvCI recognition 

sites. Together, the constructs depicted in (a) and (b) offer nearly complete coverage over all 

possible translational conformations of the desired insert (see Figure 2.1). (c) Sequence-level view 

of N7 within SI-12-601-WT and changes made to generate template 12-601-Nt/SI. Green 

sequence represents the Nb.BssSI recognition sites. 
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Figure A.3: Position and sequence details for dU containing mononucleosome substrates 1-NCP-

dU49 and 1-NCP-dU88. (a) Sequence-level view of the 1x601 DNA template (1-601-Nt) used to 

prepare mononucleosome 1-NCP-dU49, which is identical to nucleosome 5 (N5) within array 12-

NCP-dU49. Yellow sequence represents the Nt.BstNBI recognition sites. (b) Sequence-level view 

of the 1x601 DNA template (1-601-Nb) used to prepare mononucleosome 1-NCP-dU88, which 

is identical to nucleosome 5 (N5) and the adjacent linker DNA within array 12-NCP-dU88. 

Orange sequence represents the Nb.BbvCI recognition sites. (c,d) Electrophoretic mobility shift 

assays demonstrating the insertion of dU containing oligonucleotides into 1-601-dU49 (a) and 1-

601-dU88 (b). Lane 1, ladder; lane 2, unmodified 1-601-Nt or 1-601-Nb DNA DNA, respectively; 

lane 3, 1x601 DNA treated with nicking endonuclease results in doubly nicked DNA that migrates 

slightly higher than the intact DNA; lane 4, ligated 1x601 fragment containing a dU lesion; lane 

5, UDG/APE1 treatment of ligated material (from lane 4) generates a single nick and thus allows 

for the dU incorporation efficiency to be determined based on the difference in intensities of the 

intact (lacking dU) and the nicked (containing dU) DNA bands.  
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Figure A.4: Analysis of nucleosome and oligonucleosome array reconstitutions. (a) Agarose gel 

(0.6%, 0.2× TBE) analysis of 12×601 DNA templates reconstituted with increasing concentrations 

of histone octamer. The molar ratio of histone octamer to DNA template is indicated. (b) Native 

PAGE (5%, 59:1 acrylamide:bisacrylamide) analysis of 1×601 DNA templates reconstituted with 

increasing concentrations of histone octamer. The molar ratio of DNA to histone octamer is 

indicated. (c) Agarose gel (0.6%, 0.2× TBE) analysis of 12×601 DNA templates reconstituted with 

increasing concentrations of histone octamer lacking the histone H4 tail domain (ΔH4 tail). The 

molar ratio of 601 units to histone octamer is indicated.   
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Figure A.5: DNase footprinting analysis (10% denaturing PAGE, 19:1 acrylamide:bisacrylamide) 

of free DNA and mononucleosomes reconstituted with the native 601 DNA sequence or one 

modified with Nt.BstNBI recognition sites. The Nt.BstNBI recognition sites are positioned as 

indicated in Figure 2.1 and A.2. 
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Figure A.6: Synthesis and incorporation of a protected AP lesion into a 12×601 template. (a) 

Synthetic scheme for preparing an O-nitrobenzyl protected phosphoramidite (compound S4). 

Compound S4 was prepared, characterized, and purified as described by Sczepanski et. al [121]. 

(b) Representative electrophoretic mobility shift assay demonstrating the insertion of an 

oligonucleotide containing the DNA modification depicted in (a) into 12-601-Nb. All reactions 

were carried out on the corresponding plasmid DNA and the 601 DNA fragments (N6-7) 

containing the modified site was excised via PflMI and DraIII restriction digestion (Figure A.1) 

prior to analysis by native polyacrylamide gel electrophoresis. 
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Figure A.7: Verification of full nucleosome occupancy in reconstituted oligonucleosome arrays. 

(a) Restriction digestion analysis (5% native PAGE, 59:1 acrylamide:bisacrylamide) of 

reconstituted 12-NCP-Nt (i.e. unmodified array; lanes 1-3) stained with ethidium bromide, 12- 

NCP-dU49 (lanes 4-6, autoradiogram) and 12-NCP-dU88 (lanes 7-8, autoradiogram). Both 12- 

NCP-Nt (WT) and 12-NCP-dU49 arrays were digested with PflMI/BstXI (lanes 3 and 6 

respectively) and 12-NCP-dU88 array was digested with PflMI/DraIII (lane 8). Naked DNAs (12- 

601-Nt, 12-601-dU49 and 12-601-dU88) were digested similarly (lanes 2, 5 and 7, respectively) 

and were run side-by-side with the digested arrays. Undigested 12-NCP-Nt and undigested 12- 

NCP-dU49 (lanes 1 and 4, respectively) were used as controls. (b) Agarose gel (0.5%, 0.2× TBE) 

analysis of the partial micrococcal nuclease digestion of 12-NCP-Nt (lane 3), 12-NCPdU49 (lane 

4) and 12-NCP-dU88 (lane 5). Lanes 1 and 2 are DNA ladders (50–400 bp and 0.5– 10 kb, 

respectively).   
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Figure A.8: Verification of the translational positioning of the dU49 lesion within 12-NCP-dU49. 

(a) Schematic of the experiment described herein. (b) An aliquot of 12-601-dU49 and 12-NCP-

dU49 were digested completely with Micrococcal nuclease (see 2.3.11) and the full reaction 

mixture for each respective substrate (free DNA and chromatin) was analyzed via 10% Native 

PAGE (19:1, acrylamide: bisacrylamide). Representative images of an Ethidium Bromide stained 

digest gel (left) and an autoradiograph of the same gel (right). Prior to MNase treatment of the free 

DNA (12-601-dU49) a high molecular band is present (lane 2). Addition of MNase to the free 

DNA sample leads to degradation of 12-601-dU49 to small oligonucleotide fragments that do not 

remain in the gel (lane 3). Treatment of 12-NCP-dU49 with MNase converts the intact 12×601 

DNA (lane 4) into a distinct band which migrates at ~150bp (lane 5). (c) The ~147 bp band in part 

(b) was cut and purified from the gel, then digested further with AluI. Treatment with AluI converts 

the ~147 bp fragment (lane 2) to a ~103 bp fragment (lane 3). The observed digestion pattern of 

the 12-NCP-dU49 indicates that the dU49 lesion is maintained within the nucleosome core particle 

and that the nucleosome (N5) containing the dU lesion is positioned as expected. Lane 1 in both 

parts (b) & (c) contains a DNA ladder consisting of 50, 100, 150, 200, 300 and 400 bp dsDNA 

fragments. 
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Figure A.9: Chromatin oligomerization assay. (a) Agarose gel (0.5%, 0.2× TBE) analysis of the 

supernatant fractions of 12-NCP-Nt arrays as a function of Mg2+ concentrations. (b) Quantitative 

analysis of the band intensities shown in (a).  
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Figure A.10: AFM tapping mode topography images of the 12-NCP-dU49 and 12-NCP-dU88 

chromatin in the extended states in absence of MgCl2: (a-d) and (g-j), respectively. The white 

dashed box in (d) highlights the strand imaged under high resolution in (e). (e) High resolution 

250 x 250 nm scan, all 12 nucleosomes and linking DNA are visible; (f) Height profile of scanned 

substrate, The blue line in e shows the corresponding cross section. (g-l) contain the same analyses, 

except for 12-NCP-dU88 chromatin.  
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Figure A.11: AFM tapping mode topography images of the 12-NCP-dU49 and 12-NCP-dU88 in 

the compacted states in presence of 2 mM MgCl2: (a) 1 x 1 µm image of compacted 12-NCP-

dU49, The white dashed box in a highlights the strand imaged under high resolution in (b); (b) 

High resolution 250 x 250 nM scan image of compacted 12-NCP-dU49; (c) Height profile of 

scanned substrate, The blue line in (b) shows the corresponding cross section; (d) 1 x 1 µm image 

of compacted 12-NCP-dU88, The white dashed box in d highlights the strand imaged under high 

resolution in (e); (e) High resolution 250 x 250 nM scan image of compacted 12-NCP-dU88; (f) 

 Height profile of scanned substrate, The blue line in e shows the corresponding cross section  
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Figure A.12: AFM tapping mode topography images of the 12-NCP-dU49/APE1 complex. (a) 

High resolution 250 x 250 nm image of the APE1 (denoted by the white arrow) complexed to the 

5th nucleosome of a 12-NCP-dU49. The red and blue lines show where the corresponding cross 

sections in (b) were taken. (b) The red cross section shows the height profiles of the nucleosome 

while the blue cross section shows the height of the enzyme supported by the 5th nucleosome. 

Similarly, (c) and (d) show a second 12-NCP-dU49/APE1 complex image and cross section, 

respectively  
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Figure A.13: Schematic and gel images (10%, 19:1 denaturing PAGE, autoradiogram) showing 

the complete removal of damaged inserts from 12-601-dU49 (a) and 12-601-dU88 DNA (b): Both 

12-601 DNAs were digested with UDG/APE1 and specific nickase enzymes. After nickase 

digestion, >99% of inserts were removed from DNA templates (lane 2 in each gel); after 

UDG/APE1 digestion followed by nickase digestion, >99% of damaged insert were removed from 

12-601 DNA templates.  Schematic of UDG/APE1 combined kinetics against 12-NCP-dU49 (c) 

and 12-Link-dU88 (d) chromatin: Each kinetics assay was a combination of four steps- nicking 

of DNA through digestion of UDG/APE1 followed by NaBH4 reduction of nicked 3’ end, 

extraction of DNA through Proteinase K digestion followed by PCI extraction and precipiatation, 

specific nickase digestion to remove the damaged insert and separation in denaturing PAGE for 

analyzation. Respective naked DNAs (12-601-dU49 and 12-601-dU88) and mononucleosomes 

(1-NCP-dU49 and 1-Link-dU88) were also digested with UDG/APE1 in identical way. 
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Figure A.14: BER of damaged DNA within various chromatin environments. (a,b) The indicated 

substrates (4 nM) were incubated with UDG and APE1 (1 nM each) in the presence of either 0.2 

mM Mg2+ (left) or 0.2 mM Mg2+ (right). ΔH4 tail indicates substrates assembled using histone H4 

lacking the N-terminal tail domain (residues 1−19). (c) Initial rates of cleavage of dU by 

UDG/APE1. Rates were calculated by fitting the digestion data in panels (a) and (b) to a single 

phase exponential and multiplying each rate constant by the Ymax as previously described [122], 

[155]. Values in parentheses (red) were obtained using substrates lacking the histone H4 tail 

domain.   
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Figure A.15: Representative gel (10%, 19:1 denaturing PAGE) images (auto-radiograms) of 

UDG/APE1 combined kinetics against three different types of dU49 and dU88 chromatin 

substrates at two different MgCl2 concentrations: (a) 12-601-dU49 at 0.2 mM  MgCl2 (b) 1-NCP-

dU49 at 0.2 mM  MgCl2 (c) 12-NCP-dU49 at 0.2 mM  MgCl2, (d) 12-601-dU49 at 2 mM  MgCl2, 

(e) 1-NCP-dU49 at 2 mM  MgCl2 (f) 12-NCP-dU49 at 2 mM  MgCl2. (g) 12-601-dU88 at 0.2 mM  

MgCl2 (h) 1-Link-dU88 at 0.2 mM  MgCl2 (i) 12-Link-dU88 at 0.2 mM  MgCl2, (j) 12-601-dU88 

at 2 mM  MgCl2, (k) 1-Link-dU88 at 2 mM  MgCl2 (l) 12-Link-dU88 at 2 mM  MgCl2.   
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A.4 Supplementary Tables 

Table A.1: Primer sequences used in the construction of the SI-12-601-WT DNA. Primer names 

were assigned in order to reflect the particular 601 unit they were used to generate (i.e. N1, N2, 

etc.), as well as the Restriction enzyme sites that were introduced (FWD= forward primer, REV= 

reverse primer). For clarity, the middle column (601 unit) depicts the specific 601, out of the 12 

total, generated by the given primer. 

 

Name 601 Sequence 

N1_FWD.EcoRI/V N1 GATCCGGAATTCAGCATCCGGATGATATCGAGAATCCCGGTGCCGAGG 

N1_REV.TspRI(A) N1 TCCTTATCCCCCCAGTGTCCGGCAATGGAACAGGATGTATATATCT GACACG 

N2_FWD.TspRI(A) N2 CATAAGGAGGACACTGGGATCCGGATCCCCTGGAGAATCCCGGTGCC 

N2_REV.TspRI(B) N2 TCCTTATCCCCTCACTGCCCGGCAATGGAACAGGATGTATATATCTGAC ACG 

N3_FWD.TspRI(B) N3 CATAAGGAGGGCAGTGAGATCCGGATCCCCTGGAGAATCCCGGTGCC 

N3_REV.TspRI(C) N3 
CGGTATTGTCTAGATCCCGAGCGGCAATGGAACAGGATGTATATATCTGACA

CG 

N4_FWD.TspRI(C) N4 ATAAGGAGAGCAGTGTTATCCGGATCCCCTGGAGAATCCCGGTGCC 

N4_REV. PflMI/XbaI N4 
CGGTATTGTCTAGACCATTAGTTGGCGGCAATGGAACAGGATGTATATATCT

GACACG 

N5_FWD. 

EcoRI/PflMI 
N5 GATCCGGAATTCCCAACTAATGGCCGGATCCCCTGGAGAATCCCGGTGCC 

N5_REV.BstXI N5 
CGGTATTGCCAAAATCGTGGCGGCAATGGAACAGGATGTATATATCTGACAC

G 

N6_FWD.BstXI N6 GATCCGCCACGATTTTGGCGGATCCCCTGGAGAATCCCGGTGCCGAGGCC 

N6_REV.DraIII N6 CGGTATTGCACGTAGTGCGGCAATGGAACAGGATGTATATATCTGACACG 

N7_FWD.DraIII N7 GATCCGCACTACGTGATCCGGATCCCCTGGAGAATCCCGGTGCCGAGGC 

N7_REV.BstEII N7 CGGTATTGGGTTACCCGGCAATGGAACAGGATGTATATATCTGACACG 

N8_FWD.BstEII N8 GATCCGGGTAACCGCATCCGGATCCCCTGGAGAATCCCGGTGCCGAGGCC 

N8_REVAvaI/XbaI N8 
CGGTATTGTCTAGATCCCGAGCGGCAATGGAACAGGATGTATATATCTGA 

CACG 

N9_FWD.EcoRI/AvaI N9 
CGACTTGAATTCAGCTCGGGCGCATCCGGATCCCCTGGAGAATCCCGGTG 

CCGAGGCC 

N9_REV.TspRI(A) N9 TCCTTATCCCCCCAGTGTCCGGCAATGGAACAGGATGTATATATCTGAC ACG 

N10_FWD.TspRI(A) N10 CATAAGGAGGACACTGGGATCCGGATCCCCTGGAGAATCCCGGTGCC 

N10_REV.TspRI(B) N10 TCCTTATCCCCTCACTGCCCGGCAATGGAACAGGATGTATATATCTGAC ACG 

N11_FWD.TspRI(B) N11 CATAAGGAGGGCAGTGAGATCCGGATCCCCTGGAGAATCCCGGTGCC 

N11_REV.TspRI(C) N11 
CGGTATTGTCTAGATCCCGAGCGGCAATGGAACAGGATGTATATATCTGA 

CACG 

N12_REV.TspRI(C) N12 CATAAGGAGAGCAGTGTTATCCGGATCCCCTGGAGAATCCCGGTGCC 

N12_REV.PflMI/XbaI N12 CGGTATTGTCTAGATGATATCGGATGTATATATCTGACACGTGCC 

WT.147_FWD - CTGGAGAATCCCGGTGCCGAGGCC 

WT.147_REV - ACAGGATGTATATATCTGACACGTGCC  
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Table A.2: DNA sequences used in the preparation of the modified, nickase-site containing, 601s. 

Names were assigned just as described in Table A.1. Here, the nickase enzymes are reflected in 

the sequence names, even though the other restriction sites were maintained (i.e. 

N5_REV.Nt.BstNBI and N5_REV.Nb.BbvCI also contain the same BstXI site as 

N5_REV.BstXI, this was required for uploading of the nickase-601 into the original 12-601 

array). “Temp.TOP” & “Temp.BOT” refer to oligonucleotides used to generate a template for 

PCRs via cross extension reactions. The middle column (601 Unit) emphasizes the specific 601 

that was generated with the DNAs shown below. Oligonucleotides lacking a descriptor for “601 

Unit” were used solely for generating 1-601s for mononucleosome studies. 

 
  

Name 601 Sequence 

N5_REV.Nt.BstNBI N5 
CGGTATTGCCAAAATCGTGGCGGCAATGGAAGAGTCTGT

ATATATCTG ACACG 

N5_Nick.Temp.TOP N5 

CTGGAGAATCCCGGTGCCGAGGCCGCTCAATTGGTCGTA

GACAGCTCT AGCACCG 

CTTAAACGCACGTACGCGCTGTCCCCC 

N5_Nick.Temp.BOT N5 

TGTATATATCTGACACGTGCCTGGAGTCTAGGGAGTAAT

CCCCTTGGC GGTTAAAACG 

CGGGGGACAGCGCGTACGTGC 

N5_Gap.Temp.TOP N5 

CTGGAGAATCCCGGTGCCGAGGCCGCTCAATTGGTCGTA

GACAGCACGAGCACCGCTTAAACGCACGAGCGCGCTGTC

CCCC 

N5_Gap.Temp.BOT N5 

TGAGGATGTATATATCTGACGCGCCGGTGGAGCTGAGGG

AGTCATCCCCCTCGTGGTTAAAACGCGGGGGACAGCGCG

CTCG 

N5_REV.Nb.BbvCI N5 
CGGTATTGCCAAAATCGTGGCGGCTGAGGAACAGGATGT

ATATATCTG ACACG 

N5_FWD.Nb.BbvCI N5 
GATCCGCCACGATTTTGGCCTCAGCCCTGGAGAATCCCG

GTGCCGAG GCC 

N7_FWD.Nb.BssSI N7 
GATCCGCACTACGTGATCCGGATCCCCTGGAGAATCCCG

GTGCCGAGG CTCGTG 

N7_Nick.Temp.TOP N7 

CTGGAGAATCCCGGTGCCGAGGCTCGTGAATTGGTCCTC

GTGAGCTCT AGCACCGCT 

TAAACGCACGTACGCGCTGTCCCCC 

Nick.149_REV.FspI - 
TTGCCAAAATCGTGGCGGCAATGGATGCGCAGAGTCTGT

ATATATCTG ACACG 

Nick.NCP_REV.Nb.BbvCI - 
TGAGGCCAAAATCGTGGCGGCTGAGGAACAGGATGTATA

TATCTGAC ACG 

N5_FWD.Gap N5 
GATCCGGAATTCCCAACTAATGGCCGGATCCC  

CTGGAGAATCCCGGTGCC 

N5_REV.Gap N5 
CGGTATTGCCAAAATCGTGGCGGCAATGGC  

TGAGGATGTATATATCTGACGCGCC 
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Table A.3: Sequences of DNAs and Lock nucleic acid (LNA) capture probes used in the current 

work. Oligonucleotides were named to reflect the specific 601 fragment they were capable of being 

inserted into (this is also represented by the middle column: “601 Unit”). The naming scheme also 

describes the particular modification being introduced and its position: dU+49= 2’-deoxyuridine 

residue at the +49 position with respect to the N5 dyad, Am.T= C6 Amino dT. The amine 

functionalities were used to conjugate NHS-Cy3 and NHS-Cy5 dyes. The capture probes: 

LNA.Capt_NCP and LNA.Capt_Linker were used during insertion reactions containing dU+49 

or dU+88, respectively (the underlined residues correspond to positions of LNAs). 

 

 

  

Name 601 Sequence 

N5_dU+49 N5 Phos/TATATCTGACACGT/dU/CCTGGAGTCTAGG 

N5_dU+88 N5 Phos/TGAGGCCAAAAT/dU/GTGGCGGC 

N5_ONV+49 N5 Phos/TATATCTGACACGT/ONV/CCTGGAGTCTAGG 

N5_ONV+88 N5 Phos/TGAGGCCAAAAT/ONV/GTGGCGGC 

N5_dU+49_Am+39 N5 Phos/TATATCTGACACGT/dU/CCTGGAGTC/AmT/AGG 

N7_Am.T-39 N7 Phos/TCGTGAATTGG/AmT/CC 

LNA.Capt_NCP - CCTAGACTCCAGGCACGTGTCAGATATA/Biotin 

LNA.Capt_Linker - GCCGCCACGATTTTGGCCTCA/Biotin 

Capture Strand 1 - GCACCGCTTAAACGCACGA 

Capture Strand 2 - GCGCCCTGTCCCCCGCGTTTTAACCACGA 
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B) APPENDX                                                                                                      

CHAPTER 3 SUPPLEMENTARY DATA 

 

B.1  Supplementary Figures  

 

 

Figure B.1: ESI-MS spectra of 5fC-containing oligonucleotides N5_5fC49 (a) and 5N_5fC88 (b). 
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Figure B.2: Sequence and design details of the 5fC49- and 5fC88-containing 12×601 DNA 

templates (12-601-49 and 12-601-88, respectively). (a) Schematic representation  of  the  position  

of  5fC49  within 12-601-49, which was  constructed  from pUC-12-601-49 via strand exchange 

using oligonucleotide N5_dU49. (b)  Representative  electrophoretic  mobility  shift  assay (10%  

29:1  acrylamide:bisacrylamide) demonstrating  the  insertion  of  a  5fC49  containing  

oligonucleotide (N5_5fC49) into plasmid pUC-12-601-49 (i.e. 12-601-49).   All   reactions   were   

carried   out   on   the corresponding  plasmid  DNA  as  described  previously and  the  601  DNA  

fragment  (N5, 178bp) containing  the  modified  site  was  excised  via  PflMI  and  BstXI  

restriction  digestion  prior  to  analysis  by 10% native PAGE (19:1 acrylamide:bisacrylamide). 

Lane 1, 200 bp marker; lane 2, unmodified pUC-12-601-49;  lane  3, pUC-12-601-49 DNA treated 

with Nb.BbvCI; lane 4, ligated pUC-12-601-49 following strand exchange with 5ʹ-[32P]-

N5_dU49; lane 5, TDG treatment of ligated material from lane 4. Lanes 4* and 5* are radiograph 

images of lanes 4 and 5. (c) The same as (a) but for 5fC88 within 12-601-88. (d) All  reactions  

were  carried  out  on  the  corresponding  plasmid  DNA  as  described previously and  the  601  

DNA  fragment  (N5–N6, 356bps)  containing  the  modified  site  was  excised  via PflMI and 

DraIII restriction digestion prior to analysis by 8% native PAGE (29:1 acrylamide:bisacrylamide). 

Lane 1, 400 bp marker; lane 2, unmodified pUC-12-601-88; lane 3, pUC-12-601-88 DNA treated 

with Nb.BbvCI; lane 4, ligated pUC-12-601-88 following strand exchange with 5ʹ-[32P]-

N5_dU88; lane 5, TDG treatment of ligated material from lane 4. Lanes 4* and 5* are radiograph 

images of lanes 4 and 5. 
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Figure B.3: Characterization of reconstituted nucleosome arrays. (a) Agarose gel electrophoresis 

(0.6%) analysis of 12-601-49 reconstituted with increasing concentrations of the indicated histone 

octamer. The molar ratio of histone octamer to DNA template is indicated. (b) Restriction 

digestion analysis (5% native PAGE, 59:1 acrylamide:bisacrylamide) of 12-NCP-49 nucleosome 

arrays. Both naked DNA (12-601-49) and the indicated array were digested with PflMI/BstXI and 

were run side-by-side to determine nucleosome occupancy at N5. (c) Partial Micrococcal nuclease 

digestion analysis (1% agarose) of 5fC49-containing arrays. (d) Agarose gel electrophoresis 

(0.6%) analysis of 12-601-88 reconstituted with the indicated ratio of histone octamer to DNA 

template. (e) Restriction digestion analysis (5% native PAGE, 59:1 acrylamide:bisacrylamide) of 

12-NCP-88 nucleosome arrays. Both naked DNA (12-601-88) and the indicated array were 

digested with PflMI/DraIII and were run side-by-side to determine nucleosome occupancy at N5 

and N6. (f) Partial Micrococcal nuclease digestion analysis (1% agarose) of 5fC88-containing 

arrays. WT: canonical octamers; Δ4: histone H4 tail deleted octamers; DV: histone H2A.Z/H3.3 

dual-variant octamers. 
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Figure B.4: Characterization of reconstituted mononucleosomes. Native PAGE (5%, 59:1 

bisacrylamide:acrylamide) analysis of (a) 1-601-49 and (b) 1-601-88 reconstituted with increasing 

concentrations of the indicated histone octamer, yielding mononucleosomes 1-NCP-49 and 1-

NCP-88, respectively. The molar ratio of histone octamer to DNA template is indicated. WT: 

canonical octamers; Δ4: histone H4 tail deleted octamers; DV: histone H2A.Z/H3.3 dual-variant 

octamers. 
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Figure B.5: Characterization of dye-labeled nucleosome arrays. (a) Structural representation of the 

Cy3/Cy5-labeled arrays (12-NCP-FRET) used for the FRET analysis. The Cy3/Cy5-labeled DNA 

(12-601-FRET) used to assemble these arrays was reported previously.[158]  (b) Agarose gel 

electrophoresis (0.6%) analysis of 12-601-FRET reconstituted with the indicated ratio of histone 

octamer to DNA template. Images from the Cy3 channel (532 nm ex.; 575 nm em.; right) and Cy5 

channel (635 nm ex.; 665 nm em.; left) are shown. (c) Restriction digestion analysis (5% native 

PAGE, 59:1 acrylamide:bisacrylamide) of 12-NCP-FRET nucleosome arrays. Both naked DNA 

(12-601-FRET) and the indicated arrays were digested with either PflMI/BstXI  (for release of 

N5) or DraIII/BstEII (for release of N7) and were run side-by-side to determine nucleosome 

occupancy at N5 and N7, respectively. WT: canonical octamers; Δ4: histone H4 tail deleted 

octamers; DV: histone H2A.Z/H3.3 dual-variant octamers. (d) Representative microplate images 

from the FRET experiments depicted in Figure 3.1c showing raw FRET data (Fraw) at different 

Mg2+ concentrations for the indicated arrays and DNA controls. 
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Figure B.6: Representative gel images of TDG digestion experiments on substrates containing 

either 5fC49 (a) or5fC88 (b). Reactions were carried out and analyzed as described in 3.3.10. 

 

 

Figure B.7: Representative gel images from EMSA experiments between TDG (0.1 – 1000 nM) 
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Figure B.8: TDG-FOXA1 pull-down data. (a) SDS PAGE analysis of His-tag removal from 

FOXA1 via TEV digestion. (b) Representative dot blot from the experiment described in 3.3.15. 

 

B.2  Supplementary Tables 

 

Table B.1: Sequences of oligonucleotides described in this study. The underlined nucleotides 

correspond to locked nucleic acids (LNA). 

 

Name Sequence (5 to 3) 

N5_5fC49 TGAGGATGTATATATCTGACGCGC/5fC/GGTGGAGC 

N5_5fC88 GTGG/5fC/GGCTGAGGCCAAAATC 

49-Capture GCTCCACCGGCGCGTCAGATATATACATCCTCA 

N5_5fC49-comp GCTCCACCGGCGCGTCAGATATATACATCCTCA 

N5_dU49 TGAGGATGTATATATCTGACGCGC/dU/GGTGGAGC 

88-Capture GCCGCCACGATTTTGGCCTCA 

CpG-601-FWD CTGGAGAATCCCGGTGCCGAGGCC 

CpG-601-REV TGAGGATGTATATATCTGACGCGCCGGTGGAGC 

+51-Cy5 insert TATATCTGACACGTUCCTGGAGTC/C6 Amino-Mod dT/AGG 

FRET-capture CCTAGACTCCAGGCACGTGTCAGATATA 

-53-Cy3 insert TCGTGAATTGG/C6 Amino-Mod dT/CC 
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C) APPENDIX                                                                                                    

CHAPTER 4 SUPPLEMENTARY DATA 

C.1 Supplementary Figures 

 
 

Figure C.1: The 12-mer nucleosome arrays used in this work. (a) Schematic of Cy5/Cy3-modified 

12-601 DNA template used for FRET studies, referred to as 12-601-FRET in Appendix C [117]. 

Assembly of this DNA is described in Chapters 2 and 3. (b) Structural representation of 12-NCP-

FRET arrays used for intra-fiber FRET analysis (pdb: 1zbb, emd: 2600). (c) Native gel analysis 

(0.6% agarose) of wild-type 12-NCP and (e) 12-NCP-FRET arrays reconstituted with wild-type 

(WT) histone octamer (molar ratios of 1.1 and 1.2, respectively). (d) Restriction digestion analysis 

(5% native PAGE, 59:1 acrylamide:bisacrylamide) of 12-NCP and (f) 12-NCP-FRET arrays 

demonstrating complete nucleosome occupancy. For part (e), the same gel was imaged with the 

indicated fluorescent channel (EtBr, 532 nm ex.; Filter- LPG. Cy3, 532 nm ex.; Filter- LPG. Cy5, 

635 nm ex.; Filter- LPR). 

 



234 

 

 
 

Figure C.2: Schematic representation (pdb: 1zbb) and characterization of the mononucleosomes 

used in this work. Complete reconstitution of all mononucleosome substrates was confirmed by 

native PAGE (5%, acrylamide:bisacrylamide) analysis. Dissociation constants for TDG binding 

are provided. 

 

 

 
 

Figure C.3: Analysis of chromatin oligomerization via precipitation. (a) Representative gel images 

showing the soluble fraction of various tailless 12-NCP arrays (or free 12-601 DNA) following 

treatment with increasing concentrations of TDG. Histone octamer composition is listed to the 

right of each gel image. (b) Representative gel images showing the soluble fraction of nucleosome 

arrays (12-NCP) following treatment with various proteins (indicated to the right) in the absence 

of Mg2+. Reactions were carried out and analyzed as described in the section 4.3.9. 
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Figure C.4: Characterization and analysis of chromatin reconstituted from human genomic DNA. 

(a) Agarose gel (0.7%) gel analysis of human genomic DNA digested into 0.5-3 kbp fragments 

with NEB NEXT® dsDNA Fragmentase®, 2-log ladder refers to NEB cat. no. N3200. (b) Agarose 

gel analysis (0.6%) of chromatin reconstitution reactions using the fragmented genomic DNA 

depicted in part (a) and histone octamers containing Cy5-labeled H2AN110C. A similarly labeled 

array reconstituted with 12-601 DNA was included for reference (12-NCP-Cy5). (c) 

Representative gel images showing the soluble fraction following treatment of chromatin 

reconstituted from genomic DNA with increasing concentrations of either TDG or TDG82-308.  
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Figure C.5: Analysis of chromatin oligomerization via inter-fiber FRET. (a) Schematic depiction 

of the inter-fiber FRET assay. Two separate nucleosome arrays were labeled with either Cy3 

(donor) or Cy5 acceptor) dyes via maleimide conjugation to histone H2AN110C. Upon fiber 

oligomerization, which has been proposed to involve interdigitation of nucleosomes between 

different fibers11, the dyes become close enough in space to allow efficient FRET. (b) Agarose gel 

(0.6%) analysis of donor and acceptor arrays reconstituted from 12-601 DNA template and histone 

octamers containing either Cy3- or Cy5-labeled histone H2AN110C. The gel was visualized using 

the indicated fluorescent channel. (c) Restriction digestion analysis (5% native PAGE, 59:1 

acrylamide:bisacrylamide) of donor and acceptor arrays demonstrating complete nucleosome 

occupancy. (d) Representative gel image showing the soluble fraction from a Mg2+ dependent (0 

– 10 mM) oligomerization FRET experiment corresponding to the FRET analysis depicted in 

Figure 2c. (e) Agarose gel (1%) analysis confirming the digestion of FRET-, DONOR-, and 

ACCEPTOR- 12mer arrays to individual nucleosome particles via MNase. A fully intact 12-601 

and 1-601 DNA were included for reference. 
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Figure C.6: TDG deletion and fusion proteins. (a) Schematic depiction of the TDG deletion 

mutants and LANA-TDG fusion proteins used in this work. LANA represents amino acids 1-38 

of the latency-associated nuclear antigen 1 protein. (b) Denaturing SDS PAGE (15%, 29:1 

acrylamide:bisacrylamide) analysis of purified TDG deletion variants and LANA-TDG proteins 

stained with Coomassie Brilliant Blue. “Ladder” is the Bio-Rad Precision Plus Pre-stained ladder 

(cat. no. 1610374). (c) Denaturing SDS PAGE (15%, 29:1 acrylamide:bisacrylamide) analysis of 

LANA-TDG1-110 following treatment with TEV protease to separate the NTD residues 1-110 from 

the LANA peptide. Lane 1: Bio-Rad Precision Plus Pre-stained ladder; Lane 2: TEV digested 

LANA-TDG1-110 reaction, Lane 3: LANA-TDG1-110. (d) TDG activity screening assay conducted 

on fractions from the final chromatograph step of TDG purification. (e) Representative gel images 

showing the soluble fraction of 12-NCP arrays following treatment with TDG deletion mutants 

depicted in (a). (f) Representative gel images showing the soluble fraction of 12-NCP arrays 

following treatment with LANA-TDG proteins depicted in (a). 
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Figure C.7: Reversal of insoluble TDG-chromatin oligomers by DNA. (a) Agarose gel analysis of 

DNA reversibility experiments in which 12-NCP aggregates, generated with the indicated protein, 

were exposed to 0-1 µM DNA prior to precipitation. (b) Representative gel images showing the 

soluble fraction from experiments in which 12-NCP-Cy5 arrays were first aggregated by full-

length TDG and subsequently exposed to increased concentrations of 207 bp 601 DNA duplex. 

Gels were imaged either by EtBr staining (left) or Cy5 fluorescence (right). Asterisk indicates the 

fractions (~20%) of TDG-bound arrays that remain soluble following the addition of 1 µM full-

length TDG. (c) Chromatin aggregates generated by TDG1-308 and TDG82-308 are not reversible by 

DNA. Same analysis as in part (b) but with only the Cy5 channel shown for simplicity. (d) TDG 

remains catalytically active following a cycle of chromatin condensation. Activity was determined 

by adding 325 fmol of a 5fC-containing 601 DNA (1-601-5fC49) to pre-formed TDG-chromatin 

aggregates before or after they were incubated at 37 ˚C for either 15 or 30 minutes. To facilitate 

cleavage of abasic sites generated by TDG, APE1 (35 nM) and 0.1 mM MgCl2 was included in the 

final reaction mixture.    
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Figure C.8: GADD45a antagonizes TDG- and histone-dependent chromatin condensation. (a) 

Denaturing SDS PAGE (15%) analysis of recombinant human GADD45a protein stained with 

Coomassie Brilliant Blue. Ladder is the Bio-Rad Precision Plus Pre-stained ladder (cat. no. 

1610374). (b) Representative gel images showing the soluble fraction from standard Mg2+-

precipitation assays in which 1 µM GADD45a or BSA was included. (c) Solubility plot from the 

experiments depicted in part (b). The average and standard deviation of n > 3 experiments is 

shown. (d) Representative gel images showing the soluble fraction from experiments in which 12-

NCP arrays were first aggregated by the indicated TDG variant or H1 (to the right) and 

subsequently exposed to increased concentrations of GADD45a. M: 12-NCP array marker.  
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Figure C.9: Chromatin condensation by TDG is inhibited by DNA methylation. (a) Agarose gel 

electrophoresis (0.7%) analysis of CpG hypermethylated 12-601 DNA digested by HpaII. DNA 

treated with M.SssI and SAM was resistant to HpaII cleavage, while control reactions (lacking 

SAM) were digested completely by HpaII, confirming complete CpG methylation. (b) Agarose 

gel analysis (0.6%) of chromatin reconstitution reactions using the HpaII-resistant 

(hypermethylated) DNA depicted in part (a). (c,d) Representative gel images showing the soluble 

fraction of methylated 12-NCP arrays following treatment with increasing concentrations of full-

length TDG (c) or 1 µM truncated TDG variants (d).  
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Figure C.10: TDG binds methylated 601 DNA similarly to unmethylated 601 DNA. (a) Agarose 

gel image confirming the resistance of MssSI-treated 1-601 (207 bp) to HpaII cleavage. (b) 

Representative agarose gel (0.8%) gel images of full-length TDG with wild-type and MssSI-

treated 1-601 DNA. (c) Saturation plots of triplicate binding experiments like the ones depicted in 

part (b). TDG binds wild-type 1-601-WT with a Kd of 148 nM and methylated 1-601-MssSI with 

a Kd of 180 nM. At 1 µM TDG  
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Figure C.11: DNA methylation reduces Mg2+-induced precipitation of 12-mer nucleosome arrays. 

(a) Representative gel images showing the soluble fraction of wild-type and hypermethylated 12-

NCP arrays following treatment with full-length TDG. (b) Solubility plot of the experiments 

depicted in (a). 
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Figure C.12: TDG regulates chromatin LLPS in a concentration-dependent manner. (a) 

Fluorescence microscopy images of 20 nM Cy3-chromatin treated with the indicated TDG 

variants. (b) Inter-fiber FRET data demonstrating all TDG variants are capable of inducing 

chromatin oligomerization at 1 µM. FRET experiments as described in Figure 4.4 and 4.3.12. 
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Figure C.13: Simultaneous look at the effects of mono- and polyvalent cations on TDG-binding 

and catalysis of 5fC. (a) Fraction bound (top) and fraction cleaved (bottom) following exposure of 

TDG-bound 1-601-5fC49 (0- 1µM TDG, 5 nM DNA) in the presence of the indicated 

concentration of NaCl. Data for 0 M control represents average of 4 replicates, all other data 

represent a single replicate. The fraction bound and fraction cleaved by analyzing aliquots from 

the same mixture via native or denaturing PAGE, respectively. For denaturing analysis, abasic 

sites were cleaved with NaOH (0.1 M) prior to gel-loading. (b) Same for Spermidine. (c) Same for 

the N-terminal tail of H3 (MW= 2054). (d) Same for full-length H4 protein; due to solubility not 

all H4 data points could be plotted. High ionic strength buffers diminish TDG catalysis by 

disrupting electrostatic interactions required for DNA-binding, arginine finger intercalation, and 

oxocarbenium stabilization [296]. We observed a complete loss in 5fC hydrolysis by TDG at >0.5 

M Na+ but, interestingly, found that TDG remained bound to 1-601-5fC49 even in the presence of 

1 M NaCl (~Kd= 1000 nM). In general TDG exhibited similar trends in sensitivity to other cations, 

like: trivalent spermidine (Spd3+), the N-terminal tail domain of histone H3 (H3Nt), and the full-

length H4 protein (H4FL), each of which’s presence inhibited TDG catalysis in a concentration-

dependent manner. In all cases the DNA-binding capabilities of TDG were more resilient, most 

notably in the presence of polyamines. LLPS data indicates TDG-chromatin liquids have a high 

ionic character, and the findings presented above demonstrates TDG can remain stably bound to 

DNA under high ionic strength buffers, but possibly not in the capacity of an active glycosylase. 

Further investigation is required to determine if TDG is catalytically active in LLPS droplets, or 

if the ionic properties of NTD-mediated condensates inhibits catalysis. 
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Figure C.14: DNA repair proteins induce chromatin LLPS. (a) Disorder probability for APE1 

[236]. (b) Solubility plot for nucleosome arrays (5 nM) treated with the indicated concentration of 

APE1. (c) Fluorescent microscopy images of APE1-induced LLPS droplets generated with 5 µM 

APE1, 20 nM chromatin, and 2 mM Mg2+in nucleosome buffer. (d) Disorder probability for PARP-

1 [236]. (e) Fluorescent microscopy images of PARP-1-induced LLPS droplets generated with 2.5 

µM protein, 20 nM chromatin, and 2 mM Mg2+. 
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D)  APPENDIX                                                                                                  

CHAPTER 5 SUPPLEMENTARY DATA 

D.1 Supplementary Figures 

 

Figure D.1: Oligonucleotides used in this work. (a) Sequences of oligonucleotides used for binding 

EMSAs and competition experiments. Terminal D-deoxyribose residues (D-dA) on the RNA 

strands are underlined. (b) Denaturing PAGE analysis of the Cy3-labeled oligonucleotides 

presented in (a) (10%, 29:1 acrylamide:bisacrylamide). (c) Native PAGE analysis (10%, 29:1 

acrylamide:bisacrylamide) of the same oligonucleotides in panel (b). The running buffer (1× TBE) 

was supplemented with 10 mM KOAc. The increased electrophoretic mobility of (GGAA)10 and 

(G3A4)4 relative to (A)40 is indicative of the G4 structure formation by these oligonucleotides in 

the presence of K+. 
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Figure D.2: ESI mass spectra of the indicated oligonucleotides. 
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Figure D.3: Assembly of Cy5-labelled 12-mer oligonucleosome arrays. (a) Schematic of Cy5-

labeled array employed in the PRC2 binding and competition assays. (b) Insertion of the Cy5 dye 

containing oligonucleotide into N5 was confirmed by 10% native PAGE (29:1, 

acrylamide:bisacrylamide). Lane 1, ladder; lane 2, unmodified N5 DNA fragment; lane 3, nicked 

N5 DNA fragment; lane 4, Cy5-labeled N5 DNA fragment following the strand exchange process. 

(c) Representative gel image depicting the removal of Cy5-12-601 DNA from its parent plasmid. 

(d) Restriction enzyme digest analysis of the Cy5-containing N5 fragment (5%, 59:1 

acrylamide:bisacrylamide) for the 1.5 octamer:DNA ratio depicted in part (e). Both naked (DNA) 

and reconstituted (Nuc) 12-mer arrays were digested similarly and their corresponding N5 

fragments analyzed side-by-side. (e) Agarose gel depicting reconstituted Cy5-labeled 

oligonucleosome arrays using the indicated octamer:DNA ratio. Reconstitutions were precipitated 

with Mg2+ to remove free DNA and aliquots from the re-suspended nucleosome pellets (P) and the 

supernatant (S) were compared for array saturation.  
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Figure D.4: Analysis of PRC2-binding to endogenous targets: (a) EMSA gel for PRC2 and Cy5-

labelled HOTAIR residues 1-300 (see Figure 5.6 and section 5.4.5). (b) EMSA gel for PRC2 and 

the Cy5-labelled chromatin depicted in Figure D.3. HOTAIR- and chromatin-binding was 

essentially conducted as all other RNA-binding experiments (see 5.4.5 and 5.4.7 for details), 

except reactions were analyzed with 0.5% agarose. 
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E) APPENDIX                                                                                                           

POLY ADP-RIBOSE POLYMERASE-1 PRELIMARY DATA 

 

E.1 Supplementary Text 

 

E.1.1 Project Overview 

Poly ADP-ribose polymerase (PARP-1) is a 1,014 amino acid, highly abundant, 

nuclear protein whose primary role is to maintain genome integrity through the detection 

of single- and double-strand DNA breaks; PARP-1 is also involved in the recruitment of 

Base Excision Repair (BER) proteins to apurinic/apyrimidinic (AP) sites. PARP-1 

generates Poly ADP-ribose (PAR) polymers from NAD+  in response to DNA damage; 

these PAR molecules either remain bound to PARP-1, or are transferred to nucleophilic 

resides on histone tails, and serve as molecular signals/scaffolds for repair proteins. The 

goal of this project is to study the impact of Poly-ADP ribose (PAR) on the repair of AP 

lesions in reconstituted chromatin.  

An essential component of this work is the ability to generate AP lesions on 

command. AP sites are highly labile and can form unwanted DNA-protein cross-links 

during reconstitution and in chromatin (Figure E.1). With this in mind, an O-nitrobenzyl 

protected AP phosphoramidite was synthesized using an established protocol [121] and 

incorporated into short oligonucleotides compatible with PCR, as well as our plug-and-

play chromatin, (Chapter 2 and E.1). We pursued several methods to achieve tethering of 

PAR chains in proximity to AP lesions in the context of NCPs and nucleosome arrays. 
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Figure E.1: DNA-histone cross-links monitored by denaturing PAGE. All experiments took 

advantage of different constructs derived from the ONV-protected AP precursor described in 

Figure A.6. (a) DNA-histone cross-links generated via photolysis of the indicated 

mononucleosome substrate. (b)  DNA-histone cross-links generated via photolysis of chromatin 

having an AP lesion at the +49 position. (c) Replicate of experiment depicted in part (b). For cross-

linking experiments, samples were prepared in 10 uL reactions containing 10 mM NaCNBH3 and 

either 1 mM EDTA or 2 mM MgCl2 in nucleosome buffer. The solutions were exposed to 350 nm 

light for 20 minutes at 4°C to generate an AP lesions and then incubated for 12 hours at 37°C. 

Reactions were quenched with 10 mM final NaBH4 at room temperature for 30 minutes. NCPs 

reactions were split in half and digested with Proteinase K or quenched with loading buffer. 

Following NaBH4 quenching, chromatin samples were heated at 60°C for 10 minutes in the 

presence of 0.1% SDS, NaOAc/EtOH precipitated, then resuspended in a 20 uL restriction digest 

reaction using the proper enzymes and 1x neb buffer for 5 hours at 37°C . Chromatin digests were 

then split in half and processed same as the mononucleosomes. All gels were 10% (29:1) SDS 

Tris/Glycine and were run either at 180 V for 14 hours or 400 V for 4 hours and exposed with a 

phosphor imaging screen and visualized using Typhoon imager.     



254 

 

E.1.2 PAR synthesis and purification 

Poly ADP-ribose (PAR) polymers have been prepared enzymatically using PARP-

11-1014 and PARP-1379-1014, in combination, at ratios optimized to maximize yield. Both 

PARP-1 enzymes were expressed in DH5α Escherichia coli cells using established 

protocols. Initially, PAR-synthesis reactions were conducted with crude cell lysates, but 

this method proved to be ineffective at producing the desired quantity and size distribution 

of PAR chains. These experiements did, however, reveal that PARP-1 proficiency 

decreases when provided FAM-labelled-NAD+ compared to its natural substrate (data not 

shown). His-tagged PARP-1379-1014 was obtained in good yield (~32 mg/4 L expression) 

after purification with an Agarose Ni2+ gravity flow column. Full length, His-PARP-1 was 

obtained in significantly lower yield (5.86 mg) and required Ni2+-enrichment and Heparin 

purification. PAR-synthesis reactoins were optimized in vitro by varying the 

concentrations of histones, NAD+, activated calf thymus DNA, and the two pure/semi-

pure PARP-1 enzymes. Conditions were evaluated qualitiatively by comparing the band 

intensities and mobility in 20%, 79:1 denaturing PAGE gel and quantitatively using LC-

MS (Figure E.2)  

PAR molecules of defined lengths were isolated from PARylation reactions by 

hydrolysis of the polymers from protein acceptors with 100mM CHES buffer (pH= 9), 

10mM EDTA. Desired PAR-chain lengths were subsequently obtained via purification by 

denaturing PAGE (Appendix E.2b). The terminal aldehyde of PAR, which is required for 

condensation with histone proteins, is degraded when hydrolysis is performed with NaOH, 

but remains intact following CHES-hydrolysis.  
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Figure E.2: PAR synthesis. (a) Reaction conditions were optimized to: 2uM PARP1 (1-1014), 

16uM PARP1 (379-1014), 10mM NAD+, 25ug/mL DNA; 100mM Tris, 10mM MgCl2, 1mM 

DTT. 20%, 79:1 Denaturing PAGE. (b) UV and radiograph images of PAR-purification gels with 

size ranges indicated.  (c-d) Mass Spec Analysis of PAR (P2 & P3) and PARylated AO-601 primer. 

MS results for P2 PAR (length: 9-15mers) & P3 PAR (length: 16-23). Following PAR synthesis 

reactions (see below), 400mM N-Cyclohexyl-2-aminoethanesulfonic acid (CHES, pH= 9.0) & 

40mM EDTA were added to a final concentration of 100mM & 10mM respectively. Reactions 

were incubated at 37°C for two hours. After hydrolysis the pH was adjusted to 7-8 with 5M HCl 

and the reaction was washed with water in a 3kDa Amicon and concentrated to an appropriate 

volume to be combined with Formamide Loading Buffer. PAR chains were purified using 20% 

Denaturing PAGE (79:1). PAR Synthesis Conditions: 2uM PARP-1 (Full), 16uM PARP-1 (379-

1014), 10mM NAD+, 25ug/mL Activated Calf Thymus DNA. 100mM Tris (pH 7.8), 10mM 

MgCl2, 1mM DTT. RT. 96 hours. 
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E.1.3 Covalent attachment of PAR to histones and DNA 

To facilitate the synthetic attachment of PAR chains to histones and DNA a 

number of hetero linker strategies were considered, all of which exploited an aminooxy 

(AO) functionality for selectively targeting the terminal aldehyde of PAR. Current 

methods for PAR-histone conjugation employ a bi-functional linker having an AO and 

arylpropiolonitrile (APN= Thiol-reactive) interface. The goal was to, after AO-PAR 

condensation, react H2AN110C mutants with these thiol-reactive probes to generate covalent 

PAR-histone adducts. A few experiments suggest PAR may have been appended to 

H2BE2C via the aforementioned APN-AO linker however, aggregates appear during gel 

analysis in all experiments containing PAR and histones (w/& w/o linker) and attempts at 

removing the aggregates prior to gel loading show little sign of reducing aggregation 

(Figure E.3). I expect it will be best to perform the PAR-histone coupling after the 

nucleosome has been reconstituted.  

In addition to introducing PAR into nucleosome(s) (arrays) through conjugation to 

histone tails, which would be the most biologically relevant attachment site, PAR-DNA 

attachment has also been explored as a means to prepare reconstituted systems containing 

PAR chains tethered near DNA lesions. We expect this will sufficiently replicate the 

influence of PAR proximity to lesion processing within a chromatin environment. PARP-

1 has been reported to PARylate multiple DNA substrates in vitro and I have shown that 

PARP-1 can modify 5’-Phosphorylated overhangs and recessed ends to some extent (data 

not shown). Although there haven’t been any reports of PARP-1 modifying DNA directly 

in vivo, PARylated DNA can still serve as a reasonable substrate for BER studies. 
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Figure E.3: PAR-histone coupling screening experiment. In effort to reduce PAR-Histone 

aggregation various methods were considered. PAR and H2BE2C were combined (PAR in excess) 

in 80mM PBS (pH= 7.4) and incubated for 3 hrs at RT, then subjected to the following prior to 

gel loading.  F= Formamide Only, S= Spin @ 15k rpm, H= 37°C, N= Native LB, YD= Yellow 

Dot Filter, HS= Heat & Spin. None of the methods shown here were effective, the ratio of each 

band intensity is shown as Top:Middle:Bottom. 

 

Currently, methods for conjugating PAR chains of heterogenous and defined 

lengths to short, AO-containing, oligonucleotides. These PAR-labelled DNAs will be used 

as primers to generate 601s and are compatible with our plug-and-play chromatin (see 

Chapter 2). Attempts at PARylating long DNA substrates via the AO-linker were 

unsuccessful (data not shown). However, smaller AO-DNAs were reactive towards 

purified PAR chains, and conditions have been optimized for AO-based PAR-DNA 

conjugations (Figure E.4) Alternatively, PAR chains can be directly reacted with the AO-

containing molecule in situ by simply adding the aldehyde reactive compound to crude 

PARP-1 reaction mixtures (Figure E.5). 
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Figure E.4: Covalent modification of synthetic DNA oligonucleotides with pure PAR. PAR does 

not react with DNA lacking a 5’-AO moiety (lanes 4, 8 & 12). PAR+AO-DNA conjugation is 

most efficient at 500mM NaOAc (pH= 5.5), 10mM NaCNBH3, 45°C, 24hrs (lane 7). A 

Radiograph from this experiment is shown below the EtBr stained image. NaCNBH3 significantly 

improves yield (compare lanes 5-7 & 13-15 with lanes 9-11). 

 

 Unfortunately, degradation of PAR chains appeared to be taking place in most of 

these labelling reactions (Figure E.6). We expect this resulted from depurination of 

Adenosine during prolonged heating under acidic conditions. Although some promising 

data suggests PAR chains can survive thermal cycling and potentially be used in PCR 

reactions, alternative conditions will need to be optimized for the AO-PAR coupling (see 

discussion in E.1.3).  
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Figure E.5: Biotinylation of PAR in situ. (a) pH/time course experiment for PAR hydrolysis. 

Hydrolysis was conducted using the AO-Biotin reagent shown in (c) at the stated pH (37°C). The 

control lane (-) shows a 32P-PAR reaction hydrolyzed using CHES conditions (AO-Biotin Absent). 

All reactions were incubated with Streptavidin and AO-PAR coupling efficiency as determined 

based on the intensity of radiation shifted to the streptavidin-labelled MW frame. pH 5.5, 24 hrs 

resulted in the highest yield (38%). (b) Temperature experiment for PAR hydrolysis using the 

conditions optimized in part (a); conditions listed below. (c) Structure of AO-biotin used in the 

above experiment (purchased from Thermo Fisher). 500mM NaOAc (pH= 5.4), 10-fold excess 

AO-linker, 45°C, 24 hrs. Biotinylated PAR was precipitated directly from the reaction by adding 

3 volumes 100% EtOH. The pellets were resuspended directly in a Streptavidin solution containing 

1 ug/uL Strep, 1M NaCl, 50mM Tris (pH= 7.4) and then loaded after incubation at 37 ˚C for 20 

minutes.  
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Figure E.6: ESI MS analysis of an AO-primer after coupling to the PAR of defined length outlined 

in figure E.1. The green boxed peaks represent  

  

E.1.4  Future Directions and outlook 

Overall, my work on this project established conditions for synthesizing and 

purifying PAR chains of defined length. The most effective method for targeting the 

aldehyde moiety of PAR is the AO functionality and, although degradation was observed 

under the experimental conditions described here, I expect performing the reaction at 

neutral pH in the presence of elevated NaCl could prevent degradation while still yielding 

PAR-AO conjugates. An important consideration for future researchers is the importance 

of maintaining the integrity of the terminal aldehyde. I expect during the purification 

process, and perhaps other unnoticed steps, Tris buffer was introduced to the PAR 

mixtures and could potentially have ‘capped’ the 3’-aldehyde which hampered my yields 

throughout this project. 
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F)  APPENDIX                                                                                                                  

IN VITRO ASSEMBLY OF LNCRNA-CHROMATIN COMPLEXES 

 

F.1 Supplementary Text  

The lncRNA HOTAIR, like many other functional lncRNAs, is known to associate 

with chromatin remodeling complexes and is also expected to directly interact with 

chromatin itself. In general, lncRNAs regulate gene expression by either 

directly/indirectly influencing chromatin structure or recruiting proteins. In the case of 

HOTAIR, interactions with notable gene repressors: PRC2 and the lysine specific 

demethylase 1 (LSD1) proteins, result in recruitment of these factors to HOTAIR target 

genes and the establishment of a transcriptionally silent state.  Several mechanisms have 

been proposed to explain the ability of lncRNAs like HOTAIR to reliably direct chromatin 

regulation, these include: RNA:DNA triplexes, R-loops, RNA-dependent ternary 

complexes, among others. The goal of this project is to study the interactions of HOTAIR, 

and other lncRNAs of interest, with chromatin and determine how chromatin structure is 

impacted by having large RNA transcripts bound in proximity nucleosome arrays. To 

facilitate the investigations outlined above, the initial goal of this project was to develop 

a platform for tethering HOTAIR to our laboratory’s synthetic chromatin. To this end two 

approaches were pursued. Method (1) involves Cas9-mediated targeting of a HOTAIR-

sgRNA fusion construct to our chromatin and method (2) involves direct hybridization of 

HOTAIR to our nucleosome arrays via a DNA linker.  
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Figure F.1:  HOTAIR-chromatin complexes are achieved with excess dCas9 and RNA, this excess 

material is removed using the following method: the chromatin is modified by the “plug and play” 

strategy to contain a 5’-biotin, attached to the chromatin via a photocleavable (PC) linker. Once 

HOTAIR-dCas9-chromatin complexes are achieved, the complex is retrieved using streptavidin 

coated beads and unbound RNA/dCas9 is washed away. Photolysis of the PC linker releases the 

desired complex. 

 

(1) A catalytically dead Cas9 variant (dCas9) was used to guide HOTAIR to 

chromatin (Figure F.1). Dr. Yu Zeng examined various configurations of HOTAIR-

sgRNA fusion constructs to identify the construct that was most efficiently capable of 

hybridizing to a complimentary sequence appended to the 601 DNA. To facilitate 

translation of this method to our synthetic chromatin platform I prepared a 12×601 

sequence having the dCas9-sgRNA-HOTAIR recognition sequence located at the 3’-end 

of the array (Figure F.1). For ternary complexes with chromatin to form, 20-fold excess 

RNA and 5 fold excess dCas9 is required therefore, this crude mixture is unsuitable for 
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the desired biochemical analyses. To facilitate purification of the desired complex a plug-

and-play based insertion site was introduced to the EcoRI end of the 12×601. This method 

effectively enables isolation of free 12×601 DNA following streptavidin pull-down in 

preliminary experiments, however, attempts at using this strategy on intact RNA-

chromatin complex have given inconclusive results. One problem that might have to be 

overcome in using this method is the potential aggregation and disassembly of chromatin 

fibers when precipitated by streptavidin. 

(2) The second method being pursued, which involves direct hybridization of DNA 

linkers to HOTAIR and chromatin offers two potential platforms for investigating the 

effect of RNA proximity on chromatin structure. These include either direct attachment 

via a two-sided linker (Figure F.2a) or immobilization of HOTAIR and chromatin on the 

same streptavidin molecule via biotinylated DNA linkers (Figure F.3a). Preliminary 

findings indicated that hybridization of the DNA linker to native HOTAIR is not effective. 

Under native conditions the DNA linker fails to hybridize effectively (~10%), indicating 

secondary structure within the 3’-end of HOTAIR could be precluding duplex formation, 

whereas when the mixture denatured and annealed, even though the hybridization 

efficiency increased 4-fold (~40%), a substantial amount of aggregation occurs. To 

overcome these two problems a new, extended, HOTAIR construct was prepared which 

consisted of domains 1-2 and an additional single stranded extension that was 

complimentary to our DNA linker (HA-Ext). Indeed, this HA-Ext RNA was much more 

reactive to DNA probes than wild-type HOTAIR (Figure F.2b). 
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Figure F.2: Tethering of HOTAIR to chromatin via a DNA linker. (a) Schematic depicting method 

for attaching HA-Ext to 12-NCP-15gap chromatin. (b) Preliminary data indicated the most 

efficient probe for hybridizing to HA-Ext is the 42nt-PEG-linker. Left- EtBr stained Agarose 

(0.5%) shows HOTAIR extended RNA (bottom band) and the DNA template (top strand, DNase 

treatment not conducted)/ Right- autoadiograph of the same gel demonstrating 30nt-PEG-linker 

does not hybridize with WT HOTAIR (lane 3) but does with the HA-Ext (lane 4). 42nt-PEG-

linker hybridizes to some extent with the WT HOTAIR (designed to be complimentary to terminal 

12-nts of WT which are artificts of the primer sequence) but still hybridizes to a greater extent 

with HA-Ext. Hybridization efficiencies: Lane 1: 4.5%, Lane 2: 36%, Lane 3: 0%, Lane 4: 3.5%. 

 

(2 continued) In conjunction with HA-Ext development, a new 12×601 array was 

engineered (12-601-15gap) having an excisable fragment located at the 3’-end. When 

subjected to the strand exchange reaction described in Chapter 2, single stranded 

oligonucleotides having a HA-Ext complimentary linker or a 3’-biotin can be 

incorporated on the end of our chromatin template (Figure F.2). The DNA linkers that 

were synthesized for these purposes have been successfully hybridized to HA-Ext (Figure 

F.2b), with the 42-nucleotide linker (42nt-PEG-linker and 42nt-PEG-biotin) working 

the best (>30%). This percentage most likely under-represents the true ratio of hybridized 
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probe because contamination from the HA-Ext DNA template. The ratio of DNA:RNA 

based on EtBr gel (Figure F.2b) is equal to 44:56, suggesting the efficiency of 42nt-PEG-

linker binding to HA-Ext is actually over 50%. In the future transcription reactions should 

be treated with DNase. Nevertheless, this method has facilitated HA-Ext could be tethered 

to a free 601 DNA (Figure F.4). Additionally, through the use of two separate 3’- biotin 

hybridization probes, both the 12-601-15gap DNA and HA-Ext have been successfully 

immobilized. Almost 100% of the DNA and ≥85% of the RNA were able to be pulled out 

of solution using this method (data not shown). 

 

 

Figure F.3: Strategy for biotinylating 12-NCP-15gap and HA-Ext. Once modified with a biotin, 

chromatin and RNA molecules can be immobilized on the same streptavidin molecule for study. 
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Figure F.4: Single 601 DNAs (1-601-15gap) were tethered to domains 1-2 of HOTAIR (HA-Ext) 

using a hybridizable DNA linker (42nt-PEG-linker). The linkers were first annealed with 1-601-

15gap via strand-exchange and then incubated with excess RNA for 15 hours at the indicated 

temperature. Timepoints were taken after 1, 2 and 5 hours. Lanes shaded grey indicate controls 

with 32P-labelled HA-Ext; the DNA is the source of the radiation in all other lanes. The DNA is 

almost completely shifted (bound to HOTAIR) after 5 hours at 16°C, 2 hours at RT, and 1 hour at 

37°C. Prolonged incubation at higher temperatures leads to increased aggregate formation. (5% 

Native PAGE, 0.5x TBE). 

 


