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ABSTRACT 

 

Malaria remains one of the deadliest diseases of the 21st Century, with 405,000 

deaths annually. The visualization of stained blood smears with white light microscopy is 

still the gold standard for a proper diagnosis. Due to the difficulty of preparing consistent, 

high quality blood smears, effective malaria diagnosis remains challenging at the point of 

care (POC). Malaria diagnosis at the POC could be improved through the development of 

an automated smear preparation cartridge. In this work, materials for an automated smear 

preparation were developed and tested using bulk modifying polydimethylsiloxane 

(PDMS) with a poly(ethylene oxide) (PEO)-containing surface modifying additive 

(SMA). The modification was done at different concentrations, resulting in an increase in 

surface hydrophilicity as the concentrations of the SMA increased. The modified PDMS 

was optimized for the design of microfluidic cartridge for the generation of an automated, 

uniform, and repeatable blood smear by testing different SMA concentrations (3, 5, and 7 

wt%) and blood volumes (0.3, 1, and 2 µl). Pillars were added at various locations 

throughout the channel, which served to prevent channel collapse and provide uniform 

cell distribution. With a target of cell uniformity (e.g. monolayer and cell density per area 

of 400-700 unique cells/ 0.024 mm2 field of view), the combination of 5 and 7 wt% SMA, 

4.7 ± 0.1 µm height and 0.3 µl of blood was shown to provide a good quality smear within 

15 min. Also, using flow control, a wet whole blood staining protocol was developed in 

the microchannel for automated staining at the POC. A 3X concentration Giemsa stain 

was created and diluted with DI water yielding 10% 33%, 50% concentrations and was 
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tested to see which one worked best for staining malaria parasites. Although the results 

showed that for the 50% concentration the parasites were more distinguishable, this 

concentration also caused a crenation problem. Thus the 33% concentration showed the 

best contrast without crenation of RBCs. Further tests showed that the consistency for the 

33% protocol was also good and that the parasites stained with 33% are equally or even 

more distinguishable than parasites from typical glass smear protocol. 
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CHAPTER I  

INTRODUCTION  

 

1.1 Motivation and Significance 

Malaria remains a major global health burden with 405,000 deaths and 228 million 

cases in 2018 (1, 2), as well as 3.2 billion people at risk (3). The heartbreaking and 

outrageous part of malaria is that it kills mostly children. In 2018, around 67% of the 

malaria-related deaths were of children under the age of 5, and 94% of those children were 

from Africa (2, 3). Rapid diagnostic tests (RDTs) have recently been developed for the 

detection of malaria in the field to help screen for malaria, but they lack sensitivity and 

the ability to define parasitemia (i.e. the quantitative content of parasites per microliter of 

blood), which is needed for comprehensive diagnosis (4-6). Thus, the gold standard for 

diagnosis is still the examination of stained, smeared blood samples with white light 

microscopy (4, 7, 8). The examination of a stained blood smear with light microscopy has 

three steps: 1) Uniform generation of a blood smear (9, 10); 2) fixation and staining or 

simply staining (5); and 3) the examination of the stained smear under the microscope, 

which also has 3 sub-steps (e.g. parasite detection, identify parasite species, and determine 

parasitemia level (11, 12)). Each of these steps are challenges for malaria diagnosis, 

especially at the point of care (POC). They require a trained technician, which is often 

unavailable in remote areas (5, 9, 10, 13). Among those three steps, the smear preparation 

is the most important part, with the staining step coming in a close second, because the 

quality of the stained smear affects the rest of the examination process.  Because the 

process of malaria diagnosis based on microscopy can be very time consuming, depending 
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on the level of expertise, as well as expensive (3, 5, 11, 12, 14), many efforts have been 

done to alleviate these problems. Specifically, parasitemia, which is the quantitative 

content of parasites in the blood, is a time-consuming, labor-intensive endeavor that 

requires counting the cells and parasites and calculating the percentage per microliter of 

blood (15). It gives the doctor an indicator of the severity of the disease, and its lack of 

accuracy can lead to poor treatment or even death (6, 16). This workload prevents a fast 

and effective diagnosis. As a result, doctors often will over or under diagnose the disease 

and start patients on specific malaria medication at a particular dose before they can 

determine whether they even have the disease or what the severity of the disease is (4, 17) 

if they do have it. Those situations can lead to death or to parasites’ becoming resistance 

to the drug. Knowing early the severity of the disease can help doctors make an accurate 

diagnosis and provide the correct treatment. To this end, research has been done in 

developing automated software to detect parasites and reduce the time for determining 

parasitemia without the need of high-level experts, but the software is still unavailable for 

use in the field because of its lack of sensitivity and specificity (6, 18). This lack of 

sensitivity and specificity is due, in part, to the lack of good smear quality and uniformity 

across trained technicians (10, 19, 20). Little to no efforts have been made to develop 

automated smear makers, especially for use at the POC (21, 22). Smear quality and 

uniformity can vary both within and between trained technicians (10, 23, 24). As a result, 

the software may work for the smear from one technician but may not work for smears 

developed by another technician. Thus, a reproducible automated smear and staining 

microfluidic chip is of great interest to solve this lack of smear uniformity, particularly at 
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the POC. In general, point-of-care microfluidic chips have also shown the potential to 

meet many, if not all, of the ASSURED criteria guide created by the World Health 

Organization (WHO) for the development of diagnostic devices for use in developing 

countries (25). Specifically, the ASSURED criteria stands for devices that are Affordable, 

Sensitive, Specific, User-friendly (minimal expertise necessary), Robust and rapid (results 

accessible in under 30 min), Equipment-free, and Deliverable to remote areas (25, 26). By 

developing such a faster and easier to use microfluidic chip that produces more uniform 

smears at the POC, diagnosis can be done quickly, treatment can be more effectively 

administered with reduced parasite resistance, and more lives can be saved. 

 

1.2 Background 

1.2.1 Malaria disease and parasite transmission cycle 

Malaria is a serious and often fatal disease transmitted by female mosquitoes of 

the genus Anopheles that are infected with the malarial parasite (27). The disease results 

in estimated mortality of 405,000 deaths, 228 million cases in 2018, and there are 3.2 

billion people at risk of acquiring the disease, with 67 %  of the deaths being children 

under age of 5 according to WHO (1, 2). Although there are 173 species of malaria, in 

humans only four different species of parasites can cause malaria:  Plasmodium (P.) –

falciparum, vivax, ovale, and malariae (28, 29). P. knowlesi is still considered zoonotic 

malaria, which can affect humans but there is no evidence that the parasite is being 

naturally transmitted from human to human via the mosquito, without the natural 

intermediate host (e.g. macaque monkeys, genus Macaca) (28, 30).  
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The development of malaria parasites occurs through two hosts (the mosquito and 

the human) and through many stages and cycles as depicted in Figure 1 (31). Soon after 

the parasite enters the human body it travels to the liver and develops into hepatic 

schizonts, which contain up to 30,000 merozoites each (27). The merozoites are then 

released into the bloodstream. From there, they go through the erythrocyte cycle during 

which the merozoites invade the red blood cells (RBCs), develop into immature (ring) 

trophozoites, and then into mature trophozoites, which mature into schizonts containing 8 

to 32 new merozoites. At maturity, the RBCs rupture and release merozoites into the 

bloodstream which invade new RBCs and start a new cycle (3, 27, 32-34). Some 

merozoites can also develop into male and female gametocytes, which are then picked up 

by other female mosquitoes of the genus Anopheles (27, 32, 34). Although the 

gametocytes do not cause the disease directly, they go through multiple cycles inside the 

mosquitoes (e.g. mosquito stages) to transmit the disease to another person (32, 34) and 

this restarts another Human cycle.  

In humans, the liver stage of the development of the parasite, in general, is around 

5-15 days (3, 16, 27). However, the P. vivax and P. ovale can stay dormant in the liver for 

many years. This state is called hypnozoites  (29, 34, 35) and P. vivax has been reported 

to have a 30 year hypnozoites stage (34). The erythrocyte cycle is around 2 days for P. 

falciparum, P. vivax, and P. oval; 24 hours for P. knowlesi and 3 days for P. malariae (16, 

30, 33, 36). During this stage, the parasites grow, consume the RBCs' hemoglobin, 

produce a byproduct called hemozoin and rupture the RBCs (37-39). The erythrocyte stage 

causes the symptoms for malaria when RBCs are being lysed (32-34).  Because many 
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merozoites go through the erythrocyte cycle, it can increase the severity of the disease by 

making the patient anemic. However, it is possible to have malaria parasites in the 

bloodstream and be asymptomatic of the disease (3, 16, 27). 

 

 

1.2.2. Malaria Species 

Malaria disease is usually categorized as uncomplicated malaria and complicated 

or severe malaria. Uncomplicated malaria can sometimes be asymptomatic for patients 

Figure 1. Malaria parasites life cycle Reprinted with permission from (CDC, 2020) 
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who are immune or can cause symptoms which are generally nonspecific to malaria (e.g. 

fevers, headaches, nauseas, vomiting, chills, lassitude, fatigues, abdominal, anorexia, etc.) 

(3, 16, 27). Complicated or severe malaria causes symptoms such as comas (i.e. cerebral 

malaria), seizures, metabolic acidosis, severe anemias, hypoglycemia, acute renal failures 

or acute pulmonary edemas, and vital organ dysfunctions. Malaria is so deadly because it 

can progress from uncomplicated to severe very quickly, within 48 hours (16, 27). 

However, not all the species of malaria parasites have the same level of severity that is 

considered deadly. 

Each of these species have their own unique characteristics, with P. falciparum as 

the most dangerous of the 5 since it leads to the most malaria deaths (5, 28). It is often 

found worldwide in a tropical and subtropical regions, but mostly in Africa (29, 30). P.  

falciparum can cause a life-threatening disease because it infects all RBCs with a high 

level of parasitemia by multiplying rapidly (40). In addition, it can sequester in the 

capillary vessels and lead to occlusion over time (30, 41, 42). This can affect brain 

capillaries and cause a severe condition called cerebral malaria that can lead to coma or 

death in few days (8, 32, 35).  P. vivax is mostly found in Asia, Latin America, and some 

parts of Africa (29, 30, 32), and is the cause of most malaria cases (43); However, many 

Africans are immune to the parasites because most Africans are Duffy negative (32, 43, 

44). The Duffy antigen is a protein receptor for malaria parasites, but most Africans do 

not have it, thus becoming Duffy negative. Although the maximum parasitemia of P. vivax 

is usually < 2 % and mostly infects young RBCs (40), in high prevalence it has been 

reported to be fatal and behave like P. falciparum with an inflammatory response,  
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dyserythropoiesis, and severe anemia caused by RBCs fragility.  It can also be retained by 

the spleen or cause renal failure, severe thrombocytopenia, and sometimes coma (8, 35, 

43).  Furthermore, the liver stage of P. vivax (hypnozoites) can cause a relapse of the 

disease. For that reason, a patient with P. vivax will need 2 different treatments (43, 45), 

one treatment to clear the parasites from the bloodstream and one treatment to clear the 

parasites from the liver.  P. ovale is found in Africa, mostly in West Africa, and western 

Pacific islands (30, 32, 46). Similar to P. vivax, P. ovale has a low maximum parasitemia 

(< 2%), prefers to infect young RBC’s  (40, 46, 47), and also has a liver hypnozoites stage 

that can cause a relapse of the disease (30, 32, 47). Thus, the required treatment is similar 

to that of P. vivax.  Despite the similarities, P. ovale is able to infect people who are Duffy 

negative (30, 32, 46) but P. ovale is not as life threatening as P. vivax (47). P. malariae is 

found worldwide in tropical or subtropical areas (30, 32), has a maximum parasitemia that 

is usually < 2%, and mostly infects old RBCs (40, 48).  P. malariae is not as dangerous as 

P. falciparum and does not have a hypnozoites stage like P. Vivax. However, it can cause 

a chronic infection that lasts a lifetime if untreated and, in some cases, it can cause 

nephrotic syndrome, a long-lasting serious complication of the chronic infection (30, 32, 

48). P. knowlesi is located throughout Southeast Asia and is the only zoonotic malaria that 

affects humans (40, 49, 50). Because of its short 24-hour RBC cycle, P. knowlesi can be 

life threatening similar to P. falciparum. It can infect all RBCs and its parasitemia can be 

very high, which is why it can develop rapidly from uncomplicated to severe malaria (40, 

49, 50). 
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Early, fast, easy, and more importantly, a comprehensive diagnosis for all malaria 

species is still unavailable, especially at the POC (51, 52). Although there are many 

medications to treat malaria, and many efforts have been made to improve diagnosis, 

people are still dying from the disease. This is, in part, because complications can arise 

due to late diagnosis and/or misdiagnosis, which is due to an excessive workload and lack 

of equipment and high-level experts at the POC. Thus, there remains a need to find a 

different way to diagnose or to improve upon the gold standard of malaria diagnosis.  

 

1.2.3. Malaria diagnosis requirements and methods 

Researchers have identified three main requirements for malaria diagnosis: 1) 

parasite detection 2) species identification and 3) the determination of the parasitemia 

(53). There are multiple methods used for the diagnosis of malaria: bright field or 

fluorescence microscopic observation of a blood smear, Polymerase Chain Reaction 

(PCR)-based diagnosis, Rapid Diagnostic Test (RDT) and others (3, 5, 29). 

 

1.2.3.1. A symptomatic-based diagnosis method 

A symptomatic-based diagnosis of malaria is the main method used for malaria 

diagnosis. This method is based on the patient’s clinical signs and symptoms during a 

physical examination by the Community Health Workers (CHWs) or at home in a rural 

areas (5, 54, 55). This diagnosis method is the main method used because over 70% of 

patients with malaria symptoms (e.g. fever) do not go to the hospital (54) and instead 

diagnose and treat themselves at home with traditional medicine or over the counter 
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antimalaria drugs purchased at local shops (54, 56, 57).  Patients usually only go to the 

health community centers if their home treatment failed (54). The diagnosis in the health 

community center is based on clinical signs and symptoms because the center does not 

have the proper equipment and/or personnel for a proper diagnosis. Although health 

community centers helps save lives, the clinical diagnosis is based on the medical 

expertise of the CHWs, and thus usually has a low sensitivity and specificity (5, 54, 55) 

because malaria is not the only disease with symptoms such as fever, headache, nausea, 

vomiting.  Diseases such as yellow fever and Q fever, influenza, cold, and other common 

infections have similar symptoms (5, 58). 

 

1.2.3.2. Examination of a stained blood smear with white light microscopy  

Basic white light microscopic observation of blood smears by a trained technician 

is the current gold standard for malaria diagnosis (4, 7, 8). This technique requires multiple 

steps that need to go well for a proper and fast diagnosis. The first step is the blood smear 

preparation, which can either be thick or thin (59). For thick smear preparation, 3 drops of 

blood (~ 6 µL) are placed on a glass slide and spread using the corner of another slide or 

an applicator stick to a size of 12 mm diameter (60-62). Another way to spread the thick 

smear is to use the corner of the slide to create small scratches in the underlying slide (60). 

This method is called the scratch method and it helps improve the adherence of the smear 

to the slide without affecting the morphology of the cells.  

There are three main methods used for thin smear preparation: the manual wedge 

method, the manual coverslip method, and the automated method (13, 22, 63, 64). The 
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manual wedge method is the most commonly used and involves using a cover slide or 

microscope slide to push and spread around 2 µl of blood on the top of another slide at an 

angle between 30 to 40 degrees. Despite being the favored technique because of its easy 

to handle advantage, the wedge method has some drawbacks, including a high degree of 

variability across smears prepared by either one expert using the same blood, or smears 

across experts, (13, 23, 24). In the coverslip method, a sample of blood is placed between 

two coverslips or between a slide-glass and a coverslip, which are placed crosswise to 

each other so that they have eight-star corners (13). The coverslip on top is moved to 

spread the blood and uniformly distribute the cells. The coverslip method is harder to 

implement, so it is not often used. 

Generating a good quality thin blood smear is a challenge in hematology diagnosis, 

particularly at the POC and automated smear preparation could improve the smear quality. 

The manual method for smear preparation is labor intensive and requires a trained 

technician, who is often unavailable in developing countries and at the POC (9, 10, 13).  

As reported by various researchers, a good quality and repeatable smear is important and 

plays an essential role in the proper detection, classification, and differential counting of 

blood cells in manual or digital microscopy (10, 19, 20). Riedl et. al. indicates that manual 

smear preparation is insufficient for a proper and reproducible detection and classification 

of blood cells and that a semi and fully automated slide preparation would be better (19).  

Thus, automated smear preparation devices were investigated and developed (21, 22). The 

automated smear method uses many techniques to create the smear, such as a microfluidic, 

a spinning, a wedge, or a coverslip technique. Some automated smear methods have a 
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better WBC distribution than the wedge method, less variation within smear, less labor 

and time for the operation, and are as easy to handle as the wedge method (10, 13, 21, 23). 

However, there is still variation across smears of different automated devices and these 

devices are only available for laboratory use and cannot be used at the point of care (21). 

Typically, in malaria diagnosis, both thin and thick smears are required for a rapid 

and proper diagnosis. Both types of smears have their advantages and disadvantages. The 

thick smear procedure lyses RBCs and uses a large volume of blood, so it is useful for 

parasite detection and sometimes parasitemia (60, 62). However, because cells are lysed 

during the procedure, parasite morphologies are sometimes affected, and thus the thick 

smear is difficult to use for species identification (60). Thin smears, on the other hand, use 

a small volume of blood, 1-2 µl usually, and no cells are lysed during the procedure.  

Because of this, the process can be used for all steps of the diagnosis procedure, especially 

for species identification (62). While a thick smear is used for species identification in 

samples of low parasite density (61), a thin smear is typically used for parasite detection 

in samples of high parasite density. This is because the thin film doesn’t lyse the cells and 

uses less blood volume, so parasite detection would take more time at low parasite 

densities. Thus, both smears are often used in harmony toward a faster diagnosis. 

After a blood smear is generated, the next step involves fixing and staining, with 

the former only applying to a thin smear. There is chemical as well as physical methods 

that are used for fixing a blood smear. The chemicals that are generally used are 

formaldehyde, glutaraldehyde, acetone, ethanol, methanol, or a combination of them 

depending on the application (65, 66). Physical methods include heating, microwaving, 
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and cryo-preservation (freeze-drying). Of these options, the gold standard technique is to 

use a 100% methanol solution (64). The fixing protocol in the gold standard technique is 

simple, usually summarized as the insertion of the dry smear slide into an absolute 

methanol solution for at least 30 seconds, and differs from the stain to stain (64). While 

Giemsa staining requires fixing in absolute or 100% methanol beforehand, in a Leishman 

protocol, the fixing is part of the staining protocol because Leishman has 100% methanol 

in its solution (67). For the Giemsa stain, fixation beforehand allows the methanol to open 

the cellular membranes of the cells for the stain to get into the cell. It also helps cell 

morphology conservation over a long period of time and influences the color of the stain 

(68).  

A stain is generally used for the contrast of cellular components, study of cell 

morphology or changes in the cell, and identification of intracellular components. For 

malaria diagnosis, Romanowsky stains, such as Field’s and JSB stain, Giemsa, Leishman, 

and Wright stains are considered the gold standard (67). Similar to the importance of the 

quality of the smear, the quality of the stain is invaluable in the diagnosis, characterization, 

and monitoring of various clinical diseases such as malaria (9, 69). There has been 

inconsistency in the stain quality for malaria diagnosis because staining quality depends 

on the skill level of the expert, chemical staining, fixation, and the quality of the smear 

(70). Bad staining is usually shown by the presence of artifacts and/or improper color and 

contrast for the cells (9, 54, 66). Because the role of the stain is to enhance the contrast of 

cellular component for better diagnosis, a bad stain can conversely lead to error in the 
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diagnosis (54, 69-71), which can lead to improper treatment, parasites’ resistance to 

antimalaria drugs, death and socioeconomic burden (42, 54, 71-73) 

The visualization of the blood smear under a microscope allows the technician to 

go through the malaria diagnosis requirement steps (detection, species identification, and 

parasite counting for parasitemia). The parasite detection, which is usually done with a 

thick smear, gives proof that the patient has malaria. After confirming the presence of 

malaria in the blood, the technician tries to identify the species of malaria by looking at 

the morphology of the parasite. Each of these requirements is very important. Parasite 

detection and species identification could sometimes be difficult to accomplish, 

particularly with lesser skilled technicians or low parasite density. If the presence of 

parasite cannot be confirmed because of low parasite density, it could lead to a false 

negative diagnosis.  Error from the technician could also lead to a false positive, (72, 74). 

False positive or false negative diagnosis could lead to severe consequence such death or 

parasites resistance (4, 72, 74, 75). Identifying the spices of the malaria parasites is also 

sometimes difficult (4, 5) and important because each species has its own treatment (8, 

16).  Thus, getting the species wrong could lead to the wrong treatment which could lead 

to death or parasite resistance (4, 16, 76). Parasitemia calculation is a time-consuming, 

labor-intensive endeavor that requires counting the cells and parasites and calculating the 

percentage per microliter of blood. There are rules to follow when counting the cells for 

the parasitemia calculation (62, 77).  These rules only apply if the presence of a parasite 

has been confirmed either through microscopy or RDT. The rules depend on if thick film 

or thin film is used. Because a thick smear doesn’t have an RBC, WBC count is used for 
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the parasitemia calculation. If you count greater than 100 or more parasites with 200 

WBCs, then one stops and report the results per 200 WBCs.  However, if one counts less 

than 100 parasites then they should continue counting until they reach 500 WBCs and use 

the results to calculate the parasitemia per 500 WBCs. The parasitemia equation or the 

parasites per µl of blood’s equation for WBCs is equation 1 (62, 77). 

 

Parasites /µl of blood=
𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝒑𝒂𝒓𝒔𝒊𝒕𝒆𝒔 𝒄𝒐𝒖𝒏𝒕𝒆𝒅 × 𝟖𝟎𝟎𝟎 𝑾𝑩𝑪𝒔/µ𝒍

𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝑾𝑩𝑪𝒔 𝒄𝒐𝒖𝒏𝒕𝒆𝒅
            (1) 

 

The thin smear rule on the other had uses RBC count for the parasite’s density calculation. 

If the parasitemia is high (e.g., > 10%) one examines 500 RBCs; if it is low (e.g., <1%) 

one examines 2,000 RBCs (or more) and stops counting when 5000 RBCs have been 

counted or when one examines about 20 fields of view assuming they have around 250 

RBCs per field (62, 77). Most technicians prefer the rule based on the WBC count because 

it is easier, however, automated software uses thin smears, so they prefer the rule based 

on RBC count. It is also important to note that if one counts 100 or more parasites in each 

field of view of a thick smear, the parasite density calculation should be done with a thin 

smear. The equation for RBCs parasites density calculation is equation 2 (62, 77). 

 

Parasites /µl of blood=
𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝒑𝒂𝒓𝒔𝒊𝒕𝒆𝒔 𝒄𝒐𝒖𝒏𝒕𝒆𝒅 × 𝟓𝟎𝟎𝟎𝟎𝟎𝟎 𝑹𝑩𝑪𝒔/µ𝒍

𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝑹𝑩𝑪𝒔 𝒄𝒐𝒖𝒏𝒕𝒆𝒅
            (2) 
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In summary, the microscopy gold standard has a sensitivity of 5-10 parasites/µl 

for a thick smear when examined by a high-level expert and if the quality of the smear, 

stain, and equipment are on the highest level possible (16, 78). However, the average 

sensitivity for thick smear examination reported is around 50 parasites/µl (28, 41, 79), and 

this sensitivity increase to 100 parasites /µl or more when diagnosed in the field (4, 16, 

28). On the other hand, the sensitivity for a thin smear is >200 parasites/µl when examined 

by a high level expert and > 500 when examined by a low level expert  (80).  The process, 

in general, is considered time-consuming, expensive, and requires an expertise at each step 

for proper diagnosis and is unavailable in the rural area because of lack of expertise. In 

addition, the examination of 100 fields of view at least is required to claim a negative slide 

for a thick smear (4, 27, 28, 79) and at least 300 fields of view for a thin smear (28, 77).  

Although considered the gold standard, the challenges of each step in the 

microscopy diagnosis process calls for continued research to overcome some of these 

challenges. For example, to improve sensitivity, fluorescence stains were developed for 

malaria diagnosis (81, 82).  Among them, Quantitative Buffy Coat (QBC) has been 

considered successful enough to be used in some areas for malaria diagnosis. 

 

1.2.3.3 Quantitative Buffy Coat (QBC) 

The QBC technique is a microscopic detection method that stains the parasites’ 

deoxyribonucleic acid (DNA) in micro-hematocrit tubes with fluorescent dyes, e.g., 

acridine orange (5, 41, 83). The process is similar to the bright field gold standard 

procedure, except that instead of the preparation of a smear, the blood is collected in a 
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hematocrit tube containing acridine orange and anticoagulant. The blood in the tube is 

centrifuged at 12,000 g for 5 min and examined under a fluorescence microscope (5, 81, 

83). The process is fast because it eliminates the smear preparation step, and its staining 

process is short (27). As a fluorescence technique, it is a very sensitive method and can 

detect  >5 parasites/ul (5), however, it lacks specificity and is not suitable for species 

identification and parasite density calculation (5, 37, 41).  

 

1.2.3.4 Rapid Diagnosis Test (RDT) 

The RDT was developed to overcome the complexity of the gold standard process 

and for use in the field. RDTs are immunochromatographic lateral flow devices that detect 

specific antigens of malaria parasites. RDTs can either detect the Plasmodium lactate 

dehydrogenase (pLDH) expressed by all human malaria species and/or the histidine-rich 

protein 2 (HRP2) expressed by P. falciparum (5, 14, 84).  Since 1990, the WHO has 

recognized RDTs as a method for malaria diagnosis because they are fast, easy to use, and 

do not require a trained technician nor any other equipment (5, 14). Since then, there have 

been 332 RDTs developed and tested by 2018 (84).  RDTs are currently used in 

conjunction with the gold standard process because they cannot provide parasites’ 

density/µl nor provide the species in mixed infections (5). Thus, they are mostly used as a 

screening tool. However,  they are very useful and can be more sensitive than microscopy 

in rural areas where trained technicians do not exist (4, 5, 85). Their sensitivity has been 

reported as variable in some remote areas. The sensitivity limit is typically 100 

parasite/µL. However, they can have false positives because HRP2 are usually still in the 
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blood for several weeks even after malaria is cured. The RDT false-negative diagnosis is 

due to malaria antigen gene deletion or mutation (4, 7), but sometimes because of its 

detection limit, and they are often not reliable for non-falciparum infection (4).  

Besides the microscopy method and RDT, there are also molecular methods 

developed for malaria diagnosis such as polymer chain reaction (PCR).  

 

1.2.3.5 Polymerase Chain Reaction (PCR) 

PCR is a molecular method based on the amplification of the malaria parasite 

DNA. Malaria PCR is also considered a gold standard method for mix parasite detection, 

species identification and low level parasite detection because it is more sensitive and 

more specific than the microscopy gold standard technique, RDT, and QBC (5, 41, 85, 

86). It has a detection limit of >1 parasite/ µL compared to 50 for the microscopy gold 

standard and 100 for RDT (5, 41). Because of its high sensitivity and specificity, PCR is 

useful for detecting drug resistant parasites and correctly diagnosing mixed infections (5, 

41). Despite all the advantages of PCR, it is still not widely used because it is hindered by 

complex methodology. It is very expensive, requires a highly trained technician (5), and 

requires quality control and equipment maintenance frequently. Thus, PCR is difficult to 

implement in developing countries, especially at  the POC (5, 85, 87).  

In addition to the methods described here, there are several others for malaria 

diagnosis which are summarized in Appendix A Table A1 (5).  
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1.2.4. Malaria treatment  

There is a close relationship between malaria diagnosis requirements, methods, 

and treatments. Examination with white light microscopy remains the gold standard 

because it provides information on all 3 requirements which is vital for proper treatment. 

As mentioned earlier, malaria is categorized as uncomplicated and complicated or severe 

(16, 88).  

 

1.2.4.1 Complicated malaria 

Complicated malaria is subdivided into groups based on the species: Severe 

falciparum malaria, severe vivax, and severe knowlesi malaria (16, 88). The falciparum 

malaria is defined as severe if one or more of the following in Appendix A Table A2 

occur (16). Severe falciparum malaria is treated with intravenous or intramuscular 

artesunate for at least 24 h and followed by oral treatment (16, 86). It is important to note 

that the dose for oral treatment depends on if the person is a child, adult, or pregnant (8, 

16, 86). Besides P. falciparum, P. vivax and P. knowlesi are the only other species that 

produce a complicated malaria condition (16, 86).  

Treatment of severe vivax malaria is similar to that of severe falciparum malaria, 

but without parasite density thresholds because the parasitemia level of P. vivax is not 

usually high (16). Having a parasite density threshold as high as the one P. falciparum 

malaria would be misleading. The severe P. knowlesi is defined as severe falciparum but 

with two key differences summarized in Appendix A Table A3 (16). The parasites’ 

density of 100,000/µl is equivalent to 2% parasitemia (16, 87), which is lower compared 
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to P. falciparum hyperparasitemia level requirement of > 10% (16). This indicates that P. 

knowlesi is more severe at low parasitemia than P. falciparum at the same level of 

parasitemia. Secondly, Jaundice symptom from plasma or serum bilirubin > 50 µmol/L (3 

mg/dL) with a parasite count > 20,000/µL, which is a key difference between severe P. 

knowlesi and P. falciparum 

There are many factors that define severe falciparum malaria, such as parasitemia 

level, anemia, hypoglycemia, coma, and seizure, which are clinical signs of cerebral 

malaria (8, 16). However, most of them are a combination of clinical signs and the level 

of parasite density. Although the treatment for severe malaria is almost the same for all 

severe malaria, regardless of the species with parenteral treatment, the requirement for 

severe malaria diagnosis is species dependent based on different levels of parasite density 

for P. falciparum and P. knowlesi and not the parasite density requirement for P. vivax 

(16, 88). These requirements indicate the importance of the malaria diagnosis 

requirements, such as species identification and determination of parasitemia level. Thus, 

despite having few drawbacks, the examination of a stained blood smear with microscopy 

and PCR remained the gold standard because only they can accurately provide all 3 

malaria diagnosis requirements. 

 

1.2.4.2 Uncomplicated malaria 

Every patient diagnosed with malaria that does not meet the criteria for severe 

malaria is considered to have uncomplicated malaria (16). Uncomplicated malaria is 

subdivided into multiple groups based on species: uncomplicated P. falciparum malaria, 
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uncomplicated P. vivax, P. ovale, P. malariae, and P. knowlesi, and mixed malaria 

infections (16). The uncomplicated P. falciparum is subdivided into uncomplicated P. 

falciparum malaria and special risk groups such as the first trimester of pregnancy, infants 

less than 5kg, patients co-infected with HIV, non-immune travelers,  and uncomplicated 

hyperparasitemia and uncomplicated non-special risk group (17). Patients with 

uncomplicated P. falciparum malaria and who don't belong to any special risk group are 

usually treated with a combination of drugs including one or more of the following: 

artemether + lumefantrine, artesunate + amodiaquine, artesunate + mefloquine, 

dihydroartemisinin + piperaquine, artesunate + sulfadoxine–pyrimethamine (SP) (16, 73). 

 Patients in the special risk group follow a specific treatment designed for them. 

Similar to severe malaria, the value of knowing the species and parasite density is used to 

determine the severity of the disease. Although every malaria species has its specific 

uncomplicated malaria treatment, most of the malaria species treatments are similar to P. 

falciparum treatment and differ only in regard to parasite drug resistance or the absence 

of a specific treatment (16). 

In summary, malaria remains a major global health burden. Many diagnosis 

methods have been developed, however, all them have some flaws. They either can cannot 

fulfill the malaria diagnosis requirements, require complex methods for easy and fast 

diagnosis, especially at the POC in a rural area, require a trained technician which are 

unavailable, and/or are costly.  Despite all the efforts done to solve these issues, some 

problems such as smear preparation and staining at the POC are still lacking. These issues 
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could be partially addressed by creating an automated microfluidic device for smear 

preparation and staining for POC diagnosis. 

 

1.2.5. Microfluidic overview 

Microfluidic systems have been shown to have the potential for developing devices 

for POC diagnosis. For more than half a century, microfluidic technology advancement 

has been driven largely by application needs and demands (89). Today, one of the primary 

demands for microfluidics is to advance diagnosis from the laboratory into field work, 

while solving the problems such as sample transportation and sample preparation. Thus, 

many efforts have been made to include sample preparation in microfluidic systems (90-

92). While some researchers focus on the development and creation of microfluidic 

devices, others focus on the research and development of materials that help advance many 

microfluidic applications (92-94).  Two major trends, such as powerful microscale 

research platforms and low-cost portable analyses, have been the focus of many 

researchers (93). As the areas of microfluidic applications increase, there is continued 

interest in investigation of different materials to accommodate that demand. Appendix A 

Table A4 summarizes a list of different materials for different microfluidic applications 

(89, 93). In order to better understand the materials used for a microfluidic and to provide 

better guidance for the choice of material for specific applications, many studies 

investigate various features such as hydrophilicity/hydrophobicity, modulus, surface 

charge, optical transparency, channel profile, etc (89, 93, 95). Appendix A Table A5 

shows a summary of studies on different material features (93). 
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The design of low-cost portable analyses microfluidic devices has shown its 

potential in biological, chemical and medical applications (93). One of the main paths of 

this growth is the development of POC diagnostic devices. The path of the design of low-

cost portable analyses has not been easy. Most current devices still require pumps, 

syringes, and tubing connections to help fluid flow through the channels (96-98). Although 

these methods work well for lab-based applications, they have many negative features for 

field work or POC applications. Field driven requirements favor simple techniques, such 

as capillary flow transport that can eliminate complicated sample interface connections 

and reduce the large dead volume of fluids associated with syringes, tubing, and pumps. 

Field work microfluidic chips should be easy to use and not need any significant hands-

on operation time (92, 98, 99). To solve these problems, researchers have been developing 

pumpless capillary flow system (90, 97, 100-104). The research for the development of 

pumpless capillary flow systems focused of the development of hydrophilic materials and 

microfluidic designs that allow flow without external force (90, 97, 100-104). 

Given the above significance and background showing the need for a uniform 

smear and staining POC device that follows much of the ASSURED criteria for malaria 

diagnosis, three studies toward the design of a pumpless microfluidic system were 

performed as described in the next three chapters, namely; Chapter 2) Pumpless, self 

driven, microfluidic channels with controlled blood flow using an amphiphilic silicone, 

Chapter 3) Whole blood smears prepared via a pumpless microfluidic for POC 

applications and Chapter 4) Brightfield and fluorescent staining of microfluidic cartridge 

generated thin peripheral blood smears. 
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CHAPTER II  

PUMPLESS, “SELF-DRIVEN” MICROFLUIDIC CHANNELS WITH 

CONTROLLED BLOOD FLOW USING AN AMPHIPHILIC SILICONE* 

 

2.1 Overview 

A silicone microfluidic system that enables the pumpless, controlled flow of blood 

represents a significant advancement for the improvement of diagnostics and biological 

research. Such a system would be especially useful toward developing a single use, optical 

imaged point-of-care (POC) device. While readily used to prepare microfluidics via soft 

lithography, silicones inhibit capillary flow of blood due to their extreme hydrophobicity. 

Herein, Sylgard 184 was conveniently modified with a surface modifying additive (SMA) 

to produce microfluidics having “on-demand” surface hydrophilicity leading to pumpless 

capillary blood flow. The SMA is a poly(ethylene oxide) (PEO) silane amphiphile 

composed of a cross-linkable silane (Si–H) end group, an oligodimethylsiloxane (ODMS) 

tether, and PEO segment: HSi-ODMS30-block-PEO8-OCH3. The SMA was incorporated 

at different concentrations into the silicone (5, 7, and 14 wt %) and resulting films as well 

as corresponding microchannels were assessed for key properties relevant to a single use, 

POC device to analyze blood. Overall, the SMA did not compromise light propagation or 

increase autofluorescence, which are important parameters for permitting the eventual use  

 

*Reprinted with permission from “Pumpless, “Self-Driven” Microfluidic Channels with 

Controlled Blood Flow Using an Amphiphilic Silicone” by Dogbevi KS, Ngo BKD, 

Blake CW, Grunlan MA, Coté GL., ACS Applied Polymer Materials. 2020. Copyright 

2020 American Chemical Society 
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of optical detection and imaging methods for analysis of blood within a microfluidic 

channel. While incorporation of the PEO-silane amphiphile SMA led to an expected 

decrease in modulus, this did not result in collapse of the channels. The SMA caused a 

dramatic increase in water-driven surface hydrophilicity, particularly at higher 

concentrations. As a result of the surface restructuring effect, the modified silicones 

enabled the pumpless flow of blood through microfluidic channels. Moreover, channel 

height as well as SMA concentration was useful in controlling the speed of blood flow. 

 

2.2 Introduction 

Microfluidics, by offering fluid flow control for a microscale device, have vast 

potential to impact medicine and biology.(105) Most microfluidic technologies rely on 

pumps, syringes, and tubing connections to help push fluid through the channels.(96, 98) 

While enabling controlled flow, these increase liquid and analytic reagent consumption 

(due to large dead volumes) and also generate bubbles.(98, 106) In addition, pump-

actuated microfluidic systems are typically bulky and require expensive equipment.(98, 

99, 106) Recently, a low-cost portable pressure pump was created from a silicone sponge 

and shown to achieve rapid release of but not controlled flow of water into a microfluidic 

device.(107) A capillary-driven, pumpless, microfluidic system is more suitable for use as 

part of a POC device as it would eliminate bulky equipment and complicated sample 

interface connections as well as reduce the large dead volumes of the fluids. (98, 106) This 

approach is also ideal for one-time use applications.(90, 108) In particular, a pumpless 
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microfluidic that would control the flow of blood would enable the development of assays 

and drug screening platforms, and biomimetic ‘organ-on-a-chip’ systems. (96, 108, 109) 

Additionally, if also optically transparent, a single use, optical imaged POC diagnostic 

could be developed for numerous bloodborne diseases (e.g. malaria, anemias, sickle cell 

diseases, thrombocytopenia, thrombocytosis, leukemia, lymphoma, and iron deficiency). 

While capillary forces may be leveraged to induce pumpless flow of a liquid through a 

microchannel, flow control remains a challenge. As a result, pump-actuated microfluidics 

continue to be designed and used due to their precision flow control capability.(108, 110)  

To achieve capillary flow, materials approaches(97, 100, 102-104, 111) as well as more 

complex microfluidic designs(99, 108, 109, 112-115) have been explored, but only a few 

have achieved flow control.(99, 100, 108, 109, 115) For most liquids, control of capillary 

flow is characterized by its flow velocity.(108, 109, 116-118) In the case of blood capillary 

flow, the speed of the blood flow to reach the final destination (i.e. flow velocity) and the 

coagulation time of blood must be considered.(119, 120) These are both related to the 

hydrophilicity and wettability of the material with which the blood interacts.(103, 121) 

Capillary pressure or Brownian motion,(122-124) both related to surface 

hydrophilicity,(123-125) are suggested to drive microfluidic capillary flow, including for 

blood. Hydrophilic surfaces also reduce cellular adhesion to contribute to the enhanced 

flow of blood as well as reduced coagulation times.(121, 124)  

Since first demonstrated for soft lithography by Whitesides,(104) most microfluidic 

channels are conveniently prepared from a polydimethylsiloxane (PDMS) elastomer (i.e. 

silicone). However, because of its extreme hydrophobicity, capillary action by aqueous 
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liquids, including blood, is inhibited.(103, 112, 126) In addition to poor flow control, 

silicone microfluidic channels are prone to adsorption of proteins and small molecules as 

well as whole blood thrombosis.(100) While a channel with a higher height/width aspect 

ratio may better facilitate flow, the low modulus of silicones makes wider channels prone 

to collapse at low aspect ratio (generally, <0.1).(127-129) Alternatively, pillars have been 

incorporated into silicone-based microfluidic channels to inhibit channel collapse and to 

improve capillary flow.(112, 114) However, based on their potential for simplicity, most 

approaches used to create pumpless microfluidic flow have focused on making the 

surfaces of silicone hydrophilic.(97, 100, 102-104, 111) For instance, plasma treatment in 

an air or oxygen environment is known to induce their hydrophilicity (i.e. water contact 

angle,  < ~ 30°) but undergo rapid hydrophobic recovery when maintained in air ( ~ 79 

° in ~15 min and ~ 93 ° in ~45 min).(104) Efforts have been made to limit hydrophobic 

recovery of silicones after plasma treatment, including storage in DI water(111, 130) and 

thermal annealing.(131)  However, these techniques are of limited efficacy. For instance, 

hydrophobic recovery of plasma-treated silicones occurs within hours to days after 

removal from water and within days to weeks post-heat treatment.(101, 132) Other 

methods to impart surface hydrophilicity have been reported, namely relying on surface 

modification processes applied to an already formed silicone microfluidic.(107, 126, 133) 

For instance, a poly(vinyl alcohol)/glycerol layer-by-layer (LbL) coating was deposited 

onto the surfaces of silicone microfluidics.(97) While hydrophilicity (θ ~ 6°) was 

maintained for ~90 days, a higher surface roughness resulted(101) which can negatively 

influence flow behavior, biological adhesion, bubble generation, and optical 
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imaging.(134) Several reports have included the use of amphiphilic copolymers based on 

poly(ethylene oxide) (PEO) [or poly(ethylene glycol), PEG] for surface modification of 

silicone microfluidics. For instance, triblock PEO-PPO-PEO copolymers have been 

applied to several surfaces, demonstrating subsequent reduced cellular adhesion but only 

a modest improvement in wettability by water ( ~ 73  to 63),(135) anticipated to be 

insufficient for pumpless flow. Silicone microchannels were prepared with surfaces 

modified with commercial non-ionic and ionic copolymer surfactants by first forming 

surfactant thin films (via a masking technique) on the inner walls of the of the mold.(126)  

While pumpless flow of water was achieved for silicone microchannels modified with a 

PEO-PDMS-PEO triblock copolymer (θ ~ 22 °) and surface hydrophilicity stable upon 

storage in air (11 days),  the fabrication process was >48 hr and flow rate could only be 

controlled by channel geometry.  

 “On-demand” surface hydrophilicity, achieved with a surface modifying additive 

(SMA), represents a convenient approach to prepare pumpless silicone microfluidic 

channels with controlled blood flow. A SMA may be readily blended into the silicone 

prior to formation of the channels via conventional soft lithography. For a pumpless 

microfluidic in POC blood applications, it is essential that, upon contact with blood, the 

SMA rapidly migrates to the surface to induce hydrophilicity and subsequent capillary 

blood flow. If SMA concentration could further regulate blood flow rate, this would offer 

additional utility. Also essential is a lack of compromise of silicone modulus (to prevent 

channel collapse) and transparency (for subsequent optical imaging). Given its 

hydrophilicity and associated anti-biofouling behavior, poly(ethylene oxide) (PEO) [or 
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poly(ethylene glycol), PEG] has been extensively evaluated for silicone 

modification.(136-141) However, conventional bulk modification of silicones with PEO 

is limited. For instance, hydrophobic recovery is observed for condensation-cured or 

“RTV” silicones prepared with PEO-silanes (e.g. triethoxysilyl-propyl PEO monomethyl 

ether [(EtO)3Si-(CH2)3-PEOn-OCH3] (139, 140) and for addition-cured silicones prepared 

with allyl PEO monomethyl ether [CH2=CHCH2-PEOn-OCH3].(141) Hydrophobic 

recovery is also observed for silicones surface-grafted with allyl PEO monomethyl 

ether.(139, 141) Several reports have utilized an amphiphilic “PDMS-PEO” copolymer as 

an SMA to create hydrophilic silicone microchannels, but none have yet demonstrated 

controlled blood flow. For instance, incorporation of a commercial PDMS-PEO 

copolymer (MW = 600 g/mol; 60-70% PEO) into a silicone induced water-driven surface 

hydrophilicity ( ~ 0  to 80  in 25- 45 min), indicates a relatively slow surface 

segregation of their polymers.(142) This surface hydrophilicity was maintained after 

lengthy storage in air (20 months). However, because of the slow surface segregation of 

their polymers to increase surface hydrophilicity only water flow rate control with SMA 

concentration (0.25, 0.5 wt%) was demonstrated and proper blood flow would be hard to 

achieve.  In another example, a commercial PDMS-graft-PEO (MW = 600 g/mol; 75% 

PEO) was used to create silicone microfluidics  and  demonstrated improved surface 

hydrophilicity ( ~ 22  to 81 in 200 seconds) and facilitated capillary flow of water.(100) 

However, because the sample was not used to create a microchannel, but used as a 

coversheet for a microchannel, it was only able to control water flow rather than blood 
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with their SMA. Additionally, transparency was not demonstrated, and modulus values 

were noted to be compromised at higher SMA levels but not quantified.         

In this work, microchannels were formed with silicone modified with an SMA towards 

achieving controlled capillary flow of blood based on SMA concentration. We have 

demonstrated that PEO-silane amphiphiles, bearing an oligodimethylsiloxane (ODMS) 

tether [α-(EtO)3-(CH2)3-ODMSm-block-PEOn-OCH3], are highly effective SMAs for RTV 

silicones.(143, 144) These modified silicone films underwent rapid, water-driven 

migration of PEO segments to the surface, creating hydrophilic surfaces with high 

wettability and resistance to plasma protein adhesion. This effect was also not lost with 

prolonged storage in air. Moreover, the transparency of the modified silicones was not 

compromised which is essential to enable subsequent optical detection and imaging.(144) 

This is in contrast to the increase in opacity of silicones modified with traditional, non-

amphiphilic PEO such as for PEO divinyl ether (PEO-DE).(145) While these ethoxy-

terminated PEO-silane amphiphile SMAs effectively modified RTV silicone films, 

microfluidics are typically prepared via soft lithography with platinum (Pt)-cure PDMS 

(e.g. Sylgard 184).(144, 146, 147) These addition-cure silicones are based on the 

crosslinking of silane (Si-H) and vinyl (-CH=CH2) groups which occurs with limited 

shrinkage. Thus, in this work, Sylgard 184 was bulk-modified with a silane-terminated 

PEO-silane amphiphile (HSi-PDMS30-PEO8) at varying concentrations (5, 7 and 14 wt%). 

The resulting amphiphilic silicones (5%-, 7%- and 14% PEO-PDMS) were evaluated in 

terms of their resulting optical properties, modulus and surface wettability versus the 

unmodified Sylgard 184 (unmodified silicone). The amphiphilic silicones were also used 
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to prepare microfluidic channels and the capillary flow of whole blood was subsequently 

assessed in terms of flow speed (Figure 2). The impact of SMA concentration on the speed 

of blood flow was evaluated as was channel height. Given that such microfluidics may be 

stored for periods of time prior to use, key properties such as modulus and surface 

wettability were assessed after prolonged storage in air. 

 

2.3 Materials and Methods 

2.3.1 Materials.  

SU-8 2007 and SU-8-5 were purchased Microchem. Allyl methyl PEO (Polyglykol 

AM 450, Mn = 292–644 g mol-1 per manufacturer’s specifications; Mn = 424 g mol-1 (per 

1H NMR end group analysis) was provided by Clariant. Octamethylcyclotetrasiloxane 

(D4) and tetramethyldisiloxane (TMDS) were purchased from Gelest. ODMS30 (Mn = 

2354 g mol-1 per 1H NMR end group analysis) was prepared as reported.(148) Triflic acid, 

rhodium (I) tris(triphenylphosphine) chloride (Wilkinson’s catalyst), hexamethyl-

disilazane, tridecafluoro-1, 1, 2, 2-tetrahydrooctyl-1-trichlorosilane, and solvents were 

obtained from Sigma-Aldrich. All solvents were dried over 4-Å molecular sieves prior to 

use for hydrosilylation reactions. Sylgard 184 was purchased from Ellsworth Adhesives. 

Fluoresbrite fluorescent polystyrene latex beads (diam. 6.1 µm, 2.6 wt% in water; 

“Polychromatic Red Microspheres” per manufacturer) and “non-fluorescent” polystyrene 

latex beads (diam. 1.00 µm, 5 wt% in water) was purchased from Polysciences, Inc. and 

Sigma, respectively. Glass microscope slides (75 × 25 × 1 mm3) were purchased from 
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Fisher Scientific. Freshly collected whole bovine blood (citrated) was provided by the 

Texas A&M College of Veterinary Medicine. 

 

2.3.2 Methods 

2.3.2.1 Synthesis of PEO-silane amphiphile (HSi-PDMS30-PEO8).  

HSi-PDMS30-PEO8 was synthesized as previously reported using a regioselective 

hydrosilylation reaction of ODMS30 and allyl methyl PEO8.(148) Briefly, a difunctional 

ODMS30 with terminal silane (SiH) groups was synthesized using a triflic acid catalyzed 

equilibrium ring-opening polymerization of D4 and TMDS. Next, the product was reacted 

for 8 hr with allyl methyl PEO8 (1:1 molar ratio) and Wilkinson’s catalyst in toluene at 75 

– 80 °C to form the amphiphilic product. 1H NMR of the purified product, a clear and 

colorless liquid, agreed with that previously reported. 

 

2.3.2.2 Preparation of amphiphilic silicone microfluidic chips and corresponding 

films.  

Blending of PEO-silane amphiphile with Sylgard: The Sylgard 184 “base” was added 

with the Sylgard 184 “curing agent” at a 10:1 wt ratio in a plastic cup. To this was added 

HSi-PDMS30-PEO8 at 0 wt% (unmodified silicone), 5 wt% (5% PEO-PDMS), 7 wt% 

(7% PEO-PDMS), or 14 wt% (14% PEO-PDMS) (based on total weight of Sylgard base 

and curing agent). This final mixture (~20 g) was blended using a spatula in the 70 °C 

water bath for ~3 min.  
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Fabrication of microfluidic chips: SU-8 2007 and SU-8-5 were used for the master 

mold fabrication(149) and the channel height measured using Dektak profilometry. A 

single master mold contained four microchannels of the same dimensions. Master molds 

were prepared with different channels height (4.6, 10 and 14 μm). All channels were 15 

mm long and 250 μm wide. The master molds were coated with a release agent (trideca-

fluoro-1, 1, 2, 2-tetrahydrooctyl-1-trichlorosilane) and then placed in a 60 °C oven. A 

designated, aforementioned silicone mixture (~9 g) was removed from the 70 °C water 

bath and then poured onto the pre-heated, treated master mold. Next, the filled master 

mold was placed into a vacuum oven (60 °C, 36 mm Hg, 10 min) to degas the silicone 

mixture and the temperature then increased to 110 °C for 1 hr to cure the silicone. The 

specimens were stored at room temperature (RT) for ~5 days. During this time, an inlet 

and outlet (diameter = 3 mm) of the mold was created using a biopsy punch, reducing the 

channel length to 13 mm (Figure 2). The mold was bonded to a plasma cleaned 

microscope glass slide (Harrick; sequential vacuum [10 min], oxygen [2 min], plasma [2 

min] and 110 C oven [2 hr]). The resulting microfluidic chips were thus comprised of 

four equivalent D-shaped channels wherein the curved portion (facing the bottom) was 

comprised of the silicone and the flat portion (facing the top) was the glass surface 

(Appendix B Figure S1).  Microfluidic chips were stored on a bench top in a covered 

Petri dish and tested the next day. 

Fabrication of films: Analogous silicone films were also prepared for materials testing. 

A designated silicone mixture (12-13 g) was removed from the 70 °C water bath and  
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deposited onto a pre-heated (60 °C), levelled Petri dish (diameter = 90-100  mm) and 

placed into a vacuum oven for degassing (60 °C, 36 mmHg, 10 min) followed by curing  

at 110 °C for 1 hr. Specimens were stored on a bench top in a covered Petri dish and tested 

within 24 hr after preparation or, in the case of contact angle analysis and modulus, up to 

6 months. After removal from the glass substrate, 6 mm diameter discs were cut from free-

standing films and were utilized for light attenuation, autofluorescence and modulus 

measurements. Thickness of films were measured with an electronic caliper (thickness = 

1.3 ± 0.7 mm). 

 

 

Top-down view

(b)

Blood x
Unmodified PDMS (d)

Blood

PEO-PDMS

Flow Control

↑ [SMA] => ↑ Flow speed 

Cross-sectional view

(a)

Blood

Unmodified PDMS

Glass

Unmodified PDMS

Blood

(c)

PEO-PDMS

Blood

Blood

PEO-PDMS

Glass

SMA:

PDMS PEO

Figure 2. Following deposition of blood into the inlet of the microfluidic channel: (a) For 

unmodified PDMS (i.e. Sylgard 184), (b) minimal flow is achieved due to the hydrophobicity 

of the silicone. (c) For amphiphilic silicone “PEO-PDMS” (i.e. Sylgard modified with PEO-

silane amphiphile surface modifying additive, SMA), migration of hydrophilic PEO 

segments to the surface-blood interface blood occurs and (d) results of capillary flow. 
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2.3.2.3 Characterization of amphiphilic silicone material properties 

Light attenuation measurements. The light attenuation of films was measured as 

follows. Briefly, discs (N = 3; diameter = 6 mm) were cut from a free-standing film with 

a biopsy punch. The specimens were placed in Greiner 96-well, flat bottom, transparent 

polystyrol plate reader wells and absorbance (350 to 950 nm wavelength) was measured 

(Tecan Infinite M200 Pro). A baseline value was taken from the blank microplate well 

and subtracted from sample values. The attenuation coefficient (in mm-1) was calculated 

by dividing the subtracted baseline value by the thickness of the specimen.  All films were 

tested in triplicate (N = 3). 

Autofluorescence, fluorescence and brightfield measurements. The autofluorescence 

of 14% PEO-PDMS films (N = 3) was tested at three excitation wavelengths (358, 488 

and 557 nm) (emission filter ranges of 417 – 477, 517 – 537, and 604 – 644, respectively) 

across 255 pixels (Zeiss Axio Vert.A1 microscope with an Axiocam 503 mono camera). 

The difference in pixel intensity of the 14% PEO-PDMS film (on top of a glass 

microscope slide) versus a glass microscope slide “control” was used as an indicator of 

autofluorescence. The autofluorescence of an unmodified silicone (on top of a glass 

microscope slide) was also measured. Both the unmodified silicone and 14% PEO-PDMS 

sample autofluorescence were normalized to the glass control. After the autofluorescence 

test, (1 µl volume) of 6.1 µm fluorescent beads was allowed to flow through a microfluidic 

channel of 14% PEO-PDMS (channel height = 14 µm) and imaged at the wavelength 
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shown to have the highest auto-fluorescence (358 nm) using a 20x/0.4 objective. In order 

to assess brightfield resolution, an aqueous solution of non-fluorescent 1.00 µm beads 

(volume = 1 µL) were allowed to flow through a microfluidic channel of 14% PEO-PDMS 

(channel height = 4.6 µm) and the beads imaged using a 40x/0.55NA objective. After the 

image of the beads was acquired, Image J software was used to plot the full width at half 

maximum (FWHM) of the bead. 

Modulus measurement. The compressive modulus of modified, amphiphilic silicones 

and the unmodified silicone control films were performed at room temperature (RT) on 

an Instron 3345. Film discs were placed between two parallel plates and compressed to a 

separation of 1 mm and with an average preload force of ~0.00066 N. The modulus was 

calculated from the linear portion of the resulting stress versus strain curve up to 25% 

strain (R-squared values  99%).(150, 151) The silicone control, 5%-, 7%- and 14% 

PEO-PDMS films were tested at t = 0 (i.e. within 24 hr post-fabrication) and 14% PEO-

PDMS was also tested at t = 2 wks, 1 mo, 3 mo, and 6 mo. All films were tested in triplicate 

(N = 3). 

Static water contact angle measurements. The static water contact angle (θstatic) of 

modified silicones (coated on glass substrates) (5%-, 7%- and 14% PEO-PDMS) were 

measured using a CAM-200 goniometer (KSV instruments) equipped with autodispenser, 

video camera, and Attension Theta analysis software. The θstatic of a sessile drop of DI 

water (5 μL) was measured at 15 sec and 1 min. Measurements were taken at t = 0 (i.e. 

within 24 hr post-fabrication) and at several time points thereafter (2 wk, 1 mo, 3 mo, and 

6 mo) for 14% PEO-PDMS. Between measurements, specimens were stored in a 
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desiccator. The average and standard deviation values reported for θstatic are based on 

triplicate measurements made on different areas of the same sample. Additionally, to 

verify a lack of variability, three independent films with the highest concentration of 

amphiphile (14% PEO-PDMS) were prepared and contact angle analysis likewise 

performed (t = 0) at 15 sec, 1 min and 3 min. 

Capillary flow speed of blood. A designated microfluidic chip was placed onto a 

levelled microscope stage with the microscope slide surface on the bottom and the 

microscope objective (Nikon Eclipse TE2000-S; 20X/0.4) positioned at the outlet of the 

microchannel. Using a micropipette, blood (volume = 5 µL) was placed at the inlet and a 

timer was simultaneously started. Blood flow was monitored and the total time (t) it took 

the blood to flow down a channel length (13 mm) and reach the outlet was recorded. Two 

different types of tests were performed to evaluate the impact of the microfluidic channel 

parameters on capillary flow speed: (i) Flow speed as a function of channel height: Three 

microfluidic chips were prepared with 7% PEO-PDMS having three different channel 

heights (4.6 μm, 10 μm and 14 μm). (ii) Flow speed as a function of SMA concentration: 

Three microfluidic chips were prepared with 5%-, 7%- and 14% PEO-PDMS having a 

constant channel height (14 µm). All tests were conducted in triplicate (N = 3). In addition, 

videos of the capillary flow of blood (volume = 5 µL) through a 14% PEO-PDMS 

microchannel (h = 14 µm, w = 250 µm) were captured (Nikon Eclipse TE2000-S; 

20X/0.4). 
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Statistical analysis. Data is reported as the mean ± standard deviation of triplicate 

measurements (N = 3). Data set mean values were compared in GraphPad Prism via 

ANOVA followed by a Tukey’s post-hoc test 

 

2.4 Results and Discussions  

Preparation of microfluidic chips and films. The PEO-silane amphiphile SMA was 

incorporated at three different concentrations into the Sylgard 184: 5 wt% (5% PEO-

PDMS), 7 wt% (7% PEO-PDMS), or 14 wt% (14% PEO-PDMS); these represented 

relatively “low”, “intermediate” and “high” concentrations, respectively. Preliminary 

screening of SMA concentrations revealed that 14% PEO-PDMS produced a very 

hydrophilic surface by contact angle analysis and so was chosen as the upper limit due to 

the potential of even higher concentrations to reduce optical transparency and modulus. 

Thus, 7%- and 5% PEO-PDMS are intermediate and low concentrations relative to the 

highest concentration. Importantly, these concentrations resulted in differences in surface 

hydrophilicity that were predicted to alter the rate of blood flow comparison. It was 

observed that, due to its viscosity, achieving a homogeneous mixture of the Sylgard 184 

with the SMA required modest heating. Thus, during mixing, the vessel was subjected to 

a 70 °C water bath and subsequently degassed in a 60 °C vacuum oven (36 mm Hg). 

Because this brief heating improved mixing, improved transparency and reduced cure 

times also resulted. Prior to formation of microfluidic channels with modified silicone, the 

impact of addition of the PEO-silane amphiphile SMA on optical, surface and mechanical 

properties were first evaluated by preparing films on a glass substrate (Petri dish). The 
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uniformity of the modified, amphiphilic silicones was visually confirmed in the resulting 

microfluidic chips and films (Figure S1 and S2).  

Optical properties. To probe the utility of optical detection of blood within microfluidic 

channels created with the amphiphilic silicones, a series of measurements were conducted.  

First, we sought to verify that the amphiphilic silicones did not substantially increase light 

attenuation (i.e. transmission loss), defined as the reduction in intensity of a light beam 

with respect to distance travelled through the transmission medium.(152) Versus the 

unmodified silicone, the average light attenuation was not increased for 7% PEO-PDMS 

free-standing films but increased for 14% PEO-PDMS  (up to ~0.04 mm-1 at lower 

wavelengths of ~400 nm) (Figure 3). In other words, for a 1 mm thick film, only a 0.5% 

to 5% reduction (95% to 99.5% transmission) was seen across the ultraviolet to near 

14% PEO-PDMS 

7% PEO-PDMS 

Unmodified 

 
Figure 3. Comparison of light attenuation coefficient values for unmodified silicone and 

amphiphilic silicones modified with PEO-silane amphiphile SMA (7%- and 14% PEO-

PDMS). All samples were tested in triplicate (N = 3). 
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infrared wavelength range with the maximum reduction occurring below the normal 

visible imaging and detection range at the lower ultraviolet wavelengths.  

Because the components of blood within a microfluidic channel may be 

fluorescently stained for subsequent optical imaging, autofluorescence of the amphiphilic 

silicones could potentially compromise imaging and resolution. Based on the slight 

increase in light attenuation at lower wavelengths, we evaluated the autofluorescence of 

14% PEO-PDMS at three different excitation wavelengths (Figure 4). Compared to the 

glass control, the mean pixel intensity of the 14% PEO-PDMS increased by 1.5x, 1.1x  

 

 

 

 

 

 

Figure 4. Autofluorescence for unmodified silicone and 14% PEO-PDMS normalized to 

the control glass. All samples were tested in triplicate (N = 3). 
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and 1.3x at 358, 488, and 557 nm, respectively. In the case of the unmodified silicone, the 

pixel intensity increased by 1.4x, 1.1x and 1.1x, respectively, for these excitation 

wavelengths. Thus, the increase in autofluorescence of the 14% PEO-PDMS is rather 

similar to that of the unmodified silicone and very low overall. 

To assess fluorescent testing potential, an aqueous solution of fluorescent beads 

(diam. = 6.1 µm) were allowed to flow through a 14% PEO-PDMS microfluidic channel 

(height = 14 µm) and imaged at 358 nm (i.e. wavelength that produced the greatest 

increase in autofluorescence). These beads were observed to be easily distinguishable as 

expected given the overall low autofluorescence of 14% PEO-PDMS (Figure 5). Lastly, 

to assess brightfield resolution potential, an aqueous solution of non-fluorescent beads  

 

PEO-PDMS Channel

Channel edge 100 µm

Figure 5. Fluorescent beads (diam. = 6.1 µm) were imaged when flowed through a 14% 

PEO-PDMS microfluidic channel (height = 14 µm). 
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(diam. = 1.00 µm) were allowed to flow through a 14% PEO-PDMS microfluidic channel 

and imaged. The FWHM of the beads was determined by Image J to be approximately 1.1 

± 0.2 µm, within an average of 10% of their actual size.  

Modulus measurements. Because microfluidic channels are prone to collapse for 

low modulus materials, particularly for low aspect ratio channels as used herein,(127-129) 

we assessed the impact of the addition of the PEO-silane amphiphile SMA to the Sylgard 

184. Initially (i.e. at t = 0 h), the unmodified silicone had a modulus of 4.8 ± 0.6 MPa, 

similar to previous reports (150) (Figure 6a, Appendix B Table S1). As the concentration 

of SMA was increased, the modulus of 5%-, 7%- and 14% PEO-PDMS concomitantly 

decreased. This  

 

 

Figure 6. Modulus of unmodified silicone and amphiphilic silicones modified with 

increasing amounts of PEO-silane amphiphile SMA (5%-, 7%- and 14% PEO-PDMS). 

**** denotes a significant difference relative to the unmodified silicone, p < 0.0001. (b) 

Modulus of 14% PEO-PDMS over a period of 6 months. * denotes a significant difference 

relative to the initial, p < 0.05. All samples were tested in triplicate (N = 3). 
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plasticization effect was expected as, following crosslinking, the PEO segments of the 

SMA exist as “dangling free ends”. This effect was likewise observed in earlier work  

wherein a condensation cured silicone system was modified by ethoxy-terminated PEO-

silane amphiphiles.(153) For 14% PEO-PDMS, the modulus was observed to increase 

after 2 weeks but, statistically, ceased to continue to increase during a 6-month period 

(Figure 6b; Appendix B Table S2). This increase is attributed to curing of the silicone 

that can occur over longer periods of time. In any case, even for the silicone formulation 

with the highest SMA (i.e. 14% PEO-PDMS) and the lowest modulus, channel collapse 

was not observed via brightfield microscopy and based on the flow observed (Figure. 5).  
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Figure 7. (a) θstatic values of deposited water droplets (recorded at 15 sec and 1 min) 

on unmodified silicone and amphiphilic silicones modified with increasing amounts 

of PEO-silane amphiphile SMA (5%-, 7%- and 14% PEO-PDMS). *** denotes a 

significant difference relative to the unmodified silicone, p < 0.001. (b) θstatic values 

of deposited water droplets (recorded at 15 sec and 1 min) on unmodified silicone 

and 14% PEO-PDMS over a period of 6 months. * denotes a significant difference 

relative to initial, p < 0.05 and **** denotes a significant difference relative to the 

initial, p < 0.0001. Reported values are based on triplicate measurements (N = 3) 

made on different areas of the same sample. 
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Static water contact angle measurements. Essential to pumpless capillary flow 

of blood is the ability of the PEO-silane amphiphile SMA to invoke rapid and substantial 

water-driven surface hydrophilicity by the migration of PEO segments to the surface 

interface (Figure. 2). While previously demonstrated in RTV cure silicone,(143, 144) this 

had not been established in an addition-cure silicone like Sylgard 184 used herein. Thus, 

temporal measurement of θstatic values of deposited water droplets (recorded at 15 sec 

and 1 min) were used to assess rate and extent of this process in the amphiphilic silicones. 

In a first series of measurements, θstatic values were recorded immediately after 

fabrication (t = 0) (Figure 7a, Appendix B Table S3). As expected, the unmodified 

silicone was extremely hydrophobic (θstatic ~ 112°). However, as the PEO-silane 

amphiphile SMA was added at increased concentrations, surface hydrophilicity was 

increased. For 5% PEO-PDMS and 7% PEO-PDMS, the surfaces were initially 

hydrophobic (θstatic, 15 sec ~ 107 ° and 105 °, respectively) but rapidly became 

increasingly hydrophilic (θstatic, 1 min ~ 81° and 58°, respectively). Notably, at the 

highest concentration of SMA, 14% PEO-PDMS rapidly achieved hydrophilicity (θstatic, 

15 sec ~ 20° and θstatic, 1 min ~ 16°). The substantial reduction in θstatic at early timepoints (i.e. 

15 s and 1 min) demonstrates the rapid and extensive restructuring of the SMA’s PEO 

segments to the aqueous interface. This was anticipated to be essential to achieving 

capillary blood flow in a microchannel. A similar analysis was performed on three 

replicate films of 14% PEO-PDMS (t = 0) and a lack of variability confirmed the 

reproducibility of these types of films (Appendix B Table S4).  
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Since microfluidic devices may be stored for long periods of time prior to use, the 

retention of this water-driven surface hydrophilicity was evaluated for 14% PEO-PDMS 

after prolonged storage (in air) (Figure 7b, Appendix B Table S5). During the first one 

month, surface hydrophilicity did not substantially change. At 3 and 6 months, contact 

angles progressively increased, but the surfaces remained hydrophilic (θstatic, 1 min < 50°). 

This decrease in surface hydrophilicity may be due to absorption of water during storage 

which we have previously shown to produce this effect in condensation cured silicones 

modified with PEO-silane amphiphiles.(148) 

Capillary blood flow rates. A series of two experiments were conducted to elucidate 

the extent to which the amphiphilic silicone microchannels could regulate the speed of 

capillary blood flow. For all experiments, the same blood volume (5 µL) was utilized in 

order to fill a 3 mm diameter channel inlet and to ensure that the pipette pressure did not  

contribute to differences in flow and the gravity effect at the inlet is the same across 

channels. Channel height is known to impact flow rate, with the speed of flow increasing  

with a larger height: width aspect ratio.(123) Thus, 7% PEO-PDMS was first used to 

prepare three microfluidic chips of different channel heights (4.6, 10 and 14 μm) such that 

the aspect ratio increased with a greater channel height. Indeed, the average blood flow 

time (from inlet to outlet) decreased as channel height increased (t = 33.3 ± 1.5, 19.3 ± 

0.6, and 13.3 ± 0.6 sec, respectively) (Figure 8a, Appendix B Table S6). Moreover, these 

experimental results are comparable to the theoretical model when using the equation  

developed by Jong et al.(123) for this range of heights with an R-squared (R²) value of ~ 

0.987 (Appendix B Figure S3). Blood flow did not occur in similar channels prepared  
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from unmodified silicone. In the second set of experiments, the channel height was 

maintained (14 µm) but the concentration of the PEO-silane amphiphile was 

systematically increased (5%-, 7%- and 14% PEO-PDMS). As SMA concentration 

increased, capillary flow times of blood decreased (31.0 ± 0.0, 13.3 ± 0.6, 7.7 ± 0.6 

seconds, respectively) (Figure 8b, Appendix B Table S7). This correlates well with the 

observed differences in water-driven surface hydrophilicity that increases with higher 

levels of the PEO-silane amphiphile SMA (Figure 7a). Representative videos of capillary 

blood flow are shown in Supporting Information (Video S1, S2). Video S2 shows that 

even after 30 min of flow, blood cells were still moving and hence there was no thrombi 

formation, indicating a lack of adhesion to the modified silicone or to the glass cover. 

Figure 8. Pumpless flow time of whole blood through: (a) 7% PEO-PDMS microfluidic 

channels of different channel heights and (b) 14 µm height microfluidic channels of 

different 5%-, 7%- and 14% PEO-PDMS microfluidic channels (height = 14 µm). For (a) 

**** denotes a significant difference relative to the “4.6 µm” sample (p < 0.0001). For (b) 

**** denotes a significant difference relative to 5% PEO-PDMS sample (p < 0.0001). All 

samples were tested in triplicate (N = 3). For 5% PEO-PDMS, the flow time was 31 sec 

for all three samples such that no error bar is shown.   
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2.5 Conclusion  

In this work, it was demonstrated that a controlled, pumpless capillary flow of 

blood could be achieved for microfluidic channels prepared with amphiphilic silicones. 

Specifically, Sylgard 184, a commonly used silicone for soft lithography of microfluidics, 

was bulk modified with a PEO-silane amphiphile. This SMA was comprised of a 

crosslinkable silane (Si-H) end group, an oligodimethylsiloxane tether, and PEO segment: 

HSi-ODMS30-block-PEO8-OCH3. This SMA was incorporated at varying concentrations 

(5, 7 and 14 wt%) to produce the resulting amphiphilic silicones (5%-, 7%- and 14% PEO-

PDMS). Both microfluidic channels of varying heights (4.6, 10 and 14 µm) as well as 

corresponding films were prepared to assess blood flow as well as key material properties. 

Several optical properties were assessed based on the anticipated future fluorescent and 

brightfield POC imaging of blood within a microfluidic channel.  Compared to the 

unmodified Sylgard 184 (unmodified silicone), the amphiphilic silicones exhibited only a 

slight increase in light attenuation and almost no autofluorescence, even at the highest 

concentration of SMA (i.e. 14% PEO-PDMS). Moreover, fluorescent and absorptive 

microparticles within these channels were easily imaged and their size could be accurately 

quantified.  While the modulus decreased with increasing levels of PEO-silane amphiphile 

SMA, this did not contribute to any observed channel collapse, despite their low aspect 

ratios. Contact angle analysis of deposited water droplets confirmed the anticipated 

migration of SMA PEO segments to the surface to induce hydrophilicity. This effect was 

more pronounced as the concentration of SMA increased and was furthermore largely 
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retained even following prolonged storage in air. Pumpless capillary blood flow was 

confirmed for microfluidic channels of varying heights prepared from the amphiphilic 

silicone with the intermediate concentration of SMA (i.e. 7% PEO-PDMS). As expected, 

a decreased channel height led to longer blood flow rate. Additionally, microfluidic 

channels of the same height (14 µm) were shown to produce increased blood flow rates as 

the concentration of SMA increased. This increased blood flow rate with SMA 

concentration correlated to the observed increase in water-driven surface hydrophilicity. 

Thus, this amphiphilic silicone system offers a simple yet effective method to enable the 

production of optically transparent microfluidic channels with the ability for controllable, 

pumpless, flow of blood, specifically useful for POC blood imaging applications 
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CHAPTER III  

A THIN WHOLE BLOOD SMEAR PREPARED VIA A PUMPLESS 

MICROFLUIDIC  

 

3.1 Overview 

A pumpless, capillary microfluidic cartridge would enable the convenient 

generation of an automated, uniform, and repeatable blood smear for potential point-of-

care (POC) applications. Herein, such a system was created and flow control optimized 

for uniform cell distribution by modifying poly(dimethyl siloxane) (PDMS) with a surface 

modifying additive (SMA) at 3, 5, and 7 wt% and by varying whole blood volume (0.3, 1, 

and 2 µl). The channel height, width, and length were 4.7 ± 0.1 µm, 250 µm, and 16 mm 

respectively and, to avoid channel collapse and provide more uniform flow and cell 

distribution, pillars were added within the channel. Specifically, flow control was assessed 

by how it affected the blood speed, flow stop time, and cell distribution. The targets were 

flow speed of ≤ 3 min, stop time of ≤ 10 min and uniformity (monolayer) with cell density 

per area of 400-700 unique cells/ 0.024 mm2 field of view. When varying SMA 

concentration, samples at 5 and 7 wt% with 0.3 µl of blood gave better blood flow and a 

better-quality smear compared to the 3 wt%. The variation of blood volume with 5 wt% 

SMA as volume increased from 0.3 µl to 1 µl to 2 µl resulted in a decrease of smear 

quality. A good quality smear in terms of monolayer and density per area was proven to 

be repeatable across different channels within one chip and across different chips for 5 

wt% SMA, 4.7 ± 0.1 µm height, 0.3 µl of blood. 
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3.2 Introduction  

The peripheral blood smear is invaluable in the diagnosis, characterization, and 

monitoring of various clinical diseases such as malaria, anemias, sickle cell diseases, 

thrombocytopenia, thrombocytosis, leukemia, lymphoma, and iron deficiency (9, 69, 154, 

155). For these diseases, the blood smear is often used for observation of cell morphology 

and differential counting of blood cells (9, 23, 154, 155). The manual examination of 

stained blood smear with light microscopy has three steps: 1) Smear preparation; 2) 

fixation and staining or simply staining; and 3) the examination of the stained smear under 

the microscope. Among those three steps, the smear preparation is arguably the most 

important since the quality of the smear affects the rest of the process (staining and the 

examination). A good quality blood smear is defined as one that is uniform in terms of 

cell density (monolayer) and cell density per area (9, 10, 13). However, blood smear 

uniformity is highly variable from one person across days and from person to person (10, 

23, 24) . The primary manual method of blood smear preparation is the manual wedge 

method (13, 22, 63, 64). It uses a cover slide or microscope slide to push and spread ~1-2 

µl of blood on top of a slide at a 30 – 40 º angle. However, this method’s drawbacks 

include a high degree of variability across smears prepared by either one expert using the 

same blood, or smears across experts (23, 24), making it insufficient for accurate and 

reproducible diagnosis, characterization and monitoring of blood-based diseases (21-23). 

A semi- or fully automated smear preparation device is considered better for accurate and 

reproducible diagnosis, characterization and monitoring of blood-based diseases.  

Automated smear preparation devices (21, 24, 26, 27) use a centrifugal force to spread the 
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blood cell over an area (64). Some exhibit a better white blood cell (WBC) distribution, 

less variation within smears, and less labor and time for operation (10, 13, 21). However, 

there is still variation between smears from different automated devices and most are only 

available for laboratory use and cannot be used at the POC (21). Thus, there is a need for 

a blood smear preparation method that can minimize variation while maintaining uniform 

cell distribution and one that can be used without a high level of expertise at the POC. 

Microfluidics platforms are being developed primarily to provide low-cost, adaptable, 

rapid, and easy-to-use detection platforms for various biological analytes at the POC. They 

can provide a platform for detection with high resolution and sensitivity, have small device 

footprints, and allow for the use of small sample volumes. Microfluidics provide the 

potential for simplicity that is required for use in underserved areas and developing 

countries (156, 157). A few researchers have tried to design a microfluidic chip for blood 

smears (70, 158, 159). Among them, only Horning et al. has designed a chip that can do a 

smear and staining process at the POC (ref-37). Even though this microfluidic chip can 

generate a smear with good sensitivity for fluorescence staining, it lacks resolution when 

using bright field imaging for diagnosis of diseases such as malaria or others, which 

require bright field imaging (70). Although a microfluidic cartridge for smear preparation 

has the potential to provide a good platform for POC diagnosis in the developing countries 

and could solve some of the aforementioned problems with current methods used in the 

developing countries, it is not easy to implement because capillary flow control without a 

pump is hard to achieve. In addition, microfluidic capillary flow and its use in the 
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development of diagnostics for bloodborne diseases to create smears with uniform cell 

distribution have not been well studied (108).  

Microfluidic blood flow control, often reported as flow velocity, is a key feature 

for capillary-driven, pumpless systems and many researchers have sought to accomplish 

this challenging control task using more complex microfluidic designs (99, 108, 109, 115).  

Specifically, there are numerous variables such as material selection, chip design 

parameters (e.g. pillars and channel height), and blood volume which can help generate 

better flow control as well as a uniform smear. In an earlier study by our group, it was 

shown that pumpless aqueous flow control could be acquired for microfluidic chips 

prepared with a silicone (Sylgard 184) bulk modified with a surface-modifying additive 

(SMA) (ref). Specifically, the SMA was an amphiphilic PEO-silane amphiphile bearing 

an oligodimethylsiloxane (ODMS) tether [α-(EtO)3–(CH2)3–ODMS30-block-PEO8–

OCH3] and a  poly(ethylene oxide) (PEO) segment (HSi-PDMS30-PEO8 )(160). The 

modified silicone underwent rapid, water-driven migration of PEO segments to the surface 

to create hydrophilicity and wettability. For blood applications, it is important to take into 

account blood coagulation time because blood tends to coagulate fast when it comes into 

contact with materials outside the body and the data should be collected before that 

happens (119, 120). The time for creating the smear is also important in the context of the 

overall diagnosis time because the World Health Organization's (WHO) ASSURED 

criteria recommends that a diagnosis procedure should be done in under 30 min at the POC 

(25). Thus, the flow speed (time it takes for blood to flow from inlet to outlet) and the flow 

stop time (time it takes for the blood to stop flowing) before analysis need to be controlled 
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and minimized. Both times together should be ≤ 15 min which allows 15 min for the 

automated analysis. Volume is another variable that affects flow control toward creating 

a good quality smear. Theoretically for most fluids and in most situations the flow speed 

increases as the volume of the fluid increases based on flow rate equation (123). In 

addition, it has been reported that blood volume/hematocrit can affect the smear quality. 

Specifically, the higher the blood volume and hematocrit the higher the probability for 

cells to be overlapped creating a bad quality smear (64, 161, 162). Thus, accounting for or 

controlling the blood volume is needed to produce a high-quality smear in the 

microchannel with proper cell density and uniform cell distribution.  

It has also been shown that pillars can be used to enhance capillary flow in 

microchannels (112, 113, 163),  including providing better blood separation where pillars 

are used to redistribute cells to a more uniform pattern (164). In addition, pillars have been 

used to minimize channel collapse (165-167). Changes in cell distribution depend on the 

gaps between the pillars.  Literature suggests that the gap between pillars should be as 

small as possible but still allow the cells to pass through for better cell distribution (168).  

Also, the use of pillars for blood separation has shown that gaps between pillars that are 

too small can block cells and clog the gap (169, 170). Kaminaga et. al. recommended that 

the optimal gap to prevent clogging and allow for a good cell distribution should be chosen 

base on the cell size (5-8 µm for bovine or human RBCs) or stiffness (168). Although that 

recommendation works well for a pump microfluidic platforms, it is not large enough for 

a capillary pumpless system. The reduced forces pushing the blood cell through the pillars 

should also be taken into account for a capillary pumpless system.  Kaminaga et. al. 
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showed a good cell distribution after traveling 1 to 2 mm down the channel from the pillars 

(168). Although this was useful in some applications, it is a problem for applications with 

a longer channel that require uniform cell distribution down the entire channel. Following 

the theory of how blood can exhibit multi-phase, non-homogeneous characteristics with 

flow profile depending on hematocrit, shear stress, shear rate, aggregation, flow rate, and 

the dilution medium (169), conclusions can be made that uniform cell distribution would 

not be achieve down the entire channel with just one set of pillars at the inlet. Such 

applications would need pillars at different sections of the channel to redirect and 

redistribute the blood cells as the blood travels down the channel and would also serve to 

prevent channel collapse if distributed at certain locations down the channel. Such 

applications would also take into account that flow speed decreases exponentially as 

channel length increases (123), so the force at the middle and end of the channel needs to 

be strong enough to push the blood through the pillar gap distance chosen. Although the 

number of rows required, for better cell distribution was not discussed, the principle of 

using pillars for cell distribution that was shown by Kaminaga et. al. (168) and the research 

showed that cells would be better distributed as one increased the number of pillar rows . 

These qualities show that pillars can be useful in the design of a cartridge for providing 

stability and creating a uniform thin smear preparation as they facilitate flow control.  

In this paper, a pumpless microfluidic cartridge was created and used to rapidly 

produce a uniform thin blood smear. A doped material to increase hydrophilicity and 

introduction of pillars to provide both stability and flow control down the channel. The 

appropriate blood volume, the pillar location, channel size and doping material 
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concentration of amphiphilic silicone were adjusted to yield optimized capillary flow for 

ultimate robust uniform blood smear creation for diagnostic applications at the POC.  

 

3.3. Materials and Methods 

3.3.1 Materials.  

Allyl methyl PEO (Polyglykol AM 450, Mn = 292–644 g mol-1 per 

manufacturer’s specifications; Mn = 424 g mol-1 per proton (1H) nuclear magnetic 

resonance (NMR) end group analysis) was provided by Clariant. 

Octamethylcyclotetrasiloxane and tetramethyldisiloxane were purchased from Gelest. 

ODMS30 (Mn = 2354 g mol-1 per 1H NMR end group analysis) was prepared as reported 

(148). Triflic acid, rhodium (I) tris(triphenylphosphine) chloride (Wilkinson’s catalyst), 

hexamethyldisilazane, tridecafluoro-1, 1, 2, 2-tetrahydrooctyl-1-trichlorosilane, and 

solvents were obtained from Sigma-Aldrich. All solvents were dried over 3 Å molecular 

sieves prior to use. Sylgard 184 was purchased from Ellsworth Adhesives, and SU8-5 from 

Microchem. Glass microscope slides (75 × 25 × 1 mm3) were purchased from Fisher 

Scientific. Freshly collected whole bovine blood (citrated) was provided by the Texas 

A&M College of Veterinary Medicine (160) 

 

3.3.2 Methods 

Synthesis of PEO-silane amphiphile (HSi-PDMS30-PEO8). HSi-PDMS30-PEO8 

was synthesized as previously reported using a Wilkinson’s-catalyzed regioselective 

hydrosilylation reaction of ODMS30 and allyl methyl PEO8 (1:1 molar ratio) (148). 1H 
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NMR of the purified product, a clear and colorless liquid, was in agreement with that 

previously reportedSmear analysis. The generation of a smear monolayer (i.e. thin smear) 

was defined as described by Nourbakhsh et al. (7) In brief, the smear was considered thick 

if more than half of the red blood cells (RBCs) are overlapped in a field view. The cells 

should not be flattened unless for an acceptable reason such as disease or lack of 

hemoglobin. Rouleau formation and agglutination found in the presence of cold 

agglutinins or with elevated globulin and plasma fibrinogen will be considered acceptable 

(6). For this paper, every smear discussed is a thin smear. Additionally, no staining was 

involved and counting was done on all cells as a whole with a focus on RBCs using ImageJ 

software to outline and count the cells. For the analysis of the smear quality for 

experiments in this paper, all images were visualized to check if the smear was thin or 

thick and spot checked manually to ensure the ImageJ software was accurately counting 

the cells.  

Design and chip fabrication. The channel’s mask design includes pillars as 

described by Kaminaga et al. (168) but four different placements of these pillars down the 

channel were selected to uniformly distribute the cells down the entire channel length and 

keep the channel from collapsing. The mask includes four microfluidic channels, which 

are 16 mm long from the center of the inlet to the center of the outlet and 250 µm in width. 

The complete channel design is shown in Figure 9. Within each channel, pillars (50 µm 

diameter, 10 µm gap between pillars) were designed at the inlet, outlet, as well as two 

location roughly 4 mm and 8 mm from the inlet. The pillars at the inlet and outlet cover 

approximately 1.6 mm, which is about 30 columns of pillars. There are two sets of pillars 
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after the inlet with 3 columns in each set. A standard SU8-5 process was used to fabricate 

the master mold following the procedure described by by Thangawng et. al.(149).  The 

Dektak profilometry was used to measure the channel height. After the master mold 

microfabrication process, the master mold was coated with tridecafluoro-1, 1, 2, 2-

tetrahydrooctyl-1-trichlorosilane for easy removal of the mold. The mold was fabricated 

using the following protocol. The Sylgard 184 “base” was added with the Sylgard 184 

“curing agent” at a 10:1 ratio. To this HSi-PDMS30-PEO8 was added at 3 wt% (3% PEO-

PDMS), 5 wt% (5% PEO-PDMS), and 7 wt% (7% PEO-PDMS) based on the total weight 

of the Sylgard base and curing agent. Samples were mixed in a Flacktek speed mixer for 

15 seconds at 1000 rpm, ramped manually to 3000 rpm over 15 seconds, and then mixed 

at 3000 rpm for 4 minutes. The sample mixture was removed from the Flacteck and mixed 

while being heated in a 70 °C water bath before pouring into a 60 °C preheated master 

mold. The sample was desiccated for 13 min to remove the air bubbles and cured at 130 

°C for 1.5 hr. The mold was removed from the master mold after it cured and was stored 

at room temperature for 5 days. During this time the mold was prepped by creating an 

inlet and outlet using a 5 mm biopsy punch. Once prepped, the mold was bonded to glass 

using an oxygen oven plasma cleaner (Harrick Plasma PDC-001) with the following 

protocol: sequential vacuum (10 min), oxygen (2 min), plasma (2 min), and 110 C oven 

(2 hr). After bonding, chips were stored for at least 24 hr at room temperature (RT) to 

allow for the plasma effects to dissipate prior to use in experiments. The chips had channel 

dimensions of approximately 4.7 µm height, 250 µm width, and 13 mm length (after inlet 

and outlet biopsy). 
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Study Variables 

Blood volume. To evaluate the potential effects on cell distribution, several blood 

volumes were used for testing within the channels. Three channels on the same 5% PEO-

PDMS chip were used to compare the effects of 0.3 µl, 1.0 µl, and 2.0 µl of blood. The 

volume of blood was added to the inlet and the time it took to reach the outlet was 

recorded. Additionally, the time required for the blood to stop moving once added to the 

channel was recorded and will be referred to as the flow-stop-time (FST). A microscope 

(Nikon eclipse 11 TE2000-S) with a 20x/0.4 NA objective was used to monitor blood flow 

towards the outlet and the continuous flow of the blood until it stopped flowing. Once the 

blood stopped, 20 fields of view were imaged at random positions across the channel 

outside of the pillar areas from the outlet to the inlet within the imaging area of the channel 

using a 40X/50 NA objective. This procedure was implemented for each blood volume in 

their respective channels on the chip. This analysis was repeated with 2 additional chips 

20 fields of view in imaging 
area 

30 columns 30 columns 

0.5 

mm 
1.6 mm 4 mm 4 mm  154 µm 1.6 mm 4 mm  154 µm Inlet 

Outlet 

16 mm 

Figure 9. Chip mask design and dimensions: Chip mask design and dimensions. BLUE 

CIRCLES: Pillars. RED CIRCLES: Red blood cells (RBCs).  (Note: Pillar number depicted in 

specified length is not actual number. Actual number = 30) 
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to get a triplicate result. Three separate variables and their relationships to one another 

were tested in the experiment: 1) blood volume as a function of flow speed (flow control), 

2) blood volume as a function of FST, and 3) the effects of blood volume, flow speed and 

FST on cell distribution. The collection of images allowed for the determination of cell 

distribution through cell counting using the software ImageJ. Once all data was collected 

it was analyzed to see if a thin smear had been achieved in each field of view. Then cell 

distribution was investigated within each channel and was compared to the other channels 

of same volume along with the other channels containing the different volumes of blood.  

PEO-silane amphiphile concentration. Chips were made using 3 wt%, 5 wt%, 

and 7 wt% SMA concentration. For each varying SMA concentration chip, 0.3 µl of blood 

was loaded at the inlet of the channel and the Nikon microscope was used to monitor the 

flow. The blood flow speed and flow stop time were recorded to see how they changed 

within each channel on a chip and across separate chips. These quantities were also used 

to see how their variation affected the smear quality in terms of aggregation, cell 

distribution, and the formation of a monolayer. Thus, the relationship of SMA 

concentration to flow speed and flow stop time was studied in conjugation with how they 

affected the cell distribution.  Each chip had 3 channels that were tested. Once the blood 

stopped flowing, images of 20 fields of view outside of the pillar areas were acquired 

within the imaging area and were analyzed as previously described in section 2 of the 

materials and methods to see if all images showed a thin smear. The cells from each field 

of view were counted using the ImageJ software to investigate the cell distribution within 

each individual channel on a chip and compared relative to each other. The comparison 
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analysis between the three SMA concentrations focused on the thin smear capability of 

the channel and cell distribution. This was done for all 3 different SMA concentrations in 

the chips. A final conclusion was made to decide which SMA concentration was best with 

regard to creating an automated thin smear that can produce a uniform cell distribution. 

Chip-to-chip variability. Two 5% PEO-PDMS chips were made the same day 

using the same master mold. Once the chips were made, they were prepared and bonded 

together using the same plasma protocol. Blood was pipetted into the inlet at 0.3 µl and 

allowed to travel down the channel. The blood flow speed, flow stop time, and cell 

distribution were recorded. This was performed using a Nikon microscope as noted in 

section 4 of the methods. This was repeated for 3 different channels on the same chip and 

on two separate 5 % PEO-PDMS chip. After the blood stopped flowing, the 40x objective 

of the microscope was used to acquire 20 fields of view of the channel from outlet to inlet 

outside of the pillar locations. The images were then analyzed by counting the number of 

cells per field of view using the ImageJ software to investigate the cell distribution per 

field of view within a channel and across all 3 channels on the same chip and then across 

the 2 chips. 

Blood variability. Two 5% PEO-PDMS chips were made, prepped, and bonded 

the same way as described in the previous experiment.  In order to test how the addition 

of blood variability to chip variability can affect the variation and repeatability, blood was 

drawn from 2 different sources and tested. We will refer to them as blood A and blood B. 

In both blood types, 0.3 µl of blood was loaded in each of the three channels of a chip. 

The blood flow speed and flow stop time were recorded.  After the blood stopped flowing, 
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images of 20 fields of view were acquired outside the pillar area using the 40x objective 

of the microscope. The images acquired for this experiment were analyzed using ImageJ 

software for to show how the cell distribution, blood flow speed, and flow stop time varied 

from chip to chip and how it varied from patient to patient. 

 

3.4 Results and Discussion 

Design and chip fabrication. To acquire a high-quality smear with a monolayer 

of cells, uniform cell distribution, and no flattened cells, the microfluidic cartridge design 

as well as dimensions needed to be investigated. The height of the channel was 

manipulated to control flow and to acquire a monolayer of cells without causing channel 

collapse. Based on the height of RBCs (~2 µm) and allowing for the possibility of the 

channel bowing, a target height of 4.7 µm was set. The profilometry results indicated that 

channels with heights of 4.7 ± 0.1 µm were achieved. As the aspect ratio of the channel 

was extremely low (h:w <0.1), pillars were added at various sections of the channel to 

prevent collapse in addition to providing a more uniform cell distribution. Figure 10A, 

acquired from a 5 % PEO-PDMS chip, shows that, in the absence of pillars, the channel 

can collapse and prevent blood from flowing. If collapse does not occur and blood still 

flows, it can still lead to a nonuniform cell distribution as depicted in Figure 10B. Taking 

the size of the blood cells into account, a 10 µm gap was chosen for this application. 

Further, knowing that the channel was ~250 µm in width and the pillar gap was around 10 

µm, the size of the pillars was calculated to be approximately 50 µm with 4-5 rows of 

pillars used to produce uniform distribution for those between the inlet and outlet (Figure 
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9). We hypothesized that pillars are needed at the inlet/ outlet and in two loctations on 

either side of the middle of the channel following the theory that the blood flow profile 

can have non-homogeneous characteristics even after introduction of inlet pillars for 

longer channel lengths. The presence of the pillars in the middle of the channel has been 

shown to redirect flow and get cells to distribute uniformly laterally across the channel. 

Based on minimizing the potential for channel collapse and optimizing and to produce 

uniform smear throughout the channel length it was decided that the pillar sections should 

be 4 mm apart (i.e. equally distributed down the channel). This was validated as shown in 

Figure 10C, which shows that at ~6 mm from the channel entrance without using pillars 

in the middle of the channel the cells were not-uniformed distributed but rather tended to 

have more cells closer to the outer edges of the channel. Thus pillars were added at 4 mm 

and 8 mm from the inlet pillars of the channel for a consistent and repeatable flow 

redirection that leads to uniform cell distribution and minimized the possibility of a 

collapse within the channel (166, 168, 170). Kaminaga et. al. showed 4 columns of pillars 

in his design (168). The choice of the number of columns at the inlet and outlet was 

primarily influenced by having enough columns to prevent collapse and not obstruct flow 

because the inlet and outlet are more prone to collapse due to atmospheric forces.  For the 

middle, we choose 3 columns because we wanted to use as few columns as possible to 

increase the amount of space for microscopic imaging within the channel, to provide a 

good flow velocity throughout the channel without the need for pumping and also still 

provide adequate cell distribution. Too many columns would obstruct the flow and block 

the imaging area, while too few would not provide adequate cell distribution. Figure 10D 
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acquired from a 5 % PEO-PDMS chip shows that, with the right size and placement of 

pillars and the proper gaps, that uniform cell distribution can be achieved across the entire 

channel.   

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Inlet Outlet 

A 20 fields of view in imaging area 

Inlet Outlet 

20 fields of view in imaging area 
B 

Outlet Inlet 

20 fields of view in imaging area D A

Inlet Outlet 

20 fields of view in imaging area 

Figure 10. For 5% PEO-PDMS chips with 0.3 µL of blood, schematic of channel design and 

representative images: (A) no pillars with channel collapse, resulting in no blood flow, (B) no 

pillars without channel collapse, resulting in non-uniform cell distribution, (C) pillar sections at 

inlet and outlet, resulting in non-uniform cell distribution and (D) pillar sections at inlet, outlet, 

and interior, resulting in a uniform cell distribution (i.e. thin smear). 

 

 



 

63 

 

Blood flow control and cell target numbers per field of view.  Blood volume and 

SMA concentration variables can help control the blood flow and monolayer cell 

distribution. In our previous work, flow control using 5 % PEO-PDMS, 7 % PEO-PDMS, 

and 14 % PEO-PDMS with 5 µl was tested (160). From the results, we concluded that < 

5 µl of blood may provide a better-quality smear and, to test lower blood volumes, that 5 

% PEO-PDMS would be a good starting point. This is because for a good quality smear, 

the average number of red blood cells (RBCs) per field of view for human blood for a 

1000X magnification (0.025 mm2) has been found to be around 250 cells (171). Bovine 

blood has around 5-7 million RBCs per/µl (comparable to humans) but  the RBC size is 

smaller at around 5-6 µm in disk diameter (172) (rather than the 6-8 micron for humans), 

which can be translated into higher cells per unit area (i.e. 320-480 cells per 0.025 

mm2)(171). However, in the field using an automated microfluidic smear technology with 

less fields of view available, having more cells per area would be useful and helpful for 

faster diagnosis, providing the smear is uniform and the separation is sufficient for the 

automated software to detect the cells and parasites (62, 171).  Theoretically, assuming an 

area of view of 0.024 mm2 and a bovine blood RBCs size of 6 µm, the maximum for the 

field should be no more than 700 cells. With that number of cells in the field, the cells 

should be packed together with slight gaps between each cell to allow for software 

counting. A smear with higher numbers of cells (i.e. over 800) will result in no gap 

between the cells, no way to count them effectively with an automated system and hence 

an overall poor-quality smear. Such a poor-quality smear with a high cell density can lead 

to poor diagnosis, particularly false negatives or false positives for instance in the case of 
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malaria diagnosis (69, 71). Further, smears with overlapping cells can also lead to an 

inaccurate diagnosis when using manual or automated methods, especially if the diagnosis 

requires cell counting such is the case for parasitemia in malaria (15).  

 

Blood volume variation. It has been shown that the monolayer cell distribution 

can be altered with a change in blood volume causing the smear quality to be less than 

adequate (64, 161, 162). Because a blood smear done on glass typically uses 1 µl of blood, 

the values chosen to be tested were 0.3 µl, 1 µl, and 2 µl. For all 3 chips, the result of this 

experiment showed that the blood flow speed increased as the blood volume increased 

from 0.3 µl to 1 µl. However, it decreased for 2 µl (Table 1). Intuitively, as the volume 

increased one would think the speed would increase because of flow rate equation (123, 

173), but as the volume increases the hematocrit increases also and, in this case based on 

the aspect ratio of the microfluidic channel, it reached a level where it became an obstacle 

for the flow. Specifically, the higher number of cells were not able to move freely in this 

narrow channel making it difficult for the blood to flow faster. The blood flow stop time, 

on the other hand, increased as the blood volume used increased (Table 1).  

In terms of blood smear cell distribution, the imaging took place at the time the 

blood flow stopped and for all three of the 0.3 µl channels did not present thick smear 

qualities in the imaging area. Also, the field of view did not have large numbers of cells 

making it easier for the software to count the cells. However, there were some rouleaux 

formations (i.e. stacks or aggregations of red blood cells that form because of the unique  



 

65 

 

Table 1: 5 % PEO-PDMS chips (1-3) with variable blood volume deposited to inlet. 

 

  

 

 

 

 

 

 

 

 

 

*An accurate cell count could not be obtained in some images due to cell proximity &/or overlap in the 

absence of a generated thin smear. 

 

 

discoid shape of the cells in vertebrates) in some of the images. Rouleaux formations are 

considered acceptable in situations like this because of cold agglutinins (13). The images 

from the 1 µl of blood channels did not present any thick smear qualities in the imaging 

area, but there were a few images with large amounts of cells that were close to each other 

making it difficult to count them. The images from the 2 µl experiment had a few images 

that were characteristic of a thick smear and some images had a high quantity of cells 

making it difficult to count them. After the cells were counted, cell distribution analysis 

Channels of 
Chip 1 

Blood Volume 
(µL) 

Flow time 
(inlet to outlet) 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

1 0.3 1:25 6:32 530 ± 16 

2 1 1:09 12:45 539 ± 26* 

3 2 1:47 >20 564 ± 18* 

Channels of 
Chip 2 

Blood Volume 
(µL) 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

1 0.3 1:07 7:55 523 ± 18 

2 1 0:59 13:41 539 ± 31* 

3 2 1:30 >20 584 ± 30* 

Channels of 
Chip 3 

Blood Volume 
(µL) 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

1 0.3 0:49 6:31 547 ± 20 

2 1 0:42 11:59 528 ± 28* 

3 2 0:55 >20 532 ± 18* 
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was done to see how the cells’ distribution varied within a channel, across channels of the 

same chip, and across chips. Figure 11 shows an example of a 0.3 µl image containing an 

optimal number of cells for counting along with no thick smear qualities. This is compared 

to a 1 µl image with high numbers of cells close to each other and hence hard to count as 

well as a 2 µl image showing a thick smear. From the blood volume experiment, we 

concluded 0.3 µl blood volume with 5 % PEO-PDMS are the best combination in terms 

of both flow control and for providing a good quality smear.  

 

PEO-silane amphiphile variation. From the blood volume test, we concluded that 

0.3 µl flow control with 5 % PEO-PDMS gave a good quality smear and thus 0.3 µl will 

be used for further testing the concentration variation of the PEO-PDMS. Specifically, 

since SMA concentration influences hydrophilicity and hence affects flow speed and 

A C B 

Figure 11. For 5% PEO-PDMS chips, representative images: (A) With 0.3 µL of blood, thin 

smear generated and cell counting possible, (B) with 1 µL of blood, thin smear generated and 

increased cell proximity disrupts cell counting, and (C) with 2 µL of blood, thin smear not 

generated and further increased cell proximity disrupts cell counting. 
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smear quality (64, 162, 174), different SMA concentrations, 3 wt% and 7 wt%, above and 

below 5 wt% were tested in combination with 0.3 µl blood volume. The results of the flow  

speed and flow stop time are shown in Table 2.  The results showed that both the flow 

speed and stop time decreased as SMA concentration increased from 3 to 7 wt%. This 

was anticipated as one would expect faster flows with higher hydrophilicity but it 

is noted that from 5 to 7 wt% the rate of the stop time is lower than the rate of 

decrease in stop time when going from 3 to 5 wt%. In terms of the blood smear, the 

3 wt% has a few thick smear images in the imaging area and a few thin smear images 

with large amounts of cells making it difficult for the software to count them. The 

5 wt% did not have any thick smear images or images with too many  

 

Table 2: 3-, 5- and 7% PEO-PDMS chips (1-3) with 0.3 µL of blood deposited to inlets. 

 

 

 

 

 

 

 

 

 

*An accurate cell count could not be obtained in some images due to cell proximity &/or overlap in the 

absence of a generated thin smear 

Channels (3) of  
3% PEO-PDMS chip 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

Ave (1-3) 6:22 ± 0:3 8:54 ± 0:31 510 ± 28* 

Channels (3) of  
5% PEO-PDMS chip 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

Ave (1-3) 2:30 ± 0:27 6:03 ± 1:03 523 ± 16 

Channels (3) of  
7% PEO-PDMS chip 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of 
cells per field 

of view 

Ave (1-3) 0:33 ± 0:04 5:56 ± 0:51 541 ± 27 
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cells, but there were some with rouleaux formations as noted in the results section 

2.1. As for the 7 wt%, there were no thick smear images and only a few images had  

too many cells with no rouleaux formations. Figure 12 shows the images of a smear 

obtained from a 3, 5, and 7 wt% PEO-PDMS chip. From both blood flow control 

experiments in which both blood volume and SMA concentration were varied, it 

can be concluded that a combination of 0.3 µl blood volume with 5 and 7 wt%  SMA 

concentration are acceptable in terms but that the 5% was slightly better in smear 

quality with only a slight increase in stop time. 

 

 

Chip to chip variability. One of the biggest challenges in smear preparation, in 

particular manual smears, is the reproducibility since there is wide variation both from a 

single person across days and for different people (10, 23, 24). This variation is often a 

A B C 

Figure 12. For chips prepared with varying concentrations of PEO-silane amphiphile SMA 

additive and treated with 0.3 µL of blood, representative images: (A) a 3% PEO-PDMS chip, 

unacceptable thin smear generated and increased cell proximity disrupts cell counting, (B) a 5% 

PEO-PDMS chip, thin smear generated and cell counting possible, (C) a 7% PEO-PDMS chip, thin 

smear generated with some cells proximity that disrupts  some cell counting 
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function of the physical or mental state of the person on a given day (e.g. whether they are 

feeling tired or have the proper mental state to do a good job). In addition, the person’s 

ability also affects the smear quality, particularly the person at the POC in rural areas. The 

SMA concentration and blood volume tests above showed that a combination of 0.3 µl of 

blood volume with 5 wt% PEO-PDMS chip gave a good smear quality and reasonable 

flow. Thus, the 0.3 µl with 5 wt% PEO-PDMS chip was used in these studies to test the 

repeatability of the chip. As depicted in Figure 13, the smears for all channels on both 

chips were single layered. The cell count and density distribution within a channel, across 

different channels of the same chip, and across different chips were within ~5% of each 

other, which is considered well below the acceptable by WHO standards, which only 

require less than 25% (175). For chip 1, the cell counts and standard deviations for 

channels 1, 2, and 3 were 461 ± 17, 449 ± 16, and 451 ± 15 respectively. For chip 2 they 

were 447 ± 19, 439 ± 17, and 456 ± 23. The average cell count and standard deviation for 

chip 1 and chip 2 are respectively 453 ± 6 and 447 ± 9. The blood flow speed and the 

blood flow stop time for both chips are summarized in Table 3. As shown in Table 3, 

within a chip both of flow time and flow stop time are within 5% and across chips the flow 

time is also within 5%, however, across chips the flow stop time did vary by 25% (nearly 

2 minutes) but both were below the 10 minutes targeted for a POC diagnostic device. 
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Table 3: Two 5% PEO-PDMS chips treated with 0.3 µL of blood deposited to inlets. 

 

Channels (3) of  
5% PEO-PDMS 

“chip-1” 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of cells 
per field of view 

Ave (1-3) 1:14 ± 0:08 7:30 ± 0:34 454 ± 16 

Channels (3) of  
5% PEO-PDMS 

“chip-2” 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of cells 
per field of view 

Ave (1-3) 1:09 ± 0:11 9:06 ± 0:08 447 ± 19 

 

  

 

 

 

Figure 13. Cell count within a channel and across channels for chip 1 

and chip 2 acquired with the same blood 
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Patient blood variability across chips. Another variable that affects the smear 

variation and reproducibility is the blood used for the smear because different patients 

could have different blood variations. Specifically, often the patients’ blood variability 

lies within hematocrit levels, blood viscosity differences, diseases, and the possibility of 

Rouleau and agglutination formation. All of these variables can affect the smear quality. 

The flow speed and the flow stop time is shown in Table 4. The results showed that all 

flow speeds and flow stop times for both were in the range of previous data results and all 

the smears were thin smears.  With regard to the cell density, the cell count from two blood 

samples is different (Figure 14) and there was a higher variation within a chip compared 

to the previous results of Figure 13. Thus, this does show that as the blood changes, the 

number of cells per field of view across the chip could be different; however, both still 

had a uniform cell distribution within and across all channels of the chip. Further, these 

results are similar to the standard manual glass blood smear (64), where the blood variables 

affect the quantity of cells per area and the flow rate, but, as noted, the microfluidic 

generated smear, both blood types show good quality smear and cell count for diagnosis.  

As mentioned earlier, every patient has a different blood characteristics.  Although we 

cannot test for every blood condition, in Appendix C four common blood situations are analyzed 

using the blood viscosity flow model and described in terms of how they can effect smear quality 

namely; low hematocrit/low blood viscosity, high hematocrit/high viscosity, healthy 

hematocrit/low viscosity, and healthy or normal blood hematocrit/high viscosity.  These conditions 

can lead to or arise from various diseases or conditions such as anemia, kidney failure, 

erythrocytosis, polycythemia vera, and hypergammaglobulinemia.  The blood viscosity model 

showed that even with a blood viscosity 5 times the normal, the flow times are still in the range of 
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our experiment data. Although we did not test for all the different types of blood, this study still 

has an essential value because, in a situation for example, where the smear quality shows less red 

blood cells per field of view could indicate to the doctor that the patient’s blood is anemic or has 

problems and that the doctor should investigate the blood quality further.  

 

Table 4: Blood variation experiment done with 5% PEO-PDMS chip and 0.3 µl of 

blood. 

 

Channels (3) of  
5% PEO-PDMS “chip-1”; 
blood from “donor-A” 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of cells 
per field of view 

Ave (1-3) 1:35 ± 0:03 8:05 ± 0:56 511 ± 39 

Channels (3) of  
5% PEO-PDMS “chip-2”; 
blood from “donor-B” 

Flow time from 
inlet to outlet 

(min) 

Flow stop time 
(min) 

Number of cells 
per field of view 

Ave (1-3) 1:22 ± 0:08 7:47 ± 0:22 625 ± 42 

 

Figure 14. Cell count within a channel and across 

channels for chip 1 and chip 2 acquired with different 

blood 
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3.5 Conclusion 

The design of a capillary flow, pumpless, microfluidic cartridge to replicate whole 

blood smears for ultimate POC applications was demonstrated in this paper. A master 

mold with pillars at the inlet, outlet, and either side of the middle of the channels was made 

using an SU8-5 process. Microfluidic chips were made from Sylgard 184 modified with 

an H-PDMS30-PEO8 SMA at different concentrations (3, 5, and 7 wt%) to provide varying 

hydrophilicity. The flow of 0.3 µl of blood into chips of 3, 5, and 7 wt% PEO-PDMS 

showed that the 5 wt% and 7 wt% samples gave adequate smear quality with the 5% 

providing slightly better results and the 3 wt% sample providing poor results. Specifically, 

the 5 and 7 wt% PEO-PDMS had smears with cell monolayers and no thick smear images 

were seen in the imaging area of the channel. In contrast, the 3 wt% PEO-PDMS had areas 

that could be considered as a thick smear. Different blood volumes (0.3, 1, and 2 µl) were 

also added into 5% PEO-PDMS channels to generate blood smears. The results show that 

the smear quality decreased as the blood volume increased due to the microfluidic aspect 

ratio. The 0.3 and 1 µl volumes produced smears with cell monolayers; however, the 1 µl 

sample had a few areas with densely packed cells, which made it difficult to count the 

cells properly. The 2 µl samples were worse, with a few regions that could be considered 

as thick smears within the imaging area. The repeatability from chip to chip with the same 

patient’s blood was excellent. Specifically, the resulting blood smears had cell monolayers 
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and the cell counts from channel to channel and chip to chip that were in the range of 5% 

considered acceptable by the WHO, which only requires 25%. When comparing blood 

smears generated from blood samples of different patients, variation in cell counts were 

observed, as is common due to inherent differences in patient blood (e.g. hematocrit, 

viscosity, etc) Overall, this capillary flow-controlled microfluidic cartridge has the 

potential for use as an automated whole blood smear preparation, particularly for POC 

diagnostic applications 
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CHAPTER IV 

BRIGHTFIELD AND FLUORESCENCE STAINING OF MICROFLUIDIC 

CARTRIDGE GENERATED THIN PERIPHERAL BLOOD SMEARS 

 

4.1 Overview 

Proper staining of peripheral blood smears is essential for the accurate 

characterization, diagnosis, and monitoring of various diseases such as malaria and 

various anemias by increasing  contrast of intracellular components and biomarkers 

Herein, wet Romanowsky and fluorescence staining protocols are adapted for use in flow-

controlled  microchannels, allowing automation of  stained whole human blood smears at 

the point-of-care. A 3X concentration Giemsa stain was created and diluted with DI water 

to 10% 33%, 50% concentration, and Acridine Orange fluorescence stain at 12µg/mL 

were tested on human blood samples containing malaria parasites to assess utility and 

optimal protocols. Giemsa staining at 33% dilution showed an optimal blend of contrast 

and preservation of cellular morphology, while 50% dilutions showed significant cellular 

crenation and 10% dilutions did not show desired contrast in brightfield imaging. 

Fluorescence staining at 12µg/mL using Acridine Orange shows that parasites can be 

clearly seen with reduced signal intensity when compared to gold-standard staining 

protocols. The wet smear protocol also showed inverted contrast of red blood cells and 

background when compared to gold-standard in fluorescence imaging. These results 

demonstrate that peripheral blood can be successfully stained in a simple, one-step 
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procedure for multiple imaging modalities prior to use in a microfluidic smear-generating 

cartridge.  

 

4.2 Introduction 

Peripheral blood smears are essential to the characterization, diagnosis, and 

monitoring of various diseases such as malaria, anemias, sickle cell diseases, 

thrombocytopenia, thrombocytosis, leukemia, lymphoma, and iron deficiency (9, 69, 154, 

155). These smears can be used to diagnose, characterize, and monitor diseases either 

manually or using automated microscopic techniques to observe cell morphology and 

differential blood cell counts (9, 23, 154, 155). The general use of peripheral blood smears 

involves three primary steps: 1) formation; 2) fixation/staining; and 3) examination. Smear 

preparation is the process of physically manipulating a blood sample to form a thin layer 

of cells with proper thickness, shape, and density. Fixation and staining use various 

chemicals to accomplish some combination of sample inactivation, permeabilization, 

adhesion to a substrate, and augmentation with a contrast-enhancing stain prior to 

examination. This work presents simple staining protocols used to enhance the contrast of 

such auto-generated smears, with applicability for use in remote locations and at the point-

of-care (POC). 

One common use of blood smears in remote locations is for the microscopic 

diagnosis of malaria. To prepare a conventional thin smear, a small drop of patient blood 

is deposited onto a microscope slide, where it is immediately “wiped” across the surface 

of the glass to form a monolayer of cells using a second slide (176). This process requires 



 

77 

 

significant practice and skill, and there is variability in the quality of smears created (177). 

After a thin film has been formed and dried, it will be fixed using either physical or 

chemical techniques (178). Fixative chemicals include formaldehyde, glutaraldehyde, 

acetone, ethanol, methanol, or combinations; while physical methods are heating, 

microwaving, and cryo-preservation (freeze-drying) (65, 66, 178, 179). Most typically, 

the smear will be submerged in 100% methanol for 30-60 seconds immediately prior to 

staining to effectively permeabilize, preserve, and prepare the sample for stain uptake (64). 

Some stains, such as Leishman Stain, include fixative agents in their composition and 

allow for a single-step fixation/staining procedure (67). Exact fixation protocols can vary 

to account for differences in stain concentration, temperature, osmolarity, and materials 

used (180). A proper fixation technique will result in smears that preserve cellular 

morphology and allow for stain uptake by the sample to produce the desired contrast (179, 

180). 

While various types of stains may be used to enhance features of peripheral blood 

smears, this work focuses primarily on the use of Romanowsky-type stain used for 

brightfield imaging and Acridine Orange (AO) stain used for fluorescence imaging. 

Variations in traditional staining protocols arise from variables such as staining 

compounds, time, concentration, buffers used, pH balance, and age, all of which must be 

controlled to produce smears with the desired enhanced contrast (9, 70). Romanowsky and 

Giemsa-Romanowsky stains are fundamentally a combination of eosin and methylene 

blue derivatives which create a wide range of blue, purple, and pink hues. Some common 

examples of these stains include Giemsa, Field’s, JSB, Wright’s, and Leishman stains, 
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which can be used in numerous distinct ways depending on the sample type and desired 

effect (66, 67). It is important to note that the presence of multiple staining compounds is 

required to create purple hues in what is known as the “Romanowsky effect” within the 

granules of neutrophils, chromatin, and other cellular matter. Azure B, a methylene blue 

derivative, is a small molecule and can stain quickly, while eosin, the pigment mainly 

responsible for the purple color, is three-times bigger and takes longer to diffuse across 

the cell’s membrane, creating a time-hue interdependency that must also be considered 

(66). When used in peripheral blood smears, the Romanowsky effect is especially visible 

wherever DNA is present, which causes Plasmodium parasites to appear with high contrast 

due to the lack of DNA in erythrocytes. 

Similarly, the use of fluorophores in peripheral blood smears has been shown to 

be viable for parasitic contrast enhancement within red blood cells (RBC’s), with some 

studies claiming greater sensitivity with the use of fluorescent stains when compared to 

brightfield-chromophores (181-185). Acridine Orange is a cell-permeant stain that bonds 

to DNA and RNA via intercalation with emission peaks of 526nm and 650nm, 

respectively. It has been used previously in malaria research and diagnosis due to its 

combination of function, cost, and stability. Use of both brightfield and fluorescent stains 

require that a balance is achieved between maximizing stain-target binding and saturating 

the sample such that binding specificity and contrast is lost (9). In Romanowsky stained 

blood smears, under-staining results in highly transparent samples with poor contrast, and 

over-staining results in nearly homogenous light absorption across entire cells such that 

little to no chromatic variance between targets and the cellular background can be seen. 
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Fluorescently stained smears, which are imaged through filters to block all non-signal 

light, do not emit sufficient photons to generate a discernable signal when under-stained, 

and overstaining results in fluorescence being seen in sample background, cellular 

membranes, and condensed debris, creating washed-out images.  

The complexities of staining protocols and diversity of applications thus require 

that customized protocols must often be adapted for each unique circumstance. Poor smear 

preparation, fixation, and staining should be avoided whenever possible to mitigate 

diagnostic errors which can lead to the improper drug prescription, increased morbidity & 

mortality, and undue socio-economic burden (42, 54, 69-71, 73).  With diagnostic errors 

oftentimes attributed to stain quality, automated staining devices have been developed but 

are typically unsuitable for use at the point-of-care (POC), away from centralized 

laboratories (21, 70). Thus, there is a need for a automated or semi-automated staining 

platform technology and simple protocols that can incorporate a diverse set of sample 

stains for use at the POC (9, 70).  

Microfluidic systems have been proposed for use at the POC in developing 

countries because they promise low-cost, adaptable, rapid, and easy-to-use detection 

platforms for various biological analytes (156, 157). While many groups attempt to 

accomplish complex laboratory functions such as staining on a single chip, many devices 

require auxiliary technologies to operate and fail to meet the World Health Organization's 

ASSURED criteria or FDA simple test guidance (25, 186). Li et al. showed that blood 

smears can be stained in a microchannel with the use of pumps and valves to accommodate 

the staining procedure, however, their complex design produced stains with many artifacts 
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(159). Horning et al. designed a POC blood smear staining device on a paper microfluidic 

cartridge, however the lengthy drying times associated with their protocol would not meet 

the WHO’s ASSURED criteria, which requires that the diagnosis procedure be done under 

30 min (14, 32). Additionally, the use of paper-fluidics causes difficulty in achieving the 

necessary microscopy resolution for accurate disease diagnosis. Our previous works have 

shown blood flow can be controlled using capillary forces in a microfluidic chip made 

from a bulk modification of Sylgard 184 with poly(ethylene oxide) (PEO) – poly(dimethyl 

siloxane) (PDMS) (HSi-PDMS30-PEO8 ) based on surface-modifying additives (SMAs) 

(160). SMA concentration adjustments allow us to create thin blood smears and to dictate 

flow rates and the time to flow cessation. Control of flow rates is especially important as 

it allows for customization of the cellular density in the smear and adjustment of the time 

required for a sample to be ready for analysis.   

As a closed system, it is difficult for smears in microchannels to dry between 

reagent steps as in most standard staining protocols. Thus, such methods are not feasible 

in microchannels and stresses the need for a different staining protocol altogether. In this 

paper, we propose the development of wet Romanowsky fluorescence staining protocols 

for whole human blood for use in a microfluidic cartridge for POC diagnosis of 

hematology disease such as malaria. The staining procedure allows for samples to be ready 

for analysis in under 20 min, with results similar to those achieved using traditional glass-

slide staining protocols. 
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4.3 Materials and Methods 

4.3.1 Materials 

Allyl methyl PEO (Polyglykol AM 450, Mn = 292–644 g mol-1 per manufacturer’s 

specifications; Mn = 424 g mol-1 per proton (1H) nuclear magnetic resonance (NMR) end 

group analysis) was provided by Clariant. Octamethylcyclotetrasiloxane and 

tetramethyldisiloxane were purchased from Gelest. ODMS30 (Mn = 2354 g mol-1 per 1H 

NMR end group analysis) was prepared as reported (56). Triflic acid, rhodium (I) 

tris(triphenylphosphine) chloride (Wilkinson’s catalyst), hexamethyldisilazane, 

tridecafluoro-1, 1, 2, 2-tetrahydrooctyl-1-trichlorosilane, and solvents were obtained from 

Sigma-Aldrich. All solvents were dried over 3 Å molecular sieves prior to use. Sylgard 

184 was purchased from Ellsworth Adhesives, and SU8-5 from Microchem. Glass 

microscope slides (75 × 25 × 1 mm3) were purchased from Fisher Scientific (160). 

 

4.3.2 Methods 

A Giemsa powder and Acridine Orange powder purchased from Millipore-Sigma 

were used for all brightfield and fluorescence stain solution preparations, respectively. 

Giemsa 3X concertation stock solution was made using the protocol described by Bain et 

al, modified to use 300 mg of Giemsa powder was mixed with 10 ml of absolute methanol 

(187). The mixture is put on a hot plate at 50 degrees for 15min. After that the stock was 

put on a mixer for at least 12 hours to break clumps of Giemsa from the stock. Following 

that, the stock was filtered using 4 µm and 2 µm paper filters. The filtered stock is left 

sitting for at least 24 hours before use. Acridine orange stock solution was made as a 96 
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µg/mL suspension of AO in PBS pH 7.2. Microfluidic thin-smear generating cartridges 

were prepared on 0.17mm microscope cover glass according to protocols as first described 

in our previous work, a summary of which can be found in Appendix D. Cultures of P. 

falciparum parasites were cultured in vitro and reconstituted to mimic physiological 

properties of unaltered human blood according to full details as given in Appendix D  

  

 Experimental setup. To test the hypothesis that microchannels can be used to 

create a well-stained, stable, repeatable thin smear of cells for brightfield and fluorescence 

microscopic analysis, a small amount of stained parasitized human blood samples were 

deposited at the inlet of the micro channels and allowed to  flow from the inlet to the outlet 

of the channel, creating a thin monolayer of cells. After the stained blood stopped flowing 

inside the channel, a Nikon Eclipse Ti-2 microscope with 60x oil-immersion objective 

was used to take images of the cells from the outlet to the inlet at 0.5 mm increments, and 

the images were catalogued for later analysis.  

 

Staining Protocols. Gold-standard reference smears for both brightfield and 

fluorescence stains were created on glass microscope slides according to published 

procedures (176, 182-184, 188). While the gold-standard staining methods use previously 

dried and fixed thin smears, staining for use in a microchannel-generated thin smear 

requires staining to be done in liquid-phase suspension. It was found that the fluorescence 

staining procedures were significantly simpler to adapt to liquid-phase staining than the 

Giemsa-type brightfield procedures. Fluorescence stain solutions were created by diluting 
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AO to desired concentrations in 1x PBS. For brightfield staining, it was found that a 3X 

Giemsa stain stock concentration was optimal, which was then diluted with DI water to 

create 10%, 33%, and 50% stain solutions. The upper and lower concentrations for 

staining were selected based on Gold-Standard procedures typically using a 10% dilution, 

and deformations in cellular morphology that appeared above 50% concentration. To 

create stained blood samples, stain solutions were mixed with reconstituted parasitized 

blood in 1:2 (stain:blood) ratios by volume in 2mL centrifuge tubes. The combined sample 

and stain were mixed by hand for 30 seconds then set aside under a light-shielding 

covering for 10 minutes to incubate at room temp. After 10 minutes, 0.5µL of sample was 

transferred to the inlet of the microfluidic channels, and imaging began after cells stopped 

flowing in the channels after 4.31 ± 0:39 in. The incubation time for the AO on the other 

hand was for 6 minutes before it was loaded in the microchannel  

 

Image Analysis. Image analysis was performed to compare staining quality, which 

was defined as the quantitative feature separability of parasites from both intracellular and 

extracellular backgrounds. Fluorescence images were monochromatic, while brightfield 

images contained standard red, green, and blue data. Images from each mode of imaging 

were processed similarly, with parasitic, RBC, and background features segmented using 

masks that were commonly applied to all images taken for individual single staining 

procedures. In fluorescence images, parasitic, RBC, and background features were 

segmented using Nikon BR Elements software based on the presence of intensity 

thresholded local maxima in the imaging field, and the intensities of these features were 
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analyzed for separability and repeatability. For brightfield images, MATLAB was used to 

segment parasites, RBC’s, and background using hue, saturation, and value (HSV) units. 

Feature differentiability was determined from the average HSV values of each feature’s 

pixel population. When plotted in cylindrical HSV colors pace, the distance between 

population clusters were compared, with higher distance values indicating that features 

were more differentiable. The quantitative variance of stained features was used to assess 

overall repeatability both within and between images gathered from each individual smear. 

Throughout all portions of image analysis, cellular morphology was qualitatively assessed 

to ensure that no crenation, lysis, or significant morphological deformations occurred at 

any point during the tests. 

 

4.4 Results and Discussions 

Brightfield Staining. For Giemsa stained samples, HSV values for smear 

background were found to be (238, 5%, 78%) for the 10% dilution, (244, 6%, 80%) for 

the 33% dilution, and (236, 7%, 78%) for the 50% dilution. These values each result in 

very similar shades of gray. HSV values of the RBCs were (237, 5%, 78%), (194, 3%, 

71%), (147, 4%, 72%) for 10%, 33% and 50% dilutions, respectively. Qualitatively, the 

color of the RBC’s in the 10% dilution appeared as a lighter shade of gray than the 

similarly darker shades of 33% and 50%. HSV values for malaria parasites were (210, 

40%, 66%), (216, 48% 67%), and (220, 53%, 66%) for 10%, 33%, and 50% respectively, 

with all values representing comparable blue colors (Figure 15).  
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Table 5: Average distances between features in HSV color space for the10%, 33%, and 

50% staining protocols. 

 

Stain 

Concentration 

Average Distance (HSV) 

Malaria Parasites 

vs. Background 

Malaria Parasites 

vs. RBCs 

10% 0.371 ± 0.0267 0.369 ± 0.0268 

33% 0.448 ± 0.0181 0.453 ± 0.0215 

50% 0.483 ± 0.0277 0.530 ± 0.0250 

 

  

In HSV color space, the feature separability increases with the concentration of 

stain used as shown by the increasing average distances between the malaria parasites and 

the RBC’s and background (Table 5). Coefficients of variance for the hue and saturation 

Figure 15. Average HSV colors for mal aria parasites (blue), background (yellow), and 

RBCs (red) in 10 brightfield images within (a) two dimensional hue and saturation space 

and (b) three dimensional hue, saturation, and value space per 10% (circles), 33% 

(triangles), and 50% (squares) staining protocols 
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of the malaria parasites within each image were < 1 for all three concentrations, and there 

was no significant difference in the variance of distance between malaria parasites and 

RBC’s for all three concentrations. However, more cells in the 50% images show 

crenation than in the 33% and 10% images, likely due to the higher methanol 

concentrations used in the 50% stain (Figure 16). These results indicate that the 33% stain 

concentration protocol gives an optimal blend of enhanced contrast and preserved cellular  

morphology that is preferable for brightfield staining. 

 

 

 

 

Comparison of Stain within and across Channels. Multiple independent trials of 

the 33% Giemsa staining protocol were performed to check the variation of staining both 

Figure 16. Images in-channel Giemsa stained blood smears using a) 10% stain dilution; b) 33% 

stain dilution; c) 50% stain dilution 

a) c) b) 



 

87 

 

within and between smears from three different channels (ch) (Figure 17). The results 

show that the HSV background for the ch1, ch2, and ch3 of the 33% are, respectively (244, 

6%, 80%), (244, 5%, 78%), and (239, 7%, 79%). The HSV of the RBCs for ch1, ch2, and 

ch3, are (194, 3%, 71%), (210, 3%, 70%), and (149, 3%,70%) respectively, and the 

malaria parasites HSV values of (216, 48%, 67%) in ch1, (213, 45%, 64%) in ch2, and 

(219, 45%, 68%) in ch3 (Figure 18). Colors and color differentiability were found to be 

consistent across all three channels, with only a slight variance found in the distance 

between malaria parasites and the background in HSV color space (p < 0.002) between 

ch1 and ch3 (Table 6). The variances of the distances within the HSV color space from 

the malaria parasites to the RBCs for the 10 images have no significant difference across 

the channels, which shows the consistency of the 33% staining protocol. The coefficients 

of variances for hue and saturation calculated for the malaria parasites also show a low 

variance both within each channel and across channels (Figure 19). 

 

Table 6: HSV color space distances for the 33% protocol compared across 3 channels 

 

Channel 

Average Distance (HSV) 

Malaria Parasites vs. 

Background 

Malaria Parasites vs. 

RBCs 

1 0.448 ± 0.0181 0.453 ± 0.0215 

2 0.430 ± 0.0279 0.422 ± 0.0327 

3 0.406 ± 0.0269 0.444 ± 0.0296 
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Figure 18. Average HSV colors for the malaria parasites (blue), the background (yellow), 

and the RBCs (red) for 10 images within a) two-dimensional hue and saturation space and 

b) three-dimensional hue, saturation, and value space for the 33% staining protocol. 

 

Figure 17. Images of malaria parasites acquired from 33% staining protocol in a) channel 1; b) 

channel 2; and c) channel 3 

a) b) c) 
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Comparison with Gold-Standard Smear. The 33% concentration was compared 

to the glass smear, which is considered a gold standard. Background HSV values were 

found to be (242, 8%, 78%) and (243, 6%, 80%) for the gold-standard and in-channel 

smears, respectively. The HSV of the RBCs is (303, 8%, 62%) for the gold standard and 

(194, 3%, 71%) for the 33%, where the color of the glass smear RBCs is purple and the 

33% is grey (Figure 20). Within the HSV color space, the average distance between the 

malaria parasites and the background is smaller for the gold-standard smear than for the 

33% concentration in-channel smear. Similarly, the distance from the parasites to the RBC 

of the gold-standard is less than that of the 33% in-channel protocol (Table 7). Given these 

results, it is reasonable to conclude that the parasites in the channel are equally or more 

distinguishable than the one from the glass smear based on HSV color space  

Figure 19. Average HSV colors for the malaria parasites (blue), the background (yellow), and 

the RBCs (red) for 10 images within (a) two-dimensional hue and saturation space and (b) 

three-dimensional hue, saturation, and value space per ch1 (circles), ch2 (triangles), and ch3 

(squares) 
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Table 7: HSV color space distances of the gold standard compared to the 33% protocol 

 

 

 

 

 

 

 

differentiability (Figure 21). Both protocols display similar color variances, indicating 

similar levels of consistency and precision. 

 

 

Stain 

Average Distance (HSV) 

Malaria Parasites 

vs. Background 

Malaria Parasites 

vs. RBCs 

33% 0.448 ± 0.0181 0.453 ± 0.0215 

Gold Standard 0.337 ± 0.0129 0.381 ± 0.0126 

Figure 20. Images of blood smears and malaria parasites acquired from a) unstained gold 

standard smear; b) gold standard smear and staining; and c) 33% staining in-channel 

a) b) c) 
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Fluorescence Staining. Fluorescently stained samples were imaged in a similar 

manner to the brightfield images, with images collected at 0.5 mm intervals across the 

channel, beginning 10 minutes after cells were stained. Acridine Orange stain solution at 

12µg/mL was used to stain both in-channel and gold-standard smears. In each, the uptake 

of AO by parasites allowed them to be clearly seen above RBC and background signals. 

Although various parasitic features do not differentially stain as in brightfield/Giemsa 

protocols, it is still easy to distinguish between ring, immature, and mature trophozoite 

parasitic stages of development (Figure 22). Using a 16-bit monochromatic camera, 

parasitic features in-channel displayed intensities near 4000, while gold-standard smears  

Figure 21. Average HSV colors for the malaria parasites (blue), the background (yellow), and 

the RBCs (red) for 10 images within a) two-dimensional hue and saturation space and b) three-

dimensional hue, saturation, and value space per the 33% (circles) and gold standard (triangles) 

staining protocols. 
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displayed intensities near 14000, with comparable coefficients of variation. Smears 

generated in-channel the RBC’s appears darker than the channel background, while in the 

gold-standard images they appear brighter than the background, likely due to the ability 

of excess fluorophores to be washed away from glass-mounted gold-standard smears but 

Figure 23. Comparison of fluorescent feature intensities from in-channel and Gold-

Standard samples stained with 12 µg/mL of Acridine Orange. a) Absolute feature 

intensity; b) Relative feature intensity. 

Figure 22. Monochromatic images of samples stained using 12µg/mL Acridine Orange a) 

in-channel; and b) on a glass slide (gold-standard). Parasites appear brightly in both images, 

but the contrast of red blood cells and the background are inverted. Images shown with 

linear contrast enhancement for visibility 
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not from in-channel smears. Despite these differences, in each image there was a clear 

separability between the intensities of the parasitic features and those of the RBC’s and 

background (Figure 23).  

Three independent repetitions of the staining and smear creation process were 

performed for the 12 µg/mL stain concentration to assess the repeatability of the process. 

Feature intensity variance was compared within each field-of-view (FOV) and between 

independently stained channels. As shown in Figure 24a, relative feature intensities of 

parasites, background, and RBC’s remain consistent throughout the channel. To better 

assess staining quality as defined by feature separability, intensities in each FOV were 

normalized to the intensity of the background to eliminate linear baseline drift that 

occurred as a gradient along the channel (Appendix D). Due to the differential uptake of 

stain by parasites of various stages of development and the heterogeneity of fluorescence 

staining within each individual parasite, a large standard deviation can be observed in the 

average intensities of populations of parasites from each FOV, however the precision 

afforded by sampling multiple FOV allows for the clear  

separation between the intensities of parasites, RBC’s and background in all three (Figure 

24b).   
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4.5 Conclusion 

In this work, whole blood staining procedures for a novel, microchannel-based thin 

smear generation platform were explored for their applications and impact. In-tube, wet 

staining techniques were employed instead of the traditional techniques on dried smears 

to allow samples to flow inside of microfluidic channels instead of the traditional dry 

blood staining. Staining quality was assessed quantitatively using chromatic and intensity-

based feature differentiation for brightfield and fluorescence imaging modalities, 

respectively. Results confirm that successful differentiation of P. falciparum malarial 

parasites from red-blood cell and blood plasma is possible during microscopic imaging. 

Clear relationships between stain concentrations and signal intensities were observed, and 

quantitative analysis of imaging results give clear evidence that the results are repeatable. 

It is believed that this combination of staining procedures and smear generation platform 

Figure 24. Variance of fluorescence staining shown a) within a single channel, and b) 

between separate, independent channels 
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has the potential to improve the consistency and accessibility of high-quality blood films 

in both laboratory and remote settings.   

 



 

 

CHAPTER V 

CONCLUSIONS 

5.1 Conclusion 

Malaria remains a significant global health burden. Despite all the technologies 

developed to improve malaria diagnosis, the examination of stained smeared blood 

samples with white light microscopy remains the gold standard. However, this technique 

requires multiple steps that need to go well for a proper and fast diagnosis. The three steps 

necessary for the examination of a stained blood smear with light microscopy are 1) smear 

preparation; 2) fixation and staining or simply staining; and 3) the examination of the 

stained smear under the microscope which also has three sub-steps (detection, species 

identification, and parasitemia). Among these three steps, the first two are arguably the 

most important ones because they both affect the third step. However, most of the efforts 

to improve the malaria diagnosis were on the third step these past decades. Thus, this work 

focused on improvements to the first two steps. 

In this work, research on the material used for microfluidic diagnosis was 

performed including modifying PDMS with SMA resulting in an increase in surface 

hydrophilicity and flow as the concentrations of the SMA increase. Flow control was also 

achieved with changes in microfluidic channel height.  The flow speed increased as the 

SMA concentration and the channel height increased and the addition of SMA to PDMS 

did not compromise the optical properties (bright field and fluorescence) of the material. 

However, the incorporation of the higher concentrations of SMA led to a decrease in 

modulus. Further, to be able to design a chip that can acquire a thin smear, this flow control 
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was optimized, including uniform cell distribution, by not only modifying PDMS with the 

SMA and using a small channel height but also by adding pillars throughout the channel 

and varying whole blood volume. The results showed that the smear quality decreased as 

the blood volume increased due to the microfluidic aspect ratio. The results had shown 

that the combination of SMA of 5 and 7 wt% with 0.3 µl volume, 4.7 µm height with 

pillars at the inlet outlet and equally spaced in the channel gave the best outcome in terms 

of a smear with uniform cell distribution and density. The repeatability of the cartridge 

was tested from chip to chip with the same patient’s blood, and the resulting blood smears 

had cell monolayers, and the cell counts from channel to channel and chip to chip were in 

the range of 5%. In addition, the blood smears generated from blood samples of different 

patients, gave a variation in cell counts, as is common due to inherent differences in patient 

blood (e.g., hematocrit, viscosity, etc.) 

A whole blood staining procedure was also developed in the optimized 

microchannel using flow control. Because it is hard for air to dry samples in a 

microchannel, a wet blood staining was chosen instead of the traditional dry blood 

staining. Wet blood staining lead to the dilution of the stain by the whole blood and thus, 

a 3X stain concentration stock was developed and diluted with DI water to 10%, 33%, 

50% concentration as a working solution. The test for the three concentrations was done 

with malaria parasites and analyzed using HSV color space distances as a form of contrast. 

The HSV color space distances from the parasites to the RBCs or the background of the 

50% protocol was higher than the 33%, and both are higher than the 10% protocol, but the 

cells at 50% had crenation problems. Thus, the 33% stain concentration protocol was 
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considered the best for staining wet blood in a microchannel because it had minimal cell 

crenation and high color differentiability between the malaria parasites and the RBCs. The 

test for the consistency of the 33% protocol was done in three channels and showed low 

variance within a channel and across channels in the hue and saturation of the malaria 

parasites. The 33% protocol was compared to the gold standard stained smear on glass. 

The results showed that the distances within the HSV color space from the malaria 

parasites to the RBCs of the 33% are higher than the stained smear on glass. Thus, the 

parasites of the 33% protocol were more distinguishable than the glass smear. 

Overall, the results showed the potential for using a pumpless microfluidic cartridge for 

automated smear preparation and staining that meets some the WHO ASSURED criteria 

(Affordable, Sensitive, Specific, User-friendly, Robust and rapid, and Deliverable to 

remote areas) for malaria diagnosis at the POC 
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Table A1. Summary of different methods for malaria diagnosis. Reprinted with 

permission from (Tangpukdee, 2009) 
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Table A1 Continued 
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Table A1 Continued 
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Table A2. Severe falciparum malaria definition. Reprinted with permission from (WHO, 

2015) 

 

 

 

 

 

 

 

• Impaired consciousness: A Glasgow coma score < 11 in adults or a Blantyre coma score < 3 in 

children 

• Prostration: Generalized weakness so that the person is unable to sit, stand or walk without assistance 

• Multiple convulsions: More than two episodes within 24 h • Acidosis: A base deficit of > 8 mEq/L or, 

if not available, a plasma bicarbonate level of < 15 mmol/L or venous plasma lactate ≥ 5 mmol/L. 

Severe acidosis manifests clinically as respiratory distress (rapid, deep, laboured breathing). 

• Hypoglycaemia: Blood or plasma glucose < 2.2 mmol/L (< 40 mg/dL) • Severe malarial anemia: 

Hemoglobin concentration ≤ 5 g/dL or a hematocrit of ≤ 15% in children < 12 years of age (< 7 g/dL 

and < 20%, respectively, in adults) with a parasite count > 10 000/µL 

• Renal impairment: Plasma or serum creatinine > 265 µmol/L (3 mg/dL) or blood urea > 20 mmol/L 

• Jaundice: Plasma or serum bilirubin > 50 µmol/L (3 mg/dL) with a parasite count > 100 000/ µL 

• Pulmonary oedema: Radiologically confirmed or oxygen saturation < 92% on room air with a 

respiratory rate > 30/min, often with chest indrawing and crepitations on auscultation 

• Significant bleeding: Including recurrent or prolonged bleeding from the nose, gums or venipuncture 

sites; hematemesis or melaena  

• Shock: Compensated shock is defined as capillary refill ≥ 3 s or temperature gradient on leg (mid to 

proximal limb), but no hypotension. Decompensated shock is defined as systolic blood pressure < 70 

mm Hg in children or < 80 mm Hg in adults, with evidence of impaired perfusion (cool peripheries or 

prolonged capillary refill). 

• Hyperparasitemia: P. falciparum parasitemia > 10%. 
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Table A3. Key differences between severe knowlesi and severe falciparum. Reprinted 

with permission from (WHO, 2015) 

 

• P. knowlesi hyperparasitemia: parasite density > 100 000/µL  

• Jaundice and parasite density > 20 000/µL. 

 

Table A4. Applications of Microfluidic Systems Made of Different Materials. Reprinted 

with permission from (Ren, 2013) 

 

 
Applications Silicon/glass Elastomers Thermoset Thermoplastics Hydrogel Paper 

CE Excellent Moderate Good Good NA NA 

Electrochemical 

detection 

Good Limited Moderate Moderate No Moderate 

Organic 

synthesis 

Excellent Poor Good Moderate to 

Good 

NA NA 

Droplets 

formation a 

Excellent Moderate Good Good NA NA 

PCR Excellent Good Good Good NA NA 

Protein 

crystallization 

Poor Good Poor Moderate NA NA 

Bioculture Moderate Good Moderate Moderate Excellent, 

3D 

Good, 

3D 

Cost of 

production 

High Medium High Low Medium 

to High 

low 

Reusability Yes No Yes Yes No No 

Disposable 

device use 

Expensive Good Expensive Good Hard to 

store 

Good 

a In the cases of droplet microfluidics, biological or chemical reactions are confined to individual 

droplets, and the surface properties of the device material only affect the generation of the droplets. 
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Table A5. Overview of Materials for Microfluidic Device Fabrication. Reprinted with 

permission from (Ren, 2013) 

 

 
property silicon/glas

s  

elastom

ers 

thermoset thermopla

stics 

hydrogel paper 

Young’s 

(tensile) 

modulus 

(GPa) 

130–

180/50–90 

∼0.0005 2.0–2.7 1.4–4.1 low 0.0003–

0.0025 

common 

technique 

for 

microfabric

ation  

photolithogr

aphy 

casting casting, 

photopolymeri

zation 

thermomol

ding 

casting, 

photopolymeri

zation 

photolithogr

aphy, 

printing 

smallest 

channel 

dimension 

<100 nm <1 μm <100 nm ∼100 nm ∼10 μm ∼200 μm 

channel 

profile 

limited 3D 3D arbitrary 3D 3D 3D 2D 

multilayer 

channels 

hard easy easy easy medium easy 

thermostabi

lity 

very high medium high medium to 

high 

low medium 

resistance 

to oxidizer 

excellent moderat

e 

good moderate 

to good c 

low low 

solvent 

compatibili

ty 

very high low high medium to 

high 

low medium 

hydrophobi

city 

hydrophilic hydroph

obic 

hydrophobic hydrophob

ic 

hydrophilic amphiphilic 

surface 

charge 

very stable not 

stable 

stable stable N/A N/A 

permeabilit

y to oxygen 

(Barrer) 

<0.01 ∼500 0.03–1 0.05–5 >1 >1 

optical 

transparenc

y 

no/high high high medium to 

high 

low to 

medium 

low 

 

 

 

https://pubs.acs.org/doi/10.1021/ar300314s#t1fn3
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APPENDIX B 

CHAPTER II SUPPORTING INFORMATION 

 

 

Figure S1. Photograph of a 14% PEO-PDMS microfluidic chip bonded to a glass slide. 

 

 

Figure S2. Photographs of unmodified silicone (i.e. unmodified Sylgard 184), 5% PEO-

PDMS, 7% PEO-PDMS, and 14% PEO-PDMS films. 

 

Unmodified 
silicone 

5% PEO-PDMS 7% PEO-PDMS 14% PEO-PDMS 
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The equation for this model is                      t = 
6𝜂𝐿2

𝜌𝑔𝐻ℎ2+2ℎ𝜎𝑐𝑜𝑠𝜃
 

 

 

η: Blood viscosity= 9.834x10-3 Pa.S (bovine blood temperature around 10-15 degree 

was estimated) 

L: channel length  

ρ: density = 1060 kg/m3 

σ: Surface tension = 0.055 N/m 

Ɵ: angle of 60 degree or 1.047 rad 

H: 0.18 µm 

h: channel height (4.6-14 µm)                

 g: gravity 9.8 m/S2 

Figure S3. Theoretical model (Jong et al.) and experimental data of whole 

blood flow in a low height rectangular microchannel.  
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Table S1. Modulus values of unmodified silicone, 5% PEO-PDMS, 7% PEO-PDMS, 

and 14% PEO-PDMS films (t = 0) (corresponding to Figure 6a). 

 

Sample Modulus (MPa) 

Unmodified 4.8 ± 0.6 

5% PEO-PDMS 3.0 ± 0.2 

7% PEO-PDMS 2.3 ± 0.2 

14%PEO-PDMS 1.1 ± 0.1 

 

Table S2. Modulus values of the 14% PEO-PDMS throughout aging (corresponding to 

Figure 6b). 

 

Conditioning Time 14% PEO-PDMS (MPa) 

Initial 1.1 ± 0.1 

2 Weeks 1.4 ± 0.1 

1 Month 1.5 ± 0.2 

3 Months 1.5 ± 0.2 

6 Months 1.6 ± 0.3 
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Table S3. Static contact angle (static) values of unmodified silicone, 5% PEO-PDMS, 

7% PEO-PDMS, and 14% PEO-PDMS at 15 sec and 1 min following water droplet 

placement (corresponding to Figure 7a). 

 

 

 

Sample 15 sec (°) 1 min (°) 

Unmodified 112.6 ± 0.4 111.9 ± 0.2 

5%PEO-PDMS 107.1 ± 1.3 81.4 ± 3.6 

7%PEO-PDMS 105.5 ± 7.3 57.8 ± 2.2 

14%PEO-PDMS 19.8 ± 2.7 16.6 ± 1.5 

 

 

Table S4. Static contact angle (static) values of 3 replicate samples of 14% PEO-PDMS 

at 15 sec, 1 min and 3 min following water drop placement. 

 

 

 

Sample 15 sec (°) 1 min (°) 3 min  (°)   

14%PEO-PDMS_A 22.6 ± 2.2 15.3 ± 0.4 11.2 ± 0.5   

14%PEO-PDMS_B 16.9 ± 7.2 12.9 ± 4.3 8.7 ± 1.8   

14%PEO-PDMS_C 17.5 ± 2.4 11.2 ± 1.6 7.9 ± 1.5   
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Table S5. Static contact angle (static) values of unmodified silicone and 14% PEO-

PDMS at 15 sec and 1 min following water droplet placement, taken throughout aging  

(corresponding to Figure 7b). 

 

 

Conditioning 

Time 

Unmodified          

15 sec (°) 

Unmodified          

1 min (°) 

14%PEO-

PDMS 15 sec 

(°) 

14%PEO-

PDMS 1 min 

(°) 

Initial 112.6 ± 0.4 111.9 ± 0.2 19.8 ± 2.7 16.6 ± 1.5 

2 Weeks 114.5 ± 0.1 112.1 ± 0.2 21.6 ± 0.2 20.3 ± 0.4 

1 Month 114.5 ± 0.2 114.1 ± 0.3 17.8 ± 1.4 12.7 ± 1.9 

3 Months 114.7 ± 0.5 114.4 ± 0.5 42.0 ± 13.3 28.5 ± 6.7 

6 Months 104.2 ± 2.7 103.8 ± 2.8 71.9 ± 15.5 44.1 ± 5.8 
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Table S6. Pumpless flow times of blood through microfluidic channels of 7% PEO-

PDMS with various heights: 4.6 µm, 10 µm, and 14 µm (corresponding to Figure 8a). 

 

 

 

Sample Flow Time (s) 

4.6 µm 33.3 ± 1.5 

10 µm 19.3 ± 0.6 

14 µm 13.3 ± 0.6 

 

 

Table S7. Pumpless flow times of blood through microfluidic channels (channel height 

= 14 µm) of 5% PEO-PDMS, 7% PEO-PDMS, and 14% PEO-PDMS (corresponding to 

Figure 8b). 

 

 

 

Sample Flow Time (s) 

5% PEO-PDMS 31.0 ± 0.0 

7% PEO-PDMS 13.3 ± 0.6 

14% PEO-PDMS 7.7 ± 0.6 
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 Video S1’s name: microcarrier1084_middle_initial                                                                          

Video S1. Video of capillary flow of blood (volume = 5 µL) at the middle of a 14% PEO-

PDMS microchannel (h = 14 µm, w = 250 µm) immediately after blood addition to the 

inlet. 

 

 

Video S2’s name: microcarrier1086_middle after 30min 

 

Video S2. Video of capillary flow of blood (volume = 5 µL) at the middle of a 14% PEO-

PDMS microchannel (h = 14 µm, w = 250 µm) 30 min after blood addition to the inlet. 
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APPENDIX C 

 

As mentioned earlier, every patient has a different blood.  Although we cannot test 

for every blood condition, bellow is described 4 common blood situations or diseases and 

how those situations could affect the smear quality based on the blood flow model. 

 

Blood with low hematocrit (15-20%) that leads to low blood viscosity (3 mPa.s). This is 

a situation for patients that are anemic or have kidney failure (189, 190). It is well known 

that as hematocrit decreases, the blood viscosity will decrease, and the flow rate will 

increase (i.e., low flow time). It was also shown earlier that increased flow rate could 

increase the amount cells that come in the channel, thus more cells are depicted per field 

of view (e.g., 7% SMA study, and worst-case scenario 1 µl study).  Although a decrease 

in hematocrit will decrease the number of cells per field of view, that decrease in 

hematocrit also increases the flow rate by lowering blood viscosity. Thus, an increase in 

the number of cells that come in the channel could balance some of the low hematocrit 

problems and, in a worst-case scenario, would give a smear with low cell count 

 

Blood with high hematocrit (51-78 %) that leads to high blood viscosity (15 mPa.s). This 

situation is common for patients that have erythrocytosis, polycythemia vera, and other 

conditions (191, 192).  An increase in hematocrit will decrease the flow rate (higher flow 

time) by increasing the viscosity. Since more elevated hematocrit means more cells in the 

filed view and low flow rate means fewer cells will come in the channel, the two situations 
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could balance each other, but in a worst-case scenario, the blood will have difficulty 

flowing well similar to 3% SMA study. 

 

Blood with a healthy level of hematocrit (40-50%) and low viscosity (3 mPa.s). This is a 

situation where the blood temperature increases or blood thinner medication is used (193-

195). In this situation, the low viscosity by itself will not affect the smear much based on 

the flow model, which showed a flow time in the range that is believed would give a good 

quality smear.  

 

Blood with a normal level of hematocrit (40-50%) and high blood viscosity (15 mPa.s). 

This situation is typical for hypergammaglobulinemia, multiple myeloma patients, or 

when the blood temperature decreases (195, 196). High viscosity means a low flow rate, 

so this situation has a normal hematocrit with a low flow rate, which could be similar to 

the 3% study in a worst-case scenario.  Because the blood flow from the model showed a 

flow time in the range similar to our experimental data, it is believed that a good quality 

smear will be produced compared to high hematocrit/high viscosity situation.  

 

Flow model assumption. A normal blood viscosity with (40-50 %) hematocrit (HCT) is 

around (4-6 mPa.s) (192, 197). Cold blood with normal hematocrit has a viscosity of about 

(9.8 mPa.s)  around 10-15 degrees (195).  In the model, 15 %  HTC was chosen for anemia 

hematocrit, and this corresponds to around (3 mPa.s) blood viscosity (16, 197). The HTC 

of disease such as erythrocytosis, polycythemia is around 75%, which has ~ 15 mPa.s 

viscosity (197) 
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NOTE: This flow model is done in a channel without pillars compared to the channel 

used in study 3, so the flow times in the model are 15-30 s reduced compared to what 

the experimental data would give. 

 

 

            The equation for this model is                                              t = 
6𝜂𝐿2

𝜌𝑔𝐻ℎ2+2ℎ𝜎𝑐𝑜𝑠𝜃
 

 

η: Blood viscosity (3, 6, 9.8, 15, 30 mPa.s)  

L: channel length :13 mm 

ρ: density = 1060 kg/m3 

σ: Surface tension = 0.055 N/m 

Ɵ: angle of 60 degree or 1.047 rad 

H: 0.18 µm 

h: channel height (~3.5 µm: approximate practical height of the channel because of 

sagging )                

 g: gravity 9.8 m/S2 
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Blood quality (HCT) Viscosity Time (s) 

Anemic blood (15% 

HCT) 3 15 

Healthy blood 

(43%HCT) 6 30 

Cold blood ~15
o 
(43% 

HCT) 9.8 50 

Polycythemia (75% 

HCT) 15 76 

very extreme situation 

(~250% HCT) 30 153 

Figure C 1. Theoretical model (Jong et al.) of whole blood flow 

time as function of viscosity in a low height rectangular 

microchannel 
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APPENDIX D 

 

Materials. Allyl methyl PEO (Polyglykol AM 450, Mn = 292–644 g mol-1 per 

manufacturer’s specifications; Mn = 424 g mol-1 per proton (1H) nuclear magnetic 

resonance (NMR) end group analysis) was provided by Clariant. 

Octamethylcyclotetrasiloxane and tetramethyldisiloxane were purchased from Gelest. 

ODMS30 (Mn = 2354 g mol-1 per 1H NMR end group analysis) was prepared as reported 

(56). Triflic acid, rhodium (I) tris(triphenylphosphine) chloride (Wilkinson’s catalyst), 

hexamethyldisilazane, tridecafluoro-1, 1, 2, 2-tetrahydrooctyl-1-trichlorosilane, and 

solvents were obtained from Sigma-Aldrich. All solvents were dried over 3 Å molecular 

sieves prior to use. Sylgard 184 was purchased from Ellsworth Adhesives, and SU8-5 from 

Microchem. Glass microscope slides (75 × 25 × 1 mm3) were purchased from Fisher 

Scientific. 

Synthesis of PEO-silane amphiphile (HSi-PDMS30-PEO8). The PEO-silane amphiphile 

polymer used to create the hydrophilic microchannels, HSi-PDMS30-PEO8, was 

synthesized as previously reported using a Wilkinson’s-catalyzed regioselective 

hydrosilylation reaction of ODMS30 and allyl methyl PEO8 (1:1 molar ratio) (148). 1H 

NMR of the purified product, a clear and colorless liquid, was in agreement with that 

previously reported.  

Master-mold fabrication. The mask channel dimensions are 300 µm wide, 16 mm long. 

Each channel has 50 µm diameter pillars with 25 µm gaps between pillars at the inlet, 

outlet and middle of the channel. There are 1.1 mm of pillars, about 19 columns, at the 
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inlet and outlet. There are 2 sets of pillars with 3 columns in the middle of the channel at 

4 mm from the inlet and outlet and 4 mm apart from one another. Master mold fabrication 

and coating is as described in our previous paper (160)  

The mold and chip fabrication. Sylgard 184 “base” was added with the Sylgard 184 

“curing agent” at a 10:1 ratio. To this 7% wt (7% PEO-PDMS.) HSi-PDMS30-PEO8 was 

added based on the total weight of the Sylgard base and curing agent. The samples were 

mixed in a Flacktek mixer for 15 sec at 1000 rpm, then manually ramped to 3000 rpm over 

15 second and mixed at 3000 rpm for 4 min.  After that, the sample is mixed in a 70 °C 

water bath before pouring into a 60 °C preheated master mold. The warmed sample was 

desiccated for 13 min to remove the air bubbles and cured at 130 °C for 1.5 hour. After 

the sample was cured, the molds were removed from the master molds and were stored 

for 2-5 days at room temperature. The molds were prepped during this period by creating 

the inlet and outlet with a 5 mm biopsy punch. The molds after being prepared were 

bonded to glass using an oxygen oven plasma cleaner (Harrick Plasma PDC-001) with the 

following protocol: sequential vacuum (10 min), oxygen (2 min), plasma (2 min), and 110 

°C oven (2 hr). The bonded molds (chip) were stored in air at room temperature for 24 

hours prior to use in the experiment to permit the plasma effect to dissipate from the chip. 

The dimensions of the chips used for the experiment after prepping were around 300 µm 

wide, around 13 mm long and around 4.7 µm height, with around 0.75 mm of pillars at 

the inlet and outlet. 

Reconstitution of malaria cultures to replicate parasitized human blood. Cultures of P. 

falciparum malarial parasites were cultured asynchronously in vitro to a parasitemia of 
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approximately 5% in human RBC’s Samples of the cultured cells suspended in growth 

media were centrifuged for 2 minutes at 2,000 rcf to form a loose pellet of parasitized 

RBC’s in the base of the tube. The supernatant media was removed, and the process 

repeated twice more to form a non-packed, un-lysed collection of parasitized RBC’s. This 

pellet was resuspended 1:1 by volume in fresh human blood plasma, and the resulting 

resuspended culture was mixed 1:1 with whole blood to create a physiologically accurate 

sample of human blood doped with P. falciparum. Control smears from each stage of 

sample reconstitution were created and examined to ensure that cellular morphology and 

hematocrit were preserved. 

 

 

 

 

Figure D1. Assessment of reconstitution quality 
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Effect of varying fluorescent stain concentrations during in-channel staining. Channels 

stained using 6 µg/mL, 12 µg/mL, and 96 µg/mL Acridine Orange were collected to assess 

staining quality for several concentrations of stain. Results show the relationship between 

increased stain concentration and fluorescent intensity, with the highest concentration of 

stain showing comparable parasitic intensity to that of the gold-standard images with much 

greater contrast between parasites and background 

Figure D2. Overview Experimental Process Diagram 
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Figure D4. Values of fluorescence features as functions of Acridine 

Orange stain concentration and smear type 

Figure D3. Monochromatic images of in-channel samples fluorescently stained using a) 6µg/mL, 

b) 12µg/mL, and c) 96µg/mL Acridine Orange. Greater contrast between parasites and background 

can be seen with higher stain concentration. Images shown with linear contrast enhancement for 

visibility. 

 


