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ABSTRACT 

Inorganic phosphate (Pi) is an essential nutrient that plants must acquire from soil via 

their roots and then distribute to all other organs, cells, and subcellular organelles to sustain 

growth and development. However, Pi limits worldwide crop productivity due to its low 

bioavailability. Because Pi mined for fertilizers is a finite and nonrenewable resource, a 

comprehensive understanding of how plants acquire, store, recycle, and distribute this nutrient is 

urgently needed to develop crops that maintain high yields with minimal Pi input. In this work, I 

used genetically encoded Forster Resonance Energy Transfer (FRET)-based biosensors and 

confocal microscopy to measure Pi concentrations in Arabidopsis thaliana roots with high spatial 

and temporal resolution. I found distinct spatial patterns for Pi uptake, recycling, and vacuolar 

sequestration. These processes were distinguished through the novel use of cyanide and mutant 

comparisons. Cyanide blocked Pi assimilation into ATP to reveal a rapid increase in cytosolic Pi 

concentration due to metabolic recycling. Additional gains in cytosolic Pi levels were detected 

upon addition of exogenous Pi and I attributed these to uptake. Similar experiments conducted 

with a vacuolar Pi transport mutant, pht5;1, (defect in vacuolar uptake) suggested that less Pi 

sequestration occurs in cells of the transition zone than in cells of the flanking developmental 

zones. Thus, I demonstrated that developmental control of vacuolar Pi sequestration is a major 

determinant of the steady-state Pi distribution pattern in root cytosol. Additionally, I measured 

relative ATP levels and dynamics in different root developmental zones, which confirmed a 

correlation between cytosolic Pi and ATP levels. I also analyzed cytosolic Pi dynamics in root 

hairs, which revealed that Pi gradients exist in root hairs with highest Pi levels at the tip. I 
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showed that this gradient is established through high Pi uptake and low vacuolar sequestration at 

the hair tip. 
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CHAPTER I 

 INTRODUCTION AND REVIEW OF LITERATURE 

1.1 Role of inorganic phosphate (Pi) in plant growth and metabolism 

Inorganic phosphate (Pi) is an essential macronutrient that constitutes 0.2% of plant dry 

weight, and it is a component of nucleic acids, phospholipids and ATP (2). Pi is therefore crucial 

for cell division, membrane synthesis, redox reactions, enzyme regulation, and cell signaling (2). 

It is also essential for regulating photosynthesis and carbon metabolism. During the light 

reactions of photosynthesis, ADP and Pi are combined via photophosphorylation to form ATP, 

which is used to fuel CO2 assimilation and the Calvin-Benson cycle. Ultimately, these processes 

produce reduced carbon molecules that can be transported to other organs, broken down to 

release energy, or stored as starch for later use. Thus, plants need a continuous supply of Pi to 

maintain carbon fixation and myriad other cellular metabolic processes. However, 80% of 

phosphorus exists in soil in the form of insoluble inorganic salts like AlPO4 and FePO4, and 

organic compounds like phytate and lecithin, rendering it inaccessible to plants (3). Hence, Pi 

concentrations available to plants are very low (< 10 µM) in most arable land (3). Moreover, Pi 

has a low diffusion coefficient in soil (10-12 to 10-15 m2 s-1) (2). As a result, an unequal balance 

between high Pi uptake rates and low diffusion rates of Pi in soil creates a zone of depletion in 

the rhizosphere. This depletion may be circumvented through the application of Pi fertilizers. 

However, these fertilizers are derived from rock phosphate, which is a finite and non-renewable 

resource. It is predicted that a peak in global phosphorus production will be reached by 2033 

after which it will sharply decline (4). Also, leaching of excess Pi causes eutrophication in 

aquatic ecosystems (4). Therefore, it is important to gain a comprehensive understanding of how 
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plants acquire and use Pi so that we can then develop economically and environmentally 

sustainable strategies to generate crops with high Pi use efficiency. 

1.2 Route of Pi from soil to cells 

Pi is acquired from soil via a family of Pi transporters located on the plasma membrane of 

root epidermal cells (5-8). It is then rapidly assimilated into ATP by oxidative and substrate-level 

phosphorylation (9). ATP hydrolysis is then used to energize biosynthetic reactions for 

production of other macromolecules and metabolites. Pi is recycled from these metabolites at 

varied rates and magnitudes. Pi is also stored in vacuoles and remobilized during Pi starvation to 

buffer cytosolic Pi (10). Thus, Pi uptake, recycling, and organellar sequestration must be 

integrated to maintain homeostasis and thereby sustain cellular activities.  

1.2.1 Pi acquisition from soil 

Pi can exist in multiple ionic forms, H2PO4-, HPO42-, and PO43-, depending on pH.  

At pH 5-6, which is  typical of most soils (11), Pi exists predominantly as H2PO4–, and this is the 

ionic form that plants transport across the plasma membrane (2, 12, 13). H2PO4– partially 

dissociates in the cytosol (pH 7.3) to yield nearly equal amounts of H2PO4– and HPO42- given that 

the relevant pKa is ~7. Cellular Pi concentrations range from 5-20 mM, while its concentration 

in soil solution is typically just 2 -10 µM (3). Consequently, Pi must be transported across the 

plasma membrane against a steep concentration gradient. This is achieved by co-transport of Pi 

with H+, referred to as symport, where the proton electrochemical gradient provides the energy to 

drive the thermodynamically-unfavorable uptake of Pi (11). This Pi uptake is mediated by 

members of the PHT1 family of transporters located at the root-soil interface. 

In Arabidopsis thaliana, the PHT1 transporter family consists of 9 members, PHT1;1 

through PHT1;9. Although some PHT1 proteins can be detected in aerials organs, e.g., leaves 
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and flowers, in situ hybridization and immunoblot analyses indicate that most are present in the 

root epidermis, root cap, tips of lateral roots, and root hairs (8, 14-16). Translational fusions of 

PHT1 proteins with GFP are located in the plasma membrane (17-19) where they mediate Pi/H+

co-transport with the stoichiometry of 2-4 H+ per Pi ion (12, 20, 21). PHT1 proteins contain 12 

membrane-spanning domains that can be subdivided into two groups of 6, linked by a 

hydrophilic loop (22). These transporters are regulated both transcriptionally and post-

transcriptionally. Pi-deficiency increases transcription of PHT1 transporter genes, whereas they 

are expressed at basal levels in Pi-replete conditions (15, 16, 23). Functional analyses of mutants 

pht1;1 and pht1;4 using radioactivity assays showed reduced rates of Pi uptake under both high- 

and low-Pi regimes suggesting that the effected transporters are vital for Pi uptake (5, 15). 

Similar results were observed in triple, quadruple and quintuple pht1 mutants combined with 

RNAi or mutations (phf1) that prevent targeting of PHT1 proteins to the plasma membrane (6). 

PHF1 is an endoplasmic reticulum (ER)-localized protein that is necessary for intracellular 

trafficking of PHT1 proteins (17). Impaired Pi uptake in phf1 mutants highlights post-

translational regulation of PHT1 proteins (17, 18). This mutant has also been used to study the 

role of the root cap in Pi uptake by merging radioactivity assays with light transmission 

micrographs (24), which demonstrated that the root cap provides a large fraction of total Pi 

uptake in Arabidopsis roots.  

1.2.2 Fate of Pi after uptake 

1.2.2.1 Cytosolic Pi 

Cytosol serves as the nexus for both intercellular and intracellular transport activities. 

Therefore, cytosolic Pi levels have to be maintained within a relatively narrow range. Pi 

concentration in the cytosol of plants grown under Pi-replete conditions is estimated to be 1-10 
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mM based on 31P-NMR and Pi biosensors (25, 26). However, it declines during Pi-starvation, 

especially when the large vacuolar pool is exhausted (26). Following its uptake from the external 

environment, Pi is rapidly assimilated into ATP to sustain a wide range of biochemical reactions 

(9). It is also transported to subcellular organelles, e.g., plastids, mitochondria, and vacuoles. 

Each of these organelles are equipped with unique sets of transporters that import/export Pi.   

1.2.2.2 Intracellular transport 

After Pi enters a cell, it is transported to each organelle to serve as substrate or effector 

for compartmentalized biochemical reactions. Therefore, Pi concentration has to be tightly 

regulated within these cell compartments. Specific Pi transporter families are responsible for the 

movement of Pi between each organelle and the cytosol. These include PHT2, PHT4 and pPT in 

non-photosynthetic plastids and chloroplasts, PHT3 in mitochondria, PHT4;6 in Golgi (27-39), 

and PHT5 and VPE in vacuoles (14, 40-42).  

1.2.2.2.1 Pi transport in chloroplasts 

Chloroplasts are double membrane-bound photosynthetic organelles that are capable of 

converting solar energy into chemical energy. Porins present in the outer membrane allow free 

diffusion of ions and metabolites. However, the inner membrane is not freely permeable; 

therefore, specific transporters are required for passage of ions and metabolites between the 

cytosol and the plastid fluid matrix, which is called stroma. Chloroplasts also contain stacks of 

thylakoid that harbor the light harvesting complex for photosynthesis (Figure 1). Photosystems 

located on the thylakoid membrane capture light energy (photons) and reduce water to H+ and 

O2. A high energy electron released during water oxidation is sequentially passed down an 

electron transport chain to energize ATP synthesis. Photostimulated electrons are also used to 

reduce NADP to NADPH. ATP and NADPH produced in the light reactions are used to fuel the 
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Calvin-Benson cycle in the stroma. CO2 is fixed during this phase to form reduced carbon 

molecules that are either used for transitory starch synthesis within the stroma or exported to the 

cytosol for plant-wide distribution of carbon as sucrose.  

Because Pi is required during photophosphorylation of ADP to form ATP, if stromal Pi 

concentration is too low, ATP synthesis will be limited (43). In contrast, high stromal Pi levels 

inhibit synthesis of transitory starch (44). Therefore, it is important to regulate Pi concentration 

in the stroma within a narrow range to sustain photosynthesis and carbon partitioning. The triose-

phosphate/Pi translocator (TPT) was the first chloroplast Pi transporter to be characterized (27). 

Figure 1: Schematic representation of light and dark (Calvin Cycle) reactions of 
photosynthesis in chloroplasts. Light reactions occur in the thylakoid membrane. Photons 
absorbed by pigments in Photosystem II (PSII) cause excitation of electrons (e-) in 
chlorophyll. Electrons are transferred along the electron transport chain and accepted by 
Photosystem I (PSI). The electrons are ultimately used in NADPH formation. As electrons 
move through the series of electron carrier proteins, H+ accumulate in the thylakoid lumen. 
The flow of H+ ions through ATP synthase provides the energy for ATP synthesis. NADPH 
and ATP are used to fuel the Calvin cycle in the stroma. CO2 is fixed and sugar molecules are 
produced during this phase.  
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TPT mediates transport of triose phosphates (glyceraldehyde 3-phosphate and dihydroxyacetone 

phosphate) and 3-phosphoglycerate from the chloroplast stroma to the cytosol in stoichiometric 

exchange for cytosolic Pi (28) (Figure 2). These metabolites are then used for sucrose synthesis 

in the cytosol, releasing Pi for delivery back to chloroplasts to continue ATP synthesis (28). 

Localization of another Pi transporter, PHT2;1, to the chloroplast inner membrane (Figure 2) 

was revealed by PHT2;1-GFP fusion constructs introduced into Arabidopsis and tobacco leaves 

by particle bombardment (31, 33). Functional analyses in yeast suggest that PHT2;1 is a low 

affinity Pi/H+ symporter. An Arabidopsis pht2;1-1 null mutant showed impaired Pi allocation at 

the whole plant level, including remobilization of Pi from older to younger leaves (33). 

Similarly, knockdown of the homolog in wheat, TaPHT2;1, showed reduced Pi accumulation in 

chloroplasts and decreased photosynthetic performance (31). Another family of Pi transporters, 

PHT4, consists of six members, of which PHT4;1 and PHT4;4 are located in chloroplasts (29). 

Heterologous 32Pi uptake assays in yeast suggest that these proteins transport Pi coupled with 

either H+ or Na+ (30, 45). PHT4;4 also catalyzes ascorbate transport based on assays using 

proteoliposomes (32). Two knockout lines, pht4;4-1 and pht4;4-2, contain less ascorbate in 

leaves than wildtype, which further supports this claim (32). The pht4;1 mutant has small 

rosettes and reduced biomass (46). There are conflicting reports regarding the localization of 

PHT4;1, which indicate localization to the thylakoid membrane or to the inner envelope (45, 47-

49) (Figure 2). Chloroplast-localized Pi transporters are ideally positioned to regulate Pi levels

in the chloroplast stroma. Expression of TPT, PHT2;1 and PHT4;4 is induced by light (30, 33, 

50), whereas PHT4;1 expression is circadian (51). How these transporters collectively regulate 

Pi levels in the chloroplast stroma, and in turn, photosynthesis and carbon fixation, remains 

unclear. 
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1.2.2.2.2 Pi transport in non-photosynthetic plastids 

Non-photosynthetic plastids are responsible for various biosynthetic activities, including 

the synthesis of starch (amyloplast), fatty acids (elaioplast), and amino acids (52). ATP is 

required for these processes but non-photosynthetic plastids are not capable of ATP synthesis. 

Therefore, ATP is imported from the cytosol by nucleotide transporters (NTTs) in exchange for 

stromal ADP (53) (Figure 2). Excess Pi that would accumulate in the stroma due to the unequal 

exchange of phosphate moieties during this transport process must be exported from plastids to 

prevent deleterious effects. For example, Pi allosterically inhibits ADP-glucose 

pyrophosphoylase (AGPase), an enzyme that is essential for starch synthesis. Pi export from root 

plastids in Arabidopsis is catalyzed by PHT4;2 (34) (Figure 2). A pht4;2 null mutant is defective 

in Pi export, and the resulting hyper-accumulation of Pi was confirmed using a FRET-based Pi 

Figure 2: Intracellular Pi transport in leaf (left) and root (right) cells. Pi transporters 
responsible for Pi import and export in different organelles are depicted. Direction of 
transport is currently unknown for PHT4;1 (thylakoid membrane or chloroplast inner 
membrane) and PHT4;4 (chloroplast inner membrane).  
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biosensor localized to plastids (26). As expected, starch accumulation is also reduced in pht4;2 

roots (34).  

1.2.2.2.3 Pi transport in mitochondria 

Pi is a substrate for ATP synthesis via oxidative phosphorylation in mitochondria, which 

requires the transport of Pi from cytosol to the mitochondrial matrix. This transport activity is 

catalyzed by members of the PHT3 family, which is also referred to as Mitochondrial Phosphate 

Transport (MPT) and Mitochondrial Proton/Phosphate symporter (PiC) (38). Swelling of yeast 

mitochondria suspended in a phosphate salt solution is indicative of mitochondrial Pi import, and 

this heterologous assay was used to characterize several PHT3 transporters (54). There are three 

PHT3/MPT proteins in Arabidopsis (55) (Figure 2). Overexpression of AtMPT3 results in a 

dwarf phenotype, curly leaves, and reduced reproductive ability (55). Notably, these plants also 

accumulate more ATP than wild-type plants suggesting that Pi is a limiting factor for ATP 

synthesis in mitochondria. Pi export from mitochondria to cytosol is mediated by ATP-Pi carrier 

(APC) proteins in exchange for cytosolic ATP, which may be important when roots are subjected 

to hypoxic conditions (56) (Figure 2). Voltage dependent anion channel (VDAC) proteins 

catalyze mitochondrial Pi transport in animal cells, and homologs have been identified in 

Arabidopsis. VDAC1 and VDAC3, which possess a 23-aa mitochondrial porin signature (MPS) 

sequence at the C-terminus, were localized to mitochondria, but no transport activities were 

reported (57).  

1.2.2.2.4 Pi transport in Golgi 

Golgi bodies play an important role in intracellular trafficking, protein and lipid 

modification, and polysaccharide synthesis for cell wall formation. Golgi bodies harbor 

nucleoside diphosphatase, which catalyzes breakdown of nucleoside diphosphate to nucleoside 
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monophosphate and Pi (35). Excess Pi generated as a by-product in the Golgi lumen can have 

inhibitory effects on enzymes like glucan synthase, thus limiting glycosylation (58). Therefore, 

Pi is maintained at a low concentration in the Golgi. The PHT4;6 transporter is localized to the 

Golgi membrane (59) (Figure 2) as inferred from transgenic Arabidopsis lines expressing 

PHT4;6-GFP (35). Heterologous 33Pi radioactivity assays using isolated yeast vacuoles suggest 

that Pi accumulation is reduced in vacuoles expressing PHT4;6. Also, PHT4;6-containing 

vacuoles loaded with 33Pi showed faster Pi export than controls when transferred to Pi-free media 

(35). These results support the idea that PHT4;6 is responsible for Pi export from Golgi bodies. 

Disruption of the PHT4;6 gene leads to a dwarf phenotype in Arabidopsis (37). These knock-out 

mutants also have altered cell wall composition and defects in other Golgi-related processes, 

including abundance of N-glycosylated proteins, sensitivity to Golgi alpha-mannosidase, and 

accelerated senescence in response to darkness (36, 37).  

1.2.2.2.5 Pi storage and remobilization 

Vacuoles are the major storage sites for Pi with up to 95% of the total intracellular Pi 

(60). Pi release from vacuoles is crucial for maintaining cytosolic Pi in starved plants. Also, Pi is 

sequestered in vacuoles when starved plants are replenished with Pi to avoid Pi toxicity. 

Therefore, vacuolar Pi transporters are important for regulating cytosolic Pi levels.  

Vacuolar Pi import is mediated by members of the PHT5 transporter family (Figure 2), 

which consists of three members, PHT5;1, PHT5;2 and PHT5;3 in Arabidopsis (14). PHT5;1 is 

expressed ubiquitously in leaves and roots, PHT5;2 in vascular tissue, pollen, and guard cells, 

and PHT5;3 in root stele (14). Based on 31P-NMR spectroscopy, the loss-of-function mutant 

pht5;1-2 has a lower vacuolar:cytoplasmic Pi ratio than wildtype (14). It should be noted that 

NMR-based methods cannot readily distinguish cytosolic Pi from that in organelles other than 
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the vacuole so results are reported as cytoplasmic. Patch-clamp assays revealed that Pi influx 

currents in vacuoles isolated from pht5;1 are lower than those of wildtype, and thus further 

support its role in vacuolar Pi import (42, 61). The importance of vacuolar Pi import to overall 

plant growth and Pi accumulation is apparent from reduced growth of single, double, and triple 

mutants of these transporters (14, 42). Similarly, PHT5;1 overexpression lines that show reduced 

growth due to excessive Pi loading into vacuoles and presumably reduced cytosolic Pi levels 

(14). Downregulation of Pi-starvation induced (PSI) genes like PHT1;1, PHT1;4, and RNS1 

were observed in pht5 mutants when grown in Pi-replete medium (14). However, during Pi 

deficiency, acid phosphatase secretion, another PSI marker, was elevated. When starved plants 

were replenished with Pi, both single and double pht5 mutants had lower mass and shorter roots 

(42) due to hyperaccumulation of Pi in the cytosol. Collectively, these observations suggest that

PHT5 transporters play a crucial role in plant adaptation to fluctuating levels of Pi in the 

environment.  

When plants are Pi-starved, vacuolar Pi is gradually released to the cytosol to sustain 

cellular activities. Pi export from vacuoles is catalyzed by members of the VPE family (Figure 

2), which were identified in rice (40). These transporters localize to the tonoplast (vacuolar 

membrane) in cells of the root cap, mature root, leaf mesophyll, and vascular bundle. 31P-NMR 

spectroscopy showed Pi hyperaccumulation in vpe1 and vpe2 loss-of-function mutants, whereas 

vacuolar Pi was reduced in over-expression lines (40). These results indicate that VPE1 and 

VPE2 facilitate Pi export from vacuoles. These transporters are transcriptionally induced during 

Pi-starvation to release vacuolar Pi into cytosol (40). Therefore, mutants that are defective in Pi 

export from vacuoles are hypersensitive to Pi-starvation, which is evident from the retarded 



11 

growth of single and double mutants of vpe1 and vpe2 (40). Thus, vacuolar Pi import and export 

both contribute to cytosolic Pi homeostasis and influence plant growth. 

1.2.2.3 Intercellular transport 

Following uptake from soil, Pi flows radially through the root epidermis, cortex, and 

endodermis. This can occur either via apoplastic or symplastic (through plasmodesmata) 

transport mechanisms (62). However, the presence of the lignin-containing Casparian strip in the 

endodermal layer prevents apoplastic movement of ions into the vasculature. Therefore, Pi 

movement from endodermis to stele occurs via specialized Pi transporters (63). Pi loading into 

xylem vessels is mediated by members of the PHO1 family of transporters (64). The most 

extensively characterized member of this family, PHO1, is expressed predominantly in mature 

roots (65, 66), which supports its role in xylem loading. PHO1 localizes to the Golgi/trans-Golgi 

network, although some of the protein was also detected in the plasma membrane (67). PHO1 

contains an EXS domain, which is essential for Pi transport and proper localization to the Golgi 

network (68). EXS is named after ERD1/XPR1/SYG1 proteins. It includes portions of SYG1 

(Suppressor of Yeast Gpa1) signal transduction protein, XPR1 (Xenotropic and Polytropic 

Retrovirus Receptor 1) and ERD1 (ER retention defective) yeast proteins. Pi uptake from the 

environment and movement of Pi through xylem are not altered in the pho1 mutant. However, Pi 

transfer from roots to shoots is impaired and results in low Pi content shoots (64). The pho1 

mutation severely affects plant growth and leads to a dwarf phenotype, anthocyanin 

accumulation, delayed flowering, and a very low seed-set with low germination (64, 69). These 

phenotypes highlight the importance of intercellular and inter-organ Pi transport for plant 

development.  
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1.2.3 Signaling networks in plants for Pi sensing 

Plant growth is modulated by Pi availability in the environment as well as internal Pi 

content. Local Pi sensing is responsible for modifications of the root system architecture (RSA), 

whereas systemic signaling is involved in Pi uptake and homeostasis. These signaling pathways 

must be tightly integrated to support the growth of both roots and shoots.   

1.2.3.1 Local Pi sensing: Modifications of root system architecture 

When plants are subjected to Pi deficiency, their root systems undergo morphological 

changes to facilitate higher Pi uptake from the environment. This includes an increase in lateral 

root growth and increased density and length of root hairs (70). With decreasing Pi availability, 

root mass increases with a concomitant decrease in shoot mass (71). That is, root:shoot ratio 

increases in Pi-starved plants.  

Low Pi availability can be sensed by the root tip and results in the attenuation of primary 

root growth by inhibiting cell elongation (72). Several genes related to primary root growth 

inhibition in low Pi have been identified. Low Phosphate Root1 (LPR1) and its paralog, LPR2 

encode multicopper oxidases that are essential for this phenomenon (73) as evident from the 

longer roots of lpr1-1, lpr2-1, and lpr1-1 lpr2-1 mutants than wildtype when grown in Pi-

deficient conditions. This phenotype is not apparent under Pi-replete conditions, suggesting that 

LPR1 and LPR2 are specific for low Pi-induced growth inhibition (73). A compartmented root 

growth experiment revealed that primary root growth is arrested when roots are in contact with 

low Pi even when leaves are maintained in high Pi (73). This supports the idea that local Pi 

sensing by the root tip is independent of internal Pi concentrations. ER-localized Phosphate 

Deficiency Response2 (PDR2), a P5-type ATPase, is also involved in primary root growth (74). 

Its expression is restricted to root meristem and the transition zone (74). This is consistent with 
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inhibition of cell division in pdr2 mutants during Pi-starvation resulting in a conditional short-

root phenotype. This phenotype can be rescued by application of phosphite, a Pi analog that 

cannot be metabolized by plants, suggesting that Pi acts as a signal in this response (75). There is 

evidence of genetic interaction between PDR2 and LPR1/LPR2 and PDR2 probably acts 

upstream of LPR1/LPR2 because the long root phenotype of a pdr2 lpr1 lpr2 triple mutant is 

similar to that of a lpr1 lpr2 double mutant (74).  PDR2 is also required for Scarecrow (SCR) 

activity in stem cell maintenance and radial cell patterning (74). Another gene involved in 

primary root inhibition in low Pi is Low Phosphorus Insensitive (LPI). Two lpi mutants, lpi1 and 

lpi2, are insensitive to Pi deprivation; they do not show any signs of Pi stress like short primary 

root, increased root hair growth, increased lateral roots, or induction of PSI genes (76). Similarly, 

phosphorus starvation insensitive (psi) mutants are also unresponsive to Pi deficiency and 

produce long primary roots under Pi-deficient conditions (77). psi is an allele of lpr1 (77). Thus, 

these genes collectively contribute to primary root growth in response to Pi availability. 

Pi deprivation also triggers root hair production to increase Pi capture from soil (78, 79). 

Growth rate of root hairs and their duration of growth is higher in plants growing in low Pi 

conditions (78). Pi availability also regulates root hair density. With decreasing Pi 

concentrations, root hair density increases progressively (79). Root hair development and related 

genetic studies will be discussed in Section 1.2.5 of this chapter. 

1.2.3.2 Systemic Pi signaling 

Systemic or long-distance Pi signaling involves communication between roots and shoots 

to regulate Pi status at the whole-plant level to sustain metabolic activities under varying 

environmental conditions. Signaling molecules that participate in this process include Pi, 

microRNA, PHO2, a family of non-coding RNAs, and IPS/At4-like genes. 
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1.2.3.2.1 Role of Pi as a signaling molecule 

Application of phosphite (Phi), a non-metabolizable analogue of Pi, results in suppression 

of Pi starvation responses (PSRs) (80). Phi enters the cells through Pi transporters but it cannot 

be further oxidized or assimilated (81). This suggests that Pi acts as a signaling molecule. That 

is, because signaling machinery within the cell cannot distinguish between Pi and Phi due to their 

structural similarity, PSR genes are repressed when plants are fed with Phi, even during Pi 

starvation (80, 82). For example, growth of root hairs is attenuated, induction of nucleolytic 

enzymes is disrupted, and chlorophyll content is decreased (82).  

Expression of the Pi transporter MtPT4 is downregulated when half of the roots were 

supplied with sufficient Pi and the other half was held without Pi, as shown by split root 

experiments (83). This indicates that Pi transporters are regulated systemically based on the 

internal Pi content of the plant.  

1.2.3.2.2 Role of microRNA399 and PHO2  

The Arabidopsis pho2 mutant was identified from an ethyl methanesulfonate (EMS) 

screen based on its high accumulation of Pi in leaves (84). PHO2 encodes the ubiquitin-

conjugating E2 enzyme UBC24 and is expressed in vascular tissue of cotyledons, leaves, and 

roots (85). Pi uptake assays indicated higher Pi uptake in pho2 and that the high Pi accumulation 

in pho2 shoots was due to greater translocation from roots to shoots (86). However, Pi uptake 

was similar to wildtype when shoots of pho2 were removed, indicating that pho2 has a higher 

capacity for storing Pi in the shoot (86). PHO2 expression is regulated by microRNA399 

(miRNA399), which is one of the conserved microRNAs in plants (87). Binding of miR399 to 

the 5’-UTR of PHO2/UBC24 results in a truncated transcript and loss of ubiquitin conjugation 

function (85, 88). During Pi-deprivation, miR399 is upregulated by 1000 to 10,000-fold (88, 89), 
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and PHO2 transcripts are therefore strongly reduced (89). It was also observed that miR399 

overexpression plants hyperaccumulated Pi in leaves and developed leaf necrosis due to Pi 

toxicity, similar to pho2 mutants (85, 88). In rapeseed and pumpkin, miRNA399 is specifically 

induced by Pi limitation in the phloem sap (90). Grafting experiments with chimeric plants that 

had wild-type roots and overexpressed miRNA399 in shoots showed massive miR399 

accumulation in roots, indicating translocation of miR399 from shoots to roots where it exerts its 

effect on its target gene, PHO2 (90). Co-localization of miR399 and PHO2 in the root 

vasculature supports their in vivo interaction (85). Collectively, these results suggest that miR399 

serves as a systemic signal for Pi homeostasis by regulating PHO2 levels in the root depending 

on the Pi status of the shoot.   

1.2.3.2.3 Role of non-coding RNAs 

Pi-starvation induced transcripts that do not code for long open reading frames include 

At4, AtIPS1, and two At4-like genes At4.1 and At4.2. These genes have a conserved 23-nt motif 

that is partially complementary to miR399 except at the region required for miR399-guided 

cleavage of mRNA targets (91). Expression of At4 and its Medicago truncatula homolog, Mt4, is 

induced in roots by Pi deficiency (83). An at4 mutant allocates more Pi to shoots and has a 

higher shoot:root Pi ratio than wildtype, whereas overexpression of At4 results in decreased Pi in 

shoots (91), indicating its involvement in PHO2-miR399 circuitry (92). Another member of this 

gene family, AtIPS1, suppresses the effect of miR399 on PHO2 mRNA. Therefore, 

overexpression of IPS1 leads to accumulation of PHO2 mRNA and lower shoot Pi (91). This 

strategy of miR399 inhibition by At4/IPS1 as riboregulators is referred to as target mimicry. 
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1.2.4 Root development 

In most plants, the root tip is protected by a layer of parenchyma cells that form the root 

cap (RC). It consists of initial cells, lateral root cap (LRC), and columella. The LRC consists of 

border cells that accumulate on the RC periphery and eventually slough off. Mucilage secreted 

by RC cells reduces friction as the root grows through the soil. It also contains polysaccharides 

that serve as nutrients for soil microorganisms. Some of the mucilage is broken down by 

microbes to forms that can be utilized by plants (93).  

The tip of the root apical meristem contains a group of slowly-dividing cells called the 

quiescent center (QC) that maintain a population of stem cells. These stem cells undergo post-

embryonic divisions to generate the cells that eventually undergo morphological and functional 

changes as they pass through development. Arabidopsis roots consist of five developmental 

zones that are distinguished by morphologies and cellular activities. From the tip upwards, these 

are meristematic zone (MZ), transition zone (TZ), elongation zone (EZ), differentiation zone 

(DZ) and mature root (MR). 

The MZ consists of actively dividing cells that encompass the first 250 microns of the 

root tip (94). A mitotic marker, cyclin, serves as an excellent reporter for actively dividing cells.  

cyc1At transcripts accumulate in G2-phase nuclei and decline when the cell cycle is blocked 

(95). Fusion of the cyc1At promoter with the GUS reporter revealed that cyc1At is expressed in 

all dividing cells of the root meristem (96, 97). The rate of cell division in this zone is one of the 

factors that regulate root growth. However, these cells lack the necessary cytoarchitecture for 

cell elongation as present in the EZ so first move into an intermediate phase of development 

called the transition zone (TZ).  
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The TZ is characterized by slow cell growth with cells that are isodiametric in shape at 

the distal (toward the root tip) end (98). As cells approach the EZ, their length increases. Cells at 

the distal end of the TZ are competent for cell division based on the presence of CDC2, whereas 

cells at the proximal end are at the onset of fast elongation, indicating that the TZ is 

developmentally plastic (99). During normal root growth, cells in the TZ undergo cytoskeletal 

remodeling, vacuolar rearrangements, and cell wall restructuring in preparation for their 

transition to the EZ. For cytoskeletal remodeling, F-actin undergoes massive changes in its 

arrangement to drive anisotropic growth (100). Cortical microtubules also align in transverse 

arrays parallel to the root axis, which is required for expansion of vacuoles (101). A central 

vacuole starts to develop in cells at the proximal end of the TZ, which coincides with increased 

expression of  g-TIP tonoplast aquaporin (102). Extensive changes also occur in the cell wall of 

cells in the TZ to facilitate cell expansion. Increased xyloglucan endotransglucosylase (XET) 

activity has been observed in the proximal TZ cells (103). XET is responsible for cleaving and 

re-joining xyloglucan, a structural polysaccharide of plant cell walls (104). Cross-linking of 

xyloglucan with cellulose microfibrils restrains cell expansion. Therefore, XET-mediated 

cleavage of xyloglucan causes cellulose microfibrils to move apart and loosen the cell wall to 

allow in cell growth. Cell wall loosening is also aided by expression of expansins, which is 

restricted to proximal TZ and EZ cells (105, 106). The pectic polymer (1-4)-b-D-galactan has 

also been reported as a marker of cell elongation (107). Proximal TZ cells also contain COBRA 

(COB) mRNA and proteins that are involved in establishing cell polarity. COBRA encodes a 

GPI-anchored protein that localizes to the plasma membrane and is involved in cellulose 

deposition. cob mutants fail to establish cell polarity and display radial growth of cells, 

suggesting that COBRA proteins are required for the longitudinal expansion of cells (108). These 
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processes collectively act as a switch from isodiametric growth at the distal TZ to strictly 

polarized rapid cell elongation in the EZ. 

The second phase of cell expansion begins in the EZ where radial expansion ceases and 

longitudinal expansion continues. In Arabidopsis, the EZ encompasses a region 500-850 microns 

from the root tip (99). This is a zone of rapid elongation; cells increase in length from 35 microns 

to 135 microns in a span of 2 hours (99). Cells are gradually filled with a central vacuole and the 

nucleus is appressed against the cell wall (109). Arabinogalactan-proteins (AGPs), especially 

fucosylated-AGPs, are required for cell elongation in this zone (110). This is supported by the 

mur1 mutant, which is defective in L-fucose biosynthesis and shows 50% decrease in cell 

elongation (111). F-actin is also required for cell elongation given that treatment with latrunculin 

B, which disrupts actin polymerization, causes a dwarf phenotype (112). Another characteristic 

feature of EZ cells is the parallel orientation of cellulose fibrils, transverse to the root axis (113). 

When the orientation changes from transverse to longitudinal, cell elongation ceases. Beyond 

this zone, cells become symplastically isolated (114) and root hairs develop from specialized 

epidermal cells.  

The differentiation zone (DZ) in Arabidopsis spans a region 850 -1000 microns from the 

root tip. This zone can be easily distinguished by the presence of root hairs, although not at all 

epidermal cells can form root hairs (described in the following sections). Cell elongation is much 

slower in the DZ with only small changes in length until cells become a part of the mature root 

and have reached their final size.  

1.2.5 Root hairs 

Root hairs (RHs) are epidermal outgrowths that help plants acquire water and nutrients 

from soil, anchor the root to soil, and interact with soil microbes. Root hairs increase the area of 
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contact of roots with the soil, thereby increasing absorptive capacity, which is especially 

important during drought and nutrient deprivation. 

1.2.5.1 Root hair development 

Root hairs (RHs) form from specific epidermal cells called trichoblasts. These are 

interspersed with non-hair forming epidermal cells called atrichoblasts. Following epidermal cell 

patterning, a bulge forms on the surface of trichoblasts, the RH tube initiates, and then tip growth 

occurs. An increase in the number and length of root hairs is a hallmark of Pi deficiency. Stages 

of RH development will be discussed in detail in the following sections.  

1.2.5.1.1 Epidermal cell patterning 

The positions of trichoblasts and atrichoblasts in a root transverse cross-section are 

indicated in Figure 3. Trichoblasts (H-cell position) are located between two underlying cortical 

cells, whereas atrichoblasts (N-cell position) are located directly above its underlying cortical 

cell. 

Figure 3. Schematic representation of an Arabidopsis root transverse section showing the 
positions of hair cells (trichoblasts, H-position) and non-hair cells (atrichoblasts, N-
position). 
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1.2.5.1.2 Bulge formation 

Root hair formation is initiated by a bulge in the cell wall. Analyses of root hairless (rth) 

mutants, specifically rth3, revealed that these plants are defective in RH formation (115); they 

form root hair primordia but do not elongate further. RTH3 has significant similarities to 

members of the COBRA gene family and encodes a GPI anchor protein (116). In situ 

hybridization showed that RTH3 transcripts are present in elongating, root-hair forming cells. 

Other genes involved in RH initiation encode peroxidase, xyloglucan endotransglycosylase, 

extensin, arabinogalactan protein, leucine-rich-repeat protein, phosphatidylinositol 

phosphatidylcholine transfer protein (117). These are required for cell wall modifications 

essential for bulge formation. In addition, trichoblasts accumulate high amounts of ROS. 

Expression of peroxidase genes HvPRX45 and HvPRX2 is significantly reduced in the hairless 

mutant rh1.a (118). Arabinogalactan proteins (AGPs) are also essential for RH development 

(119). They are abundant in the cell wall of root hairs and trichoblasts. Treatment with b-D-

glucosyl residues (bGlcY) precipitates AGPs and inhibits the formation of RH tube (119).  

1.2.5.1.3 Root hair tube elongation 

RH elongation requires cytoskeletal remodeling, vesicular transport of cell wall 

components to the tip, and cell wall synthesis. UDP-glucose (UDP-Glc) forms the building 

blocks of cell wall polysaccharides like cellulose. Glucose is phosphorylated by hexokinase and 

the resulting hexose phosphates are converted to UDP-Glc by UDP-Glc pyrophosphorylase 

(UGP) (120). UDP-Glc is a substrate for cellulose synthase in the formation of cellulose 

microfibrils (121). OsCSLD1, which encodes cellulose synthase-like D1 protein in rice, is one of 

the first genes identified as essential for RH elongation. Mutants that have non-functional 

OsCSLD1 grow shorter root hairs, whereas its overexpression results in root hairs that are twice 
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as long as in wild-type plants (122). Bulge formation occurs normally in a loss-of-function 

mutant for OsCSLD1, rth2, but fail to elongate further (123). A mutant for the AtCSLD3 gene in 

Arabidopsis has a similar root hair growth phenotype. In addition, most RHs in this mutant leak 

cytoplasm from their tip, indicating reduced tensile strength of cell walls (124). Similar 

observations were recorded in srh2 mutants, which are deficient in xyloglucan 6-

xylosyltransferase (OsXXT1) (125). These data collectively show that disruption of cell wall 

synthesis inhibits RH elongation.  

Another group of proteins required for cell wall modifications and tip growth are 

expansins. This is consistent with the phenotype of the root-hairless mutant rhl1.a. Expression of 

HvEXPB1, which encodes b-expansin, is disrupted in this mutant (126). The HvEXPB1 promoter 

is active specifically in RH cells (127). Another gene, OsEXPA17, was identified in a rice mutant 

with short root hairs (128). Expression of this gene was observed in RH-forming cells in the DZ 

and it is upregulated by Pi-starvation (129). Cell wall loosening by expansins, thus, plays an 

important role in RH development.  

Cell wall components are transported to the RH tip by vesicles. The roothairless1(RTH1) 

gene, which is a homolog of exocyst complex component SEC3, is involved in RH elongation 

(130). A rth1 mutant has a short RH phenotype, while pollen tube growth is not affected in these 

plants, indicating a RH-specific function. Formins are also essential for RH elongation. This was 

demonstrated by reduced RH elongation in rice mutants defective in Formin homology 1 

(OsFH1) (131). Formins play a central role in actin polymerization and microtubule dynamics 

(132-134), and also in cell division and cell expansion (133). Phosphorylation is important for 

interaction of cellulose synthase complex with microtubules. Movement of Cellulose Synthase A 

(CESA) complex along microtubule tracks was affected in lines that are mutated in specific 
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phosphorylation sites (135). This affects the structure of cellulose microfibrils, thus leading to a 

defect in cell expansion. Collectively, RH elongation requires multiple proteins to facilitate cell 

wall synthesis, cytoskeletal rearrangement, and tip growth.  

1.2.5.2. Genetic control of root hair development 

Genes that are involved in different stages of RH development have been identified. They 

regulate root hair growth rate, length, and density. This influences Pi uptake capacities of plants 

in low-Pi environments (136). Therefore, mutants for these genes are ideal tools for studying the 

roles of root hairs in Pi nutrition.  

1.2.5.2.1 Genes regulating epidermal cell specification 

Transparent Testa Glabra (TTG) was one of the first genes identified based on its 

involvement in epidermal cell fate specification (137). A loss-of-function ttg1 mutant grows root 

hairs from all epidermal cells irrespective of their position, suggesting a role for TTG1 in either 

specification of H-cells or suppression of N-cell specification. TTG encodes a WD40 repeat 

protein (138), and this class of proteins function in signaling, RNA processing, vesicular 

trafficking, cell cycle regulation and transcriptional repression. Therefore, TTG may be a 

signaling factor that specifies fate of root epidermal cells. The increased RH density phenotype 

of the ttg mutant can be complemented by Maize R-cDNA, which encodes a protein with a basic-

helix-loop-helix domain (137). In addition, hairless cells do not show any sign of RH initiation. 

Similar to ttg, mutants of Glabra2 (GL2) also show RH growth from all epidermal cells (139). 

They alter epidermal cell identity by causing hairless cells to develop root hairs. However, unlike 

ttg, these abnormal hair cells are similar to atrichoblasts in terms of cytoplasmic density and 

timing of vacuolation. This indicates that GL2 affects only a part of position-dependent 

patterning. Expression studies of GL2 by in situ hybridization and GUS fusion suggest that GL2 
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is expressed in the differentiating hairless cells (139). GL2 encodes a DNA-binding HD-Zip 

protein (140, 141). GL2 promoter activity is reduced in ttg mutants suggesting that TTG is 

required for maximal GL2 activity (142). Together, these studies suggest that TTG and GL2 are 

negative regulators of root hair cell differentiation. TTG activates an R-like bHLH transcription 

factor that is a positive regulator of GL2 and specifies non-hair fate of N-cells (Figure 4). 

Caprice (CPC) also positively regulates hair-cell specification (143). This was demonstrated by 

the reduced number of root hairs phenotype of a cpc mutant. Notably, the number of root hairs in 

a cpc gl2 double mutant is almost the same as gl2, whereas cpc ttg has same number of root hairs 

as cpc but less than ttg. This suggests that CPC is epistatic to GL2 and that TTG and CPC 

function together upstream of GL2 (Figure 4). This suggests that CPC is a transcriptional 

repressor of GL2 in H-cells. Another gene involved in epidermal patterning is WER, which 

encodes a MYB-type transcription factor with two MYB domains in its N-terminus and is 

Figure 4. Proposed model for epidermal cell patterning in Arabidopsis root epidermis. 
The WER-bHLH-TTG complex activates GL2, which then inhibits root hair formation in 
cells in the N-cell position. CPC-bHLH-TTG inhibits GL2 transcription thereby allowing 
root hair growth in cells in the H-cell position. 
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preferentially expressed in epidermal cells in the N-position. Homozygous wer mutants show 

ectopic hair production resulting in a hairy root phenotype (144), indicating that WER is required 

for non-hair cell specification. Reduced expression of GL2 in wer mutants suggests that WER 

acts upstream of GL2 and is required for GL2 transcription. WER interacts with bHLH proteins 

as demonstrated by yeast two-hybrid assay, which may be responsible for transcriptional 

regulation of GL2. A wer-1 cpc double mutant produces an intermediate number of hair and non-

hair cells compared to either of the single mutants. GL2 expression was also intermediate in the 

double mutant. Together, these observations suggest that WER and CPC work in an opposite 

manner in cell patterning (144). 

1.2.5.2.2 Genes regulating root hair morphogenesis 

Root hair growth begins with an outgrowth on an epidermal cell followed by bulge 

formation. Epidermal patterning is normal in mutants defective in RH initiation; however, the 

number of RHs are reduced. Hormones like auxin and ethylene are essential for RH initiation. 

For example, roots of the auxin-resistant mutant axr2 completely lack root hairs (145). However, 

they develop root hairs upon external application of auxin, which suggests that RH initiation 

depends on auxin sensitivity. Ethylene also acts as a positive regulator of RH development. 

Blocking ethylene synthesis results in reduction of root hair density, but when plants are supplied 

with excess exogenous ethylene, root hairs also develop from N-cells (146). One of the genes 

involved in RH initiation is Root Hair Defective6 (RHD6). Mutants for this gene show no sign of 

RH initiation in most H-cells thereby reducing RH density (147). However, a few root hairs can 

emerge, but they undergo a shift in their site of emergence; most arise from the basal end of the 

cell rather than the apical end as in wildtype. These rhd6 phenotypes can be rescued by 

supplemental auxin or ethylene. The next step of RH morphogenesis is bulge formation. RHD1 is 



25 

required for proper initiation of root hairs (148). rhd1 mutants show a bulbous region at the base 

of root hairs, larger than in wildtype. However, root hair length is not affected by this mutation. 

Another gene required for normal RH initiation is TIP1. Plants with defects in this gene not only 

show a larger bulge than usual but also form branched root hairs (149). Length of these root hairs 

is also much shorter, approximately 10-fold less than wildtype. Continuation of RH growth 

beyond this stage depends on the process of tip growth. RHD2 is essential for initiation of tip 

growth. Inactivation of this gene inhibits RH elongation producing stubby hairs (148). Other 

RHD mutants, rhd3 and rhd4, have wavy and occasionally branched root hairs implying their 

role in tip growth (148). These RHD mutants have been extensively studied to understand Pi 

uptake efficiency under different growth conditions (115, 136). Can Of Worms1 (COW1) is 

another gene involved in RH morphogenesis. Root hairs of cow1 mutants have a slower 

elongation rate (150). Thus, these genes participate in different stages of RH morphogenesis and 

play an important role in RH development. 

1.2.5.3 Role of root hairs in Pi nutrition 

The primary function of root hairs is nutrient absorption from soil. The earliest evidence 

for Pi uptake via root hairs was presented by Gahoonia et al. (151). In this study, rye plants were 

grown such that only the root hairs grew through a nylon mesh into radioactively labelled soil. 

After 2 and 4 days of growth, radioactivity was detected in shoots, which suggests that root hairs 

absorbed 32P from soil. Radiolabeling in shoots correlated with the number of root hairs. In this 

set-up, root hairs contributed 63% of total Pi uptake by the root system. Root hairs are especially 

important in low-Pi environments because they increase the absorptive surface and thus access to 

a larger volume of soil. On examining the Pi depletion profile surrounding roots with and 

without root hairs, the width of the Pi depletion zone increased by 70% when root hairs were 
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present compared to roots without hairs (152). Simulation modeling indicated that Pi uptake is 

10-fold greater in roots with hairs (152). The main reason for the high Pi uptake efficiency of

root hairs is their small radius; each unit of absorbing surface samples a greater volume of 

nutrients so total Pi influx occurs at a higher rate (152). In situ hybridization and 

immunolocalization studies showed that Pi transporters are present in root hairs of different 

species. For example, LePT1 transcripts are most abundant in root hairs of tomato seedlings (8). 

Similar observations were made for MtPT1 in Medicago truncatula (7). In Arabidopsis, the 

PHT1 family of Pi transporters consists of nine members, PHT1;1 through PHT1;9. Of these, 

strongest signals for GUS or GFP expression driven by PHT1;1 and PHT1;2 promoters were 

observed in Pi-starved root hairs (23, 153). Expression of StPT2 in potato is also restricted to DZ 

cells and root hairs (154). Apart from its effect on transcript levels, low Pi also induces changes 

in RH morphology, including increased length and growth rate (78). RH mutants rhd2 and rhd6, 

which are defective in RH initiation and RH development, respectively, were used to evaluate Pi 

uptake (136). Pi absorption is higher in wild-type plants than RH mutants in low Pi, although this 

was not observed when plants were grown in high Pi. Plant growth in terms of biomass and seed 

yield are also reduced in the root hairless mutant rhd2 (155).  

1.2.6 In vivo measurement of Pi  

Pi concentrations are expected to vary between cellular and subcellular compartments of 

plants depending on rates of Pi transport, recycling, and sequestration. Analytical tools with 

subcellular spatial resolution are therefore needed to study in vivo Pi dynamics. Commonly used 

methods include Nuclear Magnetic Resonance (NMR), 32P radioisotope imaging, synchrotron X-

ray fluorescence, and imaging of genetically encoded biosensors.  
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NMR spectroscopy exploits the magnetic nature of an atomic nucleus. When an external 

magnetic field is applied, there is shift in energy from the base to a higher level. When a sample 

is irradiated with electromagnetic radiation, a magnetic field is generated in the same or opposite 

direction of the nuclear spin based on the energy level. This can be detected spectroscopically in 

magnetic elements. Phosphorus is a magnetic element; therefore, it can be detected by 31P NMR. 

NMR signal can be detected from a wide range of phosphorylated metabolites, Pi, and NTPs. 

This is a non-destructive method that can be adapted in an imaging mode so samples can be 

analyzed over time to study metabolite dynamics. Cytoplasmic and vacuolar P contents were 

quantified in mature root tips of maize using 31P NMR. Total-P contents declined when external 

supply of the nutrient was disrupted. Because 31P NMR signals respond to pH, it is possible to 

distinguish vacuolar Pi (pH 5.5) from cytoplasmic Pi (pH ~7.5) (156). This feature confirmed 

that the vacuolar P pool was exhausted upon P-starvation before the cytoplasmic pool was 

reduced (157, 158). However, given its limited spatial resolution, NMR can only report Pi from 

the whole plant or organ, not from individual cells. Also, some NMR signals may be 

undetectable due to overlap with other signals, precipitation, or binding with other molecules 

rendering it immobile (159). 

Radioisotope imaging has also been used for real-time tracking of P in plants. When 

plants are fed with radioisotopic Pi, it is absorbed and transferred within the plant. 32P and 33P 

emit b-rays that can be converted to visible light by a scintillator plate and the resulting image 

can then be captured with a CCD camera (160). Quantitative data can be acquired by this 

approach based on radioactivity counts. It has a higher spatial resolution than traditional NMR; it 

can distinguish P located in the root tip from that in root hairs and primary root (24, 160). 
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However, a major drawback of this method is that it cannot distinguish between organic P and 

inorganic Pi.  

Another rapidly evolving technique for in vivo metabolite analyses is synchrotron-based 

X-ray fluorescence. A synchrotron is a source of X-rays that are focused with bending magnets

and insertion devices. X-rays are focused as thin beams that scan a sample in a raster pattern and 

X-ray fluorescence is emitted with wavelengths that are element specific (161). This method has

been used to study distribution patterns of several elements in cellular and subcellular 

compartments in vivo (162). However, this procedure is highly destructive so is limited to static 

measurements.  

Genetically encoded FRET-based biosensors are highly effective tools for live 

monitoring of ions and metabolites in plants. Imaging of these biosensors is non-invasive, non-

destructive, and provides high spatial and temporal resolution. In 1962, a green fluorescent 

protein (GFP) was isolated from jellyfish Aequorea victoria (163). Since then, many GFP 

spectral variants have been isolated and these fluorescent proteins were used to construct 

fluorescence and FRET-based biosensors. FRET or Forster Resonance Energy Transfer is based 

on radiation-less transfer of energy between two fluorophores. The ‘donor’ fluorophore transfers 

its excitation energy to the ‘acceptor’ fluorophore through a long-range dipole-dipole interaction. 

FRET efficiency is inversely proportional to the distance between the fluorophores. Therefore, 

the fluorophore pair should be within a very short distance from each other, i.e., 4 to 6 nm or 

less. FRET is also dependent on the orientation angle between the two fluorophores with highest 

efficiency when the fluorophores are aligned parallel to each other. Another important 

requirement for FRET is that the fluorophores have spectral overlap. Apart from this, high 
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quantum yield of donor and high extinction coefficient of acceptor are ideal. CFP and YFP meet 

these criteria and have been used in many biosensors.  

A FRET-based biosensor for Pi was developed by translational fusion of a phosphate 

binding protein (PiBP) from Synechococcus with eCFP as donor and Venus, a YFP variant, as 

acceptor (164). This sensor was called Fluorescent Indicator Protein for Inorganic Phosphate 

(FLIPPi). When Pi binds with the sensor, it undergoes conformational change resulting in a 

change in FRET. A FLIPPi sensor was capable of detecting changes in Pi concentrations in 

cultured animal cells (164). However, this sensor was not suitable for studies in plants due to its 

small dynamic range. Therefore, the sensor was modified and optimized to predict Pi changes in 

live plants (165). The resulting sensors were named cpFLIPPi (Figure 5) based on the 

substitution of the acceptor fluorophore YFP with cpVenus, a circularly permuted version of 

Venus. This substitution increased the dynamic range of the FRET response. In addition, a 

targeted mutagenesis was used to generate a series of sensors with binding affinities ranging 

from 80 µM to 11 mM, which encompasses the predicted range of physiological Pi 

Figure 5: Schematic representation of Pi biosensor cpFLIPPi-5.3m. The Pi binding domain, 
PiBP, is translationally fused between CFP (donor) and cpVenus (acceptor). Conformational 
change induced by ligand binding results in loss of FRET. 
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concentrations. In vitro experiments showed that FRET ratios of these sensors decrease with 

increasing Pi concentrations (165). On subsequent testing in plants, changes in Pi-dependent 

FRET ratio using cpFLIPPi-5.3m were detected in seedlings grown in Pi-replete and Pi-

starvation conditions. In vivo functionality of this sensor was further validated by reversal of 

FRET ratio changes when Pi-starved plants were replenished with Pi (165). This sensor was also 

targeted to plastids to examine the Pi-accumulation phenotype of pht4;2, a mutant with a defect 

in a plastid-localized Pi transporter. Relative FRET ratios showed hyper-accumulation of Pi in 

pht4;2, indicating that PHT4;2 catalyzes Pi export from root plastids (165). Hence, these results 

suggest that cpFLIPPi-5.3m can be useful for in planta analyses.  

Quantitative analysis of FRET ratios using confocal microscopy requires multiple 

controls (166). These include spectral correction for CFP bleed-through and cpVenus cross-

excitation. Bleed-through refers to CFP emission that is detected in the FRET emission channel, 

whereas cross-excitation is when cpVenus is inadvertently excited by the CFP excitation laser. 

These signals are subtracted from raw FRET signals to obtain sensitized FRET. In my 

experiments, sensitized FRET ratios were calculated for all experiments using the same image 

acquisition parameters for the sensor, CFP, and cpVenus. However, FRET ratio is a relative 

measure and Pi quantification cannot be determined from in vitro calibrations due to differences 

in absolute FRET ratios observed in vitro and in vivo. Therefore, an in vivo calibration was 

generated by microinjecting defined Pi concentrations into the cytosol of root cells (1). I used 

this calibration to convert sensitized FRET ratios to absolute measures of Pi concentration. To 

eliminate the possibility of detecting non-specific changes, I employed a Pi-insensitive sensor, 

cpFLIPPi-null (166), in my studies.  
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1.2.7 Role of ATP in plant growth and metabolism 

All anabolic reactions require energy. Adenosine triphosphate (ATP) serves as the 

primary source of energy for these reactions. Hydrolysis of ATP yields a large amount of free 

energy that can be used to drive energetically unfavorable cellular reactions. In heterotrophic or 

non-photosynthetic organs, ATP is generated in the cytosol via glycolysis and in mitochondria 

via oxidative phosphorylation, whereas in autotrophic organs like leaves, ATP is also 

synthesized in chloroplasts via photo-oxidative phosphorylation. ATP is essential for nutrient 

uptake, gene expression, protein synthesis, and many other biochemical reactions, including 

respiration and photosynthesis. For many of these processes, ATP must be transported from its 

site of synthesis to another subcellular compartment. 

1.2.7.1 ATP transport in mitochondria 

Current studies suggest that mitochondria are the main source of cytosolic ATP in both 

the light and dark (167, 168). ATP transport from mitochondria to cytosol occurs through 

antiport with exchange for ADP catalyzed by ADP/ATP carriers (AAC) (169). The Arabidopsis 

genome encodes three AACs (170). These were functionally characterized by heterologous 

expression in E. coli where ATP uptake activity was confirmed using radiolabeled adenylates 

(171).  

1.2.7.2 ATP transport in plastids 

Autotrophic plastids, i.e., chloroplasts, are capable of generating ATP via photosynthesis. 

However, non-photosynthetic plastids like amylopasts, leucoplasts, chromoplasts, and etioplasts 

cannot synthesize ATP. Therefore, ATP must be imported from the cytosol in these plastids. 

Arabidopsis contains two plastidic ATP/ADP transporters, AtNTT1 and AtNTT2 (172, 173). 

Spatial and temporal differences in promoter activities were observed during initial stages of 
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development (174). Highest activity of the AtNTT2 promoter is detected in the root tip, root 

hairs, cotyledons, and mature leaves. In contrast, AtNTT1 is only detected in vascular bundles of 

leaves after 5 days of growth. Mutations of AtNTT2 impaired primary root growth, chlorophyll 

content, thylakoid structures, and reduced rosette size during short day conditions (174). Thus, 

this study emphasizes the importance of ATP import into plastids to sustain root and leaf 

development. For example, fatty acid  biosynthesis in root plastids rely on ATP import from 

cytosol (175). Therefore, reduced synthesis of fatty acids may be responsible for impaired root 

growth.  

1.2.7.3 ATP in cytosol 

In photosynthetic cells, ATP is required in the cytosol for various biosynthetic processes, 

including sucrose synthesis. The demand for ATP may exceed that supplied by glycolysis. In the 

light, both chloroplasts and mitochondria can generate ATP by photophosphorylation and 

oxidative phosphorylation, respectively. However, there is no evidence of ATP export from 

chloroplasts to cytosol (168). Therefore, mitochondria are the primary contributors of ATP to the 

cytosol. This was demonstrated by the decrease in cytosolic ATP levels after suppression of the 

mitochondrial respiratory chain, whereas photosynthetic inhibitors did not affect cytosolic ATP 

levels (168).  ATP transport from mitochondria to cytosol occurs via AACs, as discussed 

previously. Cytosolic ATP is also imported into non-photosynthetic plastids like amyloplasts 

(176). ATP required to drive high-energy processes like protein transport, protein folding, and 

phosphorylation and glycosylation of proteins and lipids in the endoplasmic reticulum (ER) 

lumen is transported from the cytosol via ER-ANT1 transporters (177). Therefore, cells require 

constant transport of ATP between the cytosol and multiple organelles, which creates a highly 

dynamic environment. A better understanding of ATP dynamics in some of these compartments 
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has been accomplished through development of imaging tools discussed in Chapter IV of this 

dissertation.  

1.2.8 Key questions addressed in the following chapters 

Although substantial research has been conducted on Pi and ATP transport in plant cells, 

there are still many unanswered questions. These include: i. Is cytosolic Pi uniformly distributed 

in Arabidopsis roots or are there distinct spatial differences? ii. Do cells of all developmental 

zones participate in Pi uptake equally? iii. Is there any spatial difference in metabolic recycling, 

Pi uptake, and vacuolar sequestration between zones? These questions are addressed in Chapter 

II of this dissertation.  

In Chapter III, I describe spatial analysis of Pi distribution in Arabidopsis root hairs. This 

project answers the following questions: i. Does cytosolic Pi concentration in root hairs correlate 

with hair length? ii. Is Pi uniformly distributed in a root hair? iii. Is there any spatial difference in 

Pi uptake activity and vacuolar sequestration within a root hair? iv. Are cytosolic Pi 

concentrations in root hairs the same as those in primary root cells?  

Chapter IV of this dissertation addresses the following questions:  i. What are the 

appropriate imaging controls for quantitative ratiometric analysis of FRET-based ATP sensors in 

plant cells? ii. How do cytosolic ATP levels vary between different developmental zones of 

Arabidopsis root? 
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CHAPTER II 

CONTRIBUTIONS OF PHOSPHATE UPTAKE, RECYCLING, AND VACUOLAR 

SEQUESTRATION IN DEVELOPMENTAL CONTROL OF CYTOSOLIC PHOSPHATE IN 

ARABIDOPSIS ROOTS * 

2.1 Introduction 

Phosphorus is an essential nutrient that plants acquire, assimilate, and distribute to 

cellular and subcellular organelles as inorganic phosphate (Pi). Although substantial amounts of 

Pi are needed for optimal plant growth and productivity, much of the Pi in soil is unavailable 

because it exists as sparingly soluble complexes or in organic forms that are not directly 

accessible to plants (2).  To cope with low Pi conditions, plants activate a complex array of 

adaptive responses to enhance Pi acquisition and to recycle and reallocate internal stores. These 

Pi starvation responses (PSRs) include growth of lateral roots and root hairs to increase the range 

and capacity for nutrient scavenging (78, 178), which are extended in many species through the 

formation of mycorrhizal symbiosis (179); secretion of organic acids and phosphatases to 

increase the concentration of available Pi in soil solution (180); increased production of Pi 

transporters at the root-soil interface (11); modification of metabolic pathways to conserve 

cellular Pi (181); and redistribution of Pi between organs and subcellular compartments (22, 182, 

183). Signaling mechanisms governing PSRs include responses to external Pi concentrations to 

modify the root system architecture (71, 73, 74, 184, 185) and responses to internal Pi 

concentrations to maintain Pi homeostasis (186-191). How these signaling mechanisms are 

coordinated is unclear, but Pi itself is regarded as a primary signal (82, 187, 192, 193). For  

example, Pi in the cytosol can readily diffuse to the nucleus (194) where it or Pi-containing  
* Part of the data reported in this chapter is reprinted with permission from “Live Cell Imaging of Inorganic
Phosphate Distribution in Multicellular Organisms Using a FRET Based Biosensor” by Dr. Swayoma Banerjee. 
Doctoral Dissertation, Texas A&M University. Copyright 2017 Swayoma Banerjee. 
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metabolites such as diphosphoinositol phosphates (PP-InsPs) promote interaction between 

SYG1/Pho81/XPR (SPX)-domain containing proteins and Phosphate Starvation Response (PHR) 

transcription factors to modulate the activation of many PSR genes (187, 190, 193, 195, 196). 

Together, these observations suggest that the concentration of Pi in the cytosol elicits appropriate 

responses to changes in Pi availability. 

Because the cytosol is the nexus for both intracellular and intercellular Pi distribution, 

multiple processes must be coordinated to maintain cytosolic Pi concentrations within a 

relatively narrow, but dynamic range. Initially, Pi uptake is mediated under both Pi-replete and 

Pi-deficient conditions by members of the PHT1 family of Pi transporters located in the plasma 

membrane of root epidermal and cortical cells as well as the root cap (6, 24). Mutants with 

defects in PHT1 transporters or their trafficking to the plasma membrane exhibit reduced Pi 

uptake and diminished overall plant growth and development (6, 17, 18, 24, 92). An innovative 

33P imaging technique demonstrated that PHT1 transporters in the root cap contribute a 

substantial portion of total root Pi acquisition (24). However, the impact of this uptake activity 

on cytosolic Pi concentrations in the root cap and other parts of the root is unknown because this 

imaging approach does not distinguish subcellular locations or inorganic from organic forms of 

Pi.   

Pi acquired by the root is rapidly assimilated to form ATP via oxidative and substrate-

level phosphorylation (9) and then incorporated into macromolecules and metabolites from 

which Pi is subsequently recycled with varied rates and magnitudes (181). Much of the 

assimilation and metabolic recycling of Pi occurs in organelles, and intracellular Pi transporters 

are therefore required to direct Pi between the cytosol and each cell compartment (182). Notably, 

Pi transport into the vacuole, the largest reservoir of Pi in the cell, is catalyzed by members of the 
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PHT5 (also named VPT) transporter family (14, 40, 61), whereas its export from the vacuolar 

lumen is mediated by members of the VPE transporter family (40). Mutants with defects in these 

transporters exhibit altered patterns of vacuolar Pi accumulation consistent with their roles in 

either import or export, as well as altered expression of PSR genes and reduced overall plant 

growth, suggesting that these defects also affect cytosolic Pi concentrations (14, 40, 61). 

Although the vacuolar Pi pool can help buffer the cytosol against concentration changes (183, 

197), this buffering can be exhausted or outpaced by chronic or acute Pi deprivation, 

respectively, resulting in altered cytosolic Pi concentrations (165, 197, 198). 

Pi is mobile in plants and its distribution between cells in the root, as well as its 

movement to shoots via xylem and its redistribution back to roots via phloem, could also 

influence cytosolic Pi concentrations within individual root cells. Mechanisms of intercellular 

movement of Pi within the root vary with development. Cell-to-cell diffusion through 

plasmodesmata (symplastic transport) is possible in apical parts of the root spanning from the 

meristematic zone to the first root hair-containing region of the differentiation zone (199, 200). 

However, symplastic connectivity is blocked in the differentiation and mature root zones, 

including root hairs, necessitating transmembrane transport processes to cross the plasma 

membrane. The transfer of Pi from root to shoot requires export of cytosolic Pi to the xylem 

apoplastic space, which is mediated by PHO1 transporters in cooperation with a subset of PHT1 

transporters (64, 66, 201, 202). Mutations of PHO1 cause reduced Pi content in shoots, stunted 

growth, and strong expression of PSR genes (64, 66). It is currently unclear which transporters 

are responsible for the redistribution of Pi from shoot to root, but transcript localization data 

suggest that members of the PHT1 family may be involved (201).  
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The relative contributions of the different processes that influence cytosolic Pi 

homeostasis and any spatiotemporal variations in these processes within roots are largely 

unknown. This is primarily due to the difficulty of distinguishing cytosolic Pi from other cellular 

pools in live plants (203). We previously reported that ratiometric imaging of a genetically 

encoded FRET-based Pi sensor stably expressed in Arabidopsis could be used to monitor relative 

changes in cytosolic Pi concentrations in epidermal cells within the differentiation or mature 

zones of the root (165, 166). Here, we have extended and calibrated this live imaging approach 

to systematically evaluate absolute, rather than relative, cytosolic Pi concentrations in different 

tissues and developmental zones of the root under Pi-replete and Pi-deficient growth conditions. 

We show that cytosolic Pi concentrations differ between developmental zones with highest levels 

in the transition zone, and that this distribution pattern is independent of Pi supply. We also 

distinguish the contributions of Pi uptake and metabolic recycling to cytosolic Pi levels by 

blocking Pi assimilation with cyanide. Similar experiments conducted with a vacuolar Pi uptake 

mutant, pht5;1-2 (14), suggest that developmental differences in vacuolar sequestration are 

responsible for the observed pattern of Pi distribution in the root.  

2.2 Results 

2.2.1 Spatial Analysis of Cytosolic Pi Concentrations in the Root Under Pi-replete Growth 

Conditions 

We hypothesized that cytosolic Pi concentration is not uniform in the root due to spatial 

differences in Pi uptake activities (24) and metabolic demands for Pi, e.g., cell division in the 

root apical meristem (204). To explore this possibility, we first examined relative cytosolic Pi 

levels in epidermal cells throughout the developing and mature root of seedlings grown under Pi-

replete (0.25 mM) conditions. Seedlings that constitutively express a Pi sensor (cpFLIPPi-5.3m) 

were grown for 6 days, which surpassed the time after germination needed to establish root 
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meristem size (205). We then imaged roots to determine Pi-dependent FRET ratios 

(FRET/eCFP) as a readout of relative Pi concentration (166). Images were captured of cells in 

each of the developmental zones starting from the root tip, namely the meristematic zone (MZ), 

transition zone (TZ), elongation zone (EZ), differentiation zone (DZ), and mature root zone 

(MR) (99, 109, 206). Representative images shown in Figure 6 (1) revealed that Pi-dependent 

FRET ratios varied between root zones with a consistent pattern in which cells in the TZ had the 

highest relative Pi levels. We attributed differences in FRET ratio to Pi concentrations rather 

than nonspecific effects of cellular environments or to imaging artifacts because no spatial 

variation in FRET ratio was detected for a Pi-insensitive control sensor (cpFLIPPi-Null) (166) 

(Figure 6) (1). Although these results supported our initial hypothesis of non-uniform Pi 

distribution in the root, the developmental pattern was surprising because cells in the MZ, TZ, 

and EZ are symplastically connected (199, 200).  

To determine absolute, rather than relative, cytosolic Pi concentrations in the root we 

needed to calibrate Pi sensor FRET ratios. In situ calibration has been used for other FRET-based 

ion sensors (207, 208), but we were unable to use this approach because no suitable ionophore 

and membrane-permeable chelator for Pi was available. We found that in vitro calibration was 

also unsuitable because FRET ratios measured in roots were consistently outside the saturation 

limit measured in vitro despite the use of identical imaging conditions and regardless of assay 

buffer composition (165), suggesting that the cell wall or other cell materials may unequally 

influence, e.g., quench, emission from the two fluorescent protein components of the sensor. We 

therefore employed a microinjection strategy to directly manipulate cytosolic Pi concentration 

and then measure FRET ratio within the injected cell (1). 
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Figure 6: Ratiometric imaging of cytosolic Pi levels in Arabidopsis roots. DIC (A-E) 
and FRET/eCFP ratio micrographs (F-O) of five developmental zones: MZ, meristematic 
zone; TZ, transition zone; EZ, elongation zone; DZ, differentiation zone; MR, mature 
root. Panels F-J show representative FRET ratio images of a Pi sensor and panels K-O 
show representative FRET ratio images of a control sensor that is unresponsive to Pi. 
Scale bar is 50 microns. This figure is adapted from Swayoma Banerjee, Doctoral 
dissertation, Texas A&M University (1). 
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Epidermal cells located in the TZ were injected with solutions buffered at cytosolic pH 

(7.3) (208) that contained defined Pi concentrations, potassium gluconate as needed to maintain 

constant potassium ion concentration, and the fluorescent protein mRuby2 as a marker (Figure 

7A) (1). To ensure that cytosolic Pi concentrations closely matched injected concentrations, 

including those below endogenous levels, 6 to 8-fold greater volumes than the average cytosolic 

volume of these cells (Table 1) were injected. As shown in Figure 7B (1), the mRuby2 marker 

Figure 7. In vivo calibration of Pi sensor FRET ratios. (A) Schematic representation for 
microinjection of an epidermal cell in the TZ located near the EZ junction. Red color 
(mRuby2) demarcates the spread of injection solution within the cell. Inset shows the 
capillary tip positioned in the cytosol and injection of Pi and mRuby2 marker. (B) 
Fluorescent micrographs indicating cpVenus emission merged with mRuby2 emission and 
FRET/eCFP ratio image of the root after Pi injection. The color scale represents 
FRET/eCFP ratios. Scale bar is 20 micron. (C) In vivo calibation curve for Pi sensor 
FRET/eCFP ratio. Plotted values are mean FRET/eCFP ratios ± SD obtained from 6-8 
individual cells. This figure is adapted from Swayoma Banerjee, Doctoral dissertation, 
Texas A&M University (1). 
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remained confined within the cytosol of the injected cell; however, altered FRET ratios in 

adjacent cells suggested that Pi in the excess volume of injection buffer flowed into these cells 

via plasmodesmata (199, 200). Cells were not visibly damaged by injection, and FRET ratios 

returned to the pre-injection value within 5 min. To minimize variation in Pi concentrations as 

the cells reset, cells were imaged within 1.5 s after injection. The resulting data were fit to a 

single-site binding isotherm to generate an in vivo calibration curve (Figure 7C) (1) that 

encompassed all endogenous cytosolic Pi FRET ratio values measured in this study. Moreover, 

the dissociation constant (Kd) of 7.4 ± 1.7 mM was the same as that measured in vitro (7.4 ± 0.5 

mM), suggesting that the sensor was unaffected by the cellular environment. 

We used in vivo calibration of the Pi sensor to systematically quantify cytosolic Pi 

concentrations in different tissues and developmental zones of the root. Optical sections were 

captured in 50 µm increments from the root tip to the MR at multiple depths to distinguish Pi 

concentrations in the epidermis, cortex, and endodermis. As shown in Figure 8 (1), independent 

plants exhibited a highly consistent distribution pattern with highest cytosolic Pi concentrations 

in the TZ (~10 mM), and lowest concentrations in the MZ and MR (3.5 to 4 mM). Pi 

Table 1: Volume of cytosol in root epidermal cells. Mean ± SD volumes were determined 
from voxel counts in image Z-stacks of 3-22 cells in 4-5 independent plants. 
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concentrations were the same in each tissue within a given developmental zone. However, we 

were unable to measure cytosolic Pi in the endodermis in the youngest portion of the root 

because we could not detect fluorescence from the sensor in this region regardless of whether the 

sensor was expressed from the Arabidopsis UBQ10 or CaMV35S promoters. 

Figure 8: Quantification of cytosolic Pi concentrations in root tissues and 
developmental zones. Cytosolic Pi concentrations were measured at 50 micron increments 
from root tip to the beginning of the MR in (A) epidermal, (B) cortical, and (C) endodermal 
cells of three independent plants. This figure is adapted from Swayoma Banerjee, Doctoral 
dissertation, Texas A&M University (1). 
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2.2.2 Effect of Pi Availability on Cytosolic Pi Concentrations in the Root. 

We observed previously that relative cytosolic Pi levels in the DZ and MR decreased 

when plants were starved for Pi (165, 166). We therefore sought to determine the magnitude of 

these changes in absolute Pi concentration and to test if this response to Pi deprivation also 

occurs in other parts of the root. Seedlings were grown for 6 d in Pi-replete medium and then 

transferred to either fresh replete medium or to medium lacking Pi (Pi-starved) for an additional 

48 h. Previous experiments demonstrated that this starvation regime is sufficient to induce other 

PSRs but does not initiate cell death, which is observed when deprivation is prolonged (165). 

Cytosolic Pi concentrations were measured in epidermal cells within each root developmental 

zone. As shown in Figure 9 (1), Pi concentrations were reduced in all developmental zones by 

the starvation treatment. The reduction was greatest in the TZ (2.6 mM) and least in the DZ (1.1 

Figure 9. Effect of Pi deprivation on cytosolic Pi concentrations. Seedlings were grown in 
Pi-replete conditions for 6 d then transferred to the same medium or to medium lacking Pi (Pi-
starved) for an additional 2 d. Pi concentrations (mean ± SD) were measured in epidermal cells 
of 5-7 independent plants. Pi concentrations in all developmental zones of Pi-starved plants are 
significantly less than those in plants held in Pi-replete conditions (p<0.05, Student’s t-test). 
This figure is adapted from Swayoma Banerjee, Doctoral dissertation, Texas A&M University 
(1). 
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mM). However, these changes, and those in all other developmental zones, were proportional to 

the respective initial concentrations. As a result, the distribution pattern with peak concentrations 

in the TZ was maintained.  

Given the magnitudes of spatial differences in cytosolic Pi concentrations in the root 

under both Pi-replete and Pi-starved growth conditions, we next asked if there are also temporal 

differences in responses to Pi starvation and to subsequent replenishment. Seedlings were grown 

and then starved for Pi for 48 h as described above and then returned to Pi-replete medium for an 

additional 60 h. Cytosolic Pi concentrations were measured every 12 h and compared to those in 

plants that were held in Pi-replete medium (Figure 10) (1). Cells in the MZ and MR were the 

first to respond to Pi starvation with a reduction in cytosolic Pi concentration detected in 12 h 

that continued to steadily decrease throughout the treatment, suggesting that cells in these 

developmental zones are most sensitive to Pi deprivation. In contrast, Pi levels in the EZ and the 

DZ showed the highest resistance to Pi deprivation with cytosolic Pi levels remaining constant 

for 36 h and a decline detected only after 48 h. Surprisingly, cytosolic Pi levels in cells within the 

TZ fluctuated during the starvation treatment with low concentrations at both 24 h and 48 h. 

Although cells in the EZ and DZ appeared to be the most resistant to Pi deprivation, these 

cells showed the fastest response to Pi replenishment with hyperaccumulation of Pi beyond pre-

deprivation levels within 12 h. Pi levels in the EZ declined slowly over the next 48 h, whereas Pi 

levels in the DZ returned to baseline within an additional 12 h. Hyperaccumulation of cytosolic 

Pi also occurred in cells within the MZ and TZ, but unlike cells in the EZ and DZ, it took 24 h to 

reach peak values. High Pi concentrations persisted in the MZ throughout the remainder of the  
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Figure 10. Spatiotemporal dynamics of cytosolic Pi concentrations during changes in 
Pi supply. Seedlings were grown in Pi-replete medium for 6 d then transferred to medium 
lacking Pi (Pi-starved) for 48 h and then transferred back to Pi-replete medium (Pi-
replenished) for 60 h. Epidermal root cells were imaged every 12 h. A control group of 
plants were maintained in Pi-replete medium. Plotted values are mean ±SD percent change 
in Pi concentration relative to the control plants with 6-8 independent plants in each group. 
The dashed vertical line indicates the transition point from Pi-starved to Pi-replenished. 
This figure is adapted from Swayoma Banerjee, Doctoral dissertation, Texas A&M 
University (1). 
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experiment, whereas Pi levels in the TZ returned to baseline within an additional 24h. Cells in 

the MR were the slowest to respond to replenishment and reattained  baseline concentrations 

after 24 h. These varied spatiotemporal responses to Pi deprivation and replenishment suggest 

specialization of mechanisms controlling cytosolic Pi concentration in each developmental zone 

of the root.  

2.2.3 Spatial Analysis of Pi Recycling and Uptake in the Root 

Because cellular Pi is rapidly assimilated to ATP and subsequently recycled from ATP 

and other organic-P molecules at unknown rates (9, 181), it has not been possible to resolve the 

individual contributions of uptake, assimilation, and metabolic recycling toward cytosolic Pi 

concentration. Moreover, the effects of any spatial variations in these processes within the root 

would be diluted, if not fully masked, in steady-state conditions due to symplastic and vascular 

transport. However, I reasoned that I could distinguish the initial contributions of Pi uptake and 

recycling, and also identify potential spatial differences in these processes, through a novel 

application of our Pi imaging approach. Specifically, if I used cyanide (CN) to rapidly inhibit the 

assimilation of Pi to ATP (209) then I expected to see increased cytosolic Pi levels in the absence 

of external Pi due primarily to metabolic recycling (hydrolysis of Pi from organic-P molecules). 

Similarly, if Pi was supplied to a CN-treated root then I predicted that cytosolic Pi concentrations 

would increase further due to uptake, and I could determine the contribution of this process by 

difference. To test this strategy, I grew plants grown under our standard Pi-starvation regime to 

maximize uptake activities while maintaining the spatial pattern of cytosolic Pi concentrations. 

Preliminary experiments indicated that 10 mM CN was sufficient to induce a maximum change 

in cytosolic Pi concentration (Figure 11) with no nonspecific effects detected with the Pi-
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insensitive sensor, and that cell viability, as assessed by SYTOX orange was unaffected even if 

the treatment was continued for 2 min (Figure 12).  

As shown in Figure 13A, CN treatment in the absence of external Pi induced a rapid 

increase in cytosolic Pi levels that I attribute to recycling. Pi concentrations consistently reached 

a maximum within 8 to 10 s, which presumably reflects the time needed to exhaust the Pi  

 recycling capacity of the cell and/or the existing ATP pool. To compare Pi recycling activities in 

different parts of the root I measured the maximum CN-induced changes in cytosolic Pi 

concentrations in the lateral root cap (LRC) and in epidermal cells within each developmental 

zone (Figure 13B). I found that Pi recycling occurs at a low level in the LRC, MZ, and TZ, and a 

higher level in the EZ, DZ, and MR. However, these activities did not  correlate with the 

respective cytosolic Pi concentrations (Figure 9) (1) indicating that recycling is not a major 

determinant of the developmental pattern of Pi distribution. 

Figure 11. Change in cytosolic Pi in response to increasing concentrations of cyanide. 
Seedlings were grown in Pi-replete medium for 6 d then transferred to medium lacking Pi for 48 
h. Change in cytosolic Pi was calculated in epidermal MZ cells after seedlings were treated with
different concentrations of cyanide. Plotted values are mean ± SD change in Pi concentration
after 5-11s of cyanide treatment in 3-4 independent seedlings. There is a statistically significant
difference between indicated groups (p<0.05, Student’s t-test).
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To distinguish the contribution of uptake to cytosolic Pi levels I treated seedlings with 

CN as described above but also included external Pi (0.5 mM). As shown in Figure 13A , the 

combination of CN plus Pi resulted in higher cytosolic Pi concentrations than with CN alone, as I 

predicted, and the difference in Pi concentrations for these two treatments reflects newly 

acquired Pi. The differences in Pi levels were equivalent regardless of whether CN and Pi were 

added together or sequentially, indicating that CN had no measurable effect on uptake during the 

timespan of the assay (Figure 14).  

Figure 12. Testing cell viability after cyanide treatment using SYTOX Orange. 
Seedlings were grown in Pi-replete medium for 6 d then transferred to medium lacking Pi for 
48 h. Plants were incubated in 250 nM SYTOX Orange for 10 min before imaging and then 
subjected to CN (10 mM or 120 mM) or MS medium (negative control). No cell death was 
observed in plants treated with 10 mM CN or the negative control. Nuclear staining was 
observed in seedlings treated with 120 mM CN (positive control) indicating cell death. Size 
bar, 50 µm. 
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Figure 13: Spatial analysis of Pi recycling and uptake in roots. Seedlings were grown in 
Pi-replete medium for 6 d then transferred to medium lacking Pi (Pi-starved) for 48 h. (A) 
Change in cytosolic Pi concentrations in epidermal MZ cells when treated with CN and CN 
plus Pi, which reflect recycling and recycling plus uptake, respectively. Plotted values are 
mean ± SD change in Pi concentration (mM) at each time point for 6 independent plants. 
(B) Change in cytosolic Pi concentration from metabolic recycling. Plotted values are mean
± SD change in Pi concentration (mM) after CN treatment in 6-8 independent plants. There
is a statistically significant difference between group means as determined by ANOVA (p<
0.05). A post hoc Tukey test showed that Pi recycling in TZ is significantly less than in EZ,
DZ and MR but not significantly different from LRC and MZ. (C) Pi uptake calculated
from differences in Pi concentrations when treated with CN with and without external Pi,
and corrected for differences in cytosolic volumes. Plotted values are mean ± SD Pi uptake
(fmoles) per cell during the 10 s assay period. Data were collected from 3-7 independent
plants. There are statistically significant differences (p< 0.05) between group means as
determined by ANOVA and Tukey HSD test. No significant uptake (N.S.) was detected in
the EZ, DZ, and MR.



50 

To compare Pi uptake activities in different parts of the root, I measured maximum CN-

induced changes in cytosolic Pi concentrations in the presence and absence of external Pi then 

calculated the differences. I detected equivalent changes in Pi concentrations indicative of Pi 

uptake in the LRC and MZ (0.78 ± 0.07 and 0.84 ± 0.02 mM, respectively), a lower activity in 

the TZ (0.47 ± 0.07 mM), and no significant changes in the EZ, DZ, and MR. The failure to 

detect Pi uptake in basal portions of the root is inconsistent with previous findings from 

radioisotopic Pi uptake experiments (24, 210). However, our assay did not account for 

differences in cytosolic volume. As a result, larger cells with more cytosol would require greater 

uptake to induce an equivalent change in Pi concentration. Because accounting for cytosolic 

volumes in cells that exhibited a change in Pi concentration (LRC, MZ, and TZ) would provide a 

more accurate comparison of uptake activities, I measured cytosolic volumes of epidermal cells 

in each location from voxel counts in image Z-stacks (Table 1) then calculated uptake as the 

Figure 14. Effect of cyanide on Pi transport competency. 6 d old WT seedlings grown 
in 0.5X MS were Pi-starved for 48 hr. Blue markers represent seedlings treated with CN + 
Pi and change in Pi (mM) was measured for 12.5 s. Black markers represent change in Pi 
(mM) in seedlings that were first treated with CN for 5 s, then Pi was added. Mean Pi 
(mM) ± SD from 5- 6 individual seedlings are plotted. 
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amount of Pi acquired during the 8 s needed to achieve the maximum change in concentration. 

As shown in Figure 13C, Pi uptake was greatest in the LRC (2.8 ± 0.8 fmoles), and less active in 

the MZ and TZ (1.2 ± 0.3 and 1.0 ± 0.4 fmoles, respectively). If Pi uptake occurred in the EZ, 

DZ, and MR at a rate equal to that in the TZ then the corresponding change in Pi concentration 

would have been at or below the limit of detection given the larger cytosolic volumes in these 

zones. Therefore, I can only conclude that Pi uptake in these regions occurs at a rate that is equal 

to or less than that in the TZ. Regardless, uptake activities measured in the LRC, MZ, and TZ did 

not correlate with the respective cytosolic Pi concentrations (Figure 9) (1), indicating that spatial 

differences in Pi uptake are not directly responsible for the observed developmental pattern of 

cytosolic Pi concentrations in the root. 

2.2.4 Effect of Vacuolar Sequestration on Cytosolic Pi Concentrations in the Root 

Given that vacuoles can store upto 90% of intracellular Pi in plants (10, 183), I 

hypothesized that spatial differences in cytosolic Pi concentrations in the root are the result of 

developmental differences in its vacuolar sequestration. That is, regions with less vacuolar Pi 

sequestration would exhibit higher cytosolic Pi concentrations. To test this idea, I compared 

cytosolic Pi concentrations in each developmental zone of the root in wild-type (WT) plants; a 

vacuolar Pi import-defective mutant, pht5;1-2; and a transgenic line in which the PHT5;1 

transporter is overexpressed (35S:PHT5;1) (14). Although Arabidopsis encodes three PHT5 

transporters, PHT5;1 is the primary source of vacuolar Pi sequestration (14, 42). All plants were 

grown under Pi-replete conditions for 6 d then imaged to determine steady-state cytosolic Pi 

concentrations. As shown in Figure 15, Pi accumulated to higher cytosolic concentrations in 

pht5;1 than in WT in all developmental zones, although the difference was not significant in the 

TZ. In contrast, Pi concentrations in the 35S::PHT5;1 line were significantly lower than WT in 
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the TZ, but similar in all other zones. These results suggest that in WT plants, less  vacuolar Pi 

sequestration occurs in the TZ than in other developmental zones.  

To more directly estimate spatial differences in vacuolar Pi sequestration I focused on 

cells in the MZ and TZ because these zones showed significant differences in Pi sequestration 

(Figure 15) but similar levels of recycling and uptake (Figure 13B,C). WT and pht5;1-2 

seedlings were grown with our standard Pi-starvation regime then treated with CN in the absence 

of external Pi. I monitored the increase in cytosolic Pi concentration until it reached saturation, 

which yielded changes in Pi concentration due to recycling as in Figure 13B. I then added CN + 

0.5 mM Pi to the same seedlings and again monitored the increase in cytosolic Pi concentration 

until it reached saturation. The difference in Pi concentrations for these treatments indicated the 

combined activites of uptake and vacuolar sequestration (Figure 16). The contribution of 

Figure 15. Effects of vacuolar sequestration on cytosolic Pi concentrations in the root. 
Seedlings were grown in Pi-replete medium for 6 d then imaged. Cytosolic Pi concentrations 
in pht5;1-2 plants were significantly greater than WT in all zones except the TZ (p< 0.05, 
Student’s t-test), whereas in 35S:PHT5;1 plants, cytosolic Pi levels were significantly less 
than WT (p< 0.05) only in the TZ. Plotted values are mean ± SD cytosolic Pi concentration 
from 5-16 independent plants. 
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vacuolar sequestration could then be estimated by comparing the changes in cytosolic Pi 

concentration in WT to those in the pht5;1 mutant. For cells in the MZ, changes in Pi 

concentration due to vacuolar sequestration and to uptake were nearly equal, indicating that a 

substantial fraction of newly acquired Pi is shuttled into vacuoles with a rate that is comparable 

to that of cellular uptake. This difference was much smaller for cells in the TZ, which is in 

agreement with results from steady-state measurements (Figure 15) indicating that significantly 

less vacuolar Pi sequestration occurs in this zone despite uniform expression of PHT5;1 

throughout the developing root (211). I also evaluated vacuolar Pi sequestration in 35S::PHT5;1 

plants, but I detected no effect of PHT5;1 overexpression on cytosolic Pi levels in either the MZ 

or TZ (Figure 16). It is possible that overexpression of PHT5;1 augments vacuolar Pi 

sequestration at rate that is below the limit of detection for the short-term assay.  

It was formally possible that the changes in cytosolic Pi concentrations in the pht5;1 mutant that 

I attributed to a loss of vacuolar sequestration were instead due to greater Pi uptake in this 

mutant background. To test this possibility I grew plants under the same conditions, but 

transferred them to Pi-replete medium and measured the depletion of Pi from the medium as a 

readout of uptake (Figure 17). Pi concentrations in the media decreased with equal rates and 

magnitudes for WT and pht5;1 indicating that Pi uptake was unaffected by the pht5;1 mutation. 

These results suggest a developmental difference in vacuolar Pi sequestration with less activity 

in cells within the TZ, resulting in greater cytosolic Pi concentrations in this zone. 

2.3 Discussion 

The availability of Pi in most soils is suboptimal for crop growth and productivity, and 

this has led to the widespread use of Pi-containing fertilizers. However, this practice is not 

economically or environmentally sustainable (4). A comprehensive understanding of how plants 
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acquire and use Pi is therefore needed to optimize agricultural practices and to develop cultivars 

that are less reliant on Pi fertilizers to obtain high yields. Toward this goal, I developed a 

dynamic, high-resolution map of cytosolic Pi concentrations in the root, as well as the means to 

distinguish the contributions of distinct processes that influence cytosolic Pi homeostasis, i.e., 

uptake, metabolic recycling, and vacuolar sequestration.  

Ratiometric imaging of a genetically encoded FRET-based Pi sensor that was 

constitutively expressed in Arabidopsis revealed that cytosolic Pi concentrations are not uniform 

in the primary root (Figure 6) (1). However, as with other sensors that report ratiometric or 

normalized fluorescence values, this approach yielded relative rather than absolute measures of 

Pi concentration, so I could not define the magnitudes of the observed differences. Estimates of 

Pi concentrations based on an in vitro calibration were unreliable because FRET ratio values 

Figure 16. Contributions of vacuolar sequestration in cytosolic Pi of MZ and TZ. WT 
and pht5;1-2 seedlings were grown in Pi-replete medium for 6 d then transferred to medium 
without Pi (Pi starved) for 48 h. Seedlings were sequentially treated with CN and then CN+Pi 
and the changes in cytosolic Pi concentrations after each treatment were measured. 
Differences in Pi concentrations (mean ± SD for 5-10 independent plants) between these 
treatments reflect the combined activities of Pi uptake and vacuolar Pi sequestration. The 
difference between WT and pht5;1 in the MZ was significant (p<0.05, Student’s t-test). 
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measured in plants were outside the calibration limits. This incongruity was eliminated, however, 

when I used in vivo calibration (1). This suggests that the cell wall or other cell components 

unequally affect, e.g., quench, fluorescence emission from the two fluorescent protein portions of 

the sensor. Caution is therefore warranted when making estimates of in vivo concentrations of 

analytes from in vitro calibrations of fluorescence-based sensors, especially  

those that contain the same or closely related fluorescence protein variants of CFP and YFP as 

those present in the Pi sensor (165).  

In vivo calibration of Pi sensor FRET ratios relied on microinjection to dilute and 

displace endogenous cytosolic Pi with buffers containing defined Pi concentrations and rapid 

imaging to minimize the effects of compensatory processes. I used the resulting calibration curve 

to estimate endogenous cytosolic Pi levels throughout the root and found that these ranged from 

a low of 3 mM in the MZ and MR under Pi-starved conditions to a maximum of 12 mM in the 

Figure 17. Uptake of external Pi by entire root. WT and pht5;1 seedlings were grown for 6 
d in Pi replete medium then transferred to medium without Pi (Pi-starved) for 48 h. Seedlings 
of each genotype were then transferred in groups of 12 to single wells of a 12-well plate 
containing Pi-replete medium and then aliquots were withdrawn over time for Pi measurement. 
Pi uptake was calculated from the depletion of Pi in the medium. Plotted values are mean ± SD 
nmoles Pi/seedling from four independent groups of each genotype. There is no significant 
difference in Pi uptake activities for these genotypes. 
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TZ under Pi-replete conditions. These concentrations agree with estimates derived from enzyme 

kinetic studies in which Pi is a substrate or effector (212-214), as well as studies using 31P NMR 

spectroscopy with plant cell suspensions (215), although values as low as 60 µM have been 

reported (197). Lower Pi levels can be attained with prolonged Pi starvation, but I observed 

previously that this also led to substantial cell death under our growth conditions (165). 

Microinjection is technically challenging and requires specialized equipment, both of which limit 

the utility of this approach for others. However, because there is little variation in Pi 

concentration profiles between plants (Figure 8) (1), I suggest that Pi sensor-expressing plants 

grown under the same conditions described here can be used as references for other imaging 

systems. Moreover, because Pi concentrations were the same across tissue layers within a given 

zone, confocal capabilities may not be necessary. 

Although cytosolic Pi concentrations diminished in all developmental zones of the root 

when plants were starved for Pi, reductions after two days were proportional so the overall 

pattern with highest concentrations in the TZ was maintained. However, when temporal changes 

in cytosolic Pi concentrations during Pi deprivation and subsequent resupply were examined, we 

found that responses differed between zones (1). For example, cells in the EZ and DZ had the 

slowest response to Pi starvation, suggesting that they are relatively insensitive to Pi deprivation, 

but these cells also exhibited the fastest recovery with transient hyperaccumulation when Pi was 

replenished. Distinct spatiotemporal responses to Pi availability suggest differences in one or 

more of the mechanisms that control cytosolic Pi homeostasis. These include uptake from the 

environment, assimilation to organic forms, metabolic recycling from assimilated forms, 

sequestration in organelles, and intercellular movement. Although most of these processes are 

likely to occur simultaneously in a given cell, I was able to distinguish individual contributions 
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of some processes by inhibiting Pi assimilation in the presence and absence of external Pi in 

combination with short assay times that minimized the effect of its intercellular movement. 

When Pi assimilation was blocked in the absence of external Pi (no uptake) I detected 

rapid increases in cytosolic Pi levels that I attributed to metabolic recycling. Recycling activities 

consistently reached maximum levels within 10 seconds suggesting that additional effects of 

intercellular movement in this timespan would be negligible. However, because re-assimilation 

of Pi liberated from organic forms during this time would also be inhibited, my measures of Pi 

recycling must be viewed as under-estimates. Nevertheless, Pi recycling activity was not uniform 

in the root. Pi recycling was greater in the basal portion of the root with equivalent activities in 

the EZ, DZ, and MR, while less recycling occurred in the apical part of the root with equivalent 

activities in the LRC, MZ, and TZ (Figure 18). The basis for this spatial difference in metabolic 

recycling is unclear because there was no correlation with cell size or with processes associated 

with specific developmental zones, e.g., cell division in the MZ and cell elongation in the EZ. It 

is therefore likely that the two levels of Pi recycling we observed reflect distinct combinations of 

metabolic activities.    

Adding Pi to roots while also inhibiting its assimilation led to increases in cytosolic Pi 

concentrations beyond those due to metabolic recycling alone. I attributed these additional gains 

in Pi concentration to uptake, which I detected in cells within the LRC, MZ, and TZ, but not the 

EZ, DZ, and MR. However, because this measure of Pi uptake is dependent on changes in its 

concentration, its magnitude is also a function of cytosolic volume. I therefore accounted for 

differences in cytosolic volumes to evaluate uptake as the amount of newly acquired Pi per cell. 

On this basis, uptake in the larger cells within the EZ, DZ, and MR may occur at rates equal to or 
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less than those in the smaller, more apical cells. I found that Pi uptake was greatest in the LRC, 

which is consistent with localization of PHT1-type Pi transporters and the accumulation of total  

P after exposing roots to 33Pi (24). Substantial Pi uptake was also detected with nearly equal 

activities in the MZ and TZ (Figure 18) suggesting that one or more PHT1-type transporters are 

also active in these zones. Future efforts to extend the live imaging approaches described here to 

Pi transport mutants may discern cell- or developmental zone-specific contributions of individual 

transporters.       

Figure 18: Schematic representation of spatial profiles for cytosolic Pi accumulation, 
metabolic recycling, uptake, and vacuolar sequestration in the root. Relative levels of 
each process are represented by color gradients. Missing information for uptake is 
represented by white. The pattern for vacuolar sequestration correlates with Pi distribution in 
the root.  
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Although I observed distinct spatial patterns in the root for both uptake and metabolic 

recycling of Pi, neither of these patterns correlated with cytosolic Pi concentrations. In contrast, 

the spatial pattern of vacuolar Pi sequestration suggested that this activity is a major determinant 

of the cytosolic Pi concentration profile in the root (Figure 18). Under Pi-replete growth 

conditions, the pht5;1 mutant, which has a defect in loading Pi into vacuoles (14), showed 

hypera-accumulation of Pi in the cytosol throughout the root with the exception of the TZ. This 

implies that in WT plants, PHT5;1 is developmentally regulated for low activity in the TZ. As a 

result, cytosolic Pi concentrations are maintained at higher levels in the TZ than in the adjacent 

developmental zones. The mechanism by which PHT5;1 transport activity is regulated is 

unknown, but PHT5;1 transcript abundance does not vary between developmental zones of the 

root (211). Interestingly, overexpression of PHT5;1 reduced cytosolic Pi levels in the TZ but had 

no significant effect in the rest of the root. This difference may reflect a thermodynamic 

limitation for augmenting transport of Pi into vacuoles that already contain high concentrations 

of Pi. 

The TZ precedes the elongating (EZ) cells where cellular architecture is reorganized to 

enable rapid cell elongation (216). It is possible that elevated Pi levels in the TZ are simply a 

consequence of concomitant vacuolar reorganization. Alternatively, I speculate that TZ-specific 

vacuolar control of cytosolic Pi levels may influence aspects of Pi signaling to affect cell 

elongation and cell division in neighboring root regions. Although cells in the TZ have the 

highest cytosolic Pi concentrations in the root, they also exhibit the greatest concentration change 

in response to Pi deprivation, ideally positioning these cells to sense fluctuations in Pi 

availability. My idea is based on recent findings supporting that the TZ integrates environmental 

cues, including low-Pi stress, with hormone signals to control cell fate and root growth (205, 
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217, 218). For example, when the root apex encounters low external Pi, cell elongation is rapidly 

inhibited through apoplastic malate, Fe, and peroxidase-dependent stiffening of the cell wall 

(184, 219). These processes are regulated through activities of three molecules: the transcription 

factor Sensitive To Proton Rhizotoxicity (STOP1), which is recruited to the nucleus under low Pi 

conditions via an unknown mechanism (184), Low Phosphate Root 1 (LPR1), which mediates 

ferroxidase activity in the cell wall (184, 219, 220); and Clavata3/Endosperm Surrounding 

Region 14 (CLE14) peptide, which is coupled with Fe and callose deposition in the MZ to 

trigger terminal differentiation and arrest of mitotic activity (184, 219-221). I speculate that low 

cytosolic Pi levels in the TZ promote nuclear recruitment of STOP1 and thereby modulate 

subsequent cellular responses to changes in Pi availability. A downstream response to Pi 

deprivation is the elevated synthesis of the PHR1-regulated VTC4 ascorbate synthase (184, 219, 

220, 222). Ascorbate efflux, facilitated by VTC4, could couple with LPR1 ferroxidase activity to 

complete an Fe redox cycle to produce ROS that promote callose deposition in the EZ and MZ 

(219). In contrast, high Pi concentrations in the TZ would suppress PHR1/SPX1-mediated Pi 

signaling either directly through binding SPX1 or indirectly by affecting the concentration of PP-

InsP isoforms, which are high-affinity ligands for SPX1(193, 196). Differential control of 

PHR1/SPX1-mediated Pi signaling in the TZ may tune spatial and/or temporal responses to Pi 

availability in the EZ and MZ, and would provide a link between systemic and local Pi signaling 

pathways. It will be interesting to test the effects of vacuolar Pi sequestration and cytosolic Pi 

levels in the TZ, as well as vacuolar development on these complex aspects of Pi signaling in 

roots.  
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2.4 Materials and Methods 

2.4.1 Plant growth 

Arabidopsis seeds from plants expressing the cpFLIPPi-5.3m Pi sensor (165) or a control 

sensor, cpFLIPPi-null, that is insensitive to Pi (166, 223) were germinated and grown in 96-well 

microplates containing 0.5x Murashige and Skoog (MS) medium (223) with 0.25% (w/v) sucrose 

and, unless indicated otherwise, 0.25 mM Pi (Pi-replete). All plants carry the suppressor of gene 

silencing3-13 (sgs3-13) mutation to improve sensor signal intensity and stability (165, 224). 

pht5;1 and pht1;1 transgenic lines were obtained from Tzyy-Jen Chiou. Plates were incubated in 

a growth chamber (60% relative humidity, 21°C, and 110 µmol/m2/s light intensity for a 16 h 

photoperiod). After 6 days the seedlings were imaged or transferred to fresh medium as indicated 

with replacement of the medium every 24 h. For longer-term growth, plants were grown on 23 x 

23 cm square plates containing agar-solidified (0.7% w/v) Pi-replete medium. 

2.4.2 Live Pi imaging 

Seedlings were mounted on a coverslip in the same medium used for growth. A smaller 

coverslip was placed on top of the root as a weight to keep it flat during imaging. Roots were 

imaged using an inverted Olympus IX81 microscope with a Yokogawa CSU-X1 Spinning Disk 

confocal unit, an iXon3 897 EMCCD camera (Andor Technology, Concord, MA, USA), and a 

40x (numerical aperture 1.3) oil immersion objective. A 445 nm laser was used to excite the 

eCFP component of the sensors. The eCFP emission was detected with a 483/32 nm filter, and 

FRET-derived cpVenus emission was detected with a 542/27 nm filter. The cpVenus component 

of the sensor was excited by a 515 nm laser. Cell viability was confirmed using SYTOX orange 

as described previously (165, 225). Image acquisition parameters such as laser power, electron 

multiplier gain, and camera sensitivity were the same for all experiments. Images were analyzed 
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using ImageJ. Background fluorescence values (mean fluorescent intensities) for each channel 

were determined by imaging root cells of untransformed plants. In order to eliminate background 

noise, the mean background values were subtracted from the images of transgenic plants before 

further processing. Sensitized FRET ratios were calculated after correcting for donor spectral 

bleedthrough and acceptor cross excitation as described previously (166). FRET/eCFP ratios 

were calculated by dividing the mean sensitized FRET intensity values by mean eCFP emission 

intensity values.  

2.4.3 In vivo calibration of Pi sensor ratios 

Cytosolic Pi concentrations in individual cells were manipulated via microinjection (1). 

Borosilicate microinjection capillaries (1 mm outer diameter, 0.58 mm inner diameter) 

containing a filament were pulled then filled with injection buffer: 50 mM MOPS-KOH (pH 

7.3), 0.5 mM MgCl2, and varied concentrations of potassium phosphate buffer (pH 7.3) and 

potassium gluconate. Potassium gluconate was included as needed to maintain the total 

potassium ion concentration at 75 mM. Injection buffer also included 1 µM mRuby2 protein 

(226) to demarcate the injected cell and to monitor dispersion of injection buffer. The mRuby2

protein was expressed in bacteria and purified as described (165). Filled microinjection needles 

were fit onto a micromanipulator and connected to an Eppendorf FemtoJet pump. Seedlings 

grown for 6 d in liquid medium were placed on a coverslip and most of the root was covered 

with wet filter paper then fixed to the coverslip with adhesive tape (227). Epidermal cells located 

in the transition zone of the root were impaled and then 20 to 25 pL injection buffer was 

delivered into the cytosol. The total injection time was 5 s, and cells were imaged within an 

additional 1.5 s. Six to eight independent cells were injected for each Pi concentration. Injection 

volume was estimated from mock experiments in which injection buffer was delivered into a 
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puddle of halocarbon oil for the same injection time and then the diameter of the spherical 

droplets was used to calculate volume. To generate a calibration curve, sensitized FRET/eCFP 

values were plotted versus injected Pi concentrations then data were fit to a single-site binding 

isotherm: S=(R-R0)/(Rsat-R0)=[L]/Kd+[L]), where S is saturation, R is the FRET/eCFP ratio, R0 is 

the ratio in the absence of ligand, Rsat is the ratio at saturation, L is ligand (Pi) concentration, and 

Kd is the dissociation constant (164). 

2.4.4 Pi recycling, uptake, and vacuolar sequestration 

Seedlings were mounted on a cover slip in 0.5x MS medium without Pi. A smaller cover 

slip was placed on top of the root to keep it flat against the larger cover slip and to limit its 

movement during imaging. Initial images were captured then the medium was replaced with 30 

µl of medium containing 10 mM NaCN (with or without Pi) and the same cells were imaged. For 

Pi uptake experiments, the Kolmogorov-Smirnov test (228) was used to evaluate significance of 

differences in Pi concentrations observed for CN versus CN plus Pi treatments. ANOVA and 

Tukey HSD analysis were used to evaluate differences between root developmental zones (Fig. 

7B, C). For some studies of vacuolar Pi sequestration (Fig. 16), CN and Pi treatments were 

conducted sequentially, and results were evaluated with Student’s t-test.   

2.4.5 Estimation of cytosolic volume 

Seedlings that express the cytosolic Pi sensor were mounted in 20 µl of 0.5x MS medium 

without Pi and Z-stacks were acquired using a 40x silicone oil objective (numerical aperture 

1.25) and a step size of 0.5 µm to yield a voxel size of 0.06 µm3. A 515 nm laser was used for 

excitation of cpVenus and a 542/27nm filter was used to detect its emission. For image analysis, 

background fluorescence was subtracted in batch from the entire stack. A threshold was set for 

each slice separately and regions of interest (ROIs) were drawn to distinguish individual cells. 
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The Voxel Counter ImageJ plugin was used to determine total voxels per cell then these were 

converted to picoliters. 

2.4.6 Pi uptake assay for whole roots 

Wild-type and pht5;1-2 plants expressing cpFLIPPi-5.3m were grown in Pi-replete 

medium for 6 days then transferred to 0.5x MS medium without Pi for 48 h, with replacement of 

medium every 24 h. Seedlings were then transferred to 0.5 ml of Pi-replete medium in a 12-well 

plate (12 seedlings per well) and placed in the growth chamber. Aliquots of 15 µl medium were 

withdrawn from each well at the indicated time points then Pi in these samples was measured 

based on Pi-dependent FRET using the high-affinity Pi sensor cpFLIPPi-80u (165). Each aliquot 

was mixed with 15 µl assay buffer (50 mM MOPS-KOH (pH 7.3), 50 mM KCl, 0.5 mM MgCL2, 

1 mg/ml BSA, and 1 µM cpFLIPPi-80u) in a well of a black 384-well plate. The plate was 

incubated at room temperature for 10 min then fluorescence was measured using a microplate 

reader (Synergy HT) using excitation at 420/27 nm and emission at 485/20 nm and 540/25 nm. 

Direct cpVenus excitation was set at 500/20 nm with emission at 540/25 nm. FRET ratios were 

converted to Pi concentrations based on an in vitro calibration of cpFLIPPi-80u prepared with 

known Pi concentrations (165). Pi uptake was calculated from the depletion of Pi in the medium 

and expressed as nmoles Pi/seedling. 
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CHAPTER III 

SPATIOTEMPORAL ANALYSIS OF CYTOSOLIC Pi IN ARABIDOPSIS ROOT HAIRS 

3.1 Introduction 

Plants are exposed to continuous fluctuations in nutrient availability, water content, and 

salinity. The development of root hairs is one of the primary adaptive responses to these 

environmental stresses. Root hairs are epidermal cell extensions that emerge in the 

differentiation zone of the primary root. They help in soil anchorage (229, 230), soil penetration 

(231), water absorption (232-234), and also act as adherence sites for soil microbes (235). Root 

hairs enhance nutrient acquisition by increasing the surface area of the root to maximize root-soil 

contact (236). As discussed in Chapter I and Chapter II, low Pi availability is a major constraint 

for crop productivity worldwide. In Pi-limited growth conditions, root architecture is altered, and 

growth of root hairs is triggered (22). Root hairs increase the plant’s ability to scavenge scarce 

amounts of Pi from soil. Therefore, root hairs serve as a model to study Pi uptake and P use 

efficiency, which has significant implications for sustainable agriculture. 

Movement of Pi through soil occurs by diffusion (236, 237). Due to high uptake rates of 

relatively immobile nutrients like Pi, a zone of depletion is created around the primary root.  

Under such conditions, root hairs help scavenge the low amounts of Pi within the depletion zone 

and to forage beyond it. Since soil Pi concentration is low, flux per unit area of absorbing surface 

is limited. The axial growth of root hairs increases the effective absorptive surface of the root 

during Pi starvation (236, 238).  

There are several direct and indirect lines of evidence for Pi acquisition by root hairs. 

Rapid depletion of 32P around root hairs within the first few days of their appearance was one of 

the first (237, 239). Later, Gahoonia and Nielsen (151) demonstrated that root hairs are 
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responsible for nearly 63% of P uptake in a plant, which is in close agreement with mathematical 

modeling studies (152, 240). Comparisons of WT and mutants (rhd2 and rhd6) that are defective 

in root hair development indicate that Pi absorption is lower in mutants in Pi-limited conditions 

(136). Localization of Pi transporters to root hairs further strengthens the claim that root hairs are 

principle sites of Pi uptake (5, 7, 8, 11, 15, 17, 18, 23, 241). Gene expression studies revealed 

that transcript levels of these transporter genes increase during Pi-starvation in root hairs similar 

to the primary root (5, 7, 8). Pi starvation also induces an increase in length and density of root 

hairs (5, 78, 79, 242-244). Root hair lengths can vary between species (245, 246) and plants with 

longer root hairs have higher Pi uptake (243, 247, 248) and larger depletion zones around the 

root (237, 239). Increased Pi acquisition promoted by root hairs has a significant impact on grain 

yield of plants grown in low Pi (249). Thus, root hairs provide a competitive advantage to plants 

during Pi limitation (155).  

Development of root hairs from bulge formation to maturity requires extensive 

cytoskeletal organization (250-253), vesicular trafficking (254-257) and cell wall synthesis (258, 

259) to support polar cell expansion or tip growth. Actin and microtubules help traffic secretory

vesicles towards the hair apex where cell wall materials are deposited by exocytosis. Actin is 

indispensable for tip growth of root hairs (250, 260, 261), whereas disruption of microtubules 

results in wavy, branched hairs suggesting that microtubules are essential for maintaining both 

morphology and directionality of hair cells (250, 251). ATP hydrolysis during actin 

polymerization liberates Pi. Similarly, motor protein movement along microtubules also involves 

ATP hydrolysis and release of Pi.  

Tip growth of root hairs requires deposition of cell wall materials at the hair apex. 

Cellulose is a major component of the cell wall, and Pi is produced during its synthesis from 
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glucose. Cellulose chains are extruded into the apoplast as the cellulose synthase complex moves 

along the microtubules. Phosphorylation of specific sites in cellulose synthase is necessary to 

maintain its mobility on microtubules (135, 262).  

Phospholipid signaling plays an important role in cytoskeletal remodeling and membrane 

trafficking (263). Pi is required for phosphorylation of phosphatidylinositol-4-phosphate (PtdIns-

4-P) to phosphatidylinositol 4,5- bisphosphate (PtdIns(4,5)P2) by PIP5K3 (phosphatidylinositol

phosphate 5-kinase 3). PIP5K3 is preferentially expressed in growing hair cells and localization 

of PtdIns(4,5)P2 to hair tips suggests its involvement in tip growth (264). Thus, metabolic 

reactions involving cytoskeletal organization, vesicular trafficking, and cellulose synthesis either 

require Pi as substrate or generate Pi as a product. Therefore, a combination of these activities 

plus Pi uptake from external sources contribute to the control of steady-state cytosolic Pi levels 

in root hairs. 

Although the importance of root hairs for Pi acquisition has been established, the fate of 

Pi after its uptake, including any potential spatial restrictions for its distribution and absolute 

concentration within the cell, is unknown. In this work, I used the Pi sensor cpFLIPPi-5.3m 

(165) to study cytosolic Pi dynamics in root hairs. I show that cytosolic Pi concentration in the

root hair is higher than in its originating cell body (trichoblasts) and adjacent epidermal cells 

(atrichoblasts) in the primary root.  I also show the correlation between cytosolic Pi 

concentration and length of root hairs as well as a gradient for Pi concentration spanning from 

the hair tip to the base. Using a combination of mutants and Pi uptake assays, I found that higher 

Pi uptake and lower vacuolar sequestration at the tip contribute to this Pi gradient.  
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3.2 Results 

3.2.1 Cytosolic Pi Quantification in Root Hairs 

Because root hairs are extensions of epidermal cells, I expected that cytosolic Pi 

concentrations would be equivalent in the cell body and hair. To test this hypothesis, I measured 

FRET ratios for the Pi sensor (cpFLIPPi-5.3m) expressed in root hairs and in epidermal cell 

bodies located within the differentiation zone (DZ) of the primary root. To compare results with 

those using the control sensor (cpFLIPPi-null, see below), I did not convert FRET ratios to 

absolute Pi concentrations as in Chapter 2. Contrary to my hypothesis, I found that mean FRET 

ratio was significantly lower for root hairs than epidermal cells (Figure 19), indicating higher Pi 

concentrations in root hairs. These results also suggested that Pi concentrations vary more widely 

in root hairs as indicated by the larger relative standard deviation (RSD, Figure 19). RSD is the 

standard deviation (SD) divided by the mean, and therefore accounts for differences in means. I 

Figure 19. Sensitized FRET ratios in root hairs and epidermal cells. Root hairs and epidermal 
cell bodies in the DZ of 6 d old Arabidopsis seedlings expressing either cpFLIPPi-5.3m or 
cpFLIPPi-null were imaged. FRET ratios (mean ± SD) from 5-31 cells are plotted. RSD, relative 
standard deviation.  
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attribute this greater variation in FRET ratio to differences in Pi concentrations rather than 

imaging artifacts because RSD was similar for cpFLIPPi-null FRET ratios measured in root hairs 

and epidermal cells (Figure 19).  

My initial analysis of Pi levels in root hairs (Figure 19) was conducted with a random 

population of root hairs. However, because root hair growth requires vesicular transport and cell 

wall deposition at the tip (254, 256-259), it was possible that cytosolic Pi concentration varies 

with hair cell length and that this was the source of variation in the population. To test this idea, I 

imaged root hairs with lengths ranging from 30 to 400 microns. Root hairs that did not fit in a 

single field of view were imaged in multiple fields. Because FRET ratios for cpFLIPPi-null were 

equivalent in root hairs and epidermal cells (Figure 19), FRET ratios for the Pi sensor could be 

converted to absolute Pi concentration using the in vivo calibration described in Chapter 2. I 

observed a weak correlation between cytosolic Pi concentration and hair length (Figure 20). The 

regression coefficient, R2, for this correlation was low, but a Pearson correlation test (265) 

confirmed correlation with a P-value of 0.018 indicating statistical significance. Nevertheless, 

Figure 20. Correlation of cytosolic Pi concentration with root hair length. Root hairs 
of 6 d old Arabidopsis seedlings expressing cpFLIPPi 5.3m were imaged. Data were 
collected from 27 individual root hairs from 5 independent seedlings.  
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the effect of length did not fully account for the variation observed in the random population, 

indicating the presence of additional contributing factors. 

It was possible that Pi concentration also varied spatially within individual root hairs. I 

therefore measured Pi concentrations at the tip, center, and base of each root hair as shown in 

Figure 21. The junction of the root hair and its cell body was defined as the base, and the 

midpoint between the base and tip was defined as the center. This analysis was restricted to hair 

cells with uniformly distributed sensor protein. Nevertheless, since different regions of a single 

cell were analyzed, the same number of pixels in each region of interest (ROI) were used to 

avoid potential bias. These localized Pi measurements revealed distinct patterns of cytosolic Pi 

distribution (Figure 22), which I categorized as tip-high, center-high, and base-high based on the 

location of maximum Pi concentration, or uniform if the difference in Pi concentration between 

each region was less than 1 mM.  

Figure 21. Representative image of a root hair extending from its cell body. ROIs with 
fixed area were drawn at the tip, center and base of the hair. ROIs, regions of interest. The 
red border demarcates the cell body of the trichoblast.  
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Interestingly, RSD values were higher in root hairs with a non-uniform distribution of Pi, 

especially those with highest Pi concentrations at the tip, whereas RSD values for root hairs with 

Figure 22. Cytosolic Pi distribution within root hairs. ROIs were drawn at the tip, 
center, and base of each hair. Pi was measured in these regions and root hairs were 
categorized based on the location of maximum Pi concentration. RSD of whole root hairs is 
reported for each group to compare variation. N= 28 hair cells from 5 independent 
seedlings. RSD, relative standard deviation.  
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uniformly distributed Pi were similar to those in primary root epidermal cells (Figure 22). 

Moreover, as shown in Figure 23, these Pi distribution categories were not equally represented 

in the population. The most prevalent category was tip-high, which constituted 50% of all root 

hairs.   

3.2.2 Spatial Analysis of Metabolic Recycling, Uptake, and Vacuolar Sequestration of Pi in 

Root Hairs 

Since most root hairs have highest Pi concentration at the tip, I hypothesized that this 

reflects high levels of its metabolic recycling from organic-P at the tip. Pi is rapidly assimilated 

to ATP and then liberated from ATP and other organic-P molecules during recycling (9). I used 

cyanide to block Pi assimilation (209) and then measured the increase in cytosolic Pi 

concentration resulting from its metabolic recycling. Root hairs grown in Pi-replete medium 

were imaged to define pre-treatment Pi concentrations then treated with 10 mM cyanide. As 

expected, I detected rapid increases in cytosolic Pi levels after the cyanide treatment (Figure 24) 

Figure 24. Spatial analysis of metabolic recycling in root hairs.  Cytosolic Pi 
concentrations at the tip, center, and base of root hairs before and after cyanide treatment are 
plotted. Values are mean ± SD Pi concentration for 5 independent root hair cells. Numbers 
above each group represent mean ± SD change in Pi (mM) after cyanide treatment. A post-
hoc Tukey test showed no significant differences between root hair locations.  
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that reached maximum levels after 30 to 35 s. However, there were no significant differences 

between locations within root hairs suggesting that metabolic recycling occurs uniformly 

throughout the root hair and thus cannot be responsible for Pi accumulation at the tip.   

I then hypothesized that greater Pi uptake at the tip was responsible for tip-high Pi 

concentrations. Members of the PHT1 class of Pi transporters localize to root hairs (5, 7, 8), and 

in Medicago truncatula, immunolocalization for MtPT1 showed highest accumulation of the 

protein at root hair tips (7). To test if Pi transport activity is highest at the tips, I treated Pi-

starved root hairs with 500 µM Pi and monitored the change in cytosolic Pi concentration at each 

location in the root hair. Pi-starved seedings were used in this experiment because PHT1 

transporter abundance increases in response to starvation (5-7) and therefore maximizes uptake 

activities. Consistent with my hypothesis, the largest change in cytosolic Pi concentration 

Figure 25. Spatial analysis of Pi uptake in root hairs. 6 d old Arabidopsis seedlings were 
transferred to medium without Pi for 48 h before imaging. Cytosolic Pi at the tip, center and 
base of root hairs was measured, then hairs were treated with 500 µM Pi. Plotted values are 
mean ± SD cytosolic Pi (mM) in 4 independent root hair cells. Numbers above each group 
represent mean change in Pi (mM) ± SD after addition of external Pi.  
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occurred at the tips (Figure 25). To explore the basis for tip-localized Pi uptake, I compared 

cytosolic Pi concentrations in root hairs of wild-type plants to those in a Pi transporter mutant,  

pht1;1-2, which shows reduced Pi uptake in whole-root assays (5). I found that under steady-

state growth conditions, the pht1;1 mutation reduced cytosolic Pi levels throughout the root hair 

(Figure 26), but the largest difference was at the tip (Figure 26 inset). This strongly indicates  

that PHT1;1 activity is greatest at the root hair tip and that this contributes to the accumulation of 

Pi at the tip.  

Vacuoles are the major Pi reservoir in plant cells (10, 183), and developmental control of 

vacuolar Pi sequestration plays an important role in regulating cytosolic Pi levels in the primary 

root (Figure 15). I therefore sought to determine if vacuolar Pi sequestration is also spatially 

controlled in root hairs. I hypothesized that lower vacuolar sequestration at the hair tip helps 

Figure 26. Quantification of cytosolic Pi in root hairs of WT and pht1;1 root hairs. 
Arabidopsis seedlings were grown in Pi-replete medium for 6 d. Cytosolic Pi was 
measured in the whole root hairs and also in the tip, center and base of these hairs. Plotted 
values are mean ± SD cytosolic Pi (mM) in 26-28 root hairs from 5 independent seedlings. 
Inset plot shows percent decrease in cytosolic Pi concentration in pht1;1 relative to WT.  
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maintain high cytosolic Pi concentrations. To test this, I compared cytosolic Pi levels in root 

hairs of wild-type plants to those in the vacuolar Pi transport mutant pht5;1-2.  PHT5;1 is 

responsible for most vacuolar Pi loading in Arabidopsis (14, 61). Cytosolic Pi levels were 

elevated in pht5;1-2, indicating that substantial vacuolar Pi sequestration occurs in root hairs 

(Figure 27), but the effect was lowest at the tip (Figure 27 inset). These results indicate that 

PHT5;1-mediated vacuolar Pi sequestration is lower at the root hair tip. Consequently, high 

cytosolic Pi concentrations at the root hair tip are achieved through a combination of high Pi 

uptake and low vacuolar Pi sequestration. 

3.2.3 Flow of Pi from Root Hairs to the Primary Root 

Pi acquired by root hairs eventually moves to the primary root and then to the plant shoot 

(24, 151). As shown previously (Figure 19), I detected higher Pi concentrations in root hairs 

Figure 27. Quantification of cytosolic Pi concentration in WT and pht5;1 root hairs. 
Seedlings were grown in Pi-replete medium for 6 d. Cytosolic Pi concentration was 
measured in whole root hairs and also in the tip, center, and base. Plotted values are mean ± 
SD cytosolic Pi (mM) in 17-26 root hairs from 4-5 independent seedlings. Inset plot shows 
percent increase in cytosolic Pi concentration in pht5;1 root hairs relative to WT.  
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than epidermal cells suggesting a limit on the rate of movement from hair to cell body. However, 

epidermal cells include both trichoblasts and atrichoblasts so it was unclear if this limit applies  

solely to trichoblasts. I found that Pi concentrations in cell bodies of both trichoblasts and 

atrichoblasts were lower than root hairs, and atrichoblasts lower than trichoblasts (Figure 28). 

Because trichoblasts and atrichoblasts are symplastically isolated (266), these results are 

consistent with the ideas that atrichoblasts have lower Pi uptake activity than trichoblasts, and 

that the rate of Pi movement from a root hair into its cell body is slower than export from the cell 

body to load xylem vessels. To test the effect of altered xylem loading on cytosolic levels, I 

compared cytosolic Pi concentrations in epidermal cell bodies and root hairs in wild-type plants 

with those in the pho1 mutant. PHO1 is responsible for loading Pi into xylem (64-66). While the 

pho1 mutation does not alter Pi uptake, translocation of Pi from roots to shoots is severely 

reduced (64). Therefore, I expected an increase in Pi concentrations in root tissues, thus reducing 

Figure 28. Comparison of cytosolic Pi concentrations in root hairs and epidermal cell 
bodies. Arabidopsis seedlings were grown in Pi-replete medium for 6 d. Cytosolic Pi 
concentration was measured in root hairs, and the cell bodies of trichoblasts and 
atrichoblasts. Plotted values are mean ± SD cytosolic Pi (mM) in 17-24 cells from 5 
independent seedlings. Pi is higher in root hairs than trichoblasts and atrichoblasts (p<0.05, 
Student’s t-test) and also higher in trichoblasts than atrichoblasts (p<0.05, Student’s t-test). 
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the difference between epidermal cells and root hairs. Consistent with my hypothesis, Pi 

concentrations in cell bodies of trichoblasts and atrichoblasts were significantly higher in pho1 

(Figure 29), but was not significantly different in root hairs. This further supports the idea that 

loading Pi into xylem is faster than the movement of Pi from root hairs into epidermal cell 

bodies. However, as in wild type, Pi concentrations remain higher in root hairs than in epidermal 

cells in pho1. 

3.3 Discussion 

Pi availability limits agricultural productivity worldwide. Although phosphate-rich 

fertilizers can ameliorate this deficiency, they pose both environmental and economic hazards 

(4). One approach to reduce dependency on Pi fertilizers and thereby minimize their associated 

Figure 29: Comparison of cytosolic Pi in root hairs and DZ cells of WT and pho1. 
Arabidopsis seedlings were grown in Pi-replete medium for 6 d. Cytosolic Pi was measured in 
root hairs, trichoblasts and atrichoblasts. Plotted values are mean ± SD cytosolic Pi (mM) in 
17-30 cells from 5-7 independent seedlings. There is a statistically significant difference
between group means, as determined by ANOVA. A post-hoc Tukey test showed than Pi
concentrations are elevated significantly in pho1 trichoblasts and atrichoblasts, but not in root
hairs.
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hazards is to breed or engineer plants for greater Pi uptake capability. Root hairs are ideal targets 

for such efforts because plants induce root hair formation and growth in low-Pi environments to 

increase Pi uptake (22, 151, 236, 237), but the cellular and molecular mechanisms of Pi 

acquisition and its subsequent transfer to the primary root are not fully understood. In this study, 

I conducted a systematic analysis of cytosolic Pi distribution in Arabidopsis root hairs using 

confocal microscopy and ratiometric imaging of a FRET-based Pi biosensor (165).   

Although I initially hypothesized that cytosolic Pi concentration would be the same in 

root hairs and their epidermal cell bodies given the contiguous cytosol, I found that Pi levels 

were consistently greater and also more variable in root hairs. Some of the variation correlated 

with root hair length, but a greater proportion was due to the unequal distribution of Pi within 

individual root hairs.  

Half of all root hairs showed highest Pi accumulation at the tip. Tip growth is 

metabolically intensive with formation of cell wall and cell membrane (258, 259). However, 

metabolic recycling of Pi from organic-P, as was expected from cellulose and phospholipid 

synthesis and cytoskeletal reorganization, showed no spatial variation within root hairs. In 

contrast, Pi uptake activity was enriched at the root hair tip. Comparative analyses of uptake in 

wild-type root hairs and those of the Pi transport mutant pht1;1 indicate that PHT1;1 is 

responsible for a large proportion of this localized activity. Similar experiments conducted with 

the vacuolar Pi sequestration mutant pht5;1 indicate that Pi sequestration is minimal at the root 

hair tip. This may be due to preferential localization of PHT5 transporters to basal portions of the 

vacuole that fills a root hair or to the lack of fully-extended vacuoles in many hair cells. 

Nevertheless, the combination of greater uptake and lower sequestration accounts for high Pi 

concentrations at the hair tip.  
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Although most root hairs contain highest Pi concentration at the tip, there were some 

hairs that showed highest Pi levels at the center or the base. It is possible that these distribution 

patterns reflect measurements made at single time point. That is, Pi concentrations may change 

over time as Pi is mobilized from the tip to the base of a root hair and eventually into the primary 

root. Additional experiments are required to test this hypothesis. Some root hairs showed 

uniform distribution of cytosolic Pi. It is possible that these root hairs lost their capacity for Pi 

uptake and/or mobilization due to mechanical damage when seedlings were mounted for 

imaging. Again, temporal analyses are needed to determine if uniform distribution of Pi reflects a 

bona fide stage in Pi mobilization. 

Pi concentrations in roots hairs were substantially greater in root hairs than in epidermal 

cells. This is due, at least in part, by a faster export of Pi from cell bodies for xylem loading than 

entry from root hairs. This idea is supported by elevated Pi levels in epidermal cells in the pho1 

mutant, which has reduced Pi loading into xylem (64). Although my analysis was restricted to 

the root epidermis, I predict that Pi concentrations will also be elevated in the cortex and 

endodermis of this mutant.  

Interestingly, a comparison of trichoblasts and atrichoblasts revealed that atrichoblasts 

contain lower cytosolic Pi levels than trichoblast cell bodies in both wild-type and pho1 roots 

(Figure 29). This difference may reflect cell-specific Pi uptake capacities. For example, PHT1 

transporters localized to the cell body and root hairs would provide greater uptake capacity than 

atrichoblasts, which would contain PHT1 transporters only on the cell body. Pi imaging in rhd2 

and rhd6 mutants, which are defective in root hair growth and development (136), may help 

explain the difference in Pi concentrations in trichoblasts and atrichoblasts. Similarly, it will be 

interesting to test if overexpression of PHT1 transporters in atrichoblasts could raise Pi 
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concentration to a level equivalent to that in trichoblasts, and if this enables plants to thrive on 

otherwise Pi-deficient conditions. 

3.4 Materials and Methods 

3.4.1 Plant growth 

Transgenic Arabidopsis seeds expressing the cpFLIPPi-5.3m Pi sensor (165) or a control 

sensor, cpFLIPPi-null (166, 223) were germinated and grown in agar-solidified (0.7% w/v) 0.5x 

Hoagland’s medium (267) with 0.25% (w/v) sucrose and 0.25 mM Pi (Pi-replete). Plates were 

incubated in a growth chamber (60% relative humidity, 21°C, and 110 µmol/m2/s light intensity 

for a 16 h photoperiod). Seedlings were grown for 6 days and imaged or transferred to 3 ml Pi-

free medium on 43 mm X 50 mm cover slips placed in a Petri plate for Pi starvation prior to 

imaging. 

3.4.2 Live Pi imaging 

Seedlings were mounted on a 43 mm X 50 mm coverslip in Pi-free Hoagland’s medium. 

A smaller coverslip (22 mm X 22 mm) was placed on top of the root to keep the root hairs flat 

during imaging. Root hairs were imaged using an inverted Olympus IX81 microscope equipped 

with a Yokogawa CSU-X1 Spinning Disk confocal unit, an iXon3 897 EMCCD camera (Andor 

Technology, Concord, MA, USA), and a 40x (numerical aperture 1.3) oil immersion objective. A 

445 nm laser was used for excitation of eCFP and its emission was detected with a 483/32 nm 

filter. cpVenus was excited using a 515 nm laser. Both FRET-derived cpVenus emission and 

direct cpVenus emission were detected with a 542/27 nm filter. Image acquisition parameters 

such as laser power, electron multiplier gain, and camera sensitivity were the same for all 

experiments: 70% laser intensity for the 445 nm laser, 10% laser intensity for the 515 nm laser, 

500 ms exposure time, 20% electron multiplier gain and 2.4% pre-amplifier gain. Images were 
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analyzed using ImageJ. The mean background values for each emission channel, derived from 

untransformed plants, were subtracted from the corresponding images of transgenic plants and 

they were processed further, as described previously (166). Sensitized FRET values were 

obtained by correcting for donor bleedthrough and acceptor cross-excitation (166). Absolute 

fluorescence was lower in root hairs than primary root cells so the electron-multiplier gain was 

set at 20% to increase signal. FRET ratios obtained with this setting were equivalent to those 

used for the in vivo calibration. Therefore, ratio of mean sensitized FRET intensity values to 

mean eCFP emission intensity values (FRET ratio) was converted to absolute Pi concentration 

(mM) using the in vivo calibration (Figure 7C).  

3.4.3 Pi recycling and uptake 

Seedlings were mounted on a cover slip in Pi-free 0.5x Hoagland’s medium. A smaller 

cover slip was placed on top of the root to keep the root hairs flat and to limit their movement 

during imaging. Initial images were captured then the root hairs were subjected to 10 mM NaCN 

(without Pi) and the same hairs were imaged. For Pi uptake experiments, 0.5 mM Pi was added 

to the root hairs and then imaged.  
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CHAPTER IV 

SPATIAL ANALYSIS OF CYTOSOLIC ATP DYNAMICS AND ITS CORRELATION TO 

INORGANIC PHOSPHATE IN ARABIDOPSIS ROOTS  

4.1 Introduction 

ATP is the primary currency for intracellular energy transfer in every subcellular 

compartment. However, in plants, most ATP synthesis occurs in mitochondria and chloroplasts. 

Specifically, oxidative phosphorylation occurs in the mitochondrial matrix and photo-oxidative 

phosphorylation occurs in the chloroplast stroma. Multiple transport processes are therefore 

required to supply mitochondria and chloroplasts with the requisite substrates, ADP and Pi, and 

to facilitate movement of newly synthesized ATP to the cytosol and other organelles. Although 

many of the corresponding transport proteins have been identified, there is a gap in our 

knowledge of how these processes are integrated to control the production and distribution of 

ATP. A key limitation has been the inability to monitor ATP concentrations with sufficient 

spatial and temporal resolution in live plants. 

One of the earliest methods developed for measuring ATP in live cells is based on 

enzyme-coupled chemiluminescence. When the oxidative enzyme luciferase converts its 

substrate luciferin to oxyluciferin, some of the energy released by this reaction is in the form of 

light, and the amount of light is proportional to free ATP in cells (268). However, this assay has 

several drawbacks, including low signal strength, a requirement for oxygen making it unsuitable 

for anaerobic systems, and a requirement for large concentrations of both substrate and enzyme 

at the desired cellular location. As an alternative, a fluorescent reporter was developed to 

measure ATP:ADP ratio in mammalian cells (269), but because it is not specific for ATP, it has 

been largely replaced by a related ATP-specific FRET-based biosensor called ATeam. ATeam 
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contains the e-subunit of F0-F1 ATP synthase translationally fused with CFP as donor and 

cpVenus as acceptor (270). ATP binding to the e-subunit portion of the sensor induces a 

conformational change resulting in increased FRET (Figure 30). The dynamic range of this 

sensor was enhanced by replacing lysine 206 with alanine in both the donor and acceptor FP to 

generate AT1.03-nD/nA. These substitutions facilitate moderate dimerization of the fluorescent 

proteins (FPs) while maintaining the capacity for conformational change and limiting 

nonspecific interaction between FPs (271). Specificity of this sensor for ATP was demonstrated 

with in vitro assays; it was unresponsive to ADP, dATP, and GTP. The efficacy of these sensors 

in vivo was initially confirmed in HeLA cells (270), Drosophila larvae, and C. elegans (272). 

The utility of AT1.03-nD/nA in Arabidopsis was confirmed based on responses to hypoxia and 

reoxygenation (273). This sensor was also used in a recent study by Voon et al. to monitor ATP 

levels in chloroplasts, mitochondria, and cytosol (168). I validated the in vitro FRET response of 

this sensor and then established the confocal imaging conditions used in this study (168). 

Cytosolic ATP levels increased on illumination, but this response was prevented when 

mitochondrial electron transport was inhibited with rotenone, TTFA, antimycin, or oligomycin. 

Figure 30. Schematic representation of ATP biosensor AT1.03-nD/nA. The e- subunit of 
F0F1- ATP synthase is the ATP binding domain and it is translationally fused between CFP 
(donor) and cpVenus (acceptor). ATP binding to the e- subunit induces conformational 
change that results in increased FRET. 
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Photosynthetic inhibitors also reduced the light-dependent change in cytosolic ATP levels. Since 

there is no evidence of export of ATP from chloroplasts, these results suggest that chloroplasts 

export surplus reducing equivalents in the form of triose phosphates to the cytosol, which are 

then imported into mitochondria and utilized for ATP synthesis. ATP generated in mitochondria 

is then transported to the cytosol. Overall, this study highlighted an interplay of chloroplasts, 

mitochondria, and cytosol in the distribution and transport of ATP to fuel biosynthetic reactions. 

The processes governing ATP distribution and dynamics in plant roots are largely unknown, but 

must differ substantially from those in leaves given that root plastids are unable to synthesize 

ATP and consume, rather than export, carbon. I therefore explored the distribution of ATP in 

Arabidopsis roots. Moreover, because Pi concentrations would influence the transport and 

utilization of both ATP and carbon in root plastids, I also conducted a time course experiment to 

evaluate the inter-dependency of cytosolic Pi and ATP dynamics.  

4.2 Results 

4.2.1 In vitro characterization of ATP sensor AT1.03-nD/nA 

To define confocal imaging conditions suitable for the ATP sensor AT1.03-nD/nA, 

hereafter AT1.03, I first evaluated the ATP-dependent changes in FRET ratio using purified 

sensor protein in an assay buffer adapted from Imamura et al (270) with slight modifications as 

detailed in Materials and Methods. I determined correction coefficients for CFP bleed-through 

and cpVenus cross-excitation using purified CFP and cpVenus as described previously (166), 

and these values were used to calculate sensitized FRET. As expected, AT1.03 exhibited 

increasing sensitized FRET/CFP ratios with increasing ATP concentrations (Figure 31). To 

estimate binding affinity (Kd), I fit FRET ratio data to the Hill equation to account for the 

possibility of multiple binding sites. Because FRET ratio is not zero in the absence of ligand, 
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relative FRET ratios (FRET ratio - FRET ratio in absence of ATP) were plotted versus ATP 

concentrations. This analysis yielded a Kd of 2.8 mM, which is close to the previously reported 

value (3.3 mM). Saturation occurred at 6 mM ATP under these assay conditions, indicating that 

AT1.03 can distinguish ATP concentrations in the range of ~2-5 mM. A structural study 

previously reported that R122 and R126 of the e-subunit interact with a and b phosphates of 

ATP (270). I therefore introduced these mutations using site-directed mutagenesis to generate a 

control sensor, AT1.03_R122K_R126K, that is insensitive to ATP concentration (Figure 31) and 

therefore used as a negative control in all subsequent experiments.  

4.2.2 Exploring ATP dynamics in Arabidopsis roots 

4.2.2.1 Validation of ligand-insensitive sensor AT1.03_R122K_R126K in vivo 

Ligand-insensitive sensors like AT1.03_R122K_R126K allow detection and 

quantification of non-specific changes that may occur due to variations in cellular environment, 

Figure 31. In vitro calibration of AT1.03 and AT1.03_R122K_R126K. Relative FRET ratios 
are plotted versus ATP concentration. FRET ratio of AT1.03 increases with increasing ATP 
whereas the negative control AT1.03_R122K_R126K is insensitive to ATP.  
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e.g., pH, ionic strength, and thereby avoid over- or under-estimates of changes reported by

ligand-specific sensors. However, none of the previous studies using AT1.03 included this or an 

equivalent control sensor. I prepared clones for both AT1.03 and AT1.03_R122K_R126K and 

introduced these into Arabidopsis plants by Agrobacterium-mediated floral dip transformation. 

To validate these sensors, I subjected 6 d old seedlings to cyanide. Cyanide binds with iron in 

cytochrome a3 thereby inhibiting electron transport and ultimately blocking ATP synthesis (209). 

However, ATP hydrolysis continues so cytosolic ATP levels should decrease. I imaged 

epidermal cells in the meristematic zone (MZ) of 7 d old seedlings expressing either AT1.03 or 

AT1.03_R122K_R126K before and after 14 s of cyanide treatment. Absolute FRET ratios differ 

for these sensors even when imaged in same location under same conditions due to ATP 

concentration as well as relative orientation of the respective fluorophore components. I 

therefore reported FRET ratios normalized to their pre-treatment values to allow direct 

Figure 32. Effect of cyanide on ATP-dependent FRET ratio in epidermal cells. 
Seedlings expressing AT1.03 or AT1.03_R122K_R126K were grown in Pi-replete medium 
for 7 days prior to imaging. Pre-treatment ratios were used for normalization. Values shown 
are mean  ± SD from 4 independent seedlings (P < 0.05, Student’s t-test).  
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comparison between sensor and control. As shown in Figure 32, there is a significant decrease in 

FRET ratio for cyanide-treated plants expressing AT1.03 indicating a reduction in cytosolic ATP 

as expected. However, the change in FRET ratio for plants expressing AT1.03_R122K_R126K 

was not significant, confirming its insensitivity to ATP. 

4.2.2.2 Correlation between cytosolic Pi and ATP dynamics  

Pi-starvation and replenishment studies previously reported by Mukherjee et al (165) 

revealed that relative cytosolic Pi levels in starved plants required nearly 24 h of Pi-

replenishment to return to levels equivalent to fed plants. As shown in Figure 13A, this slow 

reset time is due to rapid assimilation of Pi into ATP after its acquisition from external sources 

followed by a slower phase of homeostatic adjustment. To demonstrate that Pi and ATP are 

tightly coupled, I conducted a time-course experiment with seedlings expressing either the Pi 

sensor cpFLIPPi-5.3m or the ATP sensor AT1.03 in which I monitored changes in Pi and ATP 

levels after exposure to cyanide. Although cyanide blocks mitochondrial Pi assimilation into 

Figure 33. Comparison of Pi assimilation and ATP hydrolysis kinetics. Epidermal cells in 
the root MZ were imaged before and over time after treatment with cyanide. Values are 
normalized to pre-cyanide treatment ratios. Mean ± SD from 3-5 independent seedlings are 
plotted. 
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ATP, ATP hydrolysis continues. Therefore, cytosolic Pi levels should increase with roughly the 

same kinetics as the reduction in ATP levels. As shown in Figure 33, the results fit this 

prediction. No changes were observed when the same experiment was conducted with plants 

expressing either of the control sensors cpFLIPPi-null and AT1.03_R122K_R126K. Thus, the 

interdependence of Pi and ATP can be monitored with high spatiotemporal resolution. 

4.2.2.3 Spatial analysis of cytosolic ATP in developmental zones of the Arabidopsis root 

As shown in Figure 8, cytosolic Pi concentrations vary between developmental zones of 

the root with highest Pi levels in the transition zone (TZ) (1). However, it was unknown if ATP 

concentrations also vary in the root. Given the interdependence of Pi and ATP (Figure 33), I 

hypothesized that cytosolic ATP levels vary with a pattern opposite that of Pi. To test this, I 

measured ATP-dependent FRET ratios in epidermal cells from each developmental zone of the 

root in plants grown in Pi-replete medium. These zones include the meristematic zone (MZ), 

transition zone (TZ), elongation zone (EZ), differentiation zone (DZ) and mature root (MR). 

Representative images in Figure 34A showed that FRET ratio was lowest in the TZ, indicating 

lower ATP levels in these cells. In contrast, no variation in FRET ratio was observed in plants 

expressing the control sensor, confirming that the pattern is ATP-specific. I also measured ATP-

dependent FRET ratios from the root tip upwards in 50 µm increments. As shown in Figure 34B, 

relative ATP levels in the root follows a pattern that is opposite that for Pi. 

4.3 Discussion 

Multiple research groups have used fluorescent ATP sensors to monitor relative ATP 

levels in mammalian cells and tissues (270-272, 274), but these have been used in plants only 

 recently. De Col et al., were first to demonstrate ATP sensing in Arabidopsis seedlings using 

AT1.03-nD/nA (273). An ATP gradient was observed across tissues; FRET ratios were relatively 
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higher in cotyledons and root tip than in hypocotyl, shoot to root transition, and roots. This 

gradient was abolished by treatment with a protonophore, suggesting that the(17)se observations 

reflected changes in ATP concentrations. This sensor was also used to explore ATP dynamics in 

chloroplasts and mitochondria (275). However, these studies lacked a control sensor to 

distinguish changes in ATP concentration from non-specific changes in the cellular environment. 

Figure 34. Spatial profile of ATP in Arabidopsis roots. (A) FRET/CFP micrographs for 
meristematic zone (MZ), transition zone (TZ), elongation zone (EZ), differentiation zone 
(DZ) and mature root (MR) in plants expressing AT1.03 (left) and AT1.03_R122K_R126K 
(right). Scale bar: 50 µm. (B) Plot represents Pi concentrations (black circles) and FRET 
ratios denoting relative ATP levels (blue circles) in root epidermis.  
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I demonstrated that the AT1.03_R122K_R126K sensor is suitable for this purpose. It is 

insensitive to ATP both in vitro and in vivo, and thus will be an important tool for future 

experiments that probe ATP dynamics in plants.  

Pi acquisition from soil is rapidly followed by its assimilation to ATP, as observed 

previously with radioactivity assays (276). In this study, I demonstrated the interdependence of 

Pi and ATP concentrations in Arabidopsis roots. Cyanide treatment reduced ATP levels as 

expected, while turnover of existing ATP occurs at a rate equivalent to that for the increase in Pi 

levels. Thus, complex dynamics for both ATP and Pi can be monitored with high spatial and 

temporal resolution.  

ATP concentration is an indicator of cellular metabolic status. For example, more ATP 

may be needed in cells in the EZ to support rapid cell wall synthesis and other structural 

processes associated with cell elongation than in the mature root where cells have reached their 

final size. The rates of ATP synthesis and hydrolysis determine steady-state cytosolic ATP 

concentration. This study provides a high-resolution map of cytosolic ATP concentrations 

throughout primary Arabidopsis roots. Interestingly, the pattern of cytosolic ATP distribution in 

the root is the opposite of Pi. Further experimentation is required to unravel why ATP levels are 

lowest in the TZ. It is possible that this reflects a high rate of ATP hydrolysis associated with 

actin polymerization and extensive cytoskeletal remodeling (100). This can be tested by treating 

plants with Latrunculin-B to sequester G-actin and inhibit F-actin assembly and thereby inhibit 

actin polymerization. As a result, ATP concentrations should increase in the TZ more than other 

zones. By contrast, a similar treatment in plants expressing a Pi-sensor should exhibit a maximal 

decrease in Pi levels in the TZ. 



91 

4.4 Materials and Methods 

4.4.1 Plasmid construction and generation of transgenic lines 

The ATeam1.03-nD/nA with CFP and cp173Venus was amplified from ATeam1.03-

nD/nA/pENTR1A (Addgene plasmid #51959) (271) to introduce 5’BamHI and 3’HindIII sites, 

then cloned into the pRSET vector for bacterial expression. To make AT1.03_R122K_R126K, 

lysine codons at position 122 and 126 were replaced with the arginine codon (270). This was 

done by site-directed mutagenesis of pRSET/ATeam1.03-nD/nA using primers 5’- 

gccgagctggcactgcagaaggccctgaacaagctggacgtggctgggaagg- 3’ and   

5’- ccttcccagccacgtccagcttgttcagggccttctgcagtgccagctcggc-3’. The mutations were  

confirmed by sequencing. I cloned this sensor gene into the pCN binary vector under the control 

of the UBQ10 promoter. The insert was obtained by digesting pRSET/AT1.03_R122K_R126K 

with BamHI and HindIII then cloned into the same sites of pCN/cpFLIPPi-null (166), replacing 

the 2461 bp cpFLIPPi-null sensor coding sequence. This construct was introduced into the 

Arabidopsis sgs3-13 mutant (224) by Agrobacterium-mediated floral dip transformation (277). 

T1 seeds were selected for phosphinothricin resistance and then fluorescent seedlings were 

grown to collect T2 seeds.  

4.4.2 In vitro characterization of ATP sensor AT1.03-nD/nA and control sensor 

AT1.03_R122K_R126K 

4.4.2.1 Bacterial expression and protein purification  

Electrocompetent E.coli BL21 cells were transformed with pRSET plasmid clones for 

ATP sensors (AT1.03-nD/nA, AT1.03_R122K_R126K) and single fluorophore controls (eCFP, 

cpVenus). Fluorescent colonies were cultured in LB medium with antibiotic selection, then 

harvested and lysed as described previously (165). Proteins were purified by His-affinity 
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chromatography and eluted in 20 mM Tris-HCl, pH 7.5, 150 mM K-gluconate and 400 mM 

imidazole. 20 mM Tris-HCl (pH 7.5) was used to dialyze the eluent at 4°C, then the eluent was 

centrifuged briefly before transferring to a new tube and stored at 4°C.  

4.4.2.2 Confocal ATP-dependent FRET assay  

Sensor protein concentrations were determined by Bradford assay then 3 µM protein was 

mixed with buffer containing 50 mM MOPS-KOH pH 7.5, 50 mM KCl, 0.5 mM MgCl2 and 1 

mg/ml BSA. A droplet containing sensor, ATP, and buffer was placed on a 43 X 50 mm cover 

slip and imaged using an inverted spinning disk confocal Olympus IX81 microscope and 

EMCCD camera (Andor Technology, USA). A 445 nm laser was used for CFP excitation and a 

515 nm laser was used for direct cpVenus excitation. A 483/32 nm filter was used to detect CFP 

emission and a 542/27 nm filter for FRET emission and cpVenus emission. EM gain was set at 

10, pre-amplifier gain at 2.4X and exposure time at 1000 ms. Imaging was conducted at 40X 

magnification using an oil immersion objective (NA 1.3). Image acquisition parameters were 

kept constant for all in vitro and in vivo imaging using these sensors. FRET response was 

measured at 10 different ATP concentrations ranging from 0-10 mM. Sensitized FRET was 

calculated based on the following formula: 

Sensitized FRET = CY – (CC*a) – (YY*b)  

CC is CFP excitation with CFP emission, CY is CFP excitation with YFP emission (FRET 

signal), and YY is YFP excitation with YFP emission. For this purpose, cpVenus is equivalent to 

YFP. 

a and b are correction factors 

a is CY/CC with CFP alone [donor bleed-through into yellow emission channel] 

b is CY/YY with cpVenus alone [cross excitation of acceptor in yellow emission channel] 
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Sensitized FRET/CFP ratios were plotted versus ATP concentrations and curve fitting to 

estimate Bmax and Kd using the Hill equation was done with Kaleidagraph.  

Hill equation, R-R0=Rmax * [L]n / Kdn + [L]n 

n is the Hill coefficient, which is a measure of the number of ligand binding sites. 

4.4.2.3 Plant growth and imaging 

Arabidopsis seeds were germinated and grown in 96-well microplates containing 0.5x 

Murashige and Skoog (MS) medium with 0.25% (w/v) sucrose and 0.25 mM Pi (Pi-replete). 

Plates were incubated in a growth chamber (60% relative humidity, 21°C, and 110 µmol/m2/s 

light intensity for a 16 h photoperiod). Seedlings were mounted on a cover slip in 0.5x MS 

medium without Pi. A smaller cover slip was placed on top of the root to keep it flat against the 

larger cover slip and to limit its movement during imaging. Initial images were captured then the 

medium was replaced with 30 µl of medium containing 10 mM NaCN and the same cells were 

imaged after 14 s. Image settings were the same as those used for in vitro calibration.  
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CHAPTER V 

CONCLUSIONS AND FUTURE DIRECTIONS 

Our understanding of how plants sense, acquire, store, and use Pi has been limited by the 

inability to measure Pi with high spatiotemporal resolution in live plants. This limitation was 

partially resolved through the development of a genetically encoded FRET-based biosensor for 

Pi (165) and a closely-related control sensor to detect and quantify non-specific changes in FRET 

ratio, including pH, viscosity, and other ions (166). However, changes in Pi-dependent FRET 

ratios report relative, rather than absolute, changes in Pi concentration. In vitro calibration is 

unsuitable because it does not account for optical interference from the cell wall or other cell 

components. To circumvent this problem, in vivo calibration was conducted by microinjecting 

defined concentrations of Pi into the cell cytosol. I used this calibration curve to report absolute 

Pi concentration (mM) in the cytosol of root cells.  

As shown in Chapter 2, cytosolic Pi is not uniformly distributed in the Arabidopsis root. 

Cells in the TZ have highest Pi concentrations in the root. This is surprising because cells in the 

TZ are symplastically connected with those in the flanking MZ and EZ. In order to identify the 

mechanism(s) responsible for this bi-directional Pi concentration gradient, I measured metabolic 

recycling, Pi uptake, and vacuolar sequestration in each developmental zone of the primary root. 

These processes occur too rapidly within a cell to easily distinguish them under steady-state 

conditions. I therefore used cyanide to block Pi assimilation into ATP, and this allowed detection 

of rapid changes in cytosolic Pi concentrations due to recycling or uptake with high 

spatiotemporal resolution. This Pi imaging approach is a significant advance over the previously 

available methods that relied on accumulation of 32Pi or 33Pi because they report total P 

accumulation rather than distinguish free Pi from assimilated organic-P, and lack cellular and 
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subcellular resolution. Nevertheless, Pi imaging has limitations. Because it reports changes in Pi 

concentrations, it is not possible to measure Pi uptake in cells with large cytosolic volumes, i.e., 

cells in the EZ, DZ, and MR. It is likely that Pi uptake occurs in these cells but the change in Pi-

dependent FRET is below the detection limit of the sensor.   

In wild-type plants, I detected spatial patterns for both metabolic recycling and Pi uptake 

in roots. Although these patterns did not correlate with the distribution of cytosolic Pi, the results 

can be used to infer underlying mechanisms. For example, higher levels of Pi recycling observed 

in the EZ than MZ may reflect greater metabolic demands for cell wall synthesis in the EZ than 

cell division in the MZ. It will be interesting to evaluate Pi recycling in these zones in mutants 

like csld3-1 (124) and cdc2a (95), which are defective in cell wall synthesis and cell division, 

respectively. In addition, Pi transport mutants can be used to measure the contribution of each 

affected transporter on Pi uptake in each developmental zone. Preliminary data suggest that 

cytosolic Pi concentrations are significantly reduced in pht1;1 in all developmental zones under 

steady-state growth conditions (Figure 35). However, any potential spatial specificity may have 

been masked due to intercellular movement. Nevertheless, the effect of this mutation is 

encouraging because it suggests the possibility of applying the strategies described above to 

reveal insights into spatial, developmental, and/or kinetic contributions of PHT1 transporters in 

Arabidopsis roots.  
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This study also evaluated the effect of vacuolar sequestration on cytosolic Pi 

concentration. Vacuoles constitute 90% of plant cell volume and serve as a reservoir of Pi. 

However, cells in the TZ do not have fully developed, central vacuoles. Therefore, loading and 

unloading capacities of these vacuoles may differ from those of the adjoining zones. An ideal 

method of detecting changes in vacuolar Pi concentration would be to target a Pi-biosensor to 

vacuoles. Unfortunately, our current Pi sensors do not function in the vacuole, and this is partly 

due to the acidic environment of the vacuolar lumen. As a proxy, I measured cytosolic Pi 

concentrations in a vacuolar Pi import mutant pht5;1. I found that cytosolic Pi concentrations 

throughout pht5;1 roots are elevated, except for cells in the TZ, which indicates vacuolar Pi 

sequestration is less active in these cells. In addition to lower vacuolar Pi import, these cells may 

also export more Pi from vacuoles to cytosol. This can be tested by measuring steady-state 

cytosolic Pi concentrations in mutants of vacuolar Pi exporters, VPE (40). If Pi export from 

vacuoles is high in the TZ, cytosolic Pi concentration in vpe mutants will be low in these cells. 

Figure 35: Cytosolic Pi distribution in WT and pht1;1 seedlings. Seedlings were grown 
in Pi-replete conditions for 6 d before imaging. Pi concentrations (mean ± SD) were 
measured in epidermal cells of 5 independent plants. Pi concentrations in all developmental 
zones of pht1;1 are significantly less than WT (p<0.05, Student’s t-test). 
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This study provides a comprehensive view of the three main processes controlling 

cytosolic Pi homeostasis: metabolic recycling, Pi uptake, and vacuolar Pi sequestration. It also 

lays the foundation for further investigations to resolve cellular and/or developmental specificity 

of Pi transporters that catalyze vacuolar Pi export. Although this study established a role for 

vacuolar Pi sequestration in the distribution of Pi throughout the root, the significance of 

maintaining high Pi concentrations in the TZ for root/plant growth, or Pi sensing, remains 

unknown. Since cells in the TZ exhibit the greatest reduction in Pi concentration during Pi 

starvation, I speculate that changes in Pi concentration in TZ act as a signal to trigger Pi-

starvation responses. It will therefore be interesting to monitor Pi concentrations in the Pi-

insensitive mutant lpr1 (73). Primary root growth is not inhibited in this mutant during Pi 

starvation (73), but total Pi accumulation in these roots is reduced (73). However, it is not known 

if cytosolic Pi concentration is affected in this mutant or if there are any spatial differences. If 

high Pi concentration in the TZ is responsible for signaling root growth, one might expect to see 

similar Pi concentrations in at least the TZ of the lpr1 mutant. 

Root hairs play a critical role in Pi acquisition in low-Pi environments. Therefore, they 

are important in regulating plant growth and development during nutrient stress. My work 

focused on quantification of cytosolic Pi in root hairs and analyzing Pi gradients within a root 

hair. My results showed that root hairs have non-uniform Pi distribution in the cytosol. While 

most root hairs showed highest Pi concentration at the tip, there were some that showed highest 

levels at the center or the base. I concluded from temporal assays and mutant studies that a 

combination of high Pi uptake and low vacuolar Pi sequestration activities is responsible for high 

Pi levels at the tip. However, why Pi is high in the center or base of some root hairs is unclear. I 

speculate that such differences reflect Pi movement from the tip to the base of the hair following 
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Pi uptake. This can be evaluated by time-lapse imaging of a root hair after exogenous Pi is 

provided. Tracking changes in FRET ratio over time will reveal if Pi moves through the root hair 

in a bolus as suggested by single time point measurements.  

In addition to resolving spatial differences in Pi levels within root hairs, I also measured 

differences in Pi concentrations between root hairs and epidermal cells of the same 

developmental zone. Monitoring Pi at single cell level revealed that cell bodies of trichoblasts 

have higher Pi concentrations than atrichoblasts. This may be due to difference in Pi uptake or 

difference in xylem loading or both. If rate of Pi export from epidermis to the xylem is the same 

for trichoblasts and atrichoblasts, then the difference in cytosolic Pi levels in these cells can be 

attributed to higher Pi uptake in trichoblasts due to their extended root hairs. Since Pi uptake is 

not detectable in epidermal cells in the DZ using cyanide, an alternative strategy to test this 

hypothesis is to compare Pi concentrations in trichoblasts and atrichoblasts of mutants defective 

in root hair formation, e.g., rhd2 and rhd6 (136). I predict that Pi levels will be similar in all 

epidermal cells in these mutants since they lack root hairs. Another possible explanation for why 

Pi accumulation differs between trichoblasts and atrichoblasts is that the rate of Pi export to 

xylem is greater for atrichoblasts. This, of course, assumes that Pi uptake is equivalent. Thus, it 

will be possible to dissect the mechanisms responsible for the difference in Pi levels in 

trichoblasts and atrichoblasts.  

Since root hair growth increases during Pi starvation, I wanted to assess the effect of 

starvation on internal Pi concentrations. Preliminary data suggest that cytosolic Pi concentration 

does not change in root hairs after 48 h of Pi starvation (Figure 36). This differs from the 

response observed for cells in the primary root cells where cytosolic Pi levels in all development 

zones decrease during Pi starvation. I speculate that when plants are subjected to nutrient 
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starvation, they allocate more resources to the growth and development of root hairs so that their 

net uptake capacity increases. Therefore, despite the increase in length and density of root hairs, 

cytosolic Pi concentration is unchanged. It will be interesting to test the effect of Pi starvation on 

the accumulation of Pi in root hairs of mutants that are insensitive to Pi starvation, e.g., lpr1 (73). 

In this study, I also measured relative levels of cytosolic ATP in the root epidermis using 

an ATP sensor. Since ATP is the initial product of Pi assimilation, an integrated view of Pi and 

ATP distribution is critical to elucidate mechanisms governing Pi distribution and ATP 

production. One of the key contributions of this study is the construction and in vivo validation 

of an ATP-insensitive sensor that allows us to distinguish between ATP-specific and non-

specific responses.  In Chapter IV, I demonstrated that unlike the ATP sensor AT1.03, FRET 

ratio for the control sensor AT1.03_R122K_R126K does not change upon treatment with 

cyanide, which confirms its insensitivity to ATP in vivo. In addition, I established protocols to 

Figure 36. Change in cytosolic Pi in root hairs and epidermal cells of DZ in WT after 
Pi starvation. Seedlings were grown in Pi-replete conditions for 6 d then transferred to 0 Pi 
for 48 h before imaging. Pi concentrations (mean ± SD) were measured in epidermal cells of 
DZ and root hairs of 5 independent plants. Pi concentration in DZ cells is significantly lower 
in Pi-starved medium (p<0.05, Student’s t-test). No significant difference is observed 
between Pi-fed and Pi-starved root hairs.  
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calibrate FRET ratio measurements for AT1.03 and AT1.03_R122K_R126K under defined 

conditions and using different imaging platforms. This facilitated sharing of data with another 

research group that supported a study of ATP compartmentation in Arabidopsis leaves (168). 

Preliminary data using the ATP sensor AT1.03 show that during cyanide treatment, 

cytosolic ATP levels decline at the same rate as Pi levels increase. This experiment confirmed 

that internal Pi and ATP levels are tightly coupled. It will be interesting to test how in vivo ATP 

concentrations change in response to changes in Pi supply. For example, do cytosolic ATP 

concentrations decline during Pi deprivation? If so, what is the magnitude of change and do these 

vary in different parts of the root?  

Monitoring cytosolic ATP concentrations in the root revealed a spatial distribution 

pattern. Interestingly, cells in the TZ have the lowest ATP concentrations, which is the opposite 

pattern observed for Pi. I speculate that increased ATP hydrolysis in cells of this zone leads to 

lower ATP concentration. One of the characteristic features of the TZ is cytoskeletal remodeling, 

which involves F-actin polymerization and ATP hydrolysis. Therefore, monitoring the change in 

ATP levels after treatment with Latrunculin B, which inhibits F-actin polymerization, can test 

my hypothesis and gain a holistic view of both ATP and Pi dynamics. 

My results in Chapter IV report FRET ratios that represent relative changes in ATP 

concentration. I could not estimate absolute concentrations of ATP due to the lack of an in vivo 

calibration curve. The same approach used for making the Pi calibration curve could be adopted 

for calibrating the ATP sensor. However, this may be confounded if ATP hydrolysis is rapid. In 

order to maintain a stable concentration of the injected ligand, we could inject a non-

hydrolyzable version of ATP, e.g., ATP-g-S. Before injection, intracellular ATP should be 

depleted to minimize the effect of endogenous ATP on the sensor. This can be achieved by 
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treating the cells with oligomycin to inhibit the proton channel of mitochondrial ATP synthase. 

Defined concentrations of ATP-g-S would be injected into the cytosol of plants expressing the 

ATP sensor and then changes in FRET ratio would be measured. Although labor-intensive, this 

in vivo calibration process would allow quantification of cytosolic ATP concentration. 
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