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ABSTRACT

Structural information on protein-ligand complexes is of key interest in pharmaceutical

research, as it provides rational guidance for optimizing ligand affinity and selectivity. An

efficient tool for probing protein-ligand interactions is nuclear magnetic resonance (NMR)

spectroscopy. Detailed structural information related to the binding can be obtained via the

observation of polarization transfer by the nuclear Overhauser effect (NOE). In this dis-

sertation, hyperpolarization of nuclear spins by dissolution dynamic nuclear polarization

(D-DNP) is combined with both ligand-observed and protein-observed NMR to enhance

the sensitivity of the NOE detection. A hyperpolarized NMR experiment is developed for

detecting NOEs between two ligand spins by monitoring intra-ligand polarization transfer.

The measurement of a complete intra-ligand NOE build-up curve obtained from a single

hyperpolarization allows the detection of binding. Cross-relaxation rates are determined

between ligand proton spins, which contain distance information. In addition to the signal

enhancement provided by D-DNP, the efficiency in the intra-ligand NOE measurement is

increased with protein immobilization on large bead particles. This ligand-observed D-

DNP approach may in the future be used for probing protein-ligand interactions in natural

environments with live cells. A protein-observed NMR method based on detecting hyper-

polarization transfer from ligand to protein is designed for characterizing specific inter-

molecular interactions. Fast acquisition of intermolecular NOEs, followed by combining

the experimental data with computational docking, allows the determination of molecu-

lar structure in protein-ligand complexes. To resolve and identify specific atom-to-atom

NOEs, 1D 1H NMR spectroscopy is coupled with a 13C single-quantum coherence selec-

tion on the protein side and a selective inversion on ligand resonances. The resolution

of NOE measurements is further improved through fast multi-dimensional NMR spec-
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troscopy with Hadamard encoding of ligand signals. The detected intermolecular NOE

contacts are used to score ligand poses generated by a docking program. A ligand structure

in the active site of the protein dihydrofolate reductase is determined using experimental

NOEs from a total of four DNP NMR experiments.
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1. INTRODUCTION

1.1 Structure-Based Drug Design

In the past two decades, the exceptional advances in molecular biology and structure

elucidation techniques, including X-ray crystallography and nuclear magnetic resonance

(NMR) spectroscopy, have dramatically grown the number of three-dimensional (3D)

protein structures. Until 2019, approximately 150,000 protein-only structures have been

released in the Protein Data Bank, with about 10,000 structures deposited per year.1

The increasing availability of target protein structures has led to the emergence and

rapid development of a rational approach to drug discovery. Structure-based drug design

(SBDD) exploits the structural information of the therapeutically relevant target to design

novel drugs with improved selectivity and affinity.2–4

A typical SBDD process starts with the structure determination of the target

protein, followed by multiple cycles of ligand screening, validation, and optimization.5

Compounds or fragments of compounds are screened experimentally or in silico to identify

those with some degree of binding affinity and selectivity.6,7 The promising ligands

are further evaluated and modified for better potency and selectivity in the hit-to-lead

optimization process. Based on the known 3D structure of the target protein, efforts are

focused on obtaining information about the specific ligand binding mode in the binding

site. This information is crucial for every iteration of the optimization process by providing

the structural basis for optimizing the ligand to increase interaction with the protein.

For several decades, crystallography has been the primary source of the most

detailed structural information for protein-ligand complexes.8,9 Nonetheless, producing

high-quality crystals of ligand-protein complexes can be a labor-intensive task without

guarantee for success, in spite of advances in high-throughput production of crystals by
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automation.10–13 In the situation when the crystallization is difficult, which particularly

occurs in the early stages of SBDD when weakly binding ligands are involved, solution

NMR spectroscopy offers another option for solving the structure of the complex in the

binding site.14–16 Structural restraints of ligand-protein binding can be obtained from

NMR observables such as chemical shifts, the nuclear Overhauser effect (NOE), or

paramagnetic effects.14 Determination of the complex structure in the binding site can

be accomplished based only on the NMR data if a substantial amount of structural

restraints are obtained.17 This, however, requires time-consuming processes of acquisition

of spectra and subsequent data analysis. In addition to crystallography and NMR

spectroscopy, computational methods, such as molecular docking, can be incorporated for

the determination of the complex structure. Partial reliance on computation has become

desirable considering the difficulties and costs of the experimental methods.18,19 In the

protein-ligand docking, a large number of ligand poses are generated and evaluated by

predicting the binding energy, to select the most favorable binding mode of the ligand in

the binding pocket. However, establishing the appropriate search algorithms and scoring

functions to efficiently and accurately find the correct ligand pose in different cases

remains a challenge. Recently, the combination of NMR techniques and computational

docking has been proposed as a fast and reliable method for determining ligand binding

modes.20,21 Even sparse NMR data can provide enough structural restraints to select the

correct ligand binding mode by filtering the docked posed or by guiding the docking

process.

1.2 NMR Spectroscopy in Structural Characterization of Ligand-Protein Binding

1.2.1 Basic NMR Theory

In the presence of an external magnetic field, the interaction of the nuclear spin

magnetic moment and the applied magnetic field results in the splitting of spin states
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with the energy difference proportional to the field strength. The energy splitting is

associated with a difference in the number of spins for the different spin states, which

can be quantified by the nuclear spin polarization P . For spin −1/2 nuclei, the resulting

two Zeeman energy levels are separated by the energy difference ∆E as

∆E = h̄γB0. (1.1)

B0 is the magnetic field strength, γ is the gyromagnetic ratio, and h̄ is the reduced

Plank constant. At equilibrium, the spin polarization can be calculated by the Boltzmann

distribution,

P =
n−1/2 − n1/2

n−1/2 + n1/2

=
1− e−∆E/(kBT )

1 + e−∆E/(kBT )
= tanh (

∆E

2kBT
) = tanh (

h̄γB0

2kBT
), (1.2)

where n−1/2 and n1/2 represent the numbers of spins for the two spin states, respectively.

T is the temperature, and kB is the Boltzmann constant. The signal measured in an NMR

experiment is directly determined by the bulk nuclear magnetization in the sample, which

is proportional to both the spin density and the spin polarization.

1.2.2 Effects of Ligand Binding on NMR Observables

NMR spectroscopy studies protein-ligand interactions through changes of NMR

parameters upon ligand binding. It can be applied both for ligand screening and also

for structural analysis. The binding process for the most straightforward one-site binding

is a dynamic equilibrium between the free ligand L, the free protein E and the complex

(EL). It can be described by:

E + L
kon

koff
EL, (1.3)
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where kon and koff represent the association and dissociation rate constants, respectively.

The binding affinity of a ligand to the receptor is characterized by the dissociation constant

KD, which is also the ratio of the association and dissociation rates:

KD =
[E][L]

[EL]
=
koff

kon
. (1.4)

Here, [E], [L], and [EL] are concentrations of the free protein, free ligand, and the complex

at equilibrium. Typical KD values for drug molecules are in the range of 10−10 to 10−8 M.

At the early stage of drug discovery, the KD values are usually in the range of 10−8 to 10−5

M for ligands from high-throughput screening. The more weakly binding fragment hits

(MW 150–250 Da) from fragment-based screening22 have KD values varying from 10−5 to

10−3 M.23

At equilibrium, both the ligand and protein molecules undergo exchange between their

free state and bound states. The changes in molecular environments lead to the concurrent

changes in the relevant NMR parameters, allowing for the detection of binding or for

providing information about the binding structure. Firstly, chemical shifts, for the ligand

as well as binding sites in the protein, are expected to be affected. The significant changes

in the chemical environment for the bound ligand spins and the protein spins that have

close contact with the ligand will affect the electron density distribution. The resulting

changes in the local magnetic fields lead to the chemical shift differences for the spins

located within the binding interface. As a result, examining changes in the chemical shifts

for different residues in the protein is a straightforward approach for predicting the ligand

binding site.

The exchange rate between the free and bound form of the protein can be written as

k(protein)
ex = kon[L] + koff, or for the ligand as k(ligand)

ex = kon[E] + koff. For NMR observation,

three exchange regimes can be defined based on the comparison between the exchange
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rate and the difference in the resonance frequencies of the bound and free forms of the

ligand or protein, |∆ν|. The situation of kex � |∆ν| is considered as the fast exchange,

while kex � |∆ν| and kex ∼ |∆ν| define the conditions of slow exchange and intermediate

change, respectively.

Significant changes in the spin relaxation also occur for the small molecule ligand

upon binding to the receptor. These changes are a manifestation of the differences in the

rotational diffusion of the molecule. For calculating spin relaxation, molecular motion

is usually characterized by the correlation time τc, which is defined as the average time

for a particle to rotate by one radian. Under the assumption that molecules are rigid

spheres, the rotational correlation time is proportional to the molecular weight according

to the Stokes-Einstein equation.24 Two major mechanisms that account for the nuclear spin

relaxation are the dipole-dipole (DD) interaction and chemical shift anisotropy (CSA).24 In

both mechanisms, the magnetic field fluctuations caused by molecular motions can induce

NMR transitions, which are responsible for the relaxation processes. The quantitative

description of the effect of molecular motions on relaxation rates involves a spectral

density function J(ω):

J(ω) =
τc

(1 + ω2τ 2
c )
, (1.5)

which describes the frequency distribution of the motions. For example, the longitudinal

1H-1H cross-relaxation rate, which is due to the DD interaction of the nuclear spins, is25

σNOE =
1

10

h̄2µ2
0γ

4

r6

(
− J(0) + 6J(2ω)

)
. (1.6)

Here, µ0 represents the vacuum permeability, γ is the gyromagnetic ratio of 1H, and

r is the distance between the two protons. This cross-relaxation is the origin of the

nuclear Overhauser effect (NOE), which appears as a small change of the polarization
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of one spin when the polarization of its neighboring spin is perturbed from thermal

equilibrium. The involvement of the J(0) term in the expression of the longitudinal

cross-relaxation rate leads to the sensitive dependence of the NOE on the correlation

time τc. In addition, the sign of σNOE changes from positive for rapidly tumbling small

molecules to negative for slowly tumbling macromolecules. These features, along with the

1/r6 distance dependence, make the detection of the NOE highly useful for the structural

characterization of protein-ligand binding.

1.2.3 Chemical Shift-Based Approaches

When a ligand is added to the protein solution, the chemical shifts of protein spins

located in the binding site are affected. The method of investigating the chemical

shift changes upon binding is termed as chemical shift perturbation (CSP).26 The highly

crowded 1H spectrum of a protein leads to the necessity for isotope labeling of the protein

and multi-dimensional NMR measurements for the observation of CSP. In a standard

experiment, a series of 2D HSQC spectra are recorded when the protein is titrated with the

ligand to monitor the chemical shift changes. The experiment is applicable to both tightly

and weakly binding ligands. For high-affinity ligands in the slow exchange limit, distinct

NMR signals from the free and bound protein can be observed, while only changes in

the signal intensities of free and bound protein peaks are expected with the ligand titrated

in. In the case of fast exchange, by contrast, a single set of signals can be observed at

the weighted average of the chemical shifts from the two exchanging states, with a gradual

shift from chemical shifts corresponding to the free form to those of the bound form during

the titration.

In either the fast exchange or slow exchange regimes, the dissociation constant KD can

be determined using the observed chemical shift changes during titration. If assignments

are known, the mapped chemical shift changes can also be used for localization of the
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binding interface on the protein. The peaks with the most significant change are likely

located in the binding site. However, it is crucial to distinguish the chemical shift changes

caused by direct interaction from those originating from binding-induced conformational

change.27,28 For the attempts of using CSP to derive more detailed structural information

about the ligand binding mode, a semi-quantitative strategy has been developed, which

consists of comparing the chemical shift changes for a series of related ligands.29–31

1.2.4 NOE-Based Approaches

Intermolecular NOEs between protein and ligand. Distance restraints for ligand-

protein binding derived from 1H-1H intermolecular NOEs between protein and ligand can

be used directly as the basis for the calculation of the complex structure. Especially when

the structure of the target protein is available, a limited number of intermolecular NOEs

is sufficient for the determination of the ligand binding mode. Selective measurement of

only the intermolecular NOEs can be accomplished by isotope labeling of one component

of the complex, followed by pulse sequences equipped with isotope filtering or editing

elements.16,32 For example, a 3D 13C /15N-filtered, 13C-edited NOESY measurement using

the sample containing 13C,15N-labeled protein and unlabeled ligand allows the detection of

exclusively the intermolecular NOEs between protein and ligand (Figure 1.1a). Typically,

a relatively high concentration (> 1 mM) of the 13C or 15N labeled target protein is needed.

Protein chemical shift assignments are also necessary for the identification of individual

NOE peaks.

A second type of NOE-based NMR experiment involving the detection of only the

ligand signals exists, which relies on the fast exchange of ligand between the free and

bound forms. Ligand observation substantially reduces the consumption of protein, and

does not require isotope labeling or any assignment information of the protein. In the this

experiment, information about the bound form can be accessed by observing the signals
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from the free and bound ligands, which are collapsed into a single peak. This chemical

shift is close to that of the free ligand, since the ligand is usually in large excess over the

protein. The averaging effect also exists for other NMR parameters, such as R1 and R2

relaxation, and the NOE. The ligand resonances are strongly affected by the properties

of the bound ligand, even though it only exists as a small fraction of the total ligand

population. The transverse relaxation rate R2 is commonly used for detection of binding

in ligand screening. The parameter does not allow structural information to be extracted.

Most ligand-observed experiments intended to provide structural information about the

binding interaction rely on observation of magnetization transfer through the NOE.

Intraligand polarization transfer. The transferred NOE (trNOE) method33 is based on

the change in NOE between ligand spins, when the ligand binds to the protein. Usually,

intraligand cross-peaks are observed in 2D 1H-1H NOESY spectra. In the presence of

the macromolecular target, fast exchange leads to the averaging of the strong negative

NOE between neighboring ligand spins in the bound form with the weak positive NOE

for the same pair of spins in the free ligand. As a flexible ligand molecule in the bulk

solution adopts a single conformation upon binding to the protein, the sensitive distance

dependence of NOE results in information about the ligand conformation in the bound

state (Figure 1.1b). The trNOE experiment is especially useful for cases involving large,

highly flexible ligands such as peptides.34,35

Interligand polarization transfer. NOE based polarization transfer can also occur

between two different ligands, when binding to the same target. Two experiments

based on interligand NOEs are the protein-mediated interligand NOE for pharmacophore

mapping (INPHARMA) method36 and the interligand nuclear Overhauser effect (ILOE)

method.37,38 In INPHARMA experiments, two ligands competitively bind to the same

binding site, causing an indirect polarization transfer between the two ligands. This

process is mediated by transfer of polarization to and from the target protein. As illustrated
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Figure 1.1: Schematic representation of different NOE-based methods for obtaining
structural information about the ligand-protein binding. a) Protein-ligand intermolecular
NOE. b) TrNOE. c) INPHARMA. d) ILOE. e) STD. f) WaterLOGSY.
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in Figure 1.1c, an indirect intermolecular NOE cross-peak is observed between the protons

HL2 and HL2’, which are close to the same proton HP3 when the ligands are bound to the

target. Through these cross-peaks, information about the relative orientation of the two

ligands can be accessed. In ILOE experiments, on the other hand, both ligands bind

simultaneously in proximity to each other to the same protein. Hence, direct transfer

between the bound forms of the two ligands is considered as the major polarization

transfer pathway. Intermolecular cross-peaks are observed for protons that have a direct

close contact with each other in the binding mode, for example, the proton pairs HL1-

HL1’ and HL2-HL2’ in Figure 1.1d. In both cases, if the binding mode of other ligand

is known, the binding mode of one of the two ligands can be determined from the

experiment. In particular, the ILOE experiment has been incorporated with the structure-

activity relationships (SAR) approach.39 The structure-guided design of novel ligands can

be performed by linking the two fragment ligands that have been identified by ILOE, to

produce a new ligand with high affinity.40,41 The observation of interligand cross-peaks in

the INPHARMA depends on the complex formed with either of the two ligands present

at a comparable concentration, while the ILOE experiments rely on the formation of

a substantial amount of the ternary complex at equilibrium. As a result, besides the

basic requirements for a transferred NOE experiment, both experiments have additional

constraints for the relative ligand affinities and sample concentrations.38,42

Saturation transfer from protein to ligand. The saturation transfer difference (STD)

method43 is a ligand-based approach for the identification of binding, which has found

widespread application in drug discovery. In the STD experiment, a resonance of the

target protein is selectively saturated at a frequency far from the resonance frequencies

of the ligand (typically at a methyl group chemical shift in the range of −1.5 to 0 ppm).

The saturation propagates within the protein through spin diffusion, then transfers to the

bound ligand, and is further carried to the free ligand due to fast exchange between the
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free and bound forms. The observed ligand signals thus become reduced. A reference

experiment, in which the irradiation is applied off-resonance, is recorded subsequently.

The difference spectrum would only yield the signals if the ligand can bind to the target

protein. Structural information related to the ligand-protein interaction can be obtained

by investigating the relative magnitude of the STD signals, which reflect the closeness

of individual ligand protons to the protein. This approach is termed as group epitope

mapping (GEM).44 In Figure 1.1e, HL1 and HL2, which are in closest contact with the

protein, display the strongest STD signal, while HL4, which is not directly in contact with

the protein, gives almost no STD signal. A difference in the longitudinal relaxation times

(T 1) of individual ligand protons, nonetheless, can significantly affect the magnitude of

the observed STD signals, and hence this effect needs to be taken into account when

determining the ligand binding mode based on STD data.45,46

Saturation transfer from bulk water to ligand. The water-ligand observed via gradient

spectroscopy (WaterLOGSY) experiment is a ligand-observed method for probing protein-

ligand interactions based on transfer of bulk water magnetization to the ligand.47,48 A

WaterLOGSY experiment begins with the inversion of the water magnetization, followed

by its transfer to the bound ligand via different mechanisms. A first transfer pathway

is a direct NOE between the bound ligand and water molecules immobilized at the

binding interface, which have a residence time that is longer than 1 ns. Secondly, water

magnetization can reach the protein through exchange between water protons and labile

protein protons, and further propagate to the bound ligand through spin diffusion and

intermolecular NOE. In both mechanisms, the slowly tumbling protein-ligand complex

is involved, yielding an observed negative NOE correlation between the ligand and water

(positive waterLOGSY signal). The small molecules that only interact with bulk water,

on the other hand, exhibit a positive NOE. A WaterLOGSY experiment usually does not

provide direct information about the proximity of individual ligand protons to the binding
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interface. Nonetheless, it is possible to determine the orientation of the bound ligand

by distinguishing solvent-accessible ligand protons from buried protons. The solvent

accessibility, ligand binding, and mapping of ligand orientation by NMR spectroscopy

(SALMON) approach49,50 observes positive NOEs (negative waterLOGSY signals) for the

highly solvent exposed ligand 1H (HL4 and HL5 in Figure 1.1f), the internal motions of

which are not hindered when binding to the macromolecule. In contrast, negative NOEs

(positive waterLOGSY signals) are observed for ligand protons (HL1, HL2 and HL3) that

are buried in the binding pocket.

Methods for characterizing ligand binding to membrane proteins. Ligand-observed

approaches are not limited by the size of the protein. This is in contrast to protein-observed

methods, which are usually applicable only to protein smaller than 30 kDa.23,51 Since

the correlation time increases proportionally with the molecular weight, ligand detected

methods can achieve even larger ligand-to-protein ratios for large molecular weight (MW)

targets. Ligand-observed experiments are therefore especially suitable for the study

of membrane proteins, for example, G-protein-coupled receptors (GPCR).52,53 Recently,

applications of the ligand-observed NMR approaches have been extended to receptors on

living cells. An example is the structural characterization of cyclopeptide ligands binding

to integrin αvβ3 and CD13 on different tumor cells using 2D tr-NOESY.54 In another

application, structural information about the ligand binding mode obtained from ligand-

based NMR experiments with living cells has contributed to the design of novel ligands

that show improved affinity for Siglec-2 (CD22)55 and CXCR4.56

1.2.5 Paramagnetism-Based approaches

Magnetic properties of nuclei can be strongly affected by the presence of nearby

unpaired electrons due to the large electron spin magnetic moment. This feature leads

to an alternative approach for structural characterization of protein-ligand binding. The
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protein or the ligand molecule can be coupled with a paramagnetic tag, either a radical

label or a paramagnetic metal ion. Long-range distances between the paramagnetic

center and nuclei can then be measured through the paramagnetic effect. Three types of

paramagnetic effects are commonly used, namely paramagnetic relaxation enhancement

(PRE), pseudocontact shift (PCS), and residual dipolar coupling (RDC). These effects

are measured as differences in relaxation rates, chemical shifts, and coupling constants,

respectively, between the samples in the paramagnetic and diamagnetic states.

PRE is manifested as the enhancement of relaxation rates of a nuclear spin caused by

the dipolar interaction between the nuclear spin and a nearby unpaired electron spin. PREs

exist in any paramagnetic system. They induce line broadening in the NMR spectrum,

which has been widely used in ligand screening.57–59 Both PCSs and RDCs depend

on the nonvanishing magnetic susceptibility anisotropy tensor (∆χ) associated with the

paramagnetic center. To cause these effects, usually a lanthanide ion60 is tagged to either

the ligand60,61 or the protein.62,63 The PCS is manifested as a change in chemical shift,

which can provide structural information by giving the relative position (both the distance

and angle) of the nuclear spins with respect to the paramagnetic center. A large ∆χ-

tensor causes a partial molecular alignment in the external magnetic field, leading to the

observation of a change in peak splitting. The RDCs can provide structural information

about the orientation of coupled spin pairs. Among the three paramagnetic effects, PCS has

become the most popular for structure determination of protein-ligand complexes60,64 due

to the straightforward measurement of the chemical shift changes and the ability to obtain

both distance and angular restraints.65 A distance dependence on r−3 of PCS, in contrast

to an r−6 dependence of PRE, enables the measurement of long-range distances up to 40

Å. In the case when it is possible to attach paramagnetic metal ions at different sites of

the target protein, one at a time, the locations of the ligand spins can be unambiguously

determined.66,67
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1.3 Combined NMR and Molecular Docking

1.3.1 Protein-Ligand Docking

Computational methods play an increasingly important role in drug discovery.

Molecular docking of small molecules to the protein binding pocket allows for the

determination of ligand binding modes.68,69 It has been widely applied in structure-based

drug design since the creation of the first docking program DOCK in the 1980s.70

Protein-ligand docking requires the known 3D structure of the protein target with

its active site identified. Successful docking relies on the performance of two major

components. These include a search algorithm for efficient sampling the configurational

and conformational degrees of freedom for the ligand in the active site, and a scoring

function to correctly rank the predicted docking models with no ambiguity.71 In early

reported docking methods, usually, all degrees of freedom of the ligand are explored,

while the protein is treated as a rigid body. However, the flexible protein molecule can

undergo structural changes upon ligand binding, which may range from small side-chain

conformational changes to substantial domain rearrangements. Therefore, the treatment

of protein flexibility can have a major impact on the accuracy of the docking results.

Recent docking programs have incorporated degrees of flexibility for the protein binding

site, while maintaining computational efficiency.72–74 More than 60 docking programs

based on different search algorithms and scoring functions have been developed in the

last two decades, including DOCK,70,75 Autodock,76,77 Autodock vina,78 GOLD79, and

others. Recent evaluations of the performance of docking programs80–82 have revealed

that efficient ligand conformational sampling can be ensured in most circumstances.

However, the ability of scoring functions to consistently differentiate the correct pose still

remains a challenge.83 To overcome this limitation, experimental constraints from NMR

spectroscopy, which contain direct structural information on the protein-ligand complex,
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can be incorporated with the docking to improve the accuracy of pose assessment. The

NMR-derived information that is used to guide the docking process or filter the docked

poses can be based on NOEs, chemical shifts or parmagnetic effects.

1.3.2 Use of Chemical Shift Data in Docking

Chemical shift perturbation (CSP) data has been extensively exploited in combination

with molecular docking. Mapping the HN chemical shift changes during ligand titration

measured in 2D 1H-15N HSQC allows the identification of the ligand binding site.

Localizing the binding interface is an essential step required before the molecular docking

process. In one approach, the location of ligand binding is identified through chemical

shift perturbations, which are assumed to be primarily due to electron ring currents of

aromatic ligands.84 The probability of finding the center of the ring is represented by a

dot sphere centered on each perturbed HN. The ligand binding site is then identified as a

region with high dot density.

For assisting in a structure calculation of the binding interface, a common strategy

involves using CSP defined distance restraints to guide the docking process. In the

HADDOCK85 and LIGDOCK86 programs, CSPs are converted into distance restraints

between atoms of the protein and the ligand. The docking process is driven by the

combination a defined penalty function from the violation of the experimental CSPs and

the force field-based energy.

Another strategy relies on the comparison of simulated CSPs from pre-docked

structures with experimental data. In the AutoDockFilter program, the magnitude of the

CSP is assumed to be proportional to the distance between an observed amide proton and

the nearest ligand atom.87 The calculated pseudodistance is utilized for post-filtering of

the docking models. In this approach, however, the chemical nature of the ligand is not

taken into account. For example, it is not considered that ring currents from an aromatic
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ring cause larger chemical shift changes compared to other effects. A more sophisticated

simulation of the CSPs based on the ring current effects was developed by McCoy and

Wyss.88 Following this protocol, simulated and experimental CSPs were compared for

determining the ligand binding modes in a few protein-ligand systems.89–91 Rather than

considering the complex-induced chemical shift changes for protein protons, Wang et al.

developed a protocol for determining the binding site structure based on chemical shift

changes for ligand protons.92,93

1.3.3 Use of NOE Data in Docking

Methods that use NOE-based experimental results to assist molecular docking can be

divided into two categories. Methods in a first category define distance restraints from

NOE data, while the second category relies on back-calculation of the NOE results based

on pre-docked structures.

In the first category, distance restraints between protein and ligand protons are

extracted from observed protein-ligand intermolecular NOEs. The NOESY crosspeak

intensities are usually converted into upper and lower bounds on the proton-proton

distances. These derived distance restraints can be included in computational docking

methods, for example serving as ambiguous interaction restraints in HADDOCK

and LIGDOCK. Even sparse NOE data can provide sufficient information for the

determination of a ligand binding mode. The structures of small molecules binding to

heat shock protein 90 (Hsp90),94 as well as to disulfide-dithiol oxidoreductase (DsbA),95

were successfully solved by approximately 20 intermolecular NOEs.

In the second category, the NOE data is back-calculated based on the pre-docked

structures by simulating the entire polarization transfer process for all involved protein

and ligand spins.96 Moseley et al. developed the Complete Relaxation and Conformational

Exchange Matrix Analysis (CORCEMA) to study the trNOE data by predicting intensities

16



of NOESY cross-peaks at different mixing times.97,98 In CORCEMA, free ligand, free

protein, bound ligand and bound protein spins are treated separately. The time evolution

of NMR signal intensities for all species are simulated using a system of first-order

differential equations. The full dynamic matrix composed of all rate constants in this

system of equations is defined by the sum of a relaxation matrix and a kinetic matrix. In the

relaxation matrix, the diagonal elements are auto-relaxation rates ρi for individual proton

spins, which quantify the dependence of the magnetization evolution of the Ii spin on

its own deviation from equilibrium. The off-diagonal elements are cross-relaxation rates

σij accounting for exchange of magnetization between two protons. The kinetic matrix

describes the kinetics of the reversible binding process for chemical exchange between the

free and bound states of both the protein and ligand.

The CORCEMA theory can be applied to calculate time dependent NMR signal

intensities in all types of NOE-based experiments. For different NOE-based experiments,

specific modifications should be made for the simulation process, which include the

selection of protons involved in the calculation, as well as which spins are initially

perturbed from thermal polarization. Jayalakshmi et al. extended the application of

the CORCEMA theory for quantitative analysis of STD data. In the calculation, protein

protons are divided into two classes: protons experiencing direct RF irradiation, and the

remaining protons receiving saturation indirectly through spin diffusion.99 Based on the

theory, an STD-NMR Intensity-restrained CORCEMA Optimization (SICO) procedure

was developed, which couples the CORCEMA-based calculation with the simulated

annealing to refine the ligand bound conformation in the binding pocket.100 The ligand

torsion angles are modified to minimize a scoring function describing the agreement

between the experimental STD data and CORCEMA prediction.

When two different ligands are involved, both the INPHARMA and ILOE experiments

provide the relative orientation of the two ligands. As described above, the binding mode
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of one ligand can be derived if the binding mode of the other ligand is known. Recently,

methods have been developed to combine the INPHARMA results with molecular docking

and full relaxation and exchange calculation to determine the binding modes of both

ligands simultensouly.42,101–103 In the calculation, poses for each of the two ligands are

generated by docking, and a pair of correct ligand structures is selected by comparison of

the predicted and experimental INPHARMA NOEs. For the protein kinase A (PKA) and

two inhibitors, the accuracy of binding mode prediction was improved compared to using

exclusively an energy-based function for pose ranking.104

1.4 Dissolution DNP Enhanced NMR in Structural Characterization of Ligand-

Protein Interactions

1.4.1 Dissolution DNP

Although NMR spectroscopy can provide detailed structural information about

protein-ligand complexes, a major limitation is low sensitivity. The sensitivity of NMR

signals is directly related to the nuclear spin polarization P . For example, at the

temperature of 300 K and an applied magnetic field of 9.4 T, the equilibrium polarization

for 1H spins is 3×10-5. This number, which is much smaller than unity, illustrates a

potential for substantial sensitivity improment. According to Equation 1.2, the equilibrium

spin polarization can be increased with a stronger magnetic field or lower temperature.

Nonetheless, even the highest magnetic field available in a superconducting magnet is

not able to provide an enhancement in polarization of more than a few times, and low

temperature measurements are often not applicable for biological studies.

However, the spin polarization can be increased transiently with methods termed

as hyperpolarization. Several hyperpolarization techniques have been developed,

including dynamic nuclear polarization (DNP),105–107 parahydrogen induced polarization

(PHIP),108–110 spin-exchange optical pumping (SEOP).111 Among them, DNP is a versatile
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method, which is capable of polarizing many nuclei, such as 1H, 2H, 19F, 13C, 15N, 29Si,

31P,112 in a wide range of molecules.

For liquid state NMR measurements, dissolution DNP (D-DNP) was first described by

Ardenkjare-Larsen et al. in 2003. This method can achieve over 10,000 times of sensitivity

enhancement compared to typical NMR signals acquired at thermal polarization.113

Hyperpolarization of the nuclear spins is generated in the solid state at a temperature

of about 1 K. This process relies on polarization transfer from the unpaired electron

spins of free radicals to the nuclear spins while microwave irradiation is saturating an

electron spin transition. For efficient polarization transfer, the molecule of interest and

the radicals are prepared in a glass-forming solvent to assure homogeneous mixing. The

frozen sample is then dissolved by a pre-heated solvent, and rapidly injected into the NMR

spectrometer for liquid state NMR experiments. D-DNP has initially been designed for use

with magnetic resonance imaging (MRI) for in vivo study of biological processes.114,115 A

variety of D-DNP NMR experiments have also been developed for the investigation of

chemical reactions or processes by monitoring the time evolution of NMR signals,116–119

as well as the study of spin dynamics by measuring spin relaxation120,121 or polarization

transfer.122–125

A limitation of the D-DNP technique is the non-renewability of the hyperpolarization,

which prevents the application of conventional multi-dimensional experiments used

for obtaining structural information. Progress has been made to accomplish the fast

acquisition of correlation spectra. An ultrafast 2D NMR method with single-scan

acquisition utilizing pulsed-field gradients for spatial encoding was demonstrated by

Frydman and coworkers.126,127 In another approach, 2D NMR spectra are acquired

sequentially with variable flip-angle excitations to maintain the same consumption

of hyperpolarization in each scan.128 Schanda et al. have introduced the 2D band-

selective optimized-flip-angle short-transient (SOFAST) experiment, which allows two-
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dimensional NMR spectroscopy with short interscan delays.129,130 This method has

recently been applied for acquiring 2D NMR spectra of proteins receiving polarization

transfer from hyperpolarized water.131–133 Other approaches for fast multi-dimensional

signal acquisition exploit sparse sampling, which allows obtaining correlation spectra from

a small number of points in the indirect dimension. These methods include nonuniform

sampling (NUS),134 as well as Hadamard spectroscopy.135 In the latter, only several

chemical shifts of interest are encoded with selective radiofrequency pulses according to

a Hadamard matrix, and subsequently reconstructed into indirect spectral information.

The small number of required data acquisitions makes it well suited for use with

hyperpolarization.136

1.4.2 Investigating Protein-Ligand Interactions Using Transfer of

Hyperpolarization

NOE is proportional to the deviation from equilibrium polarization of the source spin.

In a traditional NOE experiment, the maximum deviation can be twice the equilibrium

value from inversion of the source spin. D-DNP can prepare a hyperpolarized source

spin that displays a deviation from equilibrium that is orders of magnitude larger, leading

to an enhancement of the NOE. For the study of protein ligand interactions, the small

molecule ligand may be hyperpolarized and injected into a protein solution for NMR data

acquisition. In principle, almost all types of conventional NOE-based NMR experiments

for structure elucidation of protein-ligand complexes can be modified to incorporate

the D-DNP technique. These experiments provide structure-related information through

monitoring of the hyperpolarization transfer by intermolecular or intramolecular NOE.

Lee and coauthors have developed a method using hyperpolarization with protein-

mediated interligand NOEs,137 which is similar to the INPHARMA experiment. This

method was demonstrated with protein kinase A (PKA) and two competing ligands. 1H
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spins of ligand 1 were hyperpolarized using D-DNP. Polarization transfer to ligand 2

mediated by protein 1H spins in the binding pocket was monitored by measuring time-

dependent signal changes for both ligands by multi-scan NMR with small flip angle

excitation. The difference in the build-up rates for individual ligand 2 spins reveals their

relative proximity to the protein binding interface, which provides structural information

for the binding mode of ligand 2. This experiment does not provide direct 1H-1H

correlation information between protons of the two ligands, since the origins of the

hyperpolarization from ligand 1 can not be distinguished. Hence, knowledge about relative

orientation of the two ligands is not directly accessible. Still, the possibility of predicting

binding modes of both ligands using computational methods were demonstrated.

An implementation of combining the WaterLOGSY experiment with the D-DNP

method was reported by Chappuis et. al.,124 In a demonstration with the protein DOt1L

and its ligand, water molecules were hyperpolarized on their 1H spins and injected into a

solution containing the protein and ligand. Enhancement was observed for both the protein

and ligand signals. Hyperpolarization of water rather than the ligand makes this approach

applicable without the need to polarize different kinds of ligand molecules. Recently,

the method of investigating polarization transfer from water to ligand has been integrated

with the multi-dimensional NMR to characterize the interaction between a peptide and the

liposomes.138 Hyperpolarization transfer directly from water protons to the peptide amide

protons leads to the enhanced signals observed in a fast 2D COSY spectrum of the peptide.

Differences in the signal losses in the presence of liposomes allowed the identification of

solvent shielded sites of the peptide, providing information about the orientation of the

peptide interacting with the liposome. This approach is similar to the SALMON (solvent

accessibility, ligand binding, and mapping of ligand orientation by NMR spectroscopy)

method49,50 described previously to derive ligand binding epitope by identification of

solvent-accessible protons. Theoretically, the method of using hyperpolarization transfer
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from water to map ligand orientation can also be applied to a protein-ligand system.

However, direct structural information about the interaction is still challenging to extract

due to the complexity introduced by coexisting polarization transfer pathways, including

different NOEs and chemical exchange.

Another ligand-observed NOE based method, the trNOE experiment, is also

compatible with D-DNP. Unlike INPHARMA and WaterLOGSY that investigate

polarization transfer between different molecules, the trNOE experiment relies on

observation of intraligand NOEs. The non-selective hyperpolarization of the ligand spins

by DNP requires additional selection of specific ligand peaks, for example by saturation. In

Chapter 2, we develop a method using hyperpolarized trNOE to study interactions between

immobilized avidin and its ligand 4′-hydroxyazobenzene-2-carboxylic acid (HABA).

Besides the ligand-observed NMR experiments, the large polarization provided by the

dissolution DNP can also be beneficial for NMR experiments based on the observation

of protein signals. The mixing of the hyperpolarized ligand with the protein solution

leads to the polarization transfer from the ligand to the protein through intermolecular

NOE. Min et al. observed the buildup of enhanced protein signals after the hyperpolarized

ligand benzamidine was injected into to the solution of its target protein trypsin.123 The

“fingerprint” of the enhanced protein signals differed from the pattern of the protein

signals record at thermal equilibrium, while it matched the frequency profile of an STD

experiment. The selective enhancement of the protein signals originates exclusively from

the hyperpolarized ligand 1H spins that are in close contact with the protein. However,

the crowded protein 1H signals obtained in 1D NMR does not allow identification of

individual protein resonances. In Chapters 3-5, we demonstrate the direct observation of

polarization transfer from the hyperpolarized ligand folic acid to the protein dihydrofolate

reductase (DHFR). Using 1D 1H NMR with a 13C filter or rapid multi-dimensional NMR,

resolved NOE signals can be obtained, which carry essential correlation information. We
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then develop a method for combining the experimental NOE restraints with computational

docking for the determination of the ligand binding mode.
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2. AMPLIFICATION OF NUCLEAR OVERHAUSER EFFECT BY

HYPERPOLARIZATION FOR SCREENING OF LIGAND BINDING TO

IMMOBILIZED TARGET PROTEINS

2.1 Introduction

Nuclear magnetic resonance (NMR) spectroscopy plays an essential role in the drug

discovery process for the characterization of protein-ligand interactions. It enables both

the fast screening for ligand binding, as well as the determination of full binding epitope

structures at atomic resolution.139,140 A limitation for the application of NMR spectroscopy

is the comparably large amount of protein and ligand that is needed. Observing NMR

signals of the small-molecule ligand instead of the protein target reduces the demand

for the target, with the additional advantage that there is no limitation on its molecular

weight. Ligand-observed measurements rely on fast exchange between the free and bound

forms of the ligand, which causes averaging of observable parameters that change upon

binding. Such parameters include chemical shift, spin relaxation rates, as well as cross-

relaxation rates that may be manifested as cross-peaks in nuclear Overhauser effect (NOE)

spectroscopy.51,141,142

The amount of protein needed in ligand observed NMR experiments can be further

reduced by immobilizing the target proteins on a solid support, so that they can be easily

reused. The target immobilized NMR screening (TINS) method capitalizes on this option

by immobilizing the protein on Sepharose beads. Binding is detected by line broadening

of the ligand signal caused by a change in T2 relaxation. With this method, a library of

2000 compounds can be screened using only 3-5 mg of the target.143 This method has

been applied to thermostabilized (StaR) G protein-coupled receptors (GPCRs), which are

integral membrane proteins,144,145 in addition to water soluble proteins.
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The T2 relaxation parameter provides for a robust identification of binding, but does

not contain detailed information on molecular structure. The bound ligand structure can

be accessed through transferred NOEs (trNOEs), which are also measured solely from

the ligand signals.33,146 When the requirement of fast exchange is met, NOE signals are

averaged over the free and bound forms of the ligand. Due to the significantly longer

rotational correlation time of the bound ligand, strong negative NOEs are visible in these

signals even at low protein concentration. TrNOE spectroscopy has been applied to

purified targets including membrane proteins,147 as well as to targets on living cells.54

NOEs cause only a fractional change in the observed signal from a spin upon

perturbation of the equilibrium Zeeman population distribution of a nearby spin,

exacerbating the sensitivity limitations of NMR. The signal in the observation of the NOE

can be increased by hyperpolarization of nuclear spins, such as with the dynamic nuclear

polarization (DNP) technique.113 Specifically, dissolution DNP allows the generation of a

large non-Boltzmann polarization for typical ligand molecules in solution. The resulting

deviation from the equilibrium population distribution is several orders of magnitude

larger than can be achieved with saturation or inversion pulses in a traditional NOESY

experiment. With the sensitivity enhancement gained in dissolution DNP experiments, the

observation of NOE signals becomes possible in a single scan under nearphysiological

conditions. In our previous work, we have obtained structural information on binding

interfaces by observation NOE based polarization transfer from hyperpolarized ligands to

the protein, as well as among competitively binding ligands.123,137,148

Here, we introduce a method for the measurement of trNOE for a ligand binding to

an immobilized target. We demonstrate that this method can detect the protein-ligand

interaction, and also provide pertinent structural information on the ligand binding mode

through the determination of cross-relaxation rates between ligand 1H spins.
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2.2 Experimental Section

Avidin coated polystyrene beads (0.5% w/v in PBS buffer, 6.0-8.0 µm diameter) were

purchased from Spherotech (Lake Forest, IL). A concentrated stock solution of beads

was prepared by centrifugation at 3000×g for 15 minutes. The binding capacity of the

concentrated solution was estimated using a sepctrophotometric assay.149. It was assumed

that the bead solution has the same binding capacity for HABA as for the strong ligand

biotin. The binding capacity for biotin was determined based on the measurement of the

amount of biotin left when removing the biotin-bound bead after adding a certain amount

of biotin. 10 µL of 40 µM biotin solution was added to 30 µL of the bead solution,

followed by incubation for 5 min and centrifugation for 5 min. The concentration of biotin

left in the supernatant was quantified using the HABA/avidin colorimetric assay.150 The

supernatant was added to the HABA-avidin solution, causing the displacement of HABA

from the complex. The decrease of absorbance of the HABA-avidin complex at 500 nm

(A500) was measured (Figure 2.1). A control experiment was performed by replacing the

supernatant with 10 µM biotin solution. The binding capacity of the bead stock solution

was determined as 8.9 µM. The manufacturer reported binding capacity is 0.05 nmole

biotin per milligram of 0.5 % w/v bead suspension in PBS buffer, which corresponds

to a bead concentration of 0.25 µM. The optical density at 600 nm OD600 values for

the original solution and the concentrated bead solution were measured as 4.13 and 162,

respectively. Therefore, the binding capacity of the concentrated bead solution according

to the manufacturer is 9.8 µM, which is within 10 % of the value determined above. The

optical density at 600 nm of this stock solution was measured as 162. The dilution factor

for the bead suspension after each dissolution experiment was quantified by measuring

OD600.

DNP samples were prepared with 6.7 mM 4′-hydroxyazobenzene-2-carboxylic acid
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Figure 2.1: Decrease in absorbance of the HABA-avidin complex at 500 nm (A500) when
titrating 150 µL (Vi) HABA-avidin solution with the supernatant from the bead solution
and the control biotin solution (10 µM), respectively. Va represents the volume of the
sample/control solution added. The absorbances were normalized by the total sample
volumes, as A500(norm) = A500 × (Va + Vi)/Va. The biotin concentration in the sample
supernatant was determined as 3.3 µM.

(HABA; Thermo Fisher Scientific, Fremont, CA) and 15 mM 4-hydroxy-2,2,6,6-

tetramethylpiperidin-1-oxl (TEMPOL) in D2O/DMSO d6 (1:1 v/v; Cambridge Isotope

Laboratories, Tewksbury, MA). 10 µL aliquots were hyperpolarized in a HyperSense DNP

polarizer (Oxford Instruments, Abingdon, U.K.) at a temperature of 1.4 K. Microwave

irradiation was applied for 20 min at a frequency of 94.005 GHz and a power of 100 mW

for 1H polarization. The hyperpolarized sample was then dissolved in 4 mL phosphate

buffer (50 mM, pH = 7.4), which had been heated to reach a vapor pressure of 0.6 MPa.

The dissolved samples were transferred into the loop of a fast injector.151 The samples were

then injected into a 5 mm NMR tube located in a 400 MHz NMR spectrometer equipped

with a broadband observe probe (Bruker Biospin, Billerica, MA). Injection occurred with

a forward pressure of 1.81 MPa N2 gas against a back pressure of 1.03 MPa. In the NMR
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Figure 2.2: Pulse sequence for DNP NMR experiments. The hyperpolarized sample was
transferred from the injection loop into the NMR instrument during the injection time
of 420 ms. The NMR experiment was then triggered after a stabilization time of 100
ms, starting with a 500 ms saturation pulse applied at the resonance frequency of one
ligand peak. 32 spectra were measured with small flip angle pulses, and the time interval
between excitation pulses was 0.35 s. Solvent suppression was performed in each scan by
selectively exciting the water resonance with EBURP shaped π/2 pulses, and dephasing it
by randomized pulsed field gradients Gx, Gy and Gz. Right before the first acquisition,
the selective ligand resonance was suppressed similarly by combination of EBURP shaped
π/2 pulses and pulsed field gradients.

tube, the sample mixed with 40 µL phosphate buffer, concentrated solution of polystyrene

beads coated with avidin, or bead solution with additional 20 µM biotin, which had been

pre-loaded.

After sample injection and stabilization, multi-scan NMR experiments were conducted

with small flip angle excitations following suppression of one ligand resonance

(Figure 2.2). The final concentrations of HABA for each experiment were calculated

by comparing 1H signal integrals measured after completion of the hyperpolarized

experiments with those from a reference HABA sample with known concentration. The

concentrations of the avidin binding site were determined as previously described using

OD600.

2D NOESY spectra were acquired on a 500 MHz NMR spectrometer with a TCI

cryoprope (Bruker Biospin) with varying mixing time (τm = 0.3, 0.5, 0.7 s). Samples

containing 100 µM HABA, 100 µM HABA with 5 µM avidin and 100 µM HABA with

avidin coated polystyrene beads were measured respectively. 128×4096 complex points
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were collected in the indirect and direct dimensions with t1,max = 9.8 ms and t2,max = 315

ms, respectively. During the measurements of polystyrene beads, the sample was taken

out of the spectrometer for remixing after every 32 scans. Cross-relaxation rates were

determined by a linear fit of the volume ratios of the cross-peaks to the diagonal peaks

(Across/Adiagonal) vs. τm curve. The concentration of the avidin was determined based on

the molar extinction coefficient of 25,000 cm−1M−1 per binding site at 282 nm.150

The data from the DNP NMR experiments were processed with an exponential window

function (4 Hz line broadening) and Fourier transformed using Topspin software (Bruker

Biospin). The baseline was corrected with a fifth-order polynomial. Integrals of peaks

from Ha and Hb were calculated. The Time evolution of the two signals can be described

by the Solomon equations for a system consisting of two spins:152

d(Ia − Ia(eq))

d t
= −ra(Ia − Ia(eq))− σ(Ib − Ib(eq)) (2.1)

d(Ib − Ib(eq))

d t
= −rb(Ib − Ib(eq))− σ(Ia − Ia(eq)) (2.2)

Ia, Ib represent signal integrals for spin Ha and Hb and Ia(eq), Ib(eq) are the integrals at

thermal equilibrium. Time dependent signal integrals of Ha and Hb were fitted by repeated

numerical solution of Equation 2.1 and 2.2 for periods between two successive pulses. An

additional signal depletion of a factor of cos(α) was included for each small flip angle

excitation.125 The fitted parameters include the auto-relaxation rates ra and rb for spins Ha

and Hb, and the cross-relaxation rate σ between the spins.

For the trials with avidin coated beads, σb, was calculated with the fitted σ, already

determined σf, and the bound fraction of ligand, Xb, using σb = (σ − Xfσf)/Xb.

Here, Xb was determined with known concentrations of HABA, [L]t, and avidin

binding sites, [P ]t the dissociation constant Kd, using Xb = ([P ]t + [L]t + Kd −√
([P ]t + [L]t +Kd)2 − 4[P ]t[L]t)/2[L]t.
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2.3 Results and Discussion

The 1H spins of 4′-hydroxyazobenzene-2-carboxylic acid (HABA), were

hyperpolarized using dissolution DNP. The binding to the protein was characterized

by intraligand trNOE measurements utilizing the nuclear spin hyperpolarization. Two

multi-scan NMR data sets, each acquired from a single hyperpolarization experiment,

are shown in Figure 2.3. The spectra in Figure 2.3a and b are from a solution containing

polystyrene beads coated with avidin. For comparison, spectra from a second experiment

without the bead particles are shown in Figure 2.3c and d.

Detection of the intraligand NOE was accomplished by observing polarization transfer

to a pre-suppressed ligand spin, which was Ha in both experiments shown in Figure 2.3.

The polarization originated from a neighboring hyperpolarized spin in the target molecule.

The D-DNP technique hyperpolarizes all spins of the same type of nucleus in a molecule,

therefore the suppression of the target spin signal from its highly enhanced state was

necessary. This suppression was achieved before the acquisition of the first transient, by

irradiating the ligand signal for Ha with both a continuous saturation pulse and a series

of selective shaped pulses. After suppression, a transient build-up of NOE signal was

observed. The suppression of one ligand signal is confirmed in the first scan (Figure 2.3b

and d, top). Since the NOE with a 1/r6 dependence is highly sensitive to the distance

between the participating spins, in the following only polarization transfer between spin

pair Ha and Hb is considered (see ligand structure in Figure 2.3e).

When only the ligand is included in the experiment and no protein containing beads

are present, the signal of Ha at first rapidly reduces to negative signals, reaches a negative

maximum (Figure 2.3d, bottom) and slowly approaches to the thermal equilibrium

in the end. Meanwhile, the signal from Hb decays exponentially from its originally

hyperpolarized state. In contrast, in the presence of protein coated beads, the signal for Ha
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Figure 2.3: a) Time-resolved series of 1H NMR spectra of hyperpolarized HABA (63.5
µM) with avidin coated polystyrene beads (0.83 µM binding site) after suppression of Ha.
The spectra were acquired with a 22.5◦ flip angle excitation pulse at intervals of 0.35 s.
The spectra for the first 5.25 s from a total of 10.85 s acquired are shown. b) 1D spectra
from (a), including the first scan taken right after complete signal suppression at t = 0 s,
and the spectrum showing maximum NOE taken at t = 0.7 s. c) The same panels as in
(a), from only hyperpolarized HABA (65.7 µM) without beads. d) 1D spectra from (c),
including the first scan at t = 0 s and the scan showing the largest negative NOE signal
taken at t = 1.75 s. e) Tautomers of HABA. The free ligand exists in the azo form shown
to the left, while the bound ligand is the hydrazone tautomer shown to the right.
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increases until a positive maximum is reached (Figure 2.3b, bottom), and then gradually

returns to its thermal equilibrium value. This qualitative difference is attributed to the

change in sign of the cross-relaxation rate (σ), which gives rise to the NOE. The small

molecule ligand alone exhibits a short correlation time for its rotational motion, resulting

in a positive cross-relaxation rate and negative NOE build-up. When the ligand binds to

the larger receptor, it takes on the motional properties of the macromolecule within the

residence time of its bound state, giving a large correlation time and hence a positive NOE

build-up.

An average signal enhancement factor of 3300 for free ligand 1H spins in the 400 MHz

NMR spectrometer was observed (Table 2.1). When the protein coated beads were added,

the increased T1 relaxation led to a lower enhancement factor, which was approximately

2000. Still, the significant signal enhancement allowed single-scan detection of the NOE

signal, which appeared as only 2% of the signal from the unsuppressed hyperpolarized

NOE source spin, for ligand concentration of 63.5 µM and binding site concentration of

0.83 µM. The maximum NOE signal observed (Figure 2b) during the acquisition gave a

signal-to-noise ratio of 17. Maintaining a similar bound ratio for the ligand, the detection

limit would be around 10 µM ligand with a binding site concentration of 0.2 µM on

beads. Here, the DNP NMR measurements were performed on a 400 MHz spectrometer

with a room-temperature probe. A cryoprobe would provide an additional 3-4 times of

enhancement that is independent of the polarization.153

Quantitative values for the auto-relaxation rates of spin Ha and Hb, as well as cross-

relaxation rates between the two spins were obtained by fitting the time evolution of

the NMR signals using the Solomon equations (Equation 2.1 and 2.2 in Experimental

Section).152 The fitting results for hyperpolarized experiments with only HABA and

those with HABA and pre-loaded avidin coated beads are given in Figure 2.4a and b,

respectively. For each sample condition, two sets of data are shown for experiments with
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Figure 2.4: Time dependence of 1H signal integrals of Ha and Hb demon-strate polarization
transfer to a pre-suppressed target spin (Ha or Hb) from the other unsuppressed source
spin. The integral values, Ia(t) and Ib(t) were normalized by the integral from the
unsuppressed peak in the first scan as Ia(0) for Hb suppression or Ib(0) for Ha suppression.
a) Hyperpolarized HABA. The left panels show the data set with signal suppression on Ha.
The fitted cross-relaxation rate is σ = 0.057 s−1. The right panels give the results for the
data with signal suppression on Hb, σ = 0.059 s−1. b) Hyperpolarized HABA with avidin
coated beads. The fitted cross-relaxation rates are σ = −0.055 s−1 with Ha pre-suppressed
(left) and σ = −0.074 s−1 with Hb pre-suppressed (right).
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Exp no. cHABA (µM) cbinding site(µM) Xb
Peak

ε (a/b) ra (s−1) rb (s−1) σ (s−1) σb (s−1)
suppressed

1 66.9 - - a 3.26E+03 0.28 0.34 0.066 -
2 65.7 - - a 3.67E+03 0.23 0.33 0.057 -
3 66.6 - - a 2.84E+03 0.22 0.34 0.056 -
4 69.7 - - b 3.12E+03 0.27 0.27 0.058 -
5 69.7 - - b 3.06E+03 0.28 0.28 0.056 -
6 67.6 - - b 4.01E+03 0.27 0.28 0.059 -
7 63.5 0.83 0.12 a 2.11E+03 1.00 0.75 −0.055 −9.48
8 90.4 0.83 0.009 a 2.59E+03 0.87 0.67 −0.032 −8.48
9 64.7 1.15 0.016 b 1.74E+03 0.76 1.00 −0.074 −10.45
10 68.4 0.90 0.012 b 2.07E+03 0.67 0.84 −0.045 −8.13
11 73.9 0.54 0.007 a 2.74E+03 0.24 0.45 0.025 -

Table 2.1: Experimental parameters and fitted results of the DNP trNOE experiments
with hyperpolarized HABA. Exp no. 1-6: HABA only; Exp no. 7-10: HABA mixed
with preloaded avidin coated polystyrene particles; Exp no. 11: HABA with preloaded
beads and biotin. The enhancement factor ε for the unsuppressed signal (a or b) was
determined by comparing the peak integral from the first scan of the DNP experiment with
the reference spectrum measured under thermal polarization for the unsuppressed peak. ra,
rb, and σ were obtained from fitting the time evolution σf peak integrals simultaneously
for signal a and b using the Solomon equations (Equation 2.1 and 2.2). σb was determined
when immobilized protein is involved, based on the overall cross-relaxation rate σ with
determined cross-relaxation rate for free ligand σf and the bound fraction Xb (Formula in
Experimental Section).

suppression pulses applied on spin Ha or Hb. Despite the choice of the pre-suppressed

peak, similar trends are observed in the decay curves of the source spin signal, as well as in

the build-up curves of the NOE signal. The fitted parameters along with the experimental

conditions for a total of six NMR measurements with only hyperpolarized HABA and a

total of four experiments with hyperpolarized HABA and preloaded avidin coated beads

are summarized in Table 2.1. Among the 6 trials with no bead present, consistent

cross-relaxation rates, a cross-relaxation rate σf = 0.059 ± 0.004 s−1 for free HABA was

obtained, where the range indicates the standard deviation of the results from the individual

measurements. Since this cross-relaxation occurs between two spins in the same molecule,

it is, as expected, independent of the concentration. For the four trials with the avidin
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Figure 2.5: Titration of avidin with HABA. The affinity was determined by measuring the
absorbance at 500 nm using UV/Vis spectrophotometry. A molar extinction coefficient of
35500 cm−1M−1 for the HABA-avidin complex155 was used for calculating the complex
concentration [HABA·Avidin]. The fraction of bound protein was fitted with the equation
[HABA ·Avidin]/[Avidin]t = [HABA]/([HABA]+Kd). The dissociation constantKd was
determined as 5.9 ± 0.6 µM.

coated beads, the directly derived σ values vary for the different samples, ranging from σ =

−0.032 s−1 to −0.074 s−1. Here, σ is the weighted average of the cross-relaxation rates in the

free (σf) and bound forms (σb). Hence, it depends on the bound fraction of the ligand Xb,

which was calculated for each sample with known ligand and protein concentrations and

the dissociation constant Kd (see Experimental Section). Kd was determined by UV/Vis

photometry as 5.9± 0.6 µM (Figure 2.5), in agreement with the previously reported value

of 6 µM.154 Using the above determined σf, combined with Xb, the cross-relaxation rate

for the bound form was found to be σb(p-b) = −9.1 ± 1.1 s−1.

This result is close to the value of −7.47 s−1 determined by a series of non-

hyperpolarized 2D 1H-1H NOESY measurements at 500 MHz (Figure 2.7 and 2.8). The

degree of deviation in the cross-relaxation rates caused by different field strengths can be

estimated using using the following equations, which take into account only the dipolar
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Figure 2.6: Calculated cross-relaxation rate for a 1H-1H dipolar spin system at 400 MHz
and 500 MHz. Equation 2.3 and 2.4 were used to perform the calculations with r = 2.5 Å.

relaxation in a two-spin system.24

σ =
(µ0

4π

)2γ4
Hh̄

2

10

1

r6
[(−J(0) + 6J(2ω)] (2.3)

J(ω) =
τc

1 + (ωτc)2
(2.4)

γH is the gyromagnetic ratio of the proton and r is the spin-spin distance. σ values two

different field strengths corresponding to 1H frequencies (ω) of 2π× 400 Hz and 2π× 500

Hz were simulated with the molecular correlation time (τc) changing from 0.01 ns to 10 ns

(Figure 2.6). The difference in cross-relaxation rates between 400 MHz and 500 MHz is

estimated as less than 10% in the small molecule and less than 1% in the macromolecule.

The sample used for the conventional measurement contained 100 µM ligand with the

bound ratio of 0.021, compared with the averaged 70 µM ligand with the ligand bound

ratio of 0.012 in the hyperpolarized experiments. Still, rather than a single experiment

with a polarization time of approximately 20 min followed by an NMR acquisition

36



System
σ / s−1 σ / s−1

(DNP, 400 MHz) (thermal, 500 MHz)
free HABA 0.059 ± 0.004 0.066
bound HABA on avidin - −0.83
bound HABA on immobilized avidin −9.15 ± 1.05 −7.52

Table 2.2: Cross-relaxation rates σ between spin Ha and Ha of HABA in deferent forms
determined from the DNP trNOE experiments at 400 MHz and non-hyperpolarized 2D
NOESY experiments measured at 500 MHz. The error ranges indicate standard deviations
from repetitions summarized in Table 2.1.

time of 10 seconds, the non-hyperpolarized measurement required a titration including

four experiments of 2 hours each, using a cryoprobe for sensitivity enhancement. The

conventional experiment required removing the sample from the magnet every 30 minutes

to resuspend beads. Partial precipitation, however, may still lead to an underestimation of

the NOE the conventional measurement.

Since the trNOE experiment is conducted with the ligand in large excess, there is a

possibility for a contribution by nonspecific binding to the protein or bead surface.157 In

order to quantify this contribution to the change in the cross-relaxation rate, the trNOE

experiment was repeated with a bead suspension that was pre-treated with biotin. Biotin

is a high-affinity ligand for avidin (Kd = 10−15 M−1), which blocks its binding site.154 The

preloaded solution was prepared as 20 µM biotin with 8.9 µM binding site, to ensure full

saturation of the specific binding site. With the biotin treated beads, the cross-relaxation

rate between spins of Ha and Hb of hyperpolarized HABA was determined to be σc = 0.017

s−1 (Figure 2.9). This value is smaller than the cross-relaxation rate σf = 0.059 s−1 for free

HABA, indicating the existence of non-specific binding. It is however still a positive

number, showing that the specific binding makes a major contribution to the observed

negative trNOE in the HABA-avidin on the bead system. This result was compared with
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Figure 2.7: 1H-1H NOESY spectrum of a) 100 µM HABA showing positive NOE b) 100
µM HABA with avidin (20 µM binding site) showing negative NOE c) 100 µM HABA
with avidin immobilized on polystyrene beads (2.25 µM binding site) showing negative
NOE. Mixing time of 500 ms, and 128×4096 complex points were collected.

the result from a hyperpolarized experiment including beads without biotin treatment (Exp

no. 7 in Table 2.1), which had similar protein and ligand concentrations as in the control

experiment. Contributions from free ligand and specific binding (σ = 0.017 s−1) were

subtracted from the observed cross-relaxation rate of −0.055 s−1 and no effects on the

specific binding fraction from non-specific binding was assumed (Xb = 0.012). The cross-

relaxation rate between Ha and Hb in only specifically bound HABA, was determined as

σb(p-b,specific) = (σ − σc)/Xb = −6.0 s−1.

The relationship between the cross-relaxation rate and molecular motions can be

quantified using relaxation theory. Dipolar relaxation in a rigid body was assumed for

calculating the rotational correlation time for the HABA bound to the immobilized protein

on the bead surface. The measured cross-relaxation rate of −9.1 s−1 for overall binding
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Figure 2.8: NOE build-up curves in initial regime measured from 1H-1H NOESY spectra
with mixing times of 300 ms, 500 ms, and 700 ms. Across represents the average integral of
the cross peaks between two HABA proton spins, Ha and Hb, while Adiagonal is the average
integral of the two diagonal peaks for spin Ha and spin Hb. Cross-relaxation rates are
obtained by a linear fit of Across/Adiagonal(τmix).156 Sample conditions and corresponding
fitted cross-relaxation rates are a) 100 µM HABA, σ = 0.066 s−1; b) 100 µM, HABA with
avidin (20 µM binding site), σ = −0.101 s−1; c) 100 µM HABA with avidin immobilized
on polystyrene beads (2.25 µM binding site),σ = −0.102 s−1.

between spin Ha and Hb with a distance of 250 pm,158 corresponds to a correlation time of

τc = 39 ns. The determined cross-relaxation rate of −6.0 s−1 for only specific binding leads

to τc = 26 ns. The correlation time for a rigid polystyrene bead with a diameter of 7 µm by

Stokes’ law would be on the second time scale, however, the correlation time for the bound

ligand on the bead surface should be limited to the lifetime of the bound form. With the

above determinedKd, and assuming the diffusion limited kon = 1×108 M−1s−1, this lifetime

is 1.6 ms. The rigid-body correlation times in the nanosecond range calculated above are

much smaller than this value, indicating the existence of internal motions.

Firstly, to evaluate local motions of the bound ligand, HABA bound to purified avidin

in solution was analyzed. The cross-relaxation rate between the spins Ha and Hb in the

complex was determined from a series of NOESY spectra as σb(p) = −0.82 s−1 (Table 2.2
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Figure 2.9: Fitting of the time-dependent signal integrals of the unsuppressed peak (left)
and the pre-suppressed peak (right) in the control experiment with hyperpolarized HABA
(58 µM) and biotin-capped avidin beads (0.8 µM binding site) after suppression of spin
Hb. The fitted cross-relaxation rate between Ha and Hb is σ = 0.017 s−1.

and Figures 2.7 and 2.8). The corresponding rigid-body rotational correlation time of τc

= 3.6 ns is also smaller than the correlation time of 21 ns estimated by Stokes’ law for a

66 kDa protein.24 It can be speculated that this comparably low value may be related to

the tautomerization of the ligand that occurs upon binding (Figures 2.3).158,159 Secondly,

the protein motion may be weakly restricted to the bead surface, and hence only partially

acquire the motional properties of the large beads. Despite that the ligand does not assume

the largest possible correlation time based on the rigid-body assumption, the trNOE with

bead linked protein is enhanced 10-fold compared to protein in solution. In other cases,

for example if the protein is embedded in a cell membrane as in ref. [54], more rigidly

restricted protein motions and a concomitantly even more efficient NOE are expected.

Immobilized proteins provide significant advantages for the detection of ligand

binding, because the large size of the beads increases the overall correlation time and

hence the sensitivity of NOE signals. The polystyrene beads of micrometer size can be

easily separated from the solution by centrifugation. The resulting possibility of reusing

the sample improves the potential for applications to high-throughput screening. The

signal enhancement provided by D-DNP can overcome limitations that are introduced by

a reduced target density in immobilized samples. It allows detection of the trNOE within
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a few seconds with the target at high nanomolar concentrations. The short measurement

time required with D-DNP, combined with the rapid injection system,151 ensures efficient

mixing during the entire NMR acquisition, which is a major concern for NMR experiments

involving heterogenous samples. Since the hyperpolarization enhances exclusively the

ligand signal, background signals from other compounds including the bead support,

which are not hyperpolarized, can be neglected.

In addition to the detection of binding, the determined cross-relaxation rates contain

information about distances between ligand spins in the bound form. Like in conventional

trNOE experiments, direct calculation of inter-proton distances from the measured cross-

relaxation rates may not be possible due to the complexity in modeling internal motions

and the possibility of non-specific binding. However, comparison between cross-

relaxation rates determined for different pairs of ligand protons can provide information

about the bound ligand conformation. In the D-DNP experiment described here, signal

suppression was applied to only one of the ligand spins, so that polarization transfer from

all other ligand 1H spins to the target spin is observed. If more than one proton is in

range to serve as the NOE source, this method does not supply the necessary information

to distinguish the polarization origin. In this case, however, fast multidimensional NMR

approaches may be introduced for encoding different ligand frequencies, for example,

using Hadamard spectroscopy.135,136

2.4 Conclusions

In summary, the enhancement provided by hyperpolarization through D-DNP,

combined with an increase in the efficiency of the NOE in an immobilized target, allows

detection of trNOE at a target concentration in the submicromolar range, in a single

scan. Besides the detection of binding, structure related information can be obtained from

the cross-relaxation rates between proton pairs. This experiment demonstrates that the
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large signal enhancement and short acquisition time make the dissolution DNP technique

especially suitable for NMR experiments in heterogeneous environments.
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3. SITE SPECIFIC POLARIZATION TRANSFER FROM A HYPERPOLARIZED

LIGAND OF DIHYDROFOLATE REDUCTASE1

3.1 Introduction

Observing spin polarization transfer based on the nuclear Overhauser effect (NOE)

is one of the most direct ways to confirm the existence of an intermolecular interaction.

Applied to proteins, NOE transfer allows the determination of protein–protein binding

interfaces,160,161 as well as the identification of binding pockets for protein–ligand

interaction.162,163 The NOE is typically manifested as a small fractional change in signal

obtained from a nuclear spin after perturbation of the equilibrium Zeeman population of

another, nearby spin. In the case of intermolecular interactions, the magnitude of the spin

polarization transferred due to the NOE is further reduced if the binding sites on target

molecules are only fractionally occupied. Consequently, observation of intermolecular

NOEs can be subject to important sensitivity limitations. A powerful way of increasing

NOE intensity, however, is through hyperpolarization. A hyperpolarized source spin

exhibits a deviation from equilibrium spin polarization that is orders of magnitude larger

than that of the simple population inversion achievable with the application of a radio-

frequency pulse.

The spin polarization-induced nuclear Overhauser effect (SPINOE) from

hyperpolarized xenon has been used to enhance signals of hydrophobic cavities in

proteins.164 Surface accessibility of tryptophan residues furthermore can be studied

in detail using chemically induced dynamic nuclear polarization, by a cyclic reaction

with flavin.165 In this case, a change in solvent accessibility during protein folding has

1Reprinted with permission from "Wang, Y.; Ragavan, M.; Hilty, C. Site Specific Polarization Transfer
from A Hyperpolarized Ligand of Dihydrofolate Reductase. J. biomol. NMR 2016, 65(1), 41-48.".148

Copyright (2016) Springer
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been found. Polarization transfer from molecules that are directly hyperpolarized on

proton spins using dissolution dynamic nuclear polarization113 (D-DNP) is also possible.

Ultrafast 2D NMR spectra of polarization transferred from water to exchangeable amide

protons in proteins were reported.166 In our previous work, we have demonstrated that

polarization transfer from a specifically binding hyperpolarized ligand shows a spectrum

similar to the frequency dependence of the transfer of saturation from the protein to

the ligand.123 Using D-DNP hyperpolarization, a two-step polarization transfer between

competitively binding ligands, mediated by the protein, can be observed similar to the

Interligand NOE for Pharmacophore Mapping (INPHARMA) experiment.42,137 While

in the latter case the measured interligand NOE transfer rates are indicative of ligand

orientation, additional structural information would be available from spectra of protein

resonances, provided that they can be obtained with sufficient resolution.

Dihydrofolate reductase (DHFR) is an essential enzyme in both prokaryotes and

eukaryotes, which reduces dihydrofolic acid (DHF) to tetrahydrofolic acid (THF) in the

presence of the cofactor, dihydronicotinamide adenine dinucleotide phosphate (NADPH).

Owing to its function of maintaining the cellular levels of THF and its derivatives, DHFR

is an important enzyme involved in the folate cycle. This cycle produces precursors for

purine and thymidylate synthesis. Hence, DHFR serves as a classic drug target and one

of the most well studied enzymes.167 Established antifolate drugs include antibacterial

compounds trimethoprim (TMP)168 and the anticancer agent methotrexate (MTX).169

While Escherichia coli (E. coli) DHFR has been most extensively studied, the amino

acids required for catalysis and the general features of the secondary structures are

conserved. For example, both the E. coli and the human protein have the binding site

located at the junction of two subdomains.170,171. Structural characterization by X-ray

crystallography172–177 and NMR178,179 have revealed interactions of E. coli DHFR with

various ligands.

44



Here, we used E. coli DHFR as a model protein to introduce a series of D-DNP NMR

experiments that allow for the site specific resolution of NOE signals transferred from

the ligand to the protein, by employing indirect selection based on 13C chemical shift.

We demonstrate selectivity by mapping side-chain resonances of the binding pocket of

DHFR for the ligand folic acid, and discuss the utility of this method for obtaining limited

structural information on the binding site.

3.2 Experimental Section

DHFR from E. coli was expressed from a plasmid pET-Duet-1 in E. coli BL21(DE3)

cells. For unlabeled DHFR, cells were grown in LB medium and induced with 1

mM isopropyl β-D-1-thiogalactopyranoside (IPTG) at 37 ◦C. Uniformly 13C/15N-labeled

DHFR was prepared using a protocol modified from Marley et al.180 Briefly, transformed

cells were inoculated in 4 × 1 L LB medium and grown overnight at 37 ◦C and 250 rpm

in an incubator shaker (Brunswick Instruments, New Brunswick, NJ) to an optical density

of 0.6. Cells were centrifuged for 15 min at 5000×g and 4 ◦C, resuspended in 200 mL of

M9 minimum medium (without glucose and ammonium chloride) and centrifuged again.

The resuspension and centrifugation procedure was repeated a total of three times, in order

to remove unlabeled growth medium components. Cells were subsequently resuspended

in 1 L of M9 minimal medium containing 3 g of 13C6-glucose and 1 g of 15N-ammonium

chloride and incubated at 37 ◦C and 250 rpm for 1 h. Protein expression was induced by

addition of 1 mL of 1 M IPTG. After induction, cells were grown for an additional 20 h

at 16 ◦C. Cells were harvested by centrifugation (5000×g, 15 min, 4 ◦C), resuspended in

50 mL of buffer A (20 mM sodium phosphate, 0.5 M NaCl, 5 mM imidazole, pH 7.4)

and lysed by sonication on ice for 10 min. Cell lysate was centrifuged (10,000×g, 1 h,

4 ◦C), and the supernatant was loaded onto a 5 mL HisTrap HP column (GE Healthcare,

Pittsburgh, PA). After washing with buffer A, the protein was eluted using buffer B (20
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mM sodium phosphate, 0.5 M NaCl, 0.5 M imidazole, pH 7.4) with a linear gradient. Final

purification was achieved by gel filtration using a Sephacryl S100 column (GE Healthcare)

with 50 mM potassium phosphate, 1 mM EDTA, 1 mM 1,4-dithiothreitol (DTT), 150 mM

NaCl, pH 6.8. The purified protein was concentrated to 4.5 mM using a centrifugal filter

device with 3 kDa molecular weight cut-off (EMD Millipore, Billerica, MA).

NMR spectroscopy was performed using a sample of 1.5 mM DHFR in 50 mM

potassium phosphate, 1 mM EDTA, 1 mM DTT, 50 mM KCl, pH 6.8/10 % D2O, with

15 mM folic acid, at a temperature of 298 K. Backbone and side chain chemical shift

assignments were mapped from Falzone et al.,179 using spectra acquired on a 500 MHz

NMR spectrometer with a TCI cryoprobe (Bruker Biospin, Billerica, MA). The spectra for

assignment were HNCO (128× 48× 1024 complex points in 13C, 15N and 1H dimensions

with t1,max = 31.8, 13.9 and 81.9 ms, respectively), HNCA (96 × 64 × 1024 complex

points in 13C„ 15N and 1H dimensions with t1,max = 12.7, 19.7 and 81.9 ms, respectively),

HNCACB (160 × 64 × 1024 complex points in 13C, 15N and 1H dimensions with t1,max =

9.8, 18.6 and 81.9 ms, respectively), H(CC)(CO)NH-TOCSY (128 × 40 × 2048 complex

points in 1H, 15N and 1H dimensions with t1,max = 16.0, 12.3 and 163.8 ms, respectively,

τm = 15 ms), (H)CC(CO)NH-TOCSY (170 × 44 × 1024 complex points in 13C, 15N

and 1H dimensions with t1,max = 10.2, 13.6 and 81.9 ms, respectively, τm = 15 ms), and

HCCH-TOCSY (128 × 64 × 2048 complex points in 1H, 13C and 1H dimensions with

t1,max = 12.8, 3.4 and 163.8 ms, respectively, τm = 15 ms). NOEs between ligand and

protein were identified from the same sample by acquiring a HSQC-NOESY (80 × 128

× 2048 complex points in 13C, 1H, and 1H dimensions with t1,max = 4.2, 9.8 and 157.7 ms,

respectively, τm = 500 ms).

For hyperpolarized NMR, aliquots of 10 µL volume were prepared containing 225

mM folic acid and 15 mM 4-hydroxy-2,2,6,6-tetramethylpiperidin-1-oxyl (TEMPOL) in

D2O/DMSO-d6 (1:1 v/v). Aliquots were irradiated in a HyperSense DNP polarizer (Oxford
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Instruments, Abingdon, UK) at a microwave frequency of 94.005 GHz optimized for

1H polarization, microwave power of 100 mW and temperature of 1.4 K. After 20 min,

hyperpolarized samples were dissolved in 4 mL of 50 mM potassium phosphate, pH 6.8,

which had been pre-heated in a closed vessel until a pressure of 1 MPa had been reached

(time point a in Figure 3.1). Dissolved samples were taken into the loop of a sample

injector device.151 A volume of 450 µL was injected into a 5 mm NMR tube, during 380

ms (starting from time point b, and finishing at time point c in Figure 3.1) using nitrogen

gas at a pressure of 1.81 MPa against a back pressure of 1.03 MPa. The empty NMR

tube, or the NMR tube that had been loaded with 25 µL of 4.5 mM DHFR in 50 mM

potassium phosphate, pH 6.8, had been pre-installed in a 400 MHz NMR spectrometer

equipped with a broadband observe (BBO) probe (Bruker Biospin, Billerica, MA) set to a

temperature of 298 K. In the case of the NMR tube loaded with DHFR, the hyperpolarized

folic acid mixed with the protein during injection. In both cases, NMR spectroscopy was

performed starting at time point d in Figure 3.1, immediately following a delay of 500 ms

after completion of injection.

1H NMR spectra of hyperpolarized folic acid alone were acquired using a single π/2

pulse with water suppression by selective excitation. The same pulse sequence was used

for acquiring spectra of DHFR in the presence of hyperpolarized folic acid, when not

using isotope selection. NMR data with 13C isotope selection were acquired using single

quantum coherence transfer181 (Figure 3.1). For the refocusing pulse at the center of the

13C coherence evolution time, a Gaussian shape with 4000 or 7650 ms duration and 1%

truncation level was used for chemical shift selection, or a hard pulse with γB1/2π = 27.8

kHz for broad band 13C selection. GARP decoupling was applied on 13C with γB1/2π

= 3.1 kHz during acquisition, WALTZ-16 decoupling on 1H with γB1/2π = 3.1 kHz

can be turned on during the selective refocusing pulse for improved selectivity on 13C.

Spectra were processed with an exponential window function (25 Hz line broadening) and
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polynomial baseline correction using TopSpin 3.2 (Bruker Biospin).

3.3 Results and Discussion

A 1H NMR spectrum of hyperpolarized folic acid is shown in Figure 3.2. When

compared to the spectrum from a sample thermally polarized in the NMR magnet, all

peaks for the ligands are enhanced significantly. The largest enhancement factors are 910

for H7, 700 for H2′/H6′, and 610 for H3′/H5′, while they vary between 100 and 200 for

other folic acid peaks. For obtaining these spectra, a rapid injection system151 was used,

allowing a sample transfer time of approximately 1200 ms. Polarization loss during the

sample injection period was thereby minimized.

Due to the hyperpolarization of the ligand, polarization transfer to the protein leading

Figure 3.1: Experimental time line including sample polarization (20 min), dissolution
(“diss.”), loading into the injector loop, injection into the NMR instrument (“inj.”; 380
ms), delay time δ = 500 ms and pulse sequence for DNP-NOE experiment. In the pulse
sequence, narrow black bars represent π/2 pulses (γB1/2π = 21.6 kHz for 1H, γB1/2π =
27.8 kHz for 13C). The pulse designated with a shape at the center of the 13C coherence
evolution time was applied either as a selective pulse for chemical shift selection, or as
a hard π pulse for broad band 13C selection (see text). Simultaneous proton decoupling
during the selective carbon pulse can also be introduced by applying a WALTZ-16 pulse
train (γB1/2π = 3.1 kHz) (see text). GARP decoupling (γB1/2π = 3.1 kHz) was applied
on 13C during acquisition. The delay was τ = 1.79 ms. Pulsed field gradients for coherence
selection were Gz,1 = 32.1 G·cm−1, Gz,2 = 6.5 G·cm−1 and Gz,3 = 6.5 G·cm−1. Reprinted
with permission from [148].
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Figure 3.2: 1H NMR spectra a) in full scale and b) with aliphatic region enlarged to show
enhanced protein peaks acquired with 1 thermally polarized folic acid with DHFR; 2
hyperpolarized folic acid mixed with preloaded DHFR; 3 thermally polarized folic acid
without DHFR and 4 hyperpolarized folic acid without DHFR. Thermal spectra 1 and 3
are rescaled as 16 times of the original intensities. Reprinted with permission from [148].

to visible signals even in a single scan can be expected.123 Enhanced signals in spectral

regions characteristic of the protein, in particular side-chain protons, are indeed readily

seen upon admixing of DHFR. Since these signals are not present in the sample of folic

acid alone, and are not observable in a sample of protein without hyperpolarized ligand,

it is apparent that these signals originate from nuclear Overhauser (NOE) transfer from

the ligand to the protein. Although polarization transferred from a ligand to the protein

specifically originates at the location of the binding site, the enhanced signals are expected

to stem from a sufficiently large number of protons such that their individual identification
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is generally precluded using 1H NMR alone.

In order to resolve overlapped protein 1H peaks, one-dimensional spectra of the protein

were acquired using a single-quantum filter for 13C chemical shift selection. This pulse

sequence, described in the Experimental section, contains a selective refocusing pulse that

can be adjusted for chemical shift position and selectivity. Spectra using filters with a full

width at half maximum of 690 and of 210 Hz are shown in Figure 3.3a, b, respectively.

For comparison, a spectrum obtained with broad band 13C filter is shown in Figure 3.3c.

This spectrum is expected to contain all of the protein signals that received sufficient NOE

transfer from the hyperpolarized ligand. At the same time, the 13C filter removes the

coherences from unlabeled compounds and in this experiment ensures that the observed

signals are from the protein. From the figure, it can be seen that the signals obtained with

broad selection approximately represent the combination of the sets of signals observed in

the individual traces. An increased selectivity with the narrower filter is further seen in the

set of spectra in Figure 3.3b, where fewer peaks are observed in each trace compared to

the spectra in Figure 3.3a. The frequency selection was achieved using Gaussian shaped

pulses with the duration of 4000 or 7650 ms, in the case of the longer pulse also including

simultaneous 1H decoupling to prevent undesired effects due to J-coupling during the pulse

time (Figure 3.3d).

In order to relate observed chemical shifts to the structure, chemical shift assignments

(Figure 3.4 and 3.5) were mapped from Falzone et al.,179 using triple resonance

experiments to adjust for the sample conditions used as described in Materials and

Methods. From the crystal structure of the complex ,177 methyl protons located within

0.7 nm of one of the three ligand protons H7, H3′/H5′ or H2′/H6′ were further identified.

Vertical lines at the chemical shift positions of these nearby methyl protons are drawn

in Figure 3.3a, b, and corresponding residue numbers are indicated at the top. Since the

spectra acquired with selection at different 13C chemical shifts show distinct patterns, it
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Figure 3.3: Comparison between DNP-NMR spectra and 3D filtered NOESY spectrum for
observation of intermolecular NOE peaks between DHFR and folic acid. a) DNP-NMR
Spectra of DHFR in the presence of hyperpolarized folic acid, acquired with chemical
shift selection at 13C positions of (1) 13.7 ppm; (2) 16.2 ppm; (3) 17.7 ppm; (4) 20.2
ppm; (5) 22.7 ppm and width of 690 Hz. Dotted lines represent the 1H chemical shift
of estimated NOE peaks based on 1H–1H distance (cutoff 0.7 nm) calculated from X-ray
crystal structure,177 and solid dots indicate the estimated NOE peaks within the excitation
region. b) Spectra as in (a), but with selection width of 210 Hz. c) Comparison of spectra of
DHFR in the presence of hyperpolarized folic acid, acquired with a hard excitation pulse
(bottom) and 1D projection of the NOESY spectrum (top) from (e). d) Experimentally
determined excitation profiles of the pulse sequence used for selective excitation in the
DNP-NMR experiments. e) Superposition of three distinct ω3 (ligand 1H) planes (H7: 8.71
ppm, H2′/H6′: 7.65 ppm, H3′/H5′: 6.74 ppm) from the 3D HSQC-NOESY of 13C,15N-
DHFR with unlabeled ligand. Estimated NOE peaks are calculated as in (a), and selection
ranges are indicated. A 1D projection is shown at the top. Reprinted with permission from
[148].
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Figure 3.4: 1H-15N HSQC spectrum of uniformly 13C/15N-labeled DHFR complexed with
folic acid. (256 × 2048 complex points in 15N and 1H dimensions). Reprinted with
permission from [148].

appears to be useful to map the observed peaks to the known 13C and 1H chemical shifts in

the protein. For example, signal intensity at 0.32 ppm, which is near the proton resonance

of Hδ1 for Ile50 (Hδ1: 0.32 ppm, Cδ1: 13.98 ppm), can be predominantly observed in

the first spectra in Figure 3.3a, b with selection pulse centered at 13.7 ppm. Furthermore,

for almost every peak appearing in the DNP-NMR spectra between 0 and 1.5 ppm, a

corresponding nearby protein proton within the selection range can be identified. In other

words, there is a strong correlation between the observed signal intensities in the DNP-

NMR spectra and the short 1H–1H distances identified from the X-ray crystal structure.
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Figure 3.5: 1H-13C HSQC spectrum of uniformly 13C/15N-labeled DHFR complexed with
folic acid. (128 × 1024 complex points in 13C and 1H dimensions). Reprinted with
permission from [148].

Protein–ligand NOEs can also be determined using conventional, non-hyperpolarized

NMR spectroscopy—albeit not in a single scan, but rather in a multi-dimensional data

set acquired over the course of several days. Specific intermolecular protein–ligand

interactions can be investigated using isotope-filtered NMR methods,32,182 such as in

a 3D 13C-edited, 13C/15N-filtered HSQC-NOESY spectrum using uniformly 13C/15N-

labeled protein combined with unlabeled ligand. Such a 3D HSQC-NOESY spectrum

was measured with a mixing time of 500 ms. This spectrum contains exclusively

intermolecular NOE peaks between the unlabeled folic acid and 13C/15N-labeled DHFR

with protein 13C resonances in the ω1 dimension, protein 1H resonances in the ω2

dimension and ligand 1H resonances in the directly acquired ω3 dimension.
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NOE peaks between protein proton and different ligand protons can be obtained from

analysis of the [ω1/ω2] planes at each folic acid 1H chemical shift. Most of these cross

peaks appear at the methyl group chemical shifts in the spectrum of the protein. These

signals can be compared to the spectra obtained from the protein after NOE transfer from

hyperpolarized ligand, which were acquired with a corresponding waiting time of 500

ms after admixing of the hyperpolarized ligand. The contact time in the DNP spectra is

somewhat longer than 500 ms because of the sample mixing that occurs during part of

the injection time. With the goal of comparing this 3D NOESY data with hyperpolarized

spectra, it is necessary to consider the contribution of multiple ligand spins in both cases.

Given that the signals from protons H7, H3′/H5′ and H2′/H6′ combined comprise 69%

of the total signal intensity of folic acid in the spectrum of Figure 3.2a, the intensities in

the planes of the 3D-NOESY spectrum corresponding to magnetization transferred to the

ligand protons at three chemical shifts were added and shown in Figure 3.3e (individual

planes are shown in Figure 3.6). No attempt was made to exactly scale the individual

contributions since the integrals of these three signals vary in the 1D 1H NMR spectrum of

the hyperpolarized ligand. Differences arise due to different numbers of protons and other

factors including differing polarization levels and varying polarization transfer efficiency.

The 13C and 1H chemical shift positions of the amino acid side chains in proximity to

these protons are marked in Figure 3.3e, with the corresponding residue number indicated.

Almost all of the observed signal intensity in the spectrum is located at the positions

identified using the distance ranges described above. In order to compare the DNP

hyperpolarized spectra with the conventional NOESY spectrum, the regions corresponding

to the full width at half maximum of the selection ranges in the DNP hyperpolarized

spectra are further indicated in Figure 3.3e. Almost all peaks shown in the DNP spectra

in Figure 3.3a, b can be correlated to the NOE peaks in the NOESY spectra, within the

respective selection range. These results indicate that a series of DNP NOE experiments
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Figure 3.6: ω3 (folic acid 1H) planes from the 3D HSQC-NOESY (13C filter in ω3, τm=
500 ms) of 13C/15N-labeled DHFR with unlabeled ligand. a) H7: 8.71 ppm. b) H2’/H6’:
7.65 ppm. c) H3’/H5’: 6.74 ppm. Reprinted with permission from [148].
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can provide intermolecular distance information with correlated 13C chemical shift, similar

to a 3D filtered HSQC-NOESY experiment.

The correlation of observed crosspeaks with the distances between protein and ligand

1H can further be visualized by the structure shown in Figure 3.7 (numerical distance

values are listed in Table 3.1). The DNP-NMR spectra contain intensity at the chemical

shift positions of the methyl groups of 6 amino acids; Ile5, Leu28, Thr35, Ile50, Leu54,

Figure 3.7: .
Close distances (cutoff: 0.7 nm) between folic acid and DHFR methyl protons are

indicated with dashed lines. H7, H2′, H3′, H6′, H7′ of folic acid are shown as purple
spheres. Blue spheres indicate methyl protons in DHFR that are within 0.7 nm from the

labeled folic acid protons. Image created with UCSF Chimera software version
1.10.2.183] Crystal structure of folic acid-DHFR complex [Protein Data Bank 1RE7,177

chain A]. Close distances (cutoff: 0.7 nm) between folic acid and DHFR methyl protons
are indicated with dashed lines. H7, H2′, H3′, H6′, H7′ of folic acid are shown as purple
spheres. Blue spheres indicate methyl protons in DHFR that are within 0.7 nm from the

labeled folic acid protons. Image created with UCSF Chimera software version 1.10.2.183

Reprinted with permission from [148].
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δ(1H)/ppm δ(13C)/ppm Ligand proton Distance/Å

Ile5 Hγ2/Cγ2 1.00 16.54 H7 4.68
H5′ 6.49

Ile5 Hδ1/Cδ1 0.31 15.26 H7 6.66
Ala6 Hβ/Cβ1 0.78 25.53 H7 6.37

Leu28 Hδ2/Cδ2 0.61 24.60

H2′ 5.31
H3′ 6.12
H5′ 5.07
H6′ 3.97

Leu28 Hδ1/Cδ1 0.34 22.28
H2′ 4.95
H3′ 6.31
H6′ 5.91

Thr35 Hγ2/Cγ2 0.06 20.44
H7 6.94
H5′ 6.79
H6′ 6.72

Thr46 Hγ2/Cγ2 1.32 21.62
H7 4.97
H3′ 5.17
H5′ 5.25

Ile50 Hδ1/Cδ1 0.32 13.98

H7 5.93
H2′ 5.26
H3′ 4.42
H5′ 4.34
H6′ 5.16

Ile50 Hγ2/Cγ2 0.52 17.67

H2′ 4.86
H3′ 5.36
H5′ 6.93
H6′ 6.48

Leu54 Hδ1/Cδ1 0.32 13.98

H7 6.43
H2′ 6.50
H3′ 6.78
H5′ 4.38
H6′ 3.87

Leu54 Hδ2/Cδ2 0.52 17.67

H2′ 5.22
H3′ 6.41
H5′ 5.90
H6′ 4.49

Ile94 Hγ2/Cγ2 0.87 17.05
H7 4.48
H5′ 5.67
H6′ 6.90

Ile94 Hδ1/Cδ1 0.99 15.34
H7 4.50
H5′ 4.62
H6′ 5.91

Table 3.1: 1H and 13C chemical shifts for methyl groups of DHFR located within 0.7 nm
from one of the folic acid protons H2′, H3′, H5′, H6′ and H7 and all distances less than
0.7 nm between the methyl protons (center of mass of three protons) and these five ligand
protons. Reprinted with permission from [148].
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Ile94. Their positions in the protein–ligand complex are all in the vicinity of the ligand

molecule, as shown in the figure. For example, side chains of amino acid Ile50 (Hδ1:

0.32 ppm, Cδ1: 13.98 ppm; Hγ2: 0.52 ppm, Cγ2: 17.67 ppm) are in close contact with

the (p-aminobenzoyl)-glutamate tail of folic acid. Hyperpolarization likely transferred

from the highly polarized phenyl protons (H2′, H3′, H5′, H6′) yielded two strong peaks

around 0.32 and 0.52 ppm (Figure 3.3a, b). In Figure 3.3b, where the selectivity in the 13C

dimension is increased, the former peak only appeared in the first spectrum (13C selection

at 13.7 ppm), whereas the latter can only be observed in the third spectrum with 13C

selection at 17.7 ppm. This difference is in accordance with the 13C chemical shifts of

the two methyl groups, which are 13.98 and 17.67 ppm, respectively. Based on this and

other, similar observations made by comparing Figure 3.3a, b with Figure 3.7, it becomes

apparent that structural information of protein–ligand complexes is available from the D-

DNP experiments.

The hyperpolarized experiment with the 13C single quantum filter is akin to a doubly

selective conventional NMR experiment. In the DNP experiment, a first effective

selection step is for the ligand, which is hyperpolarized to a level exceeding thermal

polarization by a factor of at least 102–103. Since any NOE signals originating from

the hyperpolarized ligand are amplified by this factor, many signals from non-polarized

sample components—foremost the signals from the thermally polarized protein present at

sub-millimolar concentration—can be neglected. A second selection step is represented by

the spectroscopically applied filter, which primarily retains the signal of the 13C enriched

protein, with a selectivity of up to 1:99 based on the natural abundance of this isotope in

unlabeled compounds. Therefore, the experiment becomes sensitive to the intermolecular

NOE between the ligand and the protein alone. With the chemical shift selection, residue

specific identification of intermolecular NOE becomes possible—a prerequisite for the use

of such NOEs in applications requiring distance constraints. Additional selectivity may be
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achieved by other spectroscopic means, such as those based on J coupling constants or

on coupling multiplicity. The efficiency of recording an entire dataset with correlations

may further be increased by Hadamard spectroscopy,135 which we have in the past also

applied with D-DNP,136 and similar correlations may also be obtained using single-

scan ultrafast 2D approaches.127 The traditional 3D 13C-edited, 13C/15N-filtered HSQC-

NOESY experiments shown here was acquired over a time of 38 h, while one D-DNP

experiment can be performed with a polarization step requiring less than 30 min, and

almost instantaneous NMR acquisition. This rapid data acquisition in particular would

lend itself to future applications to samples that show only a transient stability.

3.4 Conclusions

While traditional high-resolution NMR spectroscopy provides detailed structural

information on biological macromolecules, these studies typically rely on multi-

dimensional data sets that require acquisition times on the order of days. Applications that

involve more rapid changes in the samples under study are often precluded. On the other

hand, recent developments in hyperpolarization have demonstrated the potential of D-DNP

for the study of fast processes by acquiring highly sensitive spectra of various nuclei. In the

most basic implementation, D-DNP data however provide one-dimensional spectra that do

not contain the resolution necessary for the identification of most individual resonances in

biological macromolecules. Here, we demonstrate the combination of rapid acquisition

using DNP-NMR, with an experiment providing structural information through [13C, 1H]

single quantum selection in a protein of molecular weight of 18.8 kDa, which is too

large for resolution of most individual peaks using homonuclear spectroscopy alone. This

and other heteronuclear selection mechanisms provide a means for obtaining structural

constraints in biomolecules using hyperpolarization by D-DNP.
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4. DETERMINATION OF LIGAND BINDING EPITOPE STRUCTURES USING

POLARIZATION TRANSFER FROM HYPERPOLARIZED LIGANDS1

4.1 Introduction

Structure-based drug design (SBDD)5 is a rational strategy for optimizing drug

candidate molecules on the basis of ligand–target complex structures. Often, the structure

of the macromolecular target is available, for example, from X-ray crystallography.

The task then becomes determining the binding mode of the ligand at the binding site.

Computational docking of small molecules into the macromolecular binding site is a

high-throughput technique for this task and has become one of the most widely used

approaches in drug development for lead optimization.18,68 Often, in a docking protocol,

a large number of ligand trial poses with varying conformations and orientations are

generated. Subsequently, one or multiple scoring functions are used to rank the ligand

poses and to select the one that best represents the native structure. The currently applied

scoring functions are generally force field-based, empirical, or knowledge-based.185

However, these energy-based scoring functions cannot always successfully discriminate

the correct pose from alternative biding modes, leading to multiple solutions. Most of

the scoring functions are not able to provide correct rankings of candidate poses, with

poor correlations between the pose score and the structural root-mean-square deviation

(RMSD) or experimental binding affinity.82,186 Most docking simulations used in SBDD

now still rely on a rigid receptor conformation, considering the resources and efforts

needed to account for many degrees of freedom. Nevertheless, with the understanding of

the significance of considering protein flexibility, more and more docking programs now

1Reprinted with permission from "Wang, Y.; Hilty, C. Site Determination of Ligand Binding Epitope
Structures Using Polarization Transfer from Hyperpolarized Ligands. J. Med. Chem. 2019, 62(5), 2419-
2427.".184 Copyright (2019) American Chemical Society
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allow limited conformational changes for selected receptor side chains, which would be

expected to improve the accuracy of the results for systems with only small displacements

upon binding.187–189 For systems with significant structural flexibility, the variety of

receptor conformations can first be sampled using molecular dynamics.190,191 One possible

method for improving the accuracy of computational docking is to combine it with

experimental structural constraints, such as those obtained by nuclear magnetic resonance

(NMR) spectroscopy. Such constraints can be based on the intermolecular nuclear

Overhauser effect (NOE),104,192,193 chemical shift perturbations,89,186 or saturation transfer

difference.194 In particular, [1H,1H]-NOE-derived distance information forms the basis

for many structural determinations of macromolecules by NMR, aided by the selectivity

imparted by an r−6 distance dependence.195 NOEs in biological macromolecules are most

typically measured in two- or three-dimensional NMR experiments. T he acquisition of

multidimensional NMR spectra, however, is time-consuming and when used for ligand

screening reduces throughput.

Hyperpolarization techniques can enhance NMR sensitivity by orders of magnitude

through the use of a non-equilibrium spin population and thereby dramatically reduce

experimental time. Hyperpolarized spin states in the liquid state, such as those generated

using dissolution dynamic nuclear polarization (D-DNP), can be applied to the sensitive

NMR detection on time scales of seconds or less. Transient interligand NOEs originating

from D-DNP hyperpolarization have previously been exploited to characterize epitopes of

competitively binding ligands.137 Specific transfer of hyperpolarization from the ligand

to the protein can also be directly observed.123,148 The hyperpolarized signal is large

enough to observe transient NOEs in a single scan. A challenge for the determination of

distance information, however, lies in the fact that a single scan experiment is not directly

compatible with the acquisition of indirect time dimensions in typical multidimensional

NMR experiments. Two-dimensional spectra can still be obtained but require a distribution
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of signals in a spatial dimension127 or time sequential excitations on a single sample.128

The enzyme dihydrofolate reductase (DHFR) catalyzes the reduction of dihydrofolate

(DHF) to tetrahydrofolate (THF). THF is a vital coenzyme involved in the purine and

thymidylate synthesis and thus plays an essential role in cell proliferation.167 As the

enzyme that controls the production of THF, DHFR is a target for several drugs, including

the anticancer drug methotrexate (MTX)169 and the antibiotic drug trimethoprim (TMP).168

Numerous structural studies have investigated how various ligands bind to DHFR from

different species and how binding affects the enzymatic function, which could further

provide guidance for rational structure-based drug design.196,197 DHFR–ligand complex

structures, in particular, have been determined by X-ray crystallography177,198 and NMR

spectroscopy.179,199,200

The authors of this study have previously explored protein-based 13C chemical

shift selection to identify interacting protein and ligand spins from simpler, one-

dimensional hyperpolarized NOE experiments.148 Here, we describe a method for the

rapid determination of the structure of protein–ligand complexes by the combined use of

computational docking methods and structural information obtained from hyperpolarized

NOE experiments. With the folic acid–Escherichia coli DHFR complex as an example, we

demonstrate that this method improves target selection compared to the use of an energy-

based scoring function alone.

4.2 Experimental Section

Folic acid was purchased from Spectrum Chemicals (Gardena, CA). D2O and

dimethyl sulfoxide-d6 (DMSO-d6) were purchased from Cambridge Isotope Laboratories

(Tewksbury, MA). Uniformly 13C-labeled DHFR was expressed from plasmid pET-Duet-1

in Escherichia coli BL21(DE3) cells and purified as previously described.148

Samples (10 µL) containing 254 mM folic acid and 15 mM TEMPOL in D2O/DMSO-
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d6 [1:1 (v/v)] were hyperpolarized at 1.4 K with a microwave frequency of 94.005 GHz and

a power of 100 mW. A deuterated glassing matrix was chosen to avoid large solvent signals

in 1H measurements. Additionally, an increase in the attainable 1H polarization level may

be expected with deuteration.201 After 20 min, the hyperpolarized sample was dissolved

with 4 mL of preheated 50 mM potassium phosphate buffer (pH 6.8). The leading 0.42

mL of this solution was loaded into a sample loop and injected into the NMR tube,

which already contained 30 µL of 3.5 mM 13C- and 15N-labeled DHFR. The injection was

achieved in 0.44 s, using nitrogen gas at a pressure of 1.81 MPa, against a back pressure

of 1.03 MPa.151 Samples exited the DNP polarizer at a temperature of approximately 302

K and were without further adjustment injected into the NMR probe held at 298 K. The

hyperpolarized ligand sample was mixed with the protein due to turbulence generated by

the injection. The start of mixing was considered at the middle of the injection time (point

a in Figure 4.1). The final concentrations of folic acid and DHFR in the NMR tube were

∼1.6 and ∼0.23 mM, respectively. The concentrations for each DNP–NMR experiment

were determined by comparison to known standards, using 1H NMR after completion of

hyperpolarized experiments.

All NMR spectra were acquired using a 400 MHz NMR spectrometer equipped with a

5 mm broadband observe (BBO) probe (Bruker Biospin, Billerica, MA). Hyperpolarized

1H NMR spectra were acquired using a pulse sequence with protein-side 13C isotope

selection using a single-quantum filter and ligand-side 1H isotope selection using a

selective inversion pulse. 13C selection was set at 13.5, 15.5, and 17.5 ppm. The frequency

offset from the water signal of the inversion pulse (point b in Figure 4.1) was set to 1590,

710, and 690 Hz, respectively, for the purpose of selectively inverting the polarization of

folic acid protons H7, H2′/H6′, and H3′/H5′. A control experiment was also performed

with the inversion pulse set off-resonance at 20000 Hz. To determine the polarization

levels of ligand peaks in each experiment and the effectiveness of the selective inversion,
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Figure 4.1: Pulse sequence for 13C isotope selection using single-quantum coherence
transfer with selective inversion on ligand proton peaks. The NMR experiment was
triggered after an injection time of 440 ms and another 100 ms for sample stabilization.
A 20 ms IBURP-shaped π pulse was included for performing selective inversion on
specific ligand proton peaks followed by a pulsed field gradient Gz (44.9 G·cm−1). Water
suppression was then done by selectively exciting the water resonance by repeated 20 ms
EBURP-shaped π/2 pulses, followed by randomized pulsed field gradients Gx, Gy, and
Gz for dephasing. Acquisition on the 1H channel for determining enhancements of ligand
signals was performed after a 1◦ hard pulse. The shaped pulsed for selectively suppressing
the water signal was repeated before the pulse sequence block including a single-quantum
filter for 13C chemical shift selection started. Delay τ was 1.79 ms. Selective inversion
on 13C resonances was applied by using a 7.65 ms shaped π pulse. The pulse had a
Gaussian shape with a 1% truncation level and resulted in a frequency profile with a full
width at half-maximum of 210 Hz. During this pulse, one complete cycle of WALTZ-16
decoupling was applied on the 1H channel. The 1H signal was acquired for t1,max = 320
ms, concomitant with the application of 13C GARP decoupling with γB1/(2π) = 3.3 kHz.
Pulse filed gradients Gz,1 (25.7 G·cm−1, Gz,2 (−25.7 G·cm−1), and Gz,3 (12.9 G·cm−1)
were included for coherence selection. Reprinted with permission from [184].

1H signals were measured with a 1◦ excitation (point c in Figure 4.1).

The folic acid molecule was docked into the DHFR binding pocket using AutoDock

4.2.77 The crystal structure of DHFR complexed with methotrexate (PDB entry 1RG7177)

was used as the macromolecular structure after removing the ligand. A docking grid map

with 60 × 60 × 60 points was generated with a grid point spacing of 0.375 Å, and it was

chosen to be centered to the center of the original ligand, MTX. Flexible ligand docking

was performed to the rigid protein binding site using the Lamarckian genetic algorithm
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(LGA); 250 ligand trial poses were generated by 250 independent runs with a maximum

number of 2,500,000 energy evaluations and a maximum number of 27,000 generations.

The receptor structure used in the docking along with the docked ligand poses was aligned

with the structure of DHFR in PDB entry 1RE7177 (DHFR–folic acid), so that the ligand

poses can be compared with the ligand structure in the crystal structure with the RMSD

values calculated.

Calculation of the NOE polarization transfer to generate simulated NOE peaks

was performed for each ligand trial pose. The simulation was done by applying a

complete relaxation and conformational exchange matrix analysis (CORCEMA).97,99 The

calculation was based on the two-state model of ligand–receptor reversible interactions.

Ef + Lf
kon

koff
EbLb (4.1)

The time evolution of signal intensity for all species can be described by a set of differential

equations. Both bound and free forms of 13 ligand protons and all protein protons, located

within 6 Å of the ligand, were used in the calculation:

d(S− S(e))

d t
= (R + K)(S− S(e)) (4.2)

S and S(e) are vectors of time-dependent and equilibrium signal intensities for all spins of

the form

S =


Sf

L

Sf
E

Sb
L

Sb
E

 (4.3)

Sf
L, Sf

E, Sb
L and Sb

E represent the free ligand, free protein, bound ligand, and bound protein,

respectively. The kinetic matrix K is generated based on the two-state exchange between
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free and bound species.

K =


kon[Ef] · IL 0 −koff · IL 0

0 kon[Lf] · IE 0 −koff · IE

−kon[Ef] · IL 0 koff · IL 0

0 −kon[Lf] · IE 0 koff · IE

 (4.4)

IL and IE are unit matrices with the dimension of the number of included ligand or protein

spins. kon and koff are on and off rate constants for the protein-ligand complex. The

relaxation matrix is given by

R =


Rf

L 0 0 0

0 Rf
E 0 0

0 0 Rb
L σ

0 0 σ Rb
E

 (4.5)

Rf
L and Rb

L represent the relaxation matrices for the free and bound ligand, respectively.

Rf
E and Rb

E are relaxation rate matrices for the protein in the free and bound forms, and

σ describes the cross-relaxation rate matrix between ligand and protein spins. The auto-

relaxation rates of spin Ii, ρi, and the cross-relaxation rates between spins Ii and Ij , σij ,

are included.

σij =
µ2

0γ
4
Hh̄

2

64π2r6
ij

(
6J(2ω)− J(0)

)
(4.6)

ρi =
∑
j 6=i

µ2
0γ

4
Hh̄

2

64π2r6
ij

(
6J(2ω) + 3J(ω)− J(0)

)
+ ρ∗i (4.7)

J(ω) =
2

5

τc
(1 + ω2τ 2

c )
(4.8)

ρ∗i is the leakage rate caused by relaxation processes other than 1H-1H dipolar interaction

between the spins in the matrix.

The effect of internal motions was considered for the methyl groups. The spectral
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densities for intramethyl, methyl-methyl and methyl-other proton dipolar interactions were

calculated by a modified Lipari-Szabo model-free approach.202,203

J(ω) =
2

5

( SiSjτc

(1 + ω2τ 2
c )

+
(1− SiSj)τ

(1 + ω2τ 2)

)
(4.9)

1

τ
=

1

τc
+

1

τint
(4.10)

τc and τint are the correlation times for the molecule and for the internal motions. Si and

Sj are order parameters for spin i and j.

The on rate, kon, was estimated to be 108 M−1s−1, assuming that the association step

is diffusion-controlled. The off rate, koff, was calculated as 280 s−1, with dissociation

constant KD measured to be 2.8 µM by isothermal titration calorimetry (ITC). The self-

relaxation rates of free ligand protons were measured by inversion recovery experiments

with a 2.5 mM folic acid solution in phosphate buffer (50 mM, pH 6.8). The cross-

relaxation rates between free ligand protons were determined by fitting the NOE buildup

curves after measuring 1H–1H NOESY spectra of the same folic acid solution with

varying mixing times. The nonhyperpolarized NMR experiments and the ITC experiments

were performed at 298 K. Other relaxation rates were calculated on the basis of dipolar

interactions using intramolecular and intermolecular 1H–1H distances between protons i

and j (rij) in each given ligand pose. All equivalent protons, including the methyl protons,

were considered explicitly in the calculation. The overall rotational correlation time of

DHFR, τc, was estimated using the Stokes law for a rigid sphere in water at 298 K.24 The

internal correlation time for the methyl groups, τint, was set to 0.005 ns.204,205 The product

of order parameters SiSj was set to 0.25 for internal methyl interactions.206 For external

methyl interactions, the order parameter Si was set to 0.39 for methyl protons204 and 0.85

for other protons.205
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Among all protein protons located within 6 Å of the ligand, which were included in the

calculation, those protein spins located at the 1 Å thick outside shell were considered to

have an additional leakage rate ρ*(shell) for compensating relaxation caused by interaction

with 1H spins that are outside of the 6 Å sphere. For all 250 trial poses, R1 relaxation

rates for each protein spin were calculated by adding the contributions of auto- and cross-

relaxation. ρ*(shell) = 0.13 s−1 was estimated from the difference in average R1 relaxation

rates for the spins inside of the 5 Å sphere and those in the shell.

The calculated signal intensities for all species were defined as Si = [i]Eni, where

[i] and Eni are the concentration and spin polarization enhancement factor of species

i, respectively. At t = 0, Eni(0) = 1 for each protein spin. For the ligand spins, the

Eni(0) values were determined from the first scan of the DNP-NMR experiment. It was

assumed that kinetic equilibrium was reached rapidly, so that the concentrations of the

ligand and protein in the free and bound forms were kept as constant values and were

calculated on the basis of the KD value and total protein and ligand concentrations. Total

protein and ligand concentrations for each experiment were determined by comparison

to known standards, using 1H NMR after completion of hyperpolarized experiments. In

the first scan of the D-DNP NMR experiment, the acquisition was performed after a 1◦

hard pulse. Enhancements of all ligand signals were determined by comparing the D-DNP

ligand NMR spectra (t = 0.34 s) with spectra measured at thermal equilibrium after each

experiment (Table 4.1). Initial enhancement levels (t = 0) when the protein and ligand start

to mix were calculated with the R1 relaxation rates of each ligand 1H signal measured by

multiscan D-DNP NMR experiments with small flip angle acquisitions. For those peaks

(H7, H2′/H6′, or H3′/H5′) that were inverted, their initial enhancements were estimated

using the average relative ratio to other peaks (H7, H2′/H6′, or H3′/H5′) in non-inverted

experiments. Enhancement levels of H9, which is close to the water resonance and hence

cannot be observed in the D-DNP NMR spectra, were set by averaging enhancements of
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other CH2 protons, Hβ, Hβ′, and Hγ.

Exp. Enhancement Factor Concentration (mM)
Number H7 H8 H2′/H6′ H3′/H5′ Hα Hγ Hβ Hβ′ Folic acid DHFR

1 766 233 941 870 541 311 230 640 2.24 0.236
2 49∗ 292 1323 1420 851 450 313 1056 2.02 0.218
3 1248 124 117∗ 1039 946 472 338 804 2.08 0.233
4 1157 305 1113 385∗ 712 381 288 790 1.79 0.216
5 1488 571 1670 1550 890 511 394 1608 1.52 0.252
6 229∗ 268 1431 1636 971 614 382 1259 2.33 0.228
7 1378 172 309∗ 1140 1024 566 393 1081 1.99 0.242
8 2043 652 1764 233∗ 1153 565 383 992 2.07 0.220
9 1033 231 1064 1002 619 339 257 636 2.08 0.269

10 18∗ 527 1673 1789 1007 508 353 1513 1.80 0.220
11 1368 117 −221∗ 1248 1009 548 455 1353 1.50 0.257
12 1425 339 1241 129∗ 849 535 346 997 2.44 0.238

Table 4.1: Signal enhancements of 8 ligand peaks and sample concentrations for 12 DNP-
NMR experiments. ∗ indicates the peak that was selectively inverted. The enhancement
was determined by comparing the ligand 1H signals measured at thermal polarization with
hyperpolarized 1H signals measured with a 1◦ flip angle pulse before each scan with
13C selection. Here, the 12 experiments correspond to the 12 1H spectra are shown in
Figure 4.2. Reprinted with permission from [184].

The time evolution of signal intensities for all spins was simulated by numerically

solving the matrix differential equation using the ode45 solver in MATLAB. The

occurrence of ligand–protein mixing was set as time zero. Selective inversion on individual

ligand proton peaks occurred at 0.34 s, which was estimated as 220 ms corresponding to

half of the injection time, 100 ms of stabilization time, and 20 ms of duration for the

selective inversion pulse. In the simulation, as a result, the signal of the selected inverted

peak was multiplied by an additional factor finv. Because the inversion is not perfect, finv

is not −1. For the nine experiments with an inversion pulse, finv values were optimized until
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the measured enhancement level of the selective ligand was fit best. Simulated intensities

for each NOE peak in the D-DNP NMR experiment were obtained at 1.47 s, where

the acquisition was performed. The effect of 13C single-quantum coherence selection

was considered by multiplying the simulated intensities with an additional coefficient

determined by the excitation profile of the 7650 µs Gaussian pulse.

NOE peaks in the protein spectra measured as the second scan in the 12 D-DNP

experiments were fitted with Lorentzian line shapes, leading to 28 individual peaks

(Figure 4.2). To compare the integrals of these measured NOE peaks with the simulated

results, a normalization factor needs to be taken into consideration as SSim,iN = SExp,i.

The same pulse sequence with the 13C selection at 11.4 ppm was applied after the D-DNP

experiments. The normalization factor was calculated by

N =
SExp,i

cmethyl · 1
=

SExp,i

3cprotein · 1
(4.11)

For each trial pose, the simulated signals of the 28 NOE signals were compared with

experimental integrals by calculating the NOE Score function, defined in the text.

The leakage rate ρ* was adjusted with a step size of 0.05 s−1 to obtain the lowest

average NOE Score for all 250 poses (Figure 4.3).

4.3 Results and Discussion

To observe polarization transfer through intermolecular NOEs, two one-dimensional

(1D) 1H NMR spectra were acquired after mixing of DHFR protein with the

hyperpolarized ligand folic acid. The first scan was for obtaining a spectrum of

the hyperpolarized folic acid immediately after injection of the sample into the NMR

spectrometer, acquired with a 1◦ hard pulse for excitation (Figure 4.4a, top left). This

spectrum can be used to calibrate signal intensities, which depend on the magnitude of

initial hyperpolarization of the ligand. From the spectrum in Figure 4.4a, significant
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Figure 4.2: 1H NMR spectra of DHFR measured after admixing DNP hyperpolarized folic
acid (black lines). Peaks in the spectra were fitted with Lorentzian line shapes (red dotted
lines). Each of the 12 panels shows data from a separate experiment measured with a 13C
filter at 17.5 ppm (1-4), 15.5 ppm (5-8) and 13.5 ppm (9-12). Selective inversion pulses
were applied at the beginning of the pulse sequence at the resonance of folic acid H7 (2,
6, 10), H2′/H6′ (3, 7, 11) and H3′/H5′ (4, 8, 12), respectively. Spectra 1, 5 and 9 were
measured without any inversion pulse. Spectra are zoomed in to the methyl group region.
Reprinted with permission from [184].

enhancement of ligand signals due to hyperpolarization was observed (top left) by

comparison with a reference spectrum acquired after the decay of hyperpolarization

(bottom left). Average enhancement factors among 12 experiments were determined as

1320 ± 350 for H7, 1360 ± 300 for H2′/H6′, and 1300 ± 320 for H3′/H5′. With a rapid

sample injection system,151 which minimizes the transfer time, the total time starting from

the dissolution to this NMR scan was 1.6 s. This timing mitigated polarization loss during

the injection. It enabled us to obtain a signal enhancement of >1000 for the five protons
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Figure 4.3: Plot of average NOE Scores among 250 poses, and Spearman’s correlation
coefficient (ρS) between the NOE Score and the RMSD value for 5 protons, as a function
of leakage rate (ρ*) chosen for the calculation. The lowest average NOE Score of 1244
was attained with a leakage rate of 2.7 s−1. The largest correlation coefficient of 0.89 was
reached with a leakage rate of 2.9 s−1. Reprinted with permission from [184].

employed in the subsequent analysis, all of which have high-field T1 relaxation times in

the range of 0.8–2 s. Signals of other peaks with shorter relaxation times between 0.4 and

0.6 s were also observed but were not included in the analysis.

The second scan was measured after a time delay of 1.47 s, allowing for the transfer

of hyperpolarization to the protein. To observe individual enhanced protein peaks, the

pulse sequence for this scan contained a single-quantum filter with 13C chemical shift

selection. The resulting 1H spectrum in Figure 4.4a (top right) generates only signals of

protein 1H spins that are correlated to 13C spins within a specific range of chemical shifts,

and only signals of proton spins located close enough to the hyperpolarized ligand spins

are efficiently enhanced. Compared with the reference spectrum measured with the same

13C filter at thermal polarization (bottom right), the D-DNP NMR spectrum shows two

resolved peaks in the methyl group region strongly enhanced. The enhancement levels

of >1000 for the ligand 1H spins allow the observation of the enhanced protein signals in

the single-scan NMR spectrum. Without hyperpolarization, 106 scans would be needed to

obtain data of the same quality using a 400 MHz NMR spectrometer, which with a recycle
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Figure 4.4: a) 1H spectra of folic acid and DHFR: top left, hyperpolarized ligand with
protein measured with 1◦ excitation; top right, hyperpolarized ligand with protein with 13C
selection at 13.5 ppm; bottom left, ligand with protein at thermal polarization, averaged
by 32 scans; bottom right, ligand with protein at thermal polarization with 13C selection
at 13.5 ppm, averaged by 256 scans. b) D-DNP NMR spectra (black) with a 13C selection
filter at 13.5, 15.5, and 17.5 ppm, with a close-up on the DHFR methyl region. Selective
inversions were applied at folic acid protons H7, H2′/H6′, and H3′/H5′ for panels 1–3,
respectively. Spectra with no selective inversion (red) are superimposed in all panels.
The spectra displayed were normalized by the enhancement factors of the ligand and
the concentration of the protein. These two parameters are listed for each experiment in
Table 4.1. They exhibit a variation of approximately±25% for the enhancement factor and
±7% for the protein concentration. c) Structure of folic acid. Protons that were selectively
inverted are marked. Reprinted with permission from [184].

delay of 1 s would require 11 days.

Data sets, as shown in Figure 4.4b, were measured with the selection at three different

13C chemical shifts. In addition, an inversion pulse on a specific 1H ligand resonance was
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applied in some of the experiments. The reduction in the intensity of a protein signal due to

inversion of a specific ligand signal allows one to distinguish the origins of the transferred

polarization. In total, 12 D-DNP NMR 1H spectra were acquired, and 28 NOE peaks were

observed. The 28 NOE peaks were assigned to six methyl groups from three amino acids,

which are within the excitation region of the Gaussian-shaped selective pulse on the 13C

channel. Via comparison of the spectra acquired with and without the selective inversion,

it becomes evident which protein signals receive polarization transfer from each individual

ligand spin. For example, the NOE signals for Ile 94 Hδ1 (peak 1), Ile 5 Hγ2 (peak 4),

and Ile 94 Hγ2 (peak 5) show the greatest signal loss when H7 is inverted, while a smaller

change is observed with inversion of H3′/H5′. For the Ile 50 Hγ2 peak (peak 6), greater

signal reduction can be seen with H2′/H6′ inversion, while there is less signal loss for

H3′/H5′ inversion and almost no change for H7 inversion. This signal intensity variation is

consistent with the NOE cross-peaks observed in a conventional filtered three-dimensional

(3D) NOESY spectrum described in ref148, in which larger NOE cross-peaks are present

for Ile 94 Hδ1, Ile 5 Hγ2, and Ile 94 Hγ2 in the ligand H7 plane, and intense NOE

cross-peaks of Ile 50 Hγ2 are seen in the ligand H2′/H6′ plane. This multidimensional

NOESY experiment was conducted on a 500 MHz NMR spectrometer with a cryoprobe

for 3 days. The observed decrease in the intensity of the signal in the hyperpolarized

spectra upon inversion of a ligand signal can be used as an indicator of the proximity of

the respective protons. Although all ligand protons are hyperpolarized simultaneously,

the selective inversion at the beginning of the experiment makes it possible to distinguish

contributions from different ligand protons.

A limited number of NOE cross-peaks, such as those obtained in Figure 4.4, are

alone not sufficient to calculate the molecular structure. Combining similar numbers of

experimental restraints with computational docking methods, however, has been proven

to be successful in determining the binding epitope structure.94,95 Here, 250 poses of folic
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acid with different ligand conformations and orientations were generated using the docking

program AutoDock.77 For docking, the X-ray crystal structure of the DHFR–methotrexate

(MTX) complex determined by Sawaya et al. [Protein Data Bank (PDB) entry 1RG7177]

was used. A structure with a ligand different from the folic acid used in the experiments

was purposefully chosen. The protein structure remained static during the docking

procedure, while the ligand orientation and bond angles were changed. After completion

of the docking calculation, the polarization transfer process in the D-DNP experiment was

simulated for each pose by a complete relaxation and conformational exchange matrix

analysis (CORCEMA) as described by Moseley et al.97,99 Thirteen folic acid proton

spins and all DHFR proton spins that are within 6 Å of the ligand were included in

the calculation. The spins in free and bound forms of protein and ligand were treated

separately. A leakage rate, ρ*, was added to the autorelaxation term for each bound

ligand spin and all the protein spins, to compensate for relaxation processes other than the

1H–1H dipolar interaction, such as dipolar interaction with 13C, chemical shift anisotropy

relaxation, paramagnetic relaxation due to the radicals, and exchange of amide protons

with the solvent. These simulations resulted in the predicted time dependence of signal

intensities for each of the ligand and protein peaks, in the presence or absence of selective

inversion applied on ligand spins. The simulation results for two of the calculated poses

are shown in Figure 4.5. In the simulations with no inversion pulse, it can be seen that

the methyl proton signals of the protein build up immediately after mixing and eventually

drop toward the equilibrium. Inverting the polarization of ligand 1H resonances generates

distinct effects on different DHFR methyl peaks as evidenced by these calculations. For

the pose in Figure 4.5a, inversion of the ligand H7 proton leads to a marked decrease in

the intensity of the signal for Ile94 Hγ2, Ile94 Hδ1, and Ile5 Hγ2, while inversion of

ligand H2′/H6′ or H3′/H5′ has minor effects on those three methyl protons. The different

response of the same protein peaks with inversion of individual ligand protons reflects
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Figure 4.5: Simulation of polarization transfer for two ligand trial poses. a) and b)
Structures of these two poses along with three nearby amino acids in DHFR that were
observed in the D-DNP NMR experiments. Selected intermolecular 1H–1H distances
between folic acid and DHFR are shown with dashed lines and indicated with numbers in
units of angstroms. The protein structure is from PDB entry 1RG7.177 c) and d) Evolution
of simulated enhancement factors for the signals of six protein methyl protons based on
ligand poses in panels a and b, respectively. The solid line represents the experiments with
no selective inversion. Selective inversions at H7 (red dotted), H2′/H6′ (blue dotted), and
H3′/H5′ (orange dotted) were applied at 0.34 s. The vertical black dotted line indicates the
time (t = 1.47 s) when the acquisition started. Reprinted with permission from [184].

corresponding structural information. In this particular pose, Ile94 and Ile5 are closer to

H7 than the other protons inverted (H7-Ile5 Hγ2, 4.63 Å; H7-Ile94 Hδ1, 4.82 Å; H7-Ile94

Hγ2, 4.83 Å).

Upon comparison of the simulated curves of the protein signal intensity versus time

for the poses in panels a and b of Figure 4.5, distinct differences can be seen. For the

latter pose, simulated signal intensities of Ile94 Hγ2, Ile94 Hδ1, and Ile5 Hγ2 build up

more slowly, and inverting the polarization of ligand H7 has no obvious effects on these

signals. In this pose, the pteridine ring of the ligand is flipped compared to the pose in
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Figure 4.5a. The H7 atom is then located farther from I5 and I94 (H7-Ile5 Hγ2, 9.17 Å;

H7-Ile94 Hδ1, 7.62 Å; H7-Ile94 Hγ2, 9.35 Å). The calculated results for these two ligand

poses illustrate that the simulation of NOE peaks based on polarization transfer reflects the

structural properties of the ligand–protein complex in each pose. Therefore, the simulation

can be used to establish a relationship between the structure and the experimental results.

To allow for a comparison with the experimental D-DNP NMR data, simulated NOE

peak signals were taken from the curves at the specific time point (1.47 s), which

corresponds to the point of acquisition of the spectra. These signals were further multiplied

by a factor describing the frequency offset dependence of the pulse sequence containing

the selective 13C pulse. As a result, expected signal integrals for the 28 peaks in the 12

spectra were obtained.

For each trial pose, the simulated signals were compared with experimental signal

integrals by calculating an NOE Score function, defined in arbitrary units as

NOE Score =

√√√√ 28∑
i=1

(SExp,i − SSim,i)2 (4.12)

Here, the sum extends over all 28 observed NOE signals. The calculated NOE scores

range from 635 to 1966 for the 250 poses from the docking calculations. A histogram of

the obtained scores is shown in Figure 4.6, which appears as a nearly normal distribution

with a mean value of 1244 and without outliers. Of all the ligand poses, only seven poses

lie in the first bin with the lowest NOE Score values of 600–730, where the best trial pose

should be located.

The use of the observed transfer of hyperpolarization from ligand to protein for the

purpose of selecting poses as described above can be validated by the correlation of the

NOE Scores with structural RMSD values between the respective ligand poses and a

reference structure. In Figure 4.7a, Spearman’s correlation coefficient (ρS) to a known
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Figure 4.6: Histogram of the calculated NOE scores for 250 trial ligand poses. The data
were also fitted with a normal distribution (µ = 1244; σ = 269). Reprinted with permission
from [184].

crystal structure of the protein with the same ligand is shown. The correlation coefficient

between the NOE Score values and ligand pose RMSD is 0.88 when considering only

the five protons inverted in the D-DNP experiments. Upon calculation of the whole

ligand structure, the correlation coefficient drops to 0.59. With no protons inverted for

the glutamate moiety, there is no experimental selectivity for this part of the ligand. To

exclude the influence from this part of the molecule in the correlation, the analysis was also

performed considering the ligand structure without the glutamate part, giving a Spearman’s

correlation coefficient of 0.77. In the crystal structure of the folic acid–DHFR complex,

there are also no short distances of≤5 Å between the protons in the glutamate moiety (Hα,

Hβ, and Hγ) and the six observed protein methyl protons. The correlations including the

experimental data are better than the same correlation that is obtained from the AutoDock

Score (binding energy) (Figure 4.7b), even when including the parts of the structure in

which no experimental selectivity exists. This comparison demonstrates that the NOE
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Figure 4.7: a) Correlation plots of NOE Score vs RMSD. RMSD values in three panels
were calculated, including only five protons inverted in the D-DNP NMR experiments
(left), the whole ligand structure excluding the glutamate moiety (middle), and the entire
ligand structure (right). b) Correlation plot of binding energy (AutoDock Score) vs RMSD
(whole ligand structure). c) Comparison of three ligand poses with the crystal structure
of folic acid complexed with DHFR (PDB entry 1RE7).177 The three poses are also
highlighted in panels a and b. d) Signal integrals of 28 NOE peaks (Figure 4.4b) obtained
from 12 D-DNP NMR experiments vs signal of simulated peaks plotted for the three ligand
poses. Reprinted with permission from [184].

Score ranks the trial poses that are close to the experimentally determined crystal structure

highly and rejects false poses generated by the docking program.

Structures of three selected ligand poses are shown in Figure 4.7c, and for each of the

three poses, experimental signal integrals for the observed methyl group signals from all

experiments are plotted against the simulated signals in Figure 4.7d. Compared to poses 1
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and 2, a larger deviation from the diagonal of the graph is observed for pose 3, suggesting

an expanding disagreement between the experimental and simulated results, which is

consistent with its larger NOE Score value. Pose 1 is the structure that gives the lowest

NOE Score of 635. The RMSD value comparing the selected five protons in this pose to

those in the crystal structure is 1.49 Å, ranking 24th among all poses. Compared with the

ligand pose in the crystal structure, the pteroyl moiety overall shows a good agreement,

except for the not perfectly aligned benzene ring. Its low NOE Score might be explained

by the indistinguishable aromatic protons in the free ligand, H2′ and H6′, and H3′ and H5′.

Pose 2, which has the second lowest NOE Score of 643, also has the lowest RMSD value

of 0.56 Å when calculating only the five selected ligand protons, and the second lowest

RMSD value of 0.75 Å when considering the whole pteroyl group. In Figure 4.7c, pose

2 shows an excellent agreement with the crystal structure in particular for the pteroyl part

of the ligand, in which all five protons selectively inverted belong. The glutamate tails for

both poses 1 and 2 agree less closely with the crystal structure, for the reason stated above.

The structure of the pose giving the lowest Autodock Score (Figure 4.7b) is also shown in

Figure 4.7c as pose 3. Its pteroyl part does not align well with the crystal structure, giving

a relatively higher NOE Score of 944. This comparison demonstrates that the NOE Score

function can refine the docked poses. Specifically, the NOE Score function is effective for

the part of the ligand with selectively addressed protons, while calculation of the binding

energy by AutoDock is based on the entire ligand structure.

The previously defined leakage rate, ρ*, representing relaxation mechanisms other

than proton–proton dipolar relaxation, has a variety of possible sources, and hence, it is

impossible to measure or determine it directly. Here, it was adjusted until the minimum

average NOE Score value for all poses was reached (Figure 4.3). The lowest average score

was obtained for a leakage factor of 2.7 s−1. This observed value is somewhat larger than

typical values of 0.1–2 s−1 used in non-hyperpolarized samples.207–209 The larger leakage
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τc (ns) 5 6 7 8 9 10 11
ρ*(s−1) 2.35 2.50 2.60 2.70 2.75 2.85 2.90

ρS(5 1H inverted) 0.86 0.87 0.88 0.88 0.88 0.88 0.88
ρS(exclude tail) 0.75 0.76 0.76 0.77 0.77 0.77 0.77
ρS(whole ligand) 0.57 0.58 0.59 0.59 0.60 0.60 0.60

Ranking (pose with lowest RMSD) 3 2 2 2 2 2 4

Table 4.2: Effects of the protein correlation time on the calculation results, including
the optimized leakage rate (ρ*); Spearman’s correlation coefficients (ρS); as well as the
ranking of the pose with the lowest RMSD value between the ligand pose and the ligand
in the reference crystal structure, among 250 trial poses. Reprinted with permission from
[184].

factor can be explained by factors including additional paramagnetic relaxation due to

radicals and an increased relaxation rate of amide protons and other exchangeable protons

with solvent suppression pulses applied in the experiments. The effect of the leakage factor

on calculated Spearman’s correlation factor, between the NOE Score and the RMSD value

of the five inverted protons, is also plotted in Figure 4.3. The best correlation is reached

with a leakage factor of 2.9 s−1, which is close to the value of 2.7 s−1 determined by lowest

average NOE Scores. The calculation of the expected NOE requires the correlation time of

the protein as a parameter. For the data shown in the figures, a rotational correlation time

τc of 8 ns was assumed. Because the NOE depends on the correlation time, the effects

of calculating with different τc values between 5 and 11 ns are evaluated in Table 4.2.

Differences in resulting Spearman’s correlation coefficients are <0.04. The ranking of the

ligand pose with the lowest RMSD to the crystal structure in all calculations is between 2

and 4 of 250, indicating that the value of the correlation time over this range does not play

a major role.

Here, the receptor structure was chosen as DHFR in complex with another ligand,

MTX, and kept rigid during the entire docking process. However, in many systems,

conformational changes would be expected upon binding of different ligand molecules,
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and even small motions of the side chains would have non-negligible effects on the

docking results. Although the ligands MTX and folic acid are structurally similar, it

is still reasonable to consider differences in receptor conformation with the binding

of the two ligands. An alternative approach that may further refine the results by

avoiding any bias caused by energy-based calculations would be the use of experimentally

obtained structural restraints to guide the docking process. Recently, a method based

on a purely data-driven conformational search with intraligand and intermolecular NOE

restraints measured by traditional 3D NOESY was developed by Orts et al.210,211 This

approach may be viable for use with hyperpolarization when a larger number of structural

constraints become available. To achieve a two-sided selection on both the ligand 1H

and protein 13C dimensions, multiple 1D D-DNP NMR measurements were performed

here. The efficiency of this process may be improved, for example, by using multichannel

detection,212 Hadamard spectroscopy,136 or ultrafast two-dimensional NMR,127 each of

which is compatible with D-DNP NMR.

4.4 Conclusions

In summary, the combination of computational docking and hyperpolarized

NMR measurements provides a method for obtaining structural information about a

protein–ligand complex. Using a two-sided coherence selection, the required distance

information can be obtained from a series of D-DNP NMR experiments. Because of the

use of DNP, fast acquisition within a few seconds can be achieved, which make this method

useful for some samples that are not easily purified or stable enough for conventional

multidimensional NMR experiments.
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5. DETERMINATION OF PROTEIN-LIGAND BINDING MODES USING FAST

MULTI-DIMENSIONAL NMR WITH HYPERPOLARIZATION

5.1 Introduction

Interactions of small molecules and proteins are the key components involved in

many essential biological processes, including enzymatic catalysis, cellular signaling

pathways, and regulation of protein functions. A comprehensive understanding of the

structure and dynamics pertaining to these interactions is required to not only reveal

the molecular mechanisms in biological processes, but also to provide the knowledge

to develop synthetic small-molecule drugs that can alter the functions of the target

proteins. Nuclear magnetic resonance (NMR) spectroscopy enables the non-invasive

investigation of the intermolecular interactions in aqueous solution,142,213 and recent

advances in live cell NMR214 has allowed to monitor molecular interactions directly in

cellular environments.54,215–217

Observing magnetization transfer through the nuclear Overhauser effect (NOE) is a

powerful NMR-based method to probe molecular structure, and has been widely applied

for studying the water-protein218,219 or ligand-protein interactions.32 Dissolution dynamic

nuclear polarization (D-DNP) is a hyperpolarization technique, which can boost the

sensitivity of NMR signals by several orders of magnitude.113 Using the D-DNP to

generate hyperpolarized spins serving as the NOE source, the efficiency of the NOESY

measurement can also be significantly improved. As a versatile technique, DNP is capable

of hyperpolarizing a wide range of small molecules, including water and typical ligand

molecules. In addition to accelerating an NMR experiment owing to the sensitivity

gain, hyperpolarization of small molecules also provides a natural contrast for exclusively

observing signals originating from the small molecule of interest.
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Several applications have been demonstrated, where 1H spins of water or other

small molecules are hyperpolarized by dissolution DNP, and subsequently participate in

polarization transfer to the protein or other small molecules through intermolecular NOEs.

Interactions between water and protein can be directly studied by observing polarization

transfer from hyperpolarized water to the protein. Hyperpolarization can be transferred

to amide protons on the protein through proton exchange, and further spread within the

protein through intramolecular NOE.220 By the same mechanisms, water molecules can

serve as an agent to introduce hyperpolarization to the protein spins for subsequent use.

This method has been applied to obtain high-resolution NMR spectra of intrinsically

disordered proteins (IDPs),131 as well as folded proteins, using fast two-dimensional (2D)

measurements.132 Further, our group has recently demonstrated the application of this

method to measure protein signals during the folding process, which can provide insight

into the structure and dynamics in protein folding.133

Interactions between water and protein can be directly studied by observing

polarization transfer from hyperpolarized water molecules to the protein. From the

quantitative modeling of the time-dependent transferred signals on the protein amide and

aliphatic protons, it has been revealed that water hyperpolarization can be transferred to

amide protons on the protein through proton exchanges and further spread within the

protein through intramolecular NOE to nearby protons including aliphatic protons.220

Owing to the rapid polarization transfer from water to protein through these mechanisms,

the water molecules can also serve as an agent to introduce hyperpolarization to the

protein spins. This method has been applied to obtain high-resolution NMR spectra

of intrinsically disordered proteins (IDPs)131 and the folded protein using fast 2D

measurements.166 Further, our group has recently demonstrated the application of this

method to measure the protein signals during the folding process. The difference of

residue-specific enhancements gained on the protein between under the conditions of
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folded and refolding provides an insight into the structure and dynamics during protein

folding.133

When a ligand is present in the protein solution, hyperpolarization from water can

be transferred to the ligand, and used for the detection of binding.124 In addition, D-

DNP can directly generate hyperpolarization on ligand spins. Protein mediated transfer

of polarization from one hyperpolarized ligand to another, competing ligand, has been

detected in the presence of the protein target, providing structural information about

the ligand binding epitope.137 Polarization transferred from a hyperpolarized ligand can

also be observed directly as selectively enhanced protein signals, revealing structural

information related to ligand-protein interaction.123,148

Knowledge of the protein-ligand complex structure provides essential information

to guide the ligand optimization process in structure-based drug design (SBDD).

Computational docking is a rapid and inexpensive method for predicting the orientation

and conformation of the ligand when binding to the target protein structure. The

integration of NMR restraints into docking calculations can further improve the prediction

reliability and has emerged as a popular means in drug discovery.20,21 A common strategy

consists of the generation of a set of possible ligand binding modes in silico, which

are then ranked using the experimental NMR data. Even sparse contact information,

based on intermolecular NOEs between ligand and protein,193,194 intermolecular NOEs

between competitively binding ligands,103,104 or intra-ligand NOEs,98 are sufficient for

this purpose. In a further refinement of this method, data-driven docking directly

integrates experimental data into the docking algorithm. One such approach is the high

ambiguity driven biomolecular docking method,85,221 where experimental data can be

converted into ambiguous interaction restraints, which are used to guide the docking

processes.94,222 Recently, a highly automated approach using intra-ligand NOEs and

ambiguous intermolecular NOEs without protein chemical shift assignments, was shown
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to enable the determination of the ligand binding mode in a receptor binding pocket.210,211

Recently, we developed a method for the determination of ligand binding epitope

structures by a combination of molecular docking and intermolecular NOEs obtained from

a set of 1D hyperpolarized 1H NMR spectra.184 Here, we demonstrate that the efficiency of

the NOE measurement is significantly improved by multi-dimensional NMR spectroscopy,

which includes a 2D correlation of protein spins combined with Hadamard encoding of

ligand signals in a third dimension. These spectra contain a similar level of information

as would be available from conventional NMR spectra with longer acquisition time. The

spectra are used to calculate the binding epitope structure of a ligand for the dihydrofolate

reductase (DHFR) protein.

5.2 Experimental Section

Uniformly 13C enriched DHFR was produced by expression from the pET-Duet-1

plasmid in E. Coli BL21(DE3) cells, cultured in M9 minimum medium containing 3 g/L

[U-13C]glucose. The His-tagged protein was purified by a Ni2+-NTA column followed by

gel filtration chromatography as previously described.148 Purified DHFR was prepared as a

5 mM stock solution in 50 mM phosphate buffer (pH 6.8) containing 1 mM EDTA, 1 mM

DTT, 50 mM KCl. The concentration was determined by measuring UV-Vis absorption at

280 nm.

For DNP hyperpolarization, samples of 350 mM folic acid (Spectrum Chemicals,

Gardena, CA) were prepared in D2O/DMSO-d6 (v/v 7:3) containing 15 mM 4-hydroxy-

2,2,6,6-tetramethylpiperidine-1-oxyl (TEMPOL; Sigma-Aldrich, St. Louis, MO). 30 µL

aliquots of the mixture were hyperpolarized on 1H spins in a HyperSense DNP polarizer

(Oxford Instruments, Abingdon, UK) under 100 mW microwave irradiation at a frequency

of 94.005 GHz, and a temperature of 1.4 K. After 20 min, a frozen DNP sample was

dissolved by 4 mL phosphate buffer (50 mM, pH 6.8) preheated until reaching a vapor
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Figure 5.1: Pulse sequence for the [1H-13C]-SOFAST-HMQC experiment with ligand
resonances encoded by a Hadamard scheme. After the injection (tinj. = 375 ms) and sample
stabilization (tstab. = 385 ms), the NMR experiment was triggered. Repeated 20 ms EBURP
π/2 pulses followed by pulsed-filed gradients Gx (44.8 G·cm−1), Gy (38.6 G·cm−1), Gz

(33.5 G·cm−1) were applied for water suppression. The two π/2 pulses on the 13C channel
were applied with γB1/2π = 11.4 kHz. A 12.7 ms dual Gaussian shaped pulse with flip
angle of π was applied simultaneously on two ligand 1H resonances followed by a pulsed
filed gradient Gz (47.7 G·cm−1). The first 1H scan was acquired after a hard pulse with a
small flip angle (1◦) for enhancement determination of hyperpolarized ligand signals. In
the following [1H-13C]-SOFAST-HMQC pulse sequence, a 2.8 ms PC9 shaped pulse (flip
angle 2π/3, ±2 ppm bandwidth) and a 1.9 ms RSNOB shaped π-pulse were centered at 0
ppm for selective methyl proton excitation and refocusing. The coherence transfer delay
was set to 1/(2JCH) as ∆ = 3.5 ms. A 13C GARP decoupling sequence (γB1/2π = 3.1
kHz) was applied during the acquisition. Pulsed field gradients were applied with Gz,1

(7.5 G·cm−1) and Gz,2 (4.8 G·cm−1). A total of 40×1200 complex points were acquired
for the 13C and 1H dimensions, with t1,max = 8.2 ms and t2,max = 100 ms, respectively.

pressure of 6 bar and then injected into a 5 mm NMR tube. The NMR tube was pre-

installed in the 400 MHz NMR magnet (Bruker Biospin, Billerica, MA). In the NMR

tube, a total of 25 µL of 5 mM protein solution was preloaded, which mixed with the

hyperpolarized ligand during injection. The injection was achieved by applying N2 gas at

a forward pressure of 1.81 MPa against a back pressure of 1.03 Mpa. The middle of this

injection period was considered as the point when the mixing started (a in Figure5.1 , t = 0

s). NMR measurements were programmed to automatically start after an additional period
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for sample stabilization (b in Figure 5.1, t = 0.57 s). The final sample concentrations

were determined individually for all the samples, resulting in average values of 4.9±0.4

mM and 0.34±0.02 mM for the ligand and protein, respectively. All hyperpolarized NMR

spectra were acquired in a 5 mm triple-resonance inverse detection (TXI) probe (Bruker

Biospin, Billerica, MA) at a temperature of 303 K. The NMR pulse sequence consists of a

selective dual-frequency inversion pulse for ligand 1H encoding (c in Figure 5.1, t = 0.65

s), a small flip-angle excitation (point d, t = 0.68 s) and the subsequent 1H acquisition for

determination of ligand 1H enhancement, and a [1H-13C]-SOFAST-HMQC130 sequence for

detection of 1H and 13C correlation for the protein methyl groups (point e, t = 0.78 s). Two

ligand resonances were chosen to be inverted simultaneously in each experiment according

to the Hadamard matrix (Equation 5.1). Four consecutive DNP NMR experiments were

conducted for a complete encoding. The enhancement factors for ligand protons in each

experiment were determined by comparing the peak integrals measured in the 1D DNP

NMR spectra with those obtained at thermal polarization. The final concentration of folic

acid was measured using absorbance at 350 nm by UV-Vis spectroscopy after each DNP

experiment, while the protein concentration was determined by comparing the 1H NMR

signals recorded under thermal polarization to a known standard. Backbone and side-

chain chemical shifts assignments of the DHFR complexed with folic acid were obtained

previously,148 by mapping reported values to the experimental conditions used.179

The four hyperpolarized SOFAST-HMQC spectra were first normalized by a factor,

which is the product of the ligand signal enhancement from the corresponding 1D NMR

spectra and the final protein concentration in each sample (Table 5.1). Spectra were

then further processed with the Hadamard transform, to generate reconstructed spectra

consisting of methyl NOE peaks corresponding to each of the three encoded ligand

resonances.

250 ligand trial poses were generated by docking folic acid into the DHFR binding
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Exp. Enhancement Factor Concentration (mM)
Number H7 H8 H2′/H6′ H3′/H5′ Hα Hγ Hβ Hβ′ Folic acid DHFR

1 650 157 384 491 335 267 138 112 5.06 0.333
2 623 114 -255(0.69)∗ -293(0.62)∗ 321 214 178 145 4.96 0.324
3 -403(0.65)∗ 131 369 -322(0.68)∗ 322 212 122 104 4.40 0.365
4 -375(0.60)∗ 139 -244(0.67)∗ 469 320 194 170 99 5.30 0.332

Table 5.1: Ligand signal enhancement factors and sample concentrations for four
DNP-NMR experiments. The signal enhancement was determined by comparing the
hyperpolarized 1H signals measured with a 1◦ excitation with the ligand 1H signals
acquired at thermal polarization after the DNP-NMR experiment. ∗ indicates that the peak
was selectively inverted and the number in parentheses is the inversion factor, which was
determined by comparing the relative enhancement factor for this peak in Exp.1 where no
inversion was applied.

pocket using AutoDock 4.277 as previously described,184 and complete relaxation and

conformation exchange matrix analysis97 were applied in the same way to simulate time-

dependent polarization transfer for all involved ligand and protein 1H spins. All equivalent

protons, including the methyl protons, were treated as individual atoms.97 For the ligand

and protein concentrations, the enhancement factors for the hyperpolarized ligand and the

additional factors to account for incomplete inversion of the ligand signals (Table 5.1), the

averaged values from 4 experiments were used. Starting from the occurrence of mixing

(point a in Figure 5.1, t = 0 s), the band-selective inversion was applied as inverting the

corresponding two ligand signals at t = 0.65 s (point c). The simulated NMR signals in

the four encoded SOFAST-HMQC spectra were obtained for all methyl protons involved

in the calculation using the simulated magnetization at the start of the 2D measurement of

t = 0.78 s (point e). The Hadamard transform was applied and the potential methyl peaks

appearing at the position for the same NOE peaks were grouped together to generate the

simulated NOE signals corresponding to each encoded ligand resonance.

A scoring function, NOE Score, was defined to represent the deviation of the simulated

results from the experimental data, covering N methyl groups for observed NOE signals
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and M methyl signals that are not observed in the 3 reconstructed spectra, as NOE Score =√∑N
i (SExp,i − SSim,i)

2 +
∑M

i S2
Exp,i. Here, Si represents the relative peak intensity

defined as the ratio of individual signal to the sum of intensities of all observed peaks in

a single reconstructed spectrum for both simulated and experimental results. For the two

indistinguishable Hδ methyls in leucine for L28, L36, L54 and L156 without stereospecific

assignment, all possible combinations were calculated and the lowest NOE Score was

selected. The calculated NOE Score was used to rank the 250 poses.

5.3 Results and Discussion

Rapid injection of the hyperpolarized ligand folic acid into the protein DHFR solution

leads to selective polarization transfer from the ligand 1H spins to their nearby 1H spins

on the protein. Signals resulting from this polarization transfer can be seen in the

hyperpolarized 2D SOFAST-HMQC spectra shown in Figure 5.2a. A spectrum with

hyperpolarized ligand (blue) is compared to a spectrum acquired with the same sample

and the same SOFAST-HMQC pulse sequence after hyperpolarization has decayed (gray).

The spectra are acquired with selective 1H excitation of the side-chain methyl region only,

to avoid consumption of the polarization of the ligand spins (2 ppm to 8.7 ppm) other

than through the inevitable relaxation. In the spectrum with hyperpolarization, several

strongly enhanced peaks are visible. This observation is confirmed by comparing the

one-dimensional projections of the two spectra (Figure 5.2a, top). The extent of peak

overlap in the projection however illustrates the necessity for acquiring the 2D data. In

Figure 5.2b, slices of the 2D spectra measured with and without DNP hyperpolarization

are compared, showing the signal enhancements through transfer of hyperpolarization for

single peaks. These slices can also be compared with one-dimensional 1H NMR traces

acquired with a coherence filter to select the corresponding 13C chemical shift. Such

spectra were previously reported in Figure 1b of ref. [184]. They contain the same
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Figure 5.2: a) 2D SOFAST-HMQC spectra showing the methyl chemical shift region of
0.34 mM DHFR measured after admixing of 5.3 mM hyperpolarized folic acid (blue). A
spectrum of the same sample after decay of the hyperpolarization is underlaid in gray.
The spectra are recorded with 40 increments in the indirect dimension. The 1D traces at
the top are positive sum projections of the 2D spectra. b) 1D slices extracted at several
13C chemical shifts, as indicated by the dashed lines, from both the hyperpolarized and
non-hyperpolarized 2D spectra.

correlations, albeit in narrow chemical shift ranges. The comparison illustrates that the

hyperpolarized 2D measurement significantly outperforms the 1D experiment in terms of

information content, with a single 2D spectrum covering a width of 24 ppm in the 13C

dimension.

Although polarization transfer through intermolecular NOE leads to selective

enhancement of protein signals in the 2D DNP SOFAST-HMQC spectra, a correlation

with the origin of polarization on individual ligand protons needs to be established in order

to obtain atom-to-atom distance information. This correlation information was encoded in

the spectra by applying selective inversion pulses to ligand signals before the NOE mixing

time and the start of the 2D measurement.

The hyperpolarized 1H NMR spectrum of the folic acid ligand shows that the largest
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Figure 5.3: a) Structure of folic acid. b) Hyperpolarized 1H spectrum of folic acid with
peak assignments labeled. DMSO designates the dimethyl sulfoxide signal from the
glassing matrix used for DNP hyperpolarization.

signals were observed for three ligand peaks, H7, H2′/H6′ and H3′/H5′ (Figure 5.3). Signal

enhancements compared to non-hyperpolarized NMR spectra at 400 MHz were 1160, 530,

and 500, respectively. These signals are also well-resolved and outside of the spectral

range containing the protein methyl resonances.

The chemical shift information for these three signals was encoded in the spectra (1)-
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(4) using a Hadamard scheme, as defined by a 4× 4 matrix:

H4 =

a b c


1 1 1 1 (1)

1 −1 −1 1 (2)

−1 1 −1 1 (3)

−1 −1 1 1 (4)

(5.1)

Each row of this matrix corresponds to one of 4 NMR experiments. The first three columns

represent three encoded ligand peaks; a: H7, b: H2′/H6′ and c: H3′/H5′ , respectively, while

the fourth column represents the sum of all other ligand resonances. Entries of −1 indicate

that in the respective experiment, the corresponding signal was inverted. According to this

scheme, no inversion was applied in the first experiment, whereas two frequencies out of

the three selected ligand resonances were selectively inverted using a dual-frequency pulse

in the other three experiments.

In the first scan of each of the DNP experiments, the acquisition of a 1D NMR

spectrum was integrated into the mixing time between the inversion pulse and the 2D

acquisition. The excitation pulse for this spectrum consisted of a 1◦ hard pulse. These

scans are shown in Figure 5.4a. They can be used to confirm the success of ligand 1H

encoding, and also to determine accurate enhancement factors which may vary between

experiments. The results of the corresponding four Hadamard-encoded 1H-13C SOFAST-

HMQC experiments are shown in Figure 5.4b. Compared to the spectrum with all (+1)

encoding, a signal reduction for the methyl peaks can be seen in each of the other three

spectra with selective ligand inversion. However, no peaks drop to the negative level.

This behavior is expected because of positive polarization build-up during the mixing and

stabilization period of about 0.65 s before the selective π pulse is applied, in addition to

the possibility that other non-inverted ligand protons also contribute to the polarization

93



Figure 5.4: a) Hyperpolarized 1H spectra of folic acid in the presence of preloaded DHFR,
measured as the first scan in the DNP experiment with 1◦ excitation and encoded according
to the Hadamard matrix in the text with selective inversion on resonances a-c. b) The
following 2D SOFAST-HMQC spectra of enhanced protein signals in the methyl region.

transferred to the same methyl peak.

Reconstruction of the encoded information was performed by adding or subtracting the

spectra of Figure 5.4b according to a Hadamard transform.135 Before the reconstruction

process, each spectrum was scaled with a normalization factor due to the variations in

the final sample concentration after injection and the hyperpolarization level gained for

each DNP experiment. The effect of the Hadamard reconstruction can be illustrated by

assuming that the ligand protons a, b and c and all other ligand protons (represented by d)

contribute to polarization transfer to n protein protons. The NOE signal for one protein

proton i can be expressed as (sai+sbi+sci+sdi), where ski (k = a, b, c or d) represents the

signal intensity corresponding to the relative polarization transfer from each ligand proton.

Upon inversion of a, b or c, a reduction of signal intensities would occur accordingly, with

the change from ski to s′ki (k = a, b, or c). When there is no NOE correlation between
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the ligand proton k and the protein proton i, ski = s′ki = 0. The ligand frequencies

are Hadamard encoded with the matrix in 5.4. The originally obtained protein signals

corresponding to different ligand resonances can be arranged into the columns of a matrix

as

[S] =
n∑

i=1


sai sbi sci sdi

sai s′bi s′ci sdi

s′ai sbi s′ci sdi

s′ai s′bi sci sdi

 (5.2)

Protein signals in a set of reconstructed spectra can be obtained by decoding the original

spectra with the Hadamard matrix:

[R] = [H]T4 [S] =


1 1 −1 −1

1 −1 1 −1

1 −1 −1 1

1 1 1 1

 [S]

=
n∑

i=1


2(sai − s′ai) 0 0 0

0 2(sbi − s′bi) 0 0

0 0 2(sci − s′ci) 0

2(sai − s′ai) 2(sbi − s′bi) 2(sci − s′ci) 4sdi


(5.3)

Thereby, the signals correlated through NOE to the 3 ligand resonances are separated

into the 3 reconstructed spectra represented by the first three rows in [R].Therefore, pure

correlated signals are generated by the Hadamard transform.

The final reconstructed 2D spectra are shown in Figure 5.5. Each of these spectra

contains the protein methyl group signals originating from polarization of one of the three

ligand protons a, b or c. Simultaneous incorporation of 2D NMR and Hadamard encoding

with the dissolution DNP techniques allows fast acquisition of intermolecular NOEs. The

information is similar to that from conventional 3D filtered NOESY experiments shown in

ref.[148], but is obtained in a fraction of the time with hyperpolarization.
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Figure 5.5: Hadamard reconstructed SOFAST-HMQC spectra (blue) of the methyl group
chemical shift region of the protein. The ligand protons from which polarization originated
are indicated above each spectrum. Underlaid in gray is the conventional HSQC spectrum
of the protein. Red dots and methyl group labels indicate all assignments overlapped with
the observed signals in the reconstructed DNP spectra. Additional assigned peaks in the
conventional spectrum are represented with black dots.
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In each of the three reconstructed spectra, distinct signal patterns are observed,

allowing the determination of the source of polarization for each observable methyl group.

With Hadamard encoding of the ligand side, a gain in signal-to-noise ratio is expected,

since each reconstructed spectrum contains information from four individually acquired

spectra. At the same time, the protein signals that do not result from transfer of encoded

polarization are eliminated after the reconstruction. As a result, all observable signals in

the reconstructed 2D spectra correspond to protein spins, in contact with the ligand methyl

groups.

In Figure 5.5, each of the three reconstructed spectra is superimposed on a conventional

1H-13C HSQC spectrum. The conventional spectrum shows the chemical shift assignments

of each methyl group. The same spectrum with the detailed assignments of all methyl

groups is further displayed in Figure 5.6. Based on these assignments, the signals in the

hyperpolarized 2D spectra can be identified for use in a scoring function for ranking the

docked poses. The resolution of the hyperpolarized spectra however does not allow an

unambiguous assignment in all cases. Therefore, all candidates that show overlap with the

peaks in the reconstructed DNP spectra were considered as potentially part of the binding

site and included in the further calculation. In total, 16 methyl groups were identified as

potential assignments for the 9 observed NOE peaks in Figure 5.5.

A scoring function (NOE Score) for quantifying the difference between the simulated

and experimental NOE signals was defined to rank the 250 poses. For each of the 250

folic acid poses generated by the docking program, the polarization transfer process that

occurred during the D-DNP experiment covering the whole process starting from the

mixing of the sample to the start of 2D acquisition for all ligand protons and protein

protons located within 6 Å of the ligand were simulated based on the complete relaxation

and conformational exchange matrix analysis (CORCEMA).97 This strategy is similar to

that described in ref.[184], but results in a more accurate scoring function because of the
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Figure 5.6: 2D HSQC spectrum of 1.5 mM DHFR in the presence of 15 mM folic acid
acquired on a 500 MHz NMR spectrometer equipped with a TCI cryoprobe. The chemical
shift assignments were previously determined,148 adapted from published values179 to
current experimental conditions.

increased number of constraints from the 2D spectra.

The Hadamard transform was applied to the calculated results for all methyl groups

within the chemical shift range in Figure 5.5. The sum of the calculated signals for

each of the methyl groups with assignments overlapping with the observed peaks in the

reconstructed spectra represents the expected signal for the observed NOE peak. For the

remaining methyl groups, no NOE signals are expected. As a result, the scoring function

includes information both for protons with and without NOE signals.
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The five poses with the best NOEScore are shown as blue structures in Figure 5.7a ,

with all methyl protons within 5 Å of these poses also displayed. These methyl groups

cover most of the NOE signals observed in the reconstructed spectra in Figure 5.5, except

Figure 5.7: Evaluation of ligand trial poses ranked by NOEScore. a) Overlay of the five
docked poses with the best NOEScore (blue) and the ligand in the crystal structure (red).
The five encoded protons of the ligand are shown as spheres in all of the poses. Protein
methyl groups from the crystal structure that are within 5 Å of the five selected poses are
represented with gray spheres. b) Correlation plot of NOEScore vs. RMSD between the
trial pose and the crystal structure. The blue circles represent the five poses displayed in
(a). The RMSD values in the three panels are calculated considering the five ligand protons
encoded with selective inversion (left), the ligand structure excluding the glutamate portion
(middle), and the whole ligand structure (right).
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for a weak NOE signal assigned to T35γ2. For comparison, a reference ligand structure

from the crystal structure of DHFR-folic acid complex (PDB:1RE7177) is underlaid in red.

It can be seen that the agreement among the selected poses, as well as with the reference

structure, is high in particular for the 5 encoded protons with the averaged structural root-

mean-square deviation (RMSD) values of 0.76 Å. When considering the entire pteroyl

moiety, where the encoded protons are located, the average RMSD values are 0.85 Å,

while the glutamate tail in the rest of the ligand remains relatively disordered. Similar

conclusions can be drawn from the correlation plot of the NOE Score vs. structural RMSD

values between the ligand poses and the reference structure (Figure 5.7b). The highest

correlation of these quantities is observed when considering only the 5 ligand protons that

were encoded (left panel). This is followed by considering exclusively the pteroyl moiety

(central panel). The entire ligand structure shows the lowest correlation (right panel). This

result is reasonable, considering that atoms in the glutamate tail, without encoding, have

no direct NOE correlation information. The five poses selected by the NOE Score are

compared with the five poses with lowest calculated binding energy in Figure 5.8. The

latter structures, without experimental input, give average RMSD values to the reference

structure of 3.63 Å for the 5 encoded protons and 3.16 Å for the pteroyl moiety. The

inclusion of the experimental information therefore leads to a clear improvement in the

accuracy of ligand pose selection.

In this method, methyl group chemical shift assignment information is required so that

the experimental signals can be compared to the back-calculated NOEs. As described

previously, the simulation of the intermolecular NOEs includes all methyl groups sharing

similar 1H and 13C chemical shifts. Methyl groups that are not located in the binding

site, although included in the calculation, do not significantly contribute to the simulated

NOE intensities for the correct ligand poses if located at a large distance from the

ligand spins. This feature allows some ambiguity in the NOE assignment and might
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Figure 5.8: Overlay of the five docked poses with the lowest binding energy calculated by
the AutoDock program (blue) and the ligand in the crystal structure (red). The average
RMSD value of the 5 selected poses against the reference structure is 3.63 Å when
calculating for the 5 encoded protons, and 3.16 Å for the pteroyl moiety.

provide the potential for extending the current method to an assignment-free approach.

Several methods have already been described for determination of the structure of ligand-

protein interaction site based on NOE distance restraints, where no protein resonance

assignments are required. Constantine et al. proposed to rescore the pre-docked ligand

based on matching the observed and predicted patterns of intermolecular NOEs.193 In

a distance restraints-driven method by Orts et al., all possible assignment combinations

are screened, with filtering steps included to reduce the total number of possibilities

to be calculated.223 To apply these strategies with DNP-assisted intermolecular NOE

experiments, the resolution of the 2D measurement should be improved to avoid peak

overlapping. In addition, highly efficient experiments with more ligand frequencies
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encoded can be developed to collect a larger number of NOEs.

In the 2D SOFAST experiment, spin polarization of the measured protein spins is

consumed in each scan, so that the success of multi-dimensional spectroscopy depends on

polarization continuously transferring from the ligand to the protein. As a consequence,

hyperpolarization loss due to T1 relaxation of ligand 1H spins limits the total experimental

time and the number of indirect points that can be measured. Techniques that can

slow down the ligand T1 relaxation, including separating the radicals after dissolution,

increasing the temperature, or using deuterated solvent, provide possible ways to increase

both the resolution and sensitivity of the experiment.

5.4 Conclusions

In summary, the combination of hyperpolarized 2D NMR spectroscopy for

protein detection and Hadamard encoding of ligand resonances results in pseudo 3D

measurements of specific intermolecular NOEs between protein methyl groups and ligand

proton spins. In DHFR, a total of four DNP-NMR experiments identified 9 different NOE

contacts, which resulted in the selection of a ligand structure that shows a good agreement

with the reference structure for the part of ligand containing the encoded protons, giving

an average root-mean-square value of 0.76 Å for the five encoded protons. The described

method of using multi-dimensional NOE data from hyperpolarized spins to score pre-

docked ligand poses can correctly solve the structure of protein-ligand complexes in

the binding site. Future applications may include acceleration of ligand optimization in

structure-based rational drug design.
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6. SUMMARY

Monitoring polarization transfer between protein and ligand or between ligand

protons based on the nuclear Overhauser effect (NOE) is a robust means for structural

characterization of ligand-protein binding. However, NOE detection is subject to

significant sensitivity limitations, since only a small fraction of signal transfers from the

source spin to the target spin. The amount of polarization transfer is further reduced

in ligand-protein binding observation with both the ligand and protein only partially

remaining in their bound states at any time. Dissolution dynamic nuclear polarization (D-

DNP) is a hyperpolarization technique, which offers a solution for the low sensitivity of

traditional NOE experiments. The generation of hyperpolarized NOE source spins using

D-DNP can provide a signal enhancement of several thousand fold.

The sensitivity gain provided by D-DNP can be combined with ligand-observed NMR

approaches for characterizing ligand-protein binding. A hyperpolarized NMR method

of measuring intra-ligand NOEs was developed for investigating ligand-protein binding.

Without the need for observing protein signals, there are no limitations on the target size,

and the concentration of macromolecules can be substantially reduced. Time-dependent

polarization transfer to a pre-suppressed ligand spin from its nearby hyperpolarized ligand

spins was monitored, during which the hyperpolarization was partially consumed in each

scan by a small-flip angle pulse. An NOE buildup curve was obtained from a single

hyperpolarization, compared to multiple experiments with different mixing times required

for the non-hyperpolarized NOE measurement. A change in the sign of the NOE with and

without protein confirmed the binding. In addition, cross-relaxation rates between ligand

protons in the bound form were determined, which can provide structural information

about the bound ligand conformation. This method was demonstrated with proteins
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immobilized on micrometer-sized polystyrene beads. A ten-fold enhancement in the

cross-relaxation rate was detected compared to with protein in solution, due to a longer

rotational correlation time associated with the ligand when binding to the immobilized

protein. With hyperpolarization, single-scan detection of NOE was achieved with the

ligand at low micromolar concentrations and the protein at high nanomolar concentrations.

The compatibility of the D-DNP technique with NMR experiments in heterogeneous

environments was demonstrated in this experiment, revealing its potential application to in

vivo characterization of ligand-protein interactions directly on the cell surface. The short

acquisition time of a few seconds can ensure stable cell suspension and high cell viability

during the entire NMR measurement. In addition, the signal enhancement provided by

D-DNP effectively excludes background signals from any non-hyperpolarized species.

Detailed structural information on protein-ligand complexes can be obtained by

detecting NOE based polarization transfer directly from ligand to protein in protein-

observed NMR. In spite of the substantial signal enhancement by D-DNP, the application

of this approach for determination of molecular structure remains challenging due to

its incompatibility with traditional multi-dimensional NMR. In order to obtain spin-to-

spin correlation information, which is essential for structure elucidation, we first coupled

1D proton NMR experiments with a selective inversion on a ligand proton and a 13C

coherence selection on the protein side. The NMR measurement of enhanced protein

signals was further integrated with the rapid 2D NMR for correlated protein 1H and 13C

chemical shifts and a pseudo-third dimension for ligand 1H encoding through Hadamard

spectroscopy. Compared to the 1D DNP NMR, a larger number of NOE contacts were

obtained with improved resolution in a smaller number of hyperpolarized experiments.

This method of using multi-dimensional hyperpolarized NMR spectroscopy for fast

measurement of intermolecular interactions can be potentially applied to other small

molecule-macromolecule systems, such as ligands bound to DNA or polymers.
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A protocol for combining hyperpolarized NOE restraints with molecular docking

to determine the structure of the protein-ligand binding interface was developed.

Hyperpolarized intermolecular NOEs were simulated by calculating polarization transfer

in networks of nuclear spins for each pre-docked ligand pose generated by a docking

program. The experimental NOE intensities were compared to the calculated data for

ranking of the computationally generated poses. The structure of the ligand folic acid in

the binding site of the protein dihydrofolate reductase was obtained, which was in good

agreement with the reference structure.

In conclusion, hyperpolarized NMR methods were developed in this dissertation for

structural characterization of protein-ligand complexes. Dissolution DNP has gained

considerable attention as a powerful and versatile technique to enhance the sensitivity

of NMR measurements. However, applications of D-DNP to solving molecular structures

still are rare, possibly due to the difficulty in obtaining correlation information within

a short acquisition period. To circumvent this limitation, different fast multi-dimensional

NMR approaches were integrated with D-DNP. The measurement of intermolecular NOEs

with a pseudo-3D D-DNP NMR method was demonstrated for the first time. The

obtained hyperpolarized NOE data, in combination with molecular docking, led to the

determination of a protein-ligand complex structure in its binding site. The improved

efficiency in acquiring structural information on the ligand binding epitope by D-DNP

NMR can potentially facilitate rational ligand optimization in structure-based drug design.

Applications of these methods may further extended to gaining insights on a wide range

of small molecule-macromolecule interactions in biological systems.
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