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ABSTRACT 

 

Vascular wall composition and mechanics are important for cardiovascular physiology 

and pathology. The reciprocal interaction between cells and their microenvironment 

influence cellular adaptation to external mechanical cues through the remodeling of 

cytoskeletal structures and cell–matrix adhesions to ensure normal cell function. We 

proposed to investigate the relationship between the cytoskeletal tension development 

and cell adhesion to the matrix in the context of cellular contraction and migration. Our 

studies aimed to understand how cells sense, respond, and adapt to external mechanical 

forces in order to induce vascular remodeling in cardiovascular disease.  

 

Integration of atomic force microscopy with total internal reflection fluorescence and 

spinning-disk confocal microscopy enabled acquisition of complementary structural and 

functional measurements on live vascular smooth muscle cells expressing key mutant 

proteins with important roles in defining contractile and migratory cellular properties.  

 

Single ligand–receptor interaction measurements showed that RhoA and c-Src activation 

have different effects on cytoskeletal tension development, inducing two distinct force–

stiffness functional regimes for α5β1-integrin binding to fibronectin. In addition, c-Src 

was associated with regulation of myosin light chain phosphorylation, suggesting a c-

Src-dependent modulation of RhoA pathway through activation of downstream 

effectors. These data were in good agreement with fluorescence measurements that 
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showed a modest effect of Src activation on stress fibers formation, in contrast with 

RhoA activation that had a significant effect. On the other hand, α-actin null cells 

exhibited increased FAK activation and cell stiffness. Our results suggest that the 

absence of α-actin may induce compensatory effects of up-regulation of other contractile 

proteins and activation of focal adhesion proteins in order to encourage cell migration 

and proliferation. In addition, our findings suggest that Nck regulates directional cell 

migration in part through modulation of cytoskeletal tension and cell-matrix adhesion 

strength, which has an important role in coordination of cytoskeletal mechanics through 

a mechanism that also involves the RhoA pathway. 

 

Thus, our findings suggest that the contractile state of the cell is determined by 

cytoskeletal tension, which is controlled by a regulatory network involving RhoA and 

activation state of actomyosin apparatus. In turn, the cytoskeletal tension state modulates 

integrin α5β1–fibronectin adhesion force. The results of this study suggest a central role 

for cytoskeletal tension in modulating cytoskeletal dynamics and cell adhesion to the 

matrix. 
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1  INTRODUCTION 

 

The cell is the fundamental unit of life. In a multicellular organism, cells are organized 

into tissues and organs to perform specific functions. Cells are embedded in a three-

dimensional extracellular matrix (ECM) composed of extracellular proteins and 

glycoproteins. Mechanical forces, either in the form of external forces that are applied to 

tissues, or endogenous forces that are ever-present, modulate reciprocal interaction 

between the cells and the ECM to facilitate tissue organization and integrity (Ingber, 

1998; Jaalouk and Lammerding, 2009; Tschumperlin, 2011). Furthermore, these 

mechanical forces regulate the expression of specific genes and proteins, giving the cells 

in the tissues their inherent characteristics (Chen, 2004; Chen, 2008; Ingber, 1998). 

Changes in these mechanical forces disrupt the physiological function and contribute to 

various pathologies (Chen, 2008, Hahn and Schwartz, 2009; Jaalouk and Lammerding, 

2009). The process by which cells sense mechanical cues from the environment and 

convert them to biochemical signaling processes is termed mechanotransduction. 

 

Alterations in composition and structure of the vessel wall lead to progressive changes in 

mechanical forces in that wall, resulting in cardiovascular pathology. We were interested 

in understanding the effect of microenvironmental stresses on cell behavior in the 

context of cardiovascular disease. Our study will fill a gap in the current knowledge 

regarding VSMC mechanotransduction by elucidating the mechanisms through which 



2 

cells sense and adapt to the mechanical cues from the environment in cardiovascular 

disease at the subcellular level. 

 

Section 2 highlights the significance of our study and gives a brief background on 

vascular wall mechanics, including the role of vascular smooth muscle cells. It also 

looks at the importance of RhoA pathway modulation in cardiovascular disease.  

 

Section 3 describes our experimental approach and the integrated microscope set-up 

used to perform experiments. This section includes a detailed presentation of each 

microscopy technique and highlights the innovation of the work.  

 

Section 4 presents the experimental results of our study. First, we discuss the role of 

RhoA-Src crosstalk on cytoskeletal tension and cell-matrix adhesion. Second, we discuss 

the effect of loss of α-actin on cytoskeletal tension, cell migration, and proliferation. 

Lastly, we discuss the role of Nck modulation on cytoskeletal tension and adhesion 

strength in the context of directional cell migration.  

 

Section 5 summarizes the study by highlighting key findings; we also discuss future 

directions of the study.  

 

Section 6 describes in detail the experimental methods, including cell culture, sample 

preparation, and molecular methods used for this study.  
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2  BACKGROUNDS AND SIGNIFICANCE 

 

Cardiovascular disease is the leading cause of death in the US. It accounts for 40% of all 

the deaths in the US, more than all forms of cancer combined (Go et al., 2014). One in 

three adults have one or more types of cardiovascular disease. Impaired vasculature 

composition and function are linked with most cardiovascular diseases. For example, 

hypertension, which is one of the main risk factors for cardiovascular disease, is 

characterized by increased vascular resistance due to smooth muscle cell hyperactivity 

and excess deposition of extracellular matrix (ECM) in the vessel wall (Lee et al., 1998). 

In addition, vessel wall remodeling alters vascular tone, which leads to atherosclerosis 

due to narrowing of the blood vessels, making them more likely to block from blood 

clots. In 2013, the American Heart Association estimated 78 million U.S. adults were 

hypertensive (Go et al., 2014), which represents 32% of the US population.  

 

Genetic mutations also trigger vasculature disruption and lead to cardiovascular disease. 

Mutations in ACTA2, a smooth muscle cell specific α-actin isoform, are known to 

induce hyperplasia of VSMC in the neointimal or medial layers of the arteries (Guo et 

al., 2007). This mutation can induce occlusive vascular diseases like thoracic aortic 

aneurysms, acute aortic dissections, early onset coronary artery disease, stroke, and 

primary pulmonary hypertension (Guo et al., 2007; Guo et al., 2009; Milewicz et al., 

2010). 
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2.1 Vessel Wall Mechanics 

Blood vessels are continually subjected to cyclic stretch and shear stress generated by 

systemic hemodynamics (Pries and Secomb, 2002). Precise control of hemodynamics 

under different conditions ranging from strenuous exercise to complete rest is ensured 

through multiple mechanisms that carefully regulate blood pressure (Beevers et al., 

2001). These are accompanied by changes in luminal diameter due to adaptation of 

vascular tone and vascular structure (Pistea et al., 2005).The vascular myogenic response 

represents the mechanism by which resistance vessels constrict in response to increased 

intravascular pressure and dilate in response to a reduction in pressure (Orr et al., 2006). 

Normal hydrostatic pressure in blood vessels promotes maturation of vascular smooth 

muscle cells (VSMC), whereas chronic increase in pressure causes blood vessel walls to 

thicken (Beevers, 2001; Weber et al., 1989; Westerhof and O’Rourke, 1995). Similarly, 

blood flow-induced shear stress prevents activation of coagulation cascades within the 

blood vessel and helps maintain endothelium in an anti-inflammatory and anti-

atherogenic state (Cines et al., 1998; Gimbrone et al., 1999). Even with extensive studies 

demonstrating that mechanical cues govern signaling and function of cells, the 

mechanism of how cells sense the mechanical stimuli and convert them to biochemical 

signaling processes (i.e., mechanotransduction) is not completely understood. 

 

Arterioles are small blood vessels that form the major resistance component of the 

vasculature and are the most sensitive to pressure. The arteriole wall consists of three 

layers: the tunica intima with one layer of endothelial cells (EC) supported by a basal 
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lamina, the tunica media with circumferentially orientated VSMC, and the tunica 

adventitia with connective tissue containing fibroblasts (Halka et al., 2008). In vivo, EC 

are directly exposed to shear stress resulting from blood flow, while VSMC embedded in 

the ECM in the vessel wall are mainly subjected to the cyclic stretch of pulsatile blood 

pressure that deforms the ECM and induces axial and circumferential wall stresses 

(Figure. 1). In response, VSMC adapt to the mechanical factors by remodeling their 

cellular structure and altering signaling transduction pathways (Halka et al., 2008; Pries 

and Secomb, 2002), contributing to the regulation of the vascular myogenic responses. 

 

 

Figure 1: Vascular wall cross-section. 
Distribution of mechanical stresses in the vascular wall in vivo: τz – axial wall stress; τy 
– circumferential wall stress; τw – shear stress. (Reproduced by permission of The Royal 
Society of Chemistry from Lim et al., 2012, doi: 10.1039/c2ib20008b) 
 

Under normotensive conditions the magnitude of wall stress measures ~ 40-60 kPa, but 

easily exceeds 100 kPa during hypertension (Humphrey et al., 2009; Shadwick, 1999). 
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This increase in pressure impairs the ability of the blood vessel to locally control blood 

flow, and it triggers a compensatory hypertrophic or hyperplastic vessel wall remodeling 

response to regain this ability (Engler et al., 2009; Farr et al., 2009; Orr et al., 2006; 

Tyler, 2012; Van Vliet et al., 2003)  

 

Our study focuses on VSMC, a fundamental contributor to vessel wall homeostasis, 

which plays an important role in compensatory adaptations of the vessel wall to altered 

loads. Thus, VSMC provide an excellent model system to study the 

mechanotransduction process.  

2.2 Main Contributors to Vessel Wall Remodeling 

2.2.1 Matrix of the vessel wall 

The ECM constitutes an intricate network of macromolecules surrounding the cell 

(Wagenseil and Mecham, 2009). The vessel wall is composed of structural matrix 

proteins, like collagens (Coll I and Coll IV) and elastin, and functional proteins, like 

fibronectin (FN) and laminin (LN) (Davis et al., 2001; Glukhova and Koteliansky, 1995; 

Lim et al., 2010). Figure 2 shows the histology of thoracic aorta cross sections stained 

with hematoxylin and eosin (H&E) for general morphology, Verhoeff van Gieson 

(VVG) for elastin, and Masson’s trichrome (TRI) for collagen. The matrix composition 

plays a major role in defining the viscoelastic properties of the vessel wall. Elastin 

protein forms extracellular extensible fibers (elastic fibers) that give tissues the ability to 

recoil after transient stretch. Coll I are rod-like proteins that assemble to form fibers. 
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These fibers then form the insoluble three-dimensional framework of any tissue, thus 

determining its mechanical properties. In vasculature, collagen contributes to the tensile 

strength of the vessel wall (Sharf et al., 1998; Stehbens and Martin, 1993). The ratio of 

inelastic collagen and elastin together determine the vessel wall compliance (VanBavel, 

et al., 2003).  

 

 
 

Figure 2: Histology of thoracic aorta cross-sections.  
Tissues were stained with H&E to show the tissue morphology (hematoxylin for 
cytoplasm, and eosin for nuclei), VVG for elastin, and TRI stain for collagen. 
 

LN and Coll IV are essential structural components forming the basal lamina, which has 

the role of stabilizing the vessel wall. FN helps the cell attach to the matrix through 

integrins. Each FN has a major site for integrin binding called the Type III FN repeat – it 

contains the Arg-Gly-Asp (RGD) sequence and its synergy site (Friedland et al., 2009). 

FN plays an important role in regulating VSMC adhesion to the matrix (Chiang, et al., 

2009; Ruoslahti, 1996). 

H&E VVG TRI 
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2.2.2 Vascular smooth muscle cells 

2.2.2.1 Cell-matrix adhesions 

Integrins are transmembrane heterodimeric proteins found in cell membrane that 

physically link the ECM to the cell. The integrin is composed of two covalently bound 

alpha and beta subunits. 18 types of α-subunits and 8 types of β-subunits are known to 

group together to form 24 distinct integrins (Hynes, 2002; Srichai and Zent, 2010). Each 

integrin is structured to have an extracellular domain to facilitate binding to the 

extracellular environment, a transmembrane domain, and a small cytoplasmic tail region. 

The cytoplasmic tail domain binds to actin filament via a complex of intracellular 

attachment proteins called focal adhesion (FA) proteins (Petit and Thiery, 2000; Romer 

et al., 2006; Zaidel-Bar R et al., 2007; Zaidel-Bar R and Geiger, 2010). VSMC 

predominantly express integrins α5β1, α1β1, α2β1, α4β1, and αvβ3 corresponding to 

fibronectin, collagens, and laminin found in the vessel walls (Davis et al., 2001; 

Glukhova and Koteliansky, 1995; Lim et al., 2010). The extracellular domain of the 

integrin binds to specific amino acid sequences presented by specific ECM proteins. 

Integrins α5β1 and αvβ3 are involved in the regulation of contractile function (Martinez-

Lemus et al., 2005; Martinez-Lemus et al., 2009; Martinez-Lemus et al., 2003). α5β1 

binding to the RGD recognition sequence in ECM proteins induces vascular contraction 

(Wu et al., 1998; Wu et al., 2001), while αvβ3 binding to the same ligand causes 

arteriolar relaxation (D’Angelo et al., 1997; Mogford et al., 1997). However, both 
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integrins are needed for blood vessel vasoconstriction in response to increased pressure 

(Martinez-Lemus et al., 2004). 

 

Integrin affinity to its ligand is determined by its conformation state. In the resting state, 

integrins have low affinity to their ligands (Takagi et al., 2002). However, the integrins 

can be activated either by inside-out signaling or outside-in signaling. In inside-out 

signaling, the integrin switches to a higher affinity binding state due to cytoplasmic 

events such as talin binding to the β integrin tail (del Rio et al., 2009; Tadokoro et al., 

2003). Conversely, in the outside-in activation, extracellular factors such as the ligand 

binding to the extracellular domain of integrin can result in integrin activation. Thus, the 

unique structure of integrin facilitates bidirectional signaling across the cell membrane, 

such that the integrin functions as a mechanotransducer. 

 

The overall strength of cell-matrix adhesion is governed by integrin affinity and integrin 

avidity. Avidity is defined as the lateral mobility and clustering of integrins in the plane 

of the membrane (Schwartz and Shattil, 2000). Affinity modulation is regulated by the 

intracellular signaling events that remodel cytoskeletal linkages, which influence 

adhesion strength to the extracellular ligand. Affinity and avidity modulation play 

complementary roles in regulating the activation of integrins.  
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Figure 3: Nanoscale architecture of focal adhesions.  
Schematic model of focal adhesion molecular architecture, depicting experimentally 
determined protein positions. (Reprinted from Kanchanawong et al., 2010 with 
permission from Nature Publishing Group). 

 

 

Figure 4: Longitudinal cryosection of immuno-electronmicroscopy of smooth muscle 
showing specific localization of α-actin β-cytoplasmic actin (5nm gold particles) in 
dense bodies.  
β-cytoplasmic actin was also present in the cytoskeletal channels that link them. Scale 
bar is 0.2 mm. (Reprinted from Small and North, 1995 with permission from Elsevier) 
 

A focal adhesion complex includes structural proteins (like talin, α-actinin, and 

vinculin), adaptor proteins (like paxillin and zyxin), and signaling proteins (like focal 
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adhesion kinase (FAK)), to name only a few out of the 905 identified FA associated 

proteins—459 of which represent the myosin-II responsive FA proteome (Figure 3) 

(Kanchanawong et al., 2010). These dynamic structures assemble, disperse, and turnover 

in response to mechanical force, representing critical sites for cell attachment to matrix 

(Chen et al., 2004; Dubash et al., 2009; Parsons et al., 2010; Petit and Thiery, 2000; 

Romer et al., 2006; Sastry and Burridge, 2000). 

 

The function of FA have been extensively studied in fibroblasts, however little is known 

about FA physiology specific to VSMC (OpazoSaez et al., 2004; Worth et al., 2001). 

The VSMC FA structure seen on a 2D-cell culture is analogous to the “dense plaques” 

observed in smooth muscle in vivo (Figure 4), identified as a junction between the ECM 

on the outside of the cell and the contractile cytoskeleton on the inside (Turner et al., 

1991). These dense plaque regions have been shown to be rich in contractile and FA 

proteins (Gunst and Zhang, 2008; Turner et al., 1991). For this reason, studying VSMC 

in culture is relevant for understanding ECM effects on FA and actin stress fiber 

formation (Morgan et al., 2007) in vivo. Figure 5 shows the differential localization of 

FA proteins in VSMC.  

 

Thus, integrin-mediated cell-matrix adhesions trigger cytoskeletal changes that drive 

adaptive cellular responses to enable a functional vasculature (Zhang and Gunst, 2006).  
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Figure 5: Differential localization of protein at the basal surface of VSMC.  
Total internal reflection fluorescence (TIRF) images of VSMC showing (a) Endogenous 
fibronectin (FN) localized mainly inside the cell while vinculin (Vinc) is localized at the 
cell edges (b) Tyrosine phosphorylation (dSH2) observed mainly at the edges of the cell. 
(c) Integrin β3 is localized mainly at the edges while α5 localization is all over the basal 
cell surface similar to that of endogenous fibronectin. (d) Actin and vinculin localization 
is all over the basal surface of the cell. Scale bar represents 10 µm 
 

2.2.2.2 Cytoskeleton 

The integrity of the structure, shape, and mechanical properties of the cell is maintained 

by the dynamic cytoskeletal filaments composed of actin filaments, microtubules, and 

intermediate filaments. Within the cell, these dynamic filamentous protein structures are 
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in isometric tension, such that some of the structures are in tension while others are in 

compression (Ingber, 2006). The cytoskeleton constantly remodels to maintain the force 

balance necessary for giving strength and structure to the cell.  

 

 
 

Figure 6: Actin and microtubules in VSMC. 
(A) Atomic Force Microscope (AFM) showing the cytoskeleton in the apical surface of 
the cell, (B) confocal image of a live VSMC co-transfected with GFP-tubulin and 
mRFP-actin, and (C) overlay of the confocal and AFM image. Scale bar represents 10 
µm. 
 

Actin is the key modulator of contractility and cytoskeletal tension in VSMC. An actin 

filament is composed of 2α–helical strands of actin monomers, and is crucial in 

determining cell shape and motility. Actin filaments are organized differently across the 

cytoplasm (Figure 6). Actin filaments of the same polarity are closely spaced to form the 

linear bundles found in the filopodia, while loosely spaced filaments of opposite polarity 

form the contractile bundle, also known as stress fibers. Actin filaments can also form 
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gel-like networks, with filaments arranged loosely via orthogonal interconnections, 

which are localized in lamellipodia (Borisy and Svitkina, 2000). 

Microtubules are hollow cylinder-like structures made of tubulin dimers with one end 

connected to the centrosome and the other pointing toward the cell edges (Figure 6). 

They serve as tracks for molecular motors (dynein and kinesin) to deliver membrane 

vesicles and proteins. These highly dynamic structures also play a fundamental role in 

cell division, cell shape changes, and motility (Etienne-Manneville, 2010; Lansbergen 

and Akhmanova, 2006). Intermediate filaments are rope-like structures that form an 

elaborate network in the cytoplasm. They give mechanical strength to the cell and 

maintain its structural integrity (Eriksson et al., 2009; Herrmann et al., 2009) 

 

 
 

Figure 7: Actin and myosin regulatory light chain (MRLC) in VSMC.  
Confocal image of live VSMC expressing MRLC-GFP and actin –mRFP shows a 
relative overlap of myosin with actin.  
 

The actin filaments anchor the cell to the ECM and neighboring cells through cell-matrix 

adhesion and cell-cell adhesion, respectively. The mechanical stimuli externally applied 
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to the cell are recognized by the mechanosensitive adhesion molecules and the force is 

subsequently transduced across the cell through the actomyosin cytoskeletal network 

(Figure 7). Consequently, the contractile apparatus balances the external mechanical 

force by intracellular counter-forces generated by myosin. 

2.3 Role of RhoA in Mechanotransduction 

RhoA is a small G protein that belongs to the family of Rho GTPase. RhoA cycles 

between GTP-bound (guanosine triphosphate) active and GDP-bound (guanosine 

diphosphate) inactive form. In physiological conditions, RhoA activity is necessary for 

homeostatic function of VSMC. RhoA pathway is activated due to stimuli such as 

growth factors, or hormones (Huveneers and Danen, 2009; Kjoller and Hall, 1999).  

 

Rho-kinase (ROCK) is identified as a key effector downstream of RhoA. ROCK 

activation promotes calcium-independent contraction (Bi et al., 2005; Van Eyk et al., 

1998), actin polymerization (Maekawa et al., 1999; Watanabe et al., 1999), and myosin 

phosphorylation (Amano et al., 1996; Woodsome et al., 2006). Increased stress fiber 

formation and myosin contractility trigger maturation of focal adhesions (Burridge and 

Wennerberg, 2004; Ridley and Hall, 1992). Thus, the RhoA/ROCK pathway is 

important for regulation of VSMC adhesion, differentiation, and migration by 

controlling cytoskeletal assembly and cellular contractility (Zhou and Liao, 2009). 

Consequently, sustained over-activation of RhoA-dependent pathways leads to the 

vascular wall remodeling characteristic of cardiovascular pathologies like hypertension 



16 

and atherosclerosis (Loirand and Pacaud, 2004; Nunes et al., 2010; Rolfe et al., 2005).  

 

The role of ROCK as a pharmacological agent has been extensively studied (Bolz, et al. 

2003; Gokina et al., 2005; Narumiya et al., 2000; Wirth, 2010). In both animal models 

and human patients with hypertension, treatment with Y-27632, a specific Rho-kinase 

inhibitor, is shown to have a protective effect as it induces a decrease in VSMC 

proliferation and contraction (Wirth, 2010; Zhou and Liao, 2009). 

 

In conclusion, RhoA pathway is an important regulator of load-bearing components of 

the cell (i.e., cytoskeleton and focal adhesion). We studied the role of RhoA in 

modulating the cytoskeletal tension, adhesion force, and consequent cellular remodeling. 

Correspondingly, we further studied the effects of Src, Nck (non-catalytic region of 

tyrosine kinase), and alpha-smooth muscle actin on RhoA pathway modulation 

subsequently induced cytoskeletal tension. 
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3 EXPERIMENTAL SETUP 

 

Our study used an across-scales experimental approach from single molecule to live 

VSMC in culture, with the aim of understanding show cells sense, respond, and adapt to 

external mechanical forces in order to induce vascular remodeling in cardiovascular 

disease.  

The advantages of our experimental approach are: 

• Single-cell experiments can be used to dissect the mechanical pathways that alter 

microscopic behavior in a way that is not possible to study at the tissue level.  

• Studying the mechanical effects at the cellular level will help understand and 

predict changes at the macroscopic tissue level.  

• Unlike using fixed cells where the information is obtained at a specific time 

point, live-cell studies facilitate continued observation of cell behavior in real-

time. 

• This unconventional integrated experimental approach employs the power of an 

integrated atomic force microscope (AFM) combined with total internal 

reflection fluorescence (TIRF) and fast spinning-disk confocal microscopy. Thus, 

AFM is able to mechanically stimulate live cells while simultaneous 

measurements of cellular remodeling to the applied force are recorded by optical 

imaging.  
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Although the mechanotransduction process has been extensively studied, the basic 

molecular mechanism that drives this process remains elusive. To understand how cells 

respond to mechanical forces we investigated focal adhesion and cytoskeletal 

remodeling in VSMC in culture. 

3.1 Microscopy 

3.1.1 Novelty of integrated microscopy system  

The use of innovative and unconventional imaging techniques has been critical for 

deeper understanding of the biological process since the introduction of the microscope 

to life science by Robert Hooke in 1665 (Hooke, 1665). Development in the fields of 

optics, electronics, lasers, fluorescent probes, and detection devices has further 

revolutionized experimental capabilities in terms of accuracy, speed, selectivity, and 

resolution (Bertocchi et al., 2013; Han et al., 2013; Nienhaus and Nienhaus, 2014). 

 

Cells continually assemble and turnover their dynamic structures (i.e., cytoskeleton and 

focal adhesions) to maintain the intra-cellular force balance in response to 

microenvironmental mechanical forces. To dissect the underlying mechanism of 

mechanotransduction processes in live cells we need a microscopy technique that is able 

to capture this structural remodeling of the cell along with the functional adaptation of 

the cell. 
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Figure 8: Layout of integrated microscope system.  
(Reproduced with permission from Trache and Lim, 2009) 
 

To make these experiments possible, we used an integrated microscopy system (Figure 

8) that combines TIRF, spinning disk confocal, and AFM (Trache and Lim, 2009). Each 

of these techniques was combined to complement each other and maximize the 

information obtained from the sample. TIRF is confined to the basal surface of the cell, 

while the spinning-disk confocal is able to examine cytoplasmic volume with rapid 

optical sectioning. AFM not only gives detailed topographical information but is also 

able to sense or mechanically stimulate the cell with forces in the pico- to nano-Newton 

scale (Trache and Lim, 2009). This integrated system enabled us to capture and correlate 

structural and functional cellular characteristics in order to study the eventual crosstalk 

between biochemical pathways that are spatio-temporally regulated in living cells. 
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3.1.2 Atomic force microscopy  

AFM is a type of scanning probe microscopy that generates images by “feeling” rather 

than “looking” at the sample. Binnig, Quate and Gerber combined the principles of 

scanning tunneling microscopy and stylus profilometer to develop AFM (Binnig et al., 

1986). AFM was further adapted to biological applications (Lal and John, 1994; 

Radmacher et al., 1992) due to its remarkable capacity to interact with biological 

samples in their physiological environment with nanometer resolution. This novel 

technique enables topographical imaging of live cells, as well as single ligand-receptor 

force measurements between proteins coated on the AFM probes and receptors 

endogenously expressed on the cell surface. In addition, AFM can be used as a nano-

manipulation tool to mechanically stimulate the cells (Lim et al., 2012; Sun et al., 2012). 

Thus, AFM provides structural and functional information with high resolution under 

physiological conditions. 

3.1.2.1 Principle of operation 

The operating principle of AFM is very similar to that of a record player or a stylus 

profilometer (Binnig et al., 1986; Morris et al., 1999). Unlike light microscopy that 

collects and focuses light, AFM uses a sharp cantilever tip to interact with the sample 

and sense the local forces in order to map the topography at a resolution below the 

diffraction limit. Consequently, the resolution of AFM is limited by the tip radius and 

spring constant of the cantilever (Braga and Ricci, 2004).  
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Figure 9 shows the schematic diagram of an AFM system. AFM has a sharp tip mounted 

on a soft cantilever that is raster scanned across the surface of the sample using a piezo 

scanner and a detection mechanism that senses the forces between the sample and the 

tip. The detection mechanism consists of an optical lever system that utilizes a laser 

beam reflected off the backside of the cantilever tip onto a detector to record the 

deflection of the tip as the tip scans across the sample. In addition, the feedback 

mechanism of the piezo scanner records the changes in the forces between the sample 

and tip (Trache and Meininger; 2008a). 

 

 
 

Figure 9: Schematic representation of the AFM system.  
(Adapted from Trache and Meininger, 2008a). 
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Probe geometry and its material properties play an important role in defining the 

sensitivity of the system. For example, the radius of the tip limits the resolution of 

imaging while the softness of the spring constant of the cantilever limits the magnitude 

of stiffness and forces detected. Most common probes are microfabricated using silicon 

nitride or silicon. The AFM tip is chosen based on the application. For cell imaging and 

force measurements a pyramidal shaped tip with a tip radius of 20-60 nm mounted at the 

end of a ‘V’ shaped cantilever with a spring constant of about 12 pN/nm is used. 

However, a glass bead tip of 2-5µm radius attached to a tip-less ‘V’ shaped cantilever 

with the same parameters is used for mechanical manipulation.  

 

AFM can be operated in different modes such as contact or tapping mode (Morris et al., 

1999; Putman et al., 1994) to interact with the sample. For all our experiments we use 

contact mode where the tip remains in contact with the sample at all times.  

3.1.2.2 Applications 

AFM is a versatile, precision tool that can be used for different applications: (1) 

topographical imaging, (2) adhesion and molecular recognition, and (3) tensile force 

application.  

3.1.2.2.1 Imaging in contact mode 

Contact mode is a common imaging mode also known as the constant force mode. The 

tip is brought into contact with the sample and maintained at a ‘pre-set’ constant 

deflection (force) while raster scanning across the sample in x-y axis. The feedback loop 
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constantly adjusts the z scanner with respect to the topographical height to maintain the 

‘pre-set’ force of the cantilever. The z-scanner captures the true height of the sample at 

each x-y coordinate, while the cantilever deflection records the finer topographical 

details (Figure 10) (Trache and Meininger, 2008a). 

 

 
 

Figure 10: AFM image of VSMC.  
(A) Deflection image (from optical lever) of the cell showing detailed topography of the 
apical surface of the cell. (B) True height image (from piezoscanner) of the same cell. 
(C) Reconstructed 3D image from height image.  
 

3.1.2.2.2 Adhesion force spectroscopy 

AFM operated in force mode can be used to study local chemical and mechanical 

properties like adhesion and elasticity. In force mode, the piezo element is set to drive 

from a predefined distance in the z direction at a constant frequency. The tip is brought 

in contact with the sample, eventually indents the surface, and is then retracted to the 
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original position. Concurrently, z-axis movement of the piezo and the deflection of the 

cantilever are recorded in a force curve. 

 

 
 

Figure 11: Experimental AFM force curve.  
The above picture represents one force curve pair with the approach curve (in red) and 
retraction curve (in black). The x axis represents the piezoelectric element displacement 
and the y axis represents the force calculated from the photodetector signal. The AFM 
probe labeled with fibronectin is driven at a constant frequency to touch and retract from 
the cell. Right to left, (1-2) as the AFM tip approaches the cell from a predefined 
distance, the detector records a constant deflection signal. At (2) is the deflection point 
where the AFM tip makes contact with the cell. (2-3) the tip is further indented into the 
cell, the tip bends, and the deflection signal increases. (3-4) the tip is retracted from the 
surface and the deflection signal decreases. (5-7) Adhesions formed between the 
fibronectin on the tip and integrins rupture and the cantilever returns to the original 
position (1) (Adapted from Trache and Meininger, 2008a). 
 

A typical force curve is shown in Figure 11, where the tip approaches the cell (approach 

curve) from a pre-set distance in z-axis (1 to 2), contact is established (2) with the cell, 

and subsequently the cell surface is indented (2 to 3). However, further probe extension 



25 

into the surface is met with resistance from the cell with an opposing force of increasing 

magnitude. In response, the cantilever undergoes an upward deflection. The tip is then 

withdrawn (retraction curve) from the sample (3-4); if there is an adhesion between the 

tip and the sample, the cantilever bends downwards, resulting in a deflection signal 

lower than the original value (5). As the tip further retracts, all the adhesions are broken 

and the cantilever returns to the original position (1) (Trache and Meininger, 2008a). 

 

Sneddon extended Hertz’s analytical solution (Hertz, 1881) to elastic deformation that 

takes place between two spheres in contact under load to a cone indenting a flat surface 

(Sneddon, 1965). For AFM force spectroscopy, the probe was considered a cone and the 

curvature of the cell membrane at the point of contact is considered as a flat surface 

given the small area of the probe. To quantitatively calculate the elasticity of a sample 

with the AFM, the Sneddon-Hertz model is fitted to the portion of the approach curve 

between the initial point of cell contact and the point of maximal probe displacement. 

Assuming the cell is a homogeneous, flat, and elastic sample, the Sneddon-Hertz model 

(Sneddon, 1965) was applied to derive the apparent modulus of elasticity of the cell at 

the point of indentation (You and Yu, 1999). The loading force F is given by  

 ! = ! !!
!

!!!!
!!
!"#! !with!!!"#$ = !

!
!

!
!"#!  (1) 

where, δ is the indentation into the cell body caused by the tip, E is Young’s modulus of 

cell at the point of contact, α is the half angle of the indenting cone, and ν is the Poisson 

ratio of the cell, which is assumed to be 0.5. (Trache et al., 2005)  
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The z-displacement of the piezo and the cantilever deflection d were expressed relative 

to the point at which the probe tip contacted the cell surface (z0, d0). Therefore Eq 1 can 

be written as, 

 ! = !!! = !
!

!
!!!!

(!!!!!)!
!"#!   (2) 

where relative probe displacement is zm = z- z0 and relative probe deflection is dm = d- d0. 

Thus, the adhesion force (F) is calculated as the product between the deflection height 

associated with the unbinding event and the spring constant (k) of the cantilever. 

Rearranging Eq 2  

 !! = !
!

!
!(!!!!) !"#! !(!! − !!)!  (3) 

Knowing k, ν, and α, elastic modulus can be determined by fitting the relationship 

between relative probe displacement and indentation (Trache et al., 2005) 

3.1.2.2.3 Tensile stress application 

The AFM was operated in contact imaging mode for tensile stress stimulation of cells. A 

glass bead probe, functionalized with matrix protein, was brought in contact with the 

apical cell surface and kept in contact for 20 mins. This is called the steady-state 

condition, and allows the matrix coated on the probe to initiate formation of a FA. The 

displacement vs. time dependence of the steady state condition is flat (Figure 12), 

because there is no tensile stress application to the cell. To further induce integrin 
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clustering, and recruitment of actin and other FA proteins, low-magnitude forces (< 0.4 

nN) were applied in discrete steps during the priming period (Lim et al., 2012). 

 
 

Figure 12: Representative experimental traces for the steady-state condition (lower 
trace) and a mechanical stimulation experiment (upper trace).  
In the steady-state condition, the FN functionalized probe rests in contact with the apical 
cell surface without application of external forces. Thus, the displacement vs. time 
dependence is flat. The upper trace represents a single mechanical stimulation 
experiment that was divided into four segments based on the force regimes applied to the 
cell: steady-state (no force), cell priming (low force), and discrete step-force application 
at 0.5 and 1 nN (see text for details). (Reproduced by permission of The Royal Society 
of Chemistry from Lim et al., 2012, doi: 10.1039/c2ib20008b). 
 

After the priming period, the live cell was mechanically stimulated through an active 

matrix-integrin-actin linkage by directly manipulating the cortical actin cytoskeleton, 

followed by downstream activation of the intracellular signaling pathways that 

eventually induces cellular remodeling and establishes a new homeostatic state. Each 

discrete force application to the cell was induced by an upward movement of the AFM 

probe (Figure 12), which corresponded to a specific voltage applied to the piezo. 

Mechanical stimulation of the cell at low (~0.5 nN) and high (~1 nN) magnitude forces 
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applied every 3–5 min for 20–25 min each was performed. Each discrete mechanical 

stimulation event was characterized by a step-displacement followed by the cell response 

under conditions of constant force application. Eigenvalue decomposition analysis was 

used to further process the series data for probe displacement versus time (Lim et. al., 

2012). For the purpose of this work, we will present only the overall cell response over 

time (i.e., displacement over time), which was calculated by averaging the baselines for 

each treatment, and then fitting each average baseline with a quadratic function. 

3.1.3 Total internal reflection fluorescence microscopy  

TIRF is an optical microscopy technique that facilitates imaging below the diffraction 

limit of light in z-axis. It uses the principle of total internal reflection to excite and 

visualize fluorescent molecules in the near-membrane region of live cells in contact with 

a glass coverslip. This method was first introduced in 1965 by Hirschfeld (Hirschfeld, 

1965), and it was further refined and adapted to life sciences by Axelrod in 1983 

(Axelrod et al., 1983; Axelrod et al., 1984).  

3.1.3.1 Principle of operation 

TIRF is based on the phenomenon of total internal reflection that occurs when light 

propagates from a region of higher refractive index (!!) to a region of lower refractive 

index (!!). At an angle of incidence greater than the critical angle (!!) all the incident 

light gets reflected back into the higher refractive index region (!!) (Figure 13).  
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At the interface of the two media, a short-range electromagnetic disturbance called 

evanescent wave propagates into the low refractive medium (!!). For TIRF microscopy, 

this evanescent wave acts as a source of excitation for fluorescent probes (Axelrod, 

2008). 

 

 
 

Figure 13: Schematic representation of the TIR effect.  
The exponentially decreasing evanescent field enables selective excitation of the 
fluorophores at the cell-coverslip interface. (Adapted from Trache and Meininger, 
2008b). 
 

The relationship between the angle of incidence (!!) and refraction (!!) within 

mediums of different refractive indices (!!,!!) is governed by Snell’s law;  

 !! sin!! = !!! sin!!! (4) 
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The critical angle (!!) represents the angle of incidence when the refracted light 

propagates at the interface of the two media i.e., when !! = 90° and is given by 

 !! = sin!! !!
!!

 (5) 

When the angle of incidence is greater than the critical angle (!! > !!) all of the 

incident light is reflected back into the high refractive media (!!). The evanescent wave 

generated at the interface propagates into the lower refractive media (!!). The maximum 

angle (!!"#) the beam can emerge into the objective is given by 

 !!"# = sin!! !"
!!

 (6) 

where, NA is the numerical aperture of the objective. 

 

The intensity of the evanescent field ! ! !decreases exponentially with the distance z 

from the interface of the two media, depending on both the incident angle and the 

polarization of the incident light and is given by 

 ! ! = ! !!!
! ! ! (7) 

For a given incident light wavelength !, d is the depth of field where the intensity of the 

evanescent light is 1 ! of the boundary intensity, which is given by 

 ! = !
!!

!

!!! !"#!!!!!!!
! (8) 

This exponential decay of evanescent wave with distance from the interface confines the 

useful depth of penetration to about 100 nm into the sample (i.e., the practical distance 
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up to which the evanescent wave has enough energy to excite the fluorophores). Thus, 

TIRF microscopy provides high contrast images due to very low background. However, 

these high-contrast details are limited only to the basal cell surface, which is closest to 

the coverslip. Therefore, TIRF is an excellent technique to study focal adhesion of 

adherent cells as it enables quantitative measurements and localization of focal adhesion 

proteins that are important signaling centers between the cell and the external 

microenvironment (Axelrod, 2003; Trache and Meininger, 2008b).  

3.1.3.2 TIRF configuration 

Various optical configurations can be used to achieve TIRF in the optical microscope 

(Axelrod, 2001a; Axelrod, 2001b). We use the TIRF through-the-objective on an 

inverted microscope configuration as shown in Figure 14.  

 

The laser beam used for excitation is focused at the back focal plane of the objective to 

collimate the beam and illuminate the sample at an angle of incidence θ with respect to 

the optical axis. A micrometer is used to move the optic fiber position with respect to 

optical axis such that the off-axis radial distance (δ) is increased to achieve supercritical 

incidence angle (i.e. !! > !!) required for TIR (Trache and Meininger, 2008b). There is 

a one-to-one correspondence between the off-axis radial distance (δ), and the angle of 

incidence θ. 
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Figure 14: Schematic of TIRF optical path in the through-the-lens microscope 
configuration. 
Ray a is obtained with the fiber optic centered on the optical axis. Ray b is obtained for 
an incident angle at the sample plane smaller than the critical angle. Ray c is obtained 
when TIR effect takes place. The fluorescence light reflected from the sample plane is 
collected through the same microscope objective and is further sent to the camera where 
the image is recorded. θ, angle of incidence at the sample; d, distance between the 
optical axis and the fiber position; δ, off-axis distance of the laser beam in the back focal 
plane of the objective. (Adapted from Trache and Meininger, 2008b) 
 

3.1.4 Spinning disk confocal microscopy 

Confocal microscopy is an optical microscopy technique that increases image contrast 

through spatial filtering. In conventional confocal microscopy, the sample is illuminated 
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point-by-point while a pinhole is used in front of the detector to collect only the photons 

emitted from the plane of focus while rejecting all out-of-focus light (Hibbs, 2004). This 

technique enables not only imaging of a very thin section of the sample but also optical 

sectioning of the sample along the axial direction, providing a 3-dimensional view of the 

sample. In contrast, spinning disk confocal microscopy illuminates and scans multiple 

points simultaneously to generate a 2D image of the sample plane in focus, enabling 

rapid optical sectioning of the sample in z-axis. 

3.1.4.1 Principle of operation 

Spinning disk confocal uses a dual-disk scanning system, composed of a pinhole disk 

(50 µm pinhole size) and a Fresnel micro-lens disk perfectly aligned such that each lens 

focuses the light through the corresponding pinhole as shown in Figure 15. Both disks 

follow the Nipkow disk pattern with 20,000 pinholes arranged in an interleaved spiral 

configuration with a constant 250 µm pitch for array scanning. The laser beam passes 

through the tandem-spinning dual disk to simultaneously illuminate the sample with 

1000 beamlets (Graf et al., 2005; Inoué and Inoué, 2002; Kino, 1995). The fluorescence 

emitted from the sample passes through the same pinholes to spatially filter out all the 

out-of-focus light and then reaches the detector through a dichroic mirror placed 

between the disks. Due to the spiral pinhole pattern, every single position in the field of 

view is covered within 1/12th of one disk rotation. Therefore, if the disk rotates at a 

speed of 5000 rpm that translates to ~1000 full frames/second (Graf et al., 2005). 
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However, the speed of image acquisition is limited by the charged-coupled device 

(CCD) camera used as the imaging detector.  

 

 
 

Figure 15: Schematic representation of the confocal optical path. 
 

The CCD camera consists of a two-dimensional array of light-sensitive regions that 

convert the incident light intensity into an electric charge (Pawley, 2006). The electric 

charge is further digitized, reconstructed, and displayed on a computer screen enabling 

fast capture of the scanned data. Thus the camera exposure time and the frame readout 

speed limit the imaging speed that can be attained with the spinning disk device. 
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The spinning-disk confocal microscopy improvement in speed of acquisition greatly 

reduces photobleaching and phototoxicity, thus facilitating imaging of protein dynamics 

over extended periods of time (Graf et al., 2005). These properties make this technique 

suitable to study cytoskeletal dynamics with high spatial and temporal resolution. 

3.2 Experimental Configuration of the Integrated Microscope System 

In the studies presented, we used a Bioscope SZ AFM (Bruker Nano Surfaces, Santa 

Barbara, CA) mounted on top of an inverted Olympus IX-81 microscope integrated with 

a total internal reflection fluorescence (TIRF) attachment (Olympus, Center Valley, PA), 

CSU-22 Yokogawa spinning-disk confocal scanning head (Yokogawa Electric Inc., 

Japan) and QuantEM 512SC camera (Roper Scientific Photometrics, Tucson, AZ) 

 

Our experiments were performed using the experimental parameters presented below. A 

PLAN APO 60x oil 1.45 NA TIRF objective lens was used for imaging live cells 

expressing fluorescent protein constructs. For TIRF, given the refractive index of oil is 

1.516 and NA of 1.45; then, for wavelength of 488nm, one can calculate critical angle 

θC=61.4°, θMax=72.78° and a useful depth of field d ~ 92nm. 3D confocal images were 

acquired as stacks of 20 planes at a 0.25 µm step size, and are presented as xy 

projections. Both TIRF and confocal images were acquired with an exposure time of 100 

ms.  
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To obtain AFM images of single live VSMC in culture, the AFM was operated under 

fluid in contact mode (Trache and Meininger, 2008a). The maximum scanned image size 

was 100 × 100 µm with a scan speed of 40 µm/s. 

 

For adhesion force spectroscopy measurements, the AFM was operated in force mode. 

AFM probes functionalized with fibronectin were driven to touch and retract from the 

cell surface over 800 nm in the z-axis with a frequency of 0.5 Hz. The measurements 

were performed in a region midway between the nucleus and the edge of the cell. Data 

were acquired for 2 min per cell and repeated for 10 cells per dish, for 4-6 different 

dishes per condition, generating ~ 2,000-4,000 individual measurements for each case. 
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4 EXPERIMENTAL RESULTS* 

 

4.1 Selective Regulation of Cellular Remodeling by RhoA and Src  

Cardiovascular diseases such as hypertension and atherosclerosis are associated with 

increased vascular resistance due to vessel wall remodeling (Hayashi and Naiki, 2009; 

Intengan and Schiffrin, 2000; Pries et al, 2005;). Remodeling of the cytoskeleton and 

cell–matrix adhesions enable VSMC to sense and adapt to external mechanical stresses 

(Goldschmidt et al., 2001; Gunst and Zhang, 2008; Pries et al., 2005). Alteration in 

VSMC migration, proliferation, and contractility contributes to vessel wall remodeling 

(Gunst and Zhang, 2008; Ingber, 2002; Martinez-Lemus et al., 2009) resulting in arterial 

wall dysfunction.  

 

Integrin-mediated cell–matrix adhesions trigger cytoskeletal changes that drive adaptive 

cellular responses, thus enabling vasculature function (Zhang and Gunst, 2006). 

Specifically, binding of matrix to integrin α5β1 plays an important role in vascular 

contraction in response to increased pressure (Mogford et al., 1997; Wu et al., 2001; 

Martinez-Lemus et al., 2004). Src is a non-receptor tyrosine kinase belonging to Src 

family kinase (SFK), and is known to regulate the turnover of adhesion structures and 

                                                
* Text reproduced with permission of The Royal Society of Chemistry (RSC) from Sreenivasappa et al., 
2014, doi: 10.1039/c4ib00019f. Parts of this section are reproduced with permission of The Royal Society 
of Chemistry from Lim et al., 2012, doi: 10.1039/c2ib20008b. Parts of this section are reproduced from 
Papke CL et al., 2013, Human Molecular Genetics, with permission of Oxford publication, 
doi:10.1093/hmg/ddt167. Parts of this section are reproduced with permission from Journal of Cell 
Science, Chaki et al., 2013, doi: 10.1242/jcs.119610 
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cytoskeletal–integrin interactions through phosphorylation of focal adhesion associated 

proteins (Felsenfeld et al., 1999; Li and Xu, 2000). Signaling induced by integrin-

dependent activation of Src is transferred to distant sites through cytoskeletal signaling 

(Wang et al., 2005). Activation of integrin α5β1 is also associated with RhoA-mediated 

actomyosin contractility and increased cytoskeletal tension (Danen et al., 2005; White et 

al., 2007). Moreover, integrin α5β1 adhesion to fibronectin is modulated by the Src–FAK 

complex (Ballestrem et al., 2006; Volberg et al., 2001), and Src stimulated adhesion 

turnover involves modulation of RhoA activity (Huveneers and Danen, 2009). Force 

application through functional FA along the fibronectin-integrin-actin axis induces 

adaptive cellular responses, including increased stress fiber remodeling and adhesion 

strength (Lim et al., 2012; Sun et al., 2008). However, the characteristics of the crosstalk 

between Src and RhoA and their relative contribution to tensional homeostasis and cell–

matrix adhesion dynamics are poorly understood. To test the hypothesis that cell 

adhesion to the matrix is modulated by cytoskeletal tension through the crosstalk 

between RhoA and Src, we combined molecular approaches with fluorescence imaging 

and atomic force microscopy (AFM). This strategy enabled us to correlate structural 

cytoskeletal changes with functional α5β1 integrin–fibronectin adhesion forces. Results 

suggest that α5β1 integrin–fibronectin adhesion strength is regulated by cytoskeletal 

tension through a mechanism that involves modulation of downstream effectors of RhoA 

by Src. 
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4.1.1 The architecture of the actin cytoskeleton is differentially modulated by RhoA 

and Src 

Stress fibers play a critical role in maintaining cell shape and tissue organization by 

transmission of tension and generation of force (Zhou and Liao, 2009). Activation of the 

RhoA pathway is a major mechanism promoting the assembly of stress fibers (Mack et 

al., 2001; Worth et al., 2004), and hence increased cytoskeletal tension (Lim et al., 2010; 

Lim et al., 2012). In addition, actin stress fiber morphology is directly linked to the 

formation and turnover of FA. To determine if there exists reciprocity between RhoA 

and Src in the regulation of the mechanosensitive apparatus consisting of stress fibers 

and associated FA, we performed confocal imaging of VSMC expressing the 

corresponding wild-type or mutant variants of these signaling molecules. As shown in 

Figure 16A, stress fiber morphology of cells expressing dominant negative (DN), wild 

type (wt), or constitutively active (CA) RhoA varied from almost unnoticeable, to well 

organized, to highly prominent, respectively. Consistent with previous findings (Lim et 

al., 2012), where some peripheral actin fibers were present, the majority of stress fibers 

disassembled in the center of cells expressing RhoA-DN. In contrast, a similarly 

organized arrangement of stress fibers was always present regardless of the c-Src variant 

expression. Quantitative analysis showed that the assembly of stress fibers increased 

significantly with RhoA activation, while a very modest increase was measured for c-Src 

activation (Figure 16B). These results suggest that in contrast to major reorganization of 

the actin network induced by RhoA modulation, only minor changes occurred in 

response to c-Src activation. 
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Figure 16: The architecture of the actin cytoskeleton is differentially modulated by 
RhoA and c-Src. 
(A) Representative confocal images of VSMC co-expressing actin-mRFP and wild type 
(wt)/mutant versions (DN – dominant negative, CA – constitutively active) of RhoA-
EGFP or c-Src-EGFP are shown (green channel not shown for clarity). RhoA activation 
increases formation of stress fibers, while its inhibition downregulates fiber formation 
mainly in the cell body, preserving the actin bundles at the cell edges. c-Src activation 
has only a modest effect on the morphology of actin stress fibers. Scale bar represents 
10µm. (B) Quantitative analysis of actin remodeling (n >6) induced by expression of 
wt/mutant versions of RhoA-EGFP or c-Src-EGFP (mean ± SE). Significance was 
evaluated at p < 0.05 (Reproduced with permission of The Royal Society of Chemistry 
(RSC) from Sreenivasappa et al., 2014, doi: 10.1039/c4ib00019f). 



41 

 

Figure 17: Effects of Y-27632 and LPA treatments on VSMC. 
VSMC expressing actin-mRFP before (control) and after treatment with Y-27632 or 
LPA is shown together with western blot analysis performed for cytoplasmic (CP) and 
cytoskeletal (CSK) fractions. Antibodies specific to vinculin, paxillin, and actin were 
used. Scale bar represents 10µm. (Reprinted from Lim et al., 2010 with permission from 
Elsevier, doi:10.1016/j.yexcr.2010.06.010). 
 

To independently test the RhoA effects on VSMC morphology, drug treatments were 

used to inactivate or activate the RhoA pathway. Treatment of VSMC with the Rho-

Kinase inhibitor Y-27632 reduced the stress fibers in the center of the cell, but 

maintained peripheral stress fibers (Figure 17), phenocopying the RhoA-DN effect. 

These data are supported by western blot analysis showing that the relative amount of 

actin decreased by 22% in the cytoskeletal fraction in comparison with control (Lim et 

al., 2010). Treatment of VSMC with LPA induced stress fiber formation, phenocopying 

the RhoA-CA effect. The western blot analysis showed that the relative amount of actin 

increased by 46% in the cytoskeletal fraction in comparison with control. The 



42 

cytoskeletal fraction is representative for our imaging experiments, and the trend shown 

by the western blot analysis is consistent with our imaging data. 

4.1.2 The architecture of focal adhesions is differentially modulated by RhoA and 

Src 

Activation of RhoA also induces maturation of FA (Lim et al., 2010), a process reflected 

by the accumulation of tyrosine phosphorylated proteins at adhesion sites. Furthermore, 

integrin engagement recruits and activates a FAK/Src complex that promotes the 

assembly and maturation of cell-matrix adhesions (Huveneers et al., 2008; Volberg et 

al., 2001). Recent evidence suggests that impaired stress fiber assembly precludes 

maturation of FA (Gardel et al., 2010). Since there is extensive crosstalk between c-Src 

and RhoA in the regulation of cell-matrix adhesions (Huveneers and Danen, 2009), we 

compared the extent of FA assembly and maturation induced by RhoA vs. c-Src. Focal 

adhesion assembly, determined by TIRF imaging of cells expressing fluorescently 

tagged vinculin, was dependent on both RhoA (Figure 18A) and c-Src (Figure 18B) 

activation. Thus, vinculin recruitment at adhesion sites was low, intermediate, and high 

in cells expressing RhoA- or c-Src-DN, -wt, and -CA, respectively. We also determined 

the extent of adhesion maturation using dSH2-EYFP, a previously described reporter for 

tyrosine phosphorylation of focal adhesion-associated proteins (Kirchner et al., 2003). 

Adhesion maturation was dependent mainly on RhoA activation, as evidenced by the 

expression of RhoA-CA (Figure 18A) and the increase in the accumulation of tyrosine 

phosphorylation following activation of endogenous RhoA by LPA treatment (Figure 

18C). In contrast, c-Src-induced adhesion maturation increased significantly with its 
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modulation. 

 

To further assess the role of localized c-Src activation on adhesion maturation, we 

determined the subcellular distribution of the c-Src variants. C-Src-CA, but not c-Src-

DN or -wt, localized predominantly to FA (Figure 19A), as previously shown by Kaplan 

et al. (Kaplan et al., 1994; Kaplan et al., 1995). The phosphotyrosine reporter dSH2 (Src 

homology 2 domain) and immunolabeling with an anti-phosphotyrosine antibody 

revealed that both peripheral and central FA contained tyrosine phosphorylated proteins 

(Figure 19B, top panel). The level of tyrosine phosphorylation at FA was significantly 

decreased by SU6656, a cell-permeable small molecule that specifically inhibits Src 

kinase with high affinity (Blake et al., 2000). Src-dependent FA maturation is 

demonstrated by the significant decrease of phosphotyrosine accumulations at FA in 

cells treated with SU6656, which also corresponded to a decrease in c-Src-CA 

localization to FA under the same treatment conditions (Figure 19B, lower panel). 

 

Collectively, these results suggest that non-redundant cues from RhoA and c-Src 

regulate the organization and signaling of the cell’s mechanosensitive system consisting 

of stress fibers and associated FA. 
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Figure 18: RhoA and c-Src differentially regulate focal adhesion organization and 
activation.  
Representative TIRF images of VSMC co-expressing fluorescently-tagged vinculin or 
dSH2 and RhoA (A) or c-Src (B) variants are shown. Vinculin was used to report the 
overall FA morphology, while dSH2 was used to report tyrosine phosphorylation. (C) 
Representative TIRF images of VSMC expressing dSH2-EYFP untreated (Ctrl) or 
treated with LPA. Scale bar represents10 µm. Quantitative measurements (n > 6) are 
presented as mean ± SE. Significance was evaluated at p < 0.05 (Reproduced with 
permission of The Royal Society of Chemistry (RSC) from Sreenivasappa et al., 2014, 
doi: 10.1039/c4ib00019f). 
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Figure 19: Effect of c-Src inhibition on FA formation.  
(A) Representative fluorescence images of wt/mutant versions of c-Src-EGFP. 
Constitutively active mutation of Src Y527F induces redistribution of c-Src from the 
cytoplasmic compartment to peripheral FA. (B) Representative TIRF images of control 
and SU6656 treated cells. Relative measurements of protein area show that after SU6656 
treatment: (i) c-Src-CA expressing cells show 30% delocalization of c-Src-CA away 
from FA; and (ii) SH2 specific FA protein phosphorylation as well as total tyrosine 
phosphorylation at FA (immunofluorescence staining for pTyr antibody) is significantly 
reduced. Data are presented as mean ± SE. Significance was evaluated at p < 0.05 
(Reproduced with permission of The Royal Society of Chemistry (RSC) from 
Sreenivasappa et al., 2014, doi: 10.1039/c4ib00019f). 
  



47 

 



48 

 

Figure 20: Integrin α5β1-fibronectin adhesion force spectroscopy measurements. 
(A) Cell stiffness and adhesion force measurements were performed on cells expressing 
RhoA or c-Src variants. Cell stiffness significantly increased with both RhoA and c-Src 
activation, but the cell stiffness variation was more pronounced in RhoA- than in c-Src-
expressing cells. The adhesion force of integrin α5β1 binding to fibronectin progressively 
increased with RhoA activity. Downregulation of c-Src had no effect on integrin 
binding, while c-Src-upregulation induced an increase in adhesion strength. (B) 
Piecewise fitting of the force-stiffness experimental data shows two functional regimes 
for α5β1 integrin binding to fibronectin: a slow change in stiffness but not in adhesion 
strength (slope = 0.27) up to a threshold stiffness of ~ 17 kPa (corresponding to an 
adhesion force of ~ 37 pN), followed by a rapid change (slope = 2.98) in both cell 
stiffness and adhesion force above the threshold. Data are presented as mean ± SE. 
Significance was evaluated at p < 0.05. (Reproduced with permission of The Royal 
Society of Chemistry (RSC) from Sreenivasappa et al., 2014, doi: 10.1039/c4ib00019f). 
 

4.1.3 Differential modulation of cytoskeletal tension by RhoA and Src alters the 

functional coupling between adhesion force and cell stiffness  

Based on the extensive cytoskeletal remodeling induced by activation of RhoA but not 

Src, we hypothesized that differences in cytoskeletal tension would be linked to a tightly 

coupled adhesion force-stiffness relationship in cells expressing RhoA but not c-Src 
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variants. To test this hypothesis, we measured cell stiffness and single ligand-integrin 

α5β1 adhesion forces using an AFM probe functionalized with fibronectin. Cell stiffness 

is linked to the physical and functional integrity of the actin cytoskeleton and, therefore 

is considered a measure of cytoskeletal tension (Lim et al., 2012). Cell stiffness 

significantly increased with both RhoA and c-Src activity; however, the incremental 

change in cell stiffness was more pronounced in RhoA- than in c-Src-expressing cells 

(Figure 20A). This finding is consistent with major cytoskeletal remodeling 

accompanying RhoA but not c-Src activation. 

 

In addition, adhesion strength presented different characteristics depending on the pre-

stress level induced by the cytoskeletal tension (i.e., cell stiffness) (Figure 20B). 

Adhesion force of α5β1 integrin to fibronectin directly increased with RhoA activity, 

while expression of c-Src-CA induced only a modest increase in adhesion force. The 

force-stiffness experimental data were modeled with a piecewise algorithm in which the 

data were fitted with two separate equations representing two straight line segments 

joined at their intersection point. The coordinates of the intersection point were selected 

in an iterative process to provide the best overall fit to the data (Muggeo, 2003). This 

data fitting was performed using piecewise continuous functions in SigmaPlot 9.0 

(Systat Software Inc., Chicago, IL). The lower segment presented almost a flat 

dependence (slope 0.27) of force vs. stiffness, while the upper segment presented a 

rapidly increasing positive dependence (slope 2.98). The intersection coordinates 

provided a stiffness threshold corresponding to ~ 17 kPa, below which the integrin-FN 
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adhesion force is ~ 37 pN without significant variations. However, above this threshold 

the force increases rapidly with the increase in cell stiffness. Thus, soft cells exhibiting a 

cytoskeletal tension below the threshold value present no significant variation in the 

adhesion force to the matrix, while stiffer cells exhibiting a cytoskeletal tension above 

the threshold present a significant increase in adhesion strength, presumably through a 

mechanism that involves integrin activation. 

 

Taken together, these results suggest that RhoA and c-Src activation have different 

effects on cytoskeletal tension development, inducing two distinct force-stiffness 

functional regimes for α5β1-integrin binding to fibronectin. 

4.1.4 Actomyosin apparatus coordinates the ability of cells to adapt to the external 

force 

Given the differential regulation of cytoskeletal tension between RhoA and c-Src, we 

further investigated the implications of actomyosin apparatus in cytoskeletal tension 

development. The cellular response to mechanical stimulation is a balance between 

contractile elements in the actomyosin apparatus and FA (Romer et al., 2006; Wolfenson 

et al., 2011). Figure 21A shows that AFM mechanical stimulation at the apical cell 

surface induces significantly different cell responses that depend on cytoskeletal tension 

and myosin function. To assess the adaptive response of VSMC to external tensile stress 

for each treatment, the overall displacement was plotted as a function of time for the 

duration of the experiment. For cells expressing RhoA-DN, the AFM probe detaches 
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from the cell surface at the first mechanical stimulation with 1 nN force, and the overall 

curve exhibits a linear dependence. 

 

Despite the short duration for this set of experiments, the displacement was maximal. In 

the absence of cortical actin fibers, cells are soft, the FA formed between the cell and the 

FN coated bead is weak, and the myosin has no ability to act in the absence of the actin 

network. The ultimate result is poor cell contractility and the loss of contact between the 

AFM probe and the cell. RhoA-CA expressing cells were found to exhibit high 

contractile activity due to strong actin fibers formation, but at the same time they were 

also elastic and able to pull back after initial tensile force application. The overall 

displacement exhibited a high reactive response with time. In contrast, cells treated with 

ML-7, a potent smooth muscle myosin inhibitor, were significantly softer (12.1 ± 2.8 

kPa) than RhoA-CA expressing cells and the overall dependence plateaued at high force 

values. Thus, myosin blocking induced a decrease in cellular contractility. In addition, 

Figure 21B shows representative confocal images of cells expressing actin-mRFP treated 

with ML-7 in comparison with control (i.e., no drug treatment). ML-7 suppressed the 

formation of strong actin fibers at cell edges (white arrow heads), demonstrating the role 

of myosin in actin fiber formation and maintenance of cytoskeletal tension. 
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Figure 21: Cell responses to mechanical stimulation depends on cytoskeletal  
tension and myosin function  
(A) Overall displacements for each treatment were compiled over the duration of the 
mechanical stimulation experiment. Cellular adaptive response to force is modulated by 
the cytoskeletal tension, which in turn is dictated by the treatments applied to the cell. 
Cells expressing RhoA-T19N (DN) detach from the FN-probe at the first mechanical 
stimulation with 1 nN force, and the overall curve exhibits a linear dependence with a 
maximal displacement (slip bonds). RhoA-Q63L (CA) expressing cells were found to 
resist applied tensile stress and exhibit high contractility power, showing a reactive 
response to the applied stress (catch bonds). In contrast, cells treated with ML-7 display 
an overall dependence that plateaus at high force stimulation (latch state). (B) 
Representative confocal images show that ML-7 impedes formation of strong actin 
fibers at cell edges in comparison with control (see arrows). Scale bar is 10 µm. (C) 
Western blot quantitative densitometry analysis shows that MLC phosphorylation 
increased in LPA treated cells and decreased in cells subjected to Y-27632 or ML-7 
treatments. Results presented as percent change in respect to control. (Reproduced by 
permission of The Royal Society of Chemistry from Lim et al., 2012, doi: 
10.1039/c2ib20008b). 
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To independently verify the role of MLC phosphorylation in cytoskeletal tension 

modulation, western blots were performed on total cell lysates obtained from cells 

treated with LPA and Y-27632 (Figure 21C). MLC phosphorylation was increased in 

LPA treated cells and severely decreased in cells subjected to Y-27632 treatment (Lim et 

al., 2012). As expected, results showed that MLC phosphorylation is directly dependent 

on RhoA pathway activation. Also, as shown above, MLC phosphorylation decreased in 

cells treated with ML-7. Taken together, from these results we conclude that the integrity 

of the actin network coupled with myosin function is responsible for the ability of cells 

to respond and adapt to mechanical microenvironmental stimuli. 

4.1.5 Src modulates cytoskeletal tension via RhoA crosstalk 

Given the differential regulation of cytoskeletal tension and FA formation between 

RhoA and c-Src, we asked if the c-Src-induced cytoskeletal tension involved modulation 

of the RhoA pathway. To test this hypothesis, we determined the mechano-sensitive 

response to c-Src inhibition by using SU6656 in cells expressing RhoA-CA. As 

expected, RhoA-CA expression induced a significant increase of both cell stiffness and 

adhesion strength above control. However, SU6656 treatment abolished these effects by 

releasing RhoA-induced contractile cytoskeletal tension (Figure 22A). Following 

treatment with SU6656, the increase in α5β1-FN adhesion force induced by RhoA-CA 

expression was significantly lowered to levels comparable to those measured in control 

cells under the same treatment, while stiffness was further decreased to levels measured 

in cells expressing RhoA-DN. 
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Figure 22: Src-dependent modulation of the RhoA pathway.  
(A) Adhesion force spectroscopy measurements show that c-Src inhibition in control as 
well as RhoA-CA expressing cells significantly reduces α5β1 integrin adhesion force and 
cell stiffness. Data are presented as mean ± SE. Significance was evaluated at p < 0.05. 
(B) Western blot quantitative densitometry analysis shows that Src Y418 and MLC 
phosphorylation decrease in RhoA-CA expressing cells treated with Src inhibitor 
SU6656. Results are presented as percent change in respect to control (Reproduced with 
permission of The Royal Society of Chemistry (RSC) from Sreenivasappa et al., 2014, 
doi: 10.1039/c4ib00019f). 
 

The present results show a progressive increase in cell stiffness in response to RhoA 

activation and, to a lesser extent, c-Src activation. These findings prompted us to test if 

Src contributes to the modulation of myosin, a RhoA downstream effector. Thus, cells 
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expressing RhoA-CA and further treated with SU6656 Src inhibitor showed decreased c-

Src and MLC phosphorylation (Figure 22B). Taken together, these results suggest that c-

Src modulates the RhoA pathway through direct modulation of downstream effectors. 

4.1.6 Discussion 

This study used a combination of single ligand-receptor interaction measurements and 

fluorescence imaging on live cells to analyze the relationship between cytoskeletal tension 

and integrin α5β1 adhesion strength to fibronectin in response to combinatorial signaling 

from RhoA and c-Src. The present study shows that: (i) α5β1 integrin binding to the matrix 

presents two distinct functional regimes dependent on the cytoskeletal tension induced by 

RhoA and c-Src activation, (ii) pre-existing cytoskeletal tension induced by RhoA 

activation directly affects the actomyosin apparatus that modulates the ability of VSMC 

to adapt to the applied force, and (iii) Src induces cytoskeletal tension modulation via 

cross-talk with the RhoA pathway. 

 

The mechanotransduction process involves tension-dependent conformational changes 

of key mechanosensory and signaling FA proteins, as well as activation of RhoA that 

functions as a molecular switch to induce actin and FA remodeling (Huveneers and 

Danen, 2009). The specialized smooth muscle cell contractile unit enables the cell to 

contract and relax through cyclic interactions between actin and myosin filaments 

regulated specifically by MLC kinase and phosphatase, respectively (Hong et al., 2011).  

 

The regulation of cytoskeletal tension and adhesion dynamics through c-Src and RhoA 
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plays a central role in cellular adaptive responses as a result of integrin activation. c-Src, 

a non-receptor tyrosine kinase, is implicated in VSMC adhesion and contraction 

(Janssen et al., 2001; Ohanian et al., 1997). RhoA-mediated cytoskeletal tension induces 

an increase in cellular contractility and α5β1 integrin-fibronectin adhesion strength 

(Huveneers and Danen, 2009; Lim et al., 2012). We have shown that integrin α5β1 is the 

main mechanosensor (Lim et al., 2012) able to induce sustained mechanical stimulation 

under external force application through fibronectin functionalized AFM probes in 

VSMC (Lim et al., 2012). The activated β1 integrin cytoplasmic tail provides binding 

sites for the Src-homology-2 domain (dSH2) of Src and mediate FAK Y397 

phosphorylation (Arias-Salgado et al., 2003). This FAK-Src complex activity is 

important for cell spreading and adhesion (Ballestrem et al., 2006; Volberg et al., 2001), 

being part of the signaling pathway downstream of integrin-matrix interactions. 

Furthermore, c-Src has an important role in the crosstalk with the RhoA pathway by 

controlling guanine-exchange factors (Huveneers and Danen, 2009; Knock et al., 2008), 

and may modulate Rho-kinase induced force generation (Knock et al., 2008; Nakao et 

al., 2002). Rho-kinase activation downstream of RhoA increases cytoskeletal tension, 

which in turn has a robust effect on adhesion strength and integrin binding (Lim et al., 

2012). Moreover, c-Src modulation of cell adhesion is involved in RhoA-mediated 

cytoskeletal contractility (Huveneers et al., 2007; Jiang et al., 2006). 

 

Quantitative analysis has been performed on confocal and TIRF images of VSMC 

expressing RhoA and c-Src variants in order to determine morphological changes of 
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actin stress fibers and FA, respectively. In VSMC co-expressing actin-mRFP, RhoA-CA 

induced high cytoskeletal tension, measured by enhanced actin fiber formation and 

increased cell stiffness compared to cells expressing RhoA-wt. In contrast, RhoA-DN 

induced low cytoskeletal tension with actin bundles present only at cell edges (Lim et 

al., 2012), and a three-fold decrease in cell stiffness compared to RhoA-wt expressing 

cells. The results showed that in contrast with the RhoA effect on significantly 

modulating stress fiber formation, c-Src activation had only a modest effect on actin 

morphology. Drug treatments phenocopied mutant RhoA construct effects on VSMC 

contractility. Treatment of VSMC with Rho-kinase inhibitor Y-27632 (Katoh et al., 

2001; Maekawa et al., 1999) reduced the number of stress fibers in the center of the cell, 

but maintained the peripheral stress fibers, phenocopying the effect of RhoA-DN. Loss 

of actin stress fibers from the cell body is in good agreement with our fluorescence 

imaging data in VSMC treated with RhoA-DN. In contrast, LPA treatment is known to 

modulate the mechanotransduction pathways (Ohata et al., 1997) inducing stress fiber 

and FA formation via activation of RhoA (Cerutis et al., 1997; Moolenaar, 1995). TIRF 

imaging showed that c-Src activation directly correlated with FA maturation by inducing 

protein recruitment and activation, while less emphasis was recorded for RhoA 

activation. 

 

Single integrin α5β1-fibronectin adhesion force measurements exhibited two distinct 

force-stiffness functional regimes for integrin α5β1 binding to fibronectin. Cell stiffness 

measurements showed that cytoskeletal tension due to c-Src modulation varies to a 
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lesser extent in contrast with the progressive dependence of RhoA activation, which 

enabled a four-fold increase in cytoskeletal tension that induced a two-fold increase in 

adhesion strength to the matrix. Only expression of c-Src-CA increased cell stiffness 

above the threshold, which also induced an increase in adhesion strength.  

 

Axial stress is a fundamental contributor to blood vessel wall homeostasis in vivo. The 

adaptive responses to altered loads in isolated arteries are compensated by a reduction in 

axial tension due to an increase in unloaded length (Humphrey et al., 2009). In order to 

study the axial stress effect on VSMC, external tensile stress was applied to cells 

presenting a pre-existing cytoskeletal tension modulated by RhoA activation. The 

VSMC contractility state is mainly determined by the MLC phosphorylation level, 

which enables myosin molecular interaction with actin (Amano et al., 1996; Amano et 

al., 1997; Kureishi et al., 1997). Blocking myosin function disrupts the formation of 

strong actin fibers at the cell edges, and induces a reduced cytoskeletal tension measured 

by low cell stiffness. Increased MLC phosphorylation induces generation of contractile 

force via an increase in the ATP activity of myosin II (Kaunas and Deguchi, 2011; 

Sugita et al., 2011) resulting in contraction of actin cytoskeleton due to increased 

crossbridge activity, while blocking of myosin activity by ML-7 results in reduced 

crossbridge kinetics. We suggest that ML-7 treated VSMC response to force represents 

the latch state, where the crossbridge cycling rates and MLC phosphorylation are low 

(Gunst and Fredberg, 2003; Murphy, 1994;). Under these conditions, all the elements of 

a functional FA are present, however, the contractility state of the actin cytoskeleton and 
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its ability to resist the applied force are reduced (i.e., overall displacement plateaus with 

time). This is consistent with Gunst et al. (Gunst et al., 2003) who showed that smooth 

muscle cells are able to maintain the tone and shape of hollow organs at a very low ATP 

metabolizing rate. 

 

Force-sensitive changes under conditions of imposed stress are governed by actomyosin 

adaptation to the applied force, which is demonstrated by the direct dependence of cell 

stiffness on the cytoskeletal tension; this in turn correlates well with the presence of the 

stress fibers in the cell body. In order to understand cellular adaptive remodeling to 

external mechanical stimulation, the applied force must be exerted for a sufficient time 

to activate biochemical pathways that induce cytoskeletal remodeling by establishing a 

new homeostatic state. The strength of the FA directly determines the protein exchange 

rates within, and the degree of integrin activation. Ligand-receptor (i.e., ECM-integrin) 

interaction bonds have finite lifetimes that are dictated by the bond dissociation under 

applied force (Hoffman et al., 2011). In RhoA-DN expressing cells, the initial functional 

FA formed at the FN probe-cell interface was unable to strengthen enough with time due 

to the absence of a strong cortical actin, such that the integrin–ECM interactions in 

RhoA-DN expressing cells are characterized by slip-bonds (i.e., tensile stress shortens 

the ligand–receptor bond lifetime) (Evans and Calderwood, 2007). This type of 

interaction may explain the premature loss of contact with the FN functionalized probe, 

due to slip-bond breakage induced by the application of high forces. In contrast, in 

VSMC expressing RhoA-CA, FA strengthened with time, such that the integrin–ECM 
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interaction is characterized by catch-bonds (i.e., tensile stress strengthens the ligand–

receptor bond) (Kong et al., 2009; Marshall et al., 2003; Thomas et al., 2008; Zhu and 

McEver, 2005). This type of interaction is possible due to reinforcing of the FA by 

recruiting actin, and activating linker and structural proteins that generate a long-lived 

interaction under tensile stress. The relative contributions of cellular structural 

components to intracellular force balance are ultimately determined by the cytoskeleton 

engagement to propagate the stimulation to distant sites and the strength of cell-matrix 

adhesions (Matthews et al., 2006). 

 

Downregulation of c-Src had no major effect on α5β1-FN adhesion strength, however, it 

decreased cytoskeletal tension through a cross-talk with RhoA pathway involving 

reduced MLC phosphorylation. This result is in agreement with previous findings by 

Felsenfeld et al. (Felsenfeld et al., 1999), which showed that loss of c-Src expression 

does not affect α5β1 integrin-fibronectin interactions. We suggest that cytoskeletal 

tension regulation by c-Src activation is due to reinforcement and maturation of FA 

correlated with regulation of MLC activation, which is a downstream effector of the 

RhoA pathway. This finding is in agreement with Knock et al. (Knock et al., 2008), who 

showed MLC phosphorylation (Ser-19) downregulation by SU6656 on whole artery 

lysates. Although the mechanism underlying the lower cell stiffness measured in RhoA-

CA-expressing cells following SU6656 treatment is not apparent, it is possible that 

cytoskeletal tension becomes more dependent on Src-regulated pathways under the 

expression of RhoA-CA. Thus, the interaction between RhoA activation and Src 
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deserves further investigation. 

 

A possible mechanism by which c-Src-RhoA cross-talk modulates cytoskeletal tension, 

which in turn affects cell adhesion is shown in Figure 23. Thus, c-Src activation 

indirectly affects cytoskeletal tension by cross-interacting with RhoA pathway in 

regulating myosin activity, and has only a modest effect on actin stress fiber 

morphology. The results of this study suggest that cytoskeletal tension modulation by 

RhoA and c-Src plays a central role in reinforcing cell adhesion to the matrix. Also, the 

pre-existing cytoskeletal tension, induced by RhoA activation, directly affects the 

actomyosin apparatus that modulates the ability of VSMC to adapt to the applied force. 
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Figure 23: RhoA and Src contribute to cytoskeletal tension regulation.  
A subset of focal adhesion proteins that make the link between the extracellular matrix 
and actin network, with integrins as mechanotransducers, are shown. In addition to the 
established pathway (thin lines) presenting a direct modulation of cytoskeletal tension by 
RhoA and cell adhesion by c-Src, the current study presents c-Src as a possible 
contributor (dashed line) to cytoskeletal tension modulation through regulation of MLC 
activation downstream of RhoA. Changes in cytoskeletal tension further modulate cell 
adhesion and smooth muscle contractility. ROCK – Rho kinase; GEF – guanine 
nucleotide exchange factor; GTP – guanosine triphosphate; GDP – guanosine 
diphosphate; pTyr – phosphotyrosine; FAK – focal adhesion kinase; Vinc – vinculin. 
(Reproduced with permission of The Royal Society of Chemistry (RSC) from 
Sreenivasappa et al., 2014, doi: 10.1039/c4ib00019f) 
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4.2 Role of Cytoskeletal Tension in Pathogenesis of Occlusive Vascular Diseases 

Defects in the normal mechanotransduction process induced by genetic mutation or 

misregulation of specific proteins disturb the intracellular mechanics and 

mechanosensory VSMC function, contributing to the initiation or rapid progression of 

the disease state (Barry et al., 2008).  

 

Actin is a key regulator of VSMC contractility. Actin has six different isoforms of which 

α-, γ- and β-actin are found in smooth muscle cells. Smooth muscle cell specific α- actin 

isoform is encoded by ACTA2 gene. Heterozygous mutations in ACTA2 are known to 

induce hyperplasia of SMC in the neointimal or medial layers of the artery, resulting in 

occlusive vascular diseases like thoracic aortic aneurysms, including early onset 

coronary artery disease and stroke, and primary pulmonary hypertension (Guo et al., 

2007; Guo et al., 2009; Milewicz et al., 2010).  

 

Pathology of the occlusive arterial lesions in patients with ACTA2 mutations showed 

increased numbers of VSMC in the neointimal or medial layers of the artery. However, 

these occlusive lesions lack the lipid and calcium depositions typically found in 

atherosclerotic lesions (Guo et al., 2009; Stary et al., 1995). Primary cultures of aortic 

VSMC explanted from patients with ACTA2 mutations showed fewer α-actin fibers 

when compared with control cells. Additionally, the ACTA2 mutant VSMC in culture 

proliferate more rapidly when compared with cells explanted from donor controls (Guo 

et al., 2009). It is known that VSMC proliferation occurs during formation of 
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atherosclerotic occlusive lesions (Ross and Glomset, 1973; Schwartz et al., 2000), but a 

role for genetically triggered VSMC hyperplasia as a cause of vascular occlusive disease 

has been not thoroughly investigated. In order to determine whether the loss of α- 

smooth muscle actin leads to hyperplasia and determine the molecular pathways 

responsible for cell proliferation, we sought to investigate the focal adhesion dependent 

signaling pathway.  

4.2.1 Loss of α-actin leads to increased VSMC proliferation and migration  

We used α-smooth muscle actin null mouse aortic smooth muscle cells (Acta2-/-) as the 

model system for our study. These Acta2-/- mice were reported to have normal vascular 

development but compromised vascular contractile force, tone, and blood flow 

(Schildmeyer et al., 2000). In vivo vascular injuries study, using the flow-cessation 

injury model by which the carotid artery was ligated and tissue was harvested 3 weeks 

later (Kumar and Lindner, 1997) showed exaggerated neointimal formation in Acta2-/- 

mice compared to control (Figure 24A). In addition, VSMC isolated from ascending 

aortas of 4-week-old Acta2 -/- mice were compared to wild- type (wt) VSMC in vitro 

(Majesky, 2007). Acta2 -/- cells proliferated and migrated more rapidly compared to wt 

(Figure 24B). Thus, both the in vivo and in vitro studies performed by Papke et al. 

(Papke et al., 2013) showed that the loss of α-actin leads to VSMC hyperplasia resulting 

in increased proliferation. Furthermore, western blot analysis of the cells showed an 

increase in expression of contractile protein SM22α and calponin-1 in Acta2-/- cells 

compared to wt (data not shown, Papke et al., 2013).  
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Figure 24: Loss of α-actin leads to increased proliferation, migration, and  
cytoskeletal tension.  
(A) Left carotid arteries were ligated and tissue was harvested 3 weeks post injury. 
Carotid arteries from Acta2-/- mice (n=7) showed increased neointimal area, ratio of 
intimal/medial area and degree of stenosis of the lumen compared with carotid arteries 
obtained from a similar location in wt mice (n = 7). p < 0.05. Arrows denote neointimal 
layer. Scale bars represent 200 µm. (B) Migration assays were performed using 5 ng/ml 
PDGF-B as a chemoattractant, and showed increased Acta2-/- cells migration compared 
with wt cells. Five high-powered fields per sample were counted, and data shown are 
representative of three independent experiments, *p < 0.05. Scale bars represent 200 µm. 
(C) Atomic force microscopy measurements showed that cell stiffness is significantly 
increased in Acta2-/- VSMC. (*p<0.05). Error bars represent ± SD. (Reproduced from 
Papke CL et al., 2013, Human Molecular Genetics, with permission of Oxford 
publication, doi:10.1093/hmg/ddt167) 
 

To further understand the effect of α-actin mutation-induced VSMC hyperplasia and 

increased expression of contractile proteins on the mechanical properties of VSMC, we 
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used AFM to determine cell stiffness. Interestingly, our studies revealed that Acta2-/- 

cells measured a 2.5-fold increase in local cell stiffness (i.e., increased cytoskeletal 

tension) compared to wt (Figure 24C). We suggest that Acta2-/- cells are characterized by 

an increase in cytoskeletal tension, due to compensatory up-regulation of the other 

contractile proteins, including an increase in γ-actin expression (unpublished data) which 

correlates with cell stiffening and proliferation characteristics to occlusive diseases in 

human patients. 

4.2.2 Loss of α-actin is associated with FA remodeling and activation of FA-

dependent signaling pathways  

Increased cytoskeletal tension is known to drive FA maturation and increased activation 

of FA-dependent signaling (Goffin et al., 2006). Previous studies have identified 

increased FAK activity in renal myofibroblasts in Acta2-/- mice (Takeji et al., 2006). In 

order to understand the effect of α-actin mutation on FA formation and activation, cells 

were fixed for immunofluorescence by staining with FAK Y397 and vinculin primary 

antibodies and then were imaged by TIRF microscopy.  



67 

 

Figure 25: Loss of α-actin leads to alterations in FA formation and activation. 
 (A) Representative TIRF images showing vinculin and pTyr397 FAK. FA were 
localized to the cell periphery in Acta2-/- cells, whereas they were diffusely located 
across the cell in the wt cells. Scale bars represent 20 µm. (B) Quantification of vinculin 
and pFAK relative protein area and individual FA size showed an increase in Acta2-/- 

cells, but a decrease in the overall number of FA per cell (*p < 0.05). (C) Western blots 
revealed an increase in both FAK and pFAK levels in Acta2-/- cells. (Reproduced from 
Papke et al., 2013, Human Molecular Genetics, with permission of Oxford publication, 
doi:10.1093/hmg/ddt167)  
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Focal adhesions in Acta2-/- cells were observed to accumulate at the cell periphery in 

contrast to being dispersed across the cell body as in wt. Also, an increase in individual 

FA size and a decrease in FA number was observed in Acta2-/- cells compared to wt 

(Figure 25A and B). In addition, Acta2-/- cells measured an increased phosphorylation of 

FAK Y397, indicating increased FAK activation (Figure 25A and B). These results were 

independently verified by western blot analysis and were in good agreement with 

imaging data, showing an increased cellular level of pFAK, along with a corresponding 

increase in total FAK (Figure 25C). Furthermore, the FA activation measured by TIRF 

and WB in Acta2-/- cells corresponded well with the increase in stiffness measured by 

AFM (see Figure 24C)  

4.2.3 Discussion 

Patients presenting ACTA2 mutations developed occlusive vascular lesions that were 

characterized by increased numbers of medial or intimal VSMC, but with minimal lipid 

and calcium deposits, suggesting that VSMC hyperplasia may represent an alternative 

molecular pathway from a single gene mutation (Guo et al., 2009; Stary et al., 1995). In 

addition, VSMC explanted from these patients showed a decrease in α-actin and 

increased proliferation in vitro (Guo et al., 2009). In an in vivo mouse model (Papke et 

al., 2013), the loss of α-actin led to excessive neointimal formation with vascular injury, 

while explanted cells in vitro showed an increased proliferation. Additionally, the 

absence of α-actin in Acta2-/- cells induced an increase in expression of other contractile 

proteins. Furthermore, α-actin expression and functional stress fiber formation are 
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required for assembly and maturation of FA in cells, a process driven by FAK (Burridge 

and Chrzanowska-Wodnicka, 1996; Choi et al., 2008; Geiger and Bershadsky, 2001). 

However, our FAK and vinculin quantification showed an increase in FA size and 

number in Acta2-/- cells compared to wt.  

 

RhoA activation is associated with an increase in actin fiber formation, myosin light 

chain phosphorylation, hence increased cytoskeletal tension. However, in our study no 

change in activation of RhoA was recorded (data not shown) between Acta2-/- and wt 

cells (Papke et al., 2013). AFM measurements showed an increase in intracellular 

tension with loss of α-actin. In visceral organs (e.g., intestine), γ- actin is the major actin 

isoform expressed by the VSMC, while α-actin is the major isoform expressed in 

vasculature (Shynlova et al., 2005; Vandekerckhove and Weber, 1978). It has been 

shown that these two actin isoforms present an opposite up-regulation pattern depending 

on the VSMC differentiation state (Owens, 1995; Saga et al., 1999). Moreover, the 

interplay between α- and γ- actin isoforms is directly involved in regulating vascular 

contractility (Kim et al., 2008). In addition, myosin is involved in cytoskeleton force 

generation via its central role in cellular contractile properties. VSMC contractility state 

is mainly determined by the myosin light chain (MLC) phosphorylation level by 

enabling its molecular interaction with actin (Kaunas and Deguchi, 2011; Sugita et al., 

2011). Increased MLC phosphorylation induces contraction of actin fibers due to 

increased crossbridge activity, while myosin blocking results in reduced crossbridge 

kinetics (Murphy, 1994). Taken together, these results suggest that the absence of α-
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actin may induce compensatory effects of up-regulation of other contractile proteins like 

calponin and SM22α. In addition, increased expression of Actg2 (unpublished data), 

suggests that γ-actin is one of the actin isoforms that may compensate the loss of α-actin, 

which together with increased expression of other contractile proteins, could be 

responsible for the increased cell stiffness. These results support our hypothesis that FA-

dependent signaling pathway and cytoskeleton tension contribute to genetically triggered 

hyperplastic response of the VSMC resulting in increased risk of occlusive vascular 

diseases in patients with ACTA2 mutations.  

4.3 Role of Nck On Cytoskeletal Tension and Adhesion Strength During 

Directional Cell Migration 

Cellular migration is a complex process that requires a regulated coordination between 

the actin cytoskeleton and focal adhesions protein activation (Friedl and Wolf, 2010; 

Gardel et al., 2010; Petrie et al., 2009). Nck (non-catalytic region of tyrosine kinase) 

adapter proteins are recognized as an important link between tyrosine phosphorylation 

and actin dynamics (Buday et al., 2002; Lettau et al., 2009); however, the underlying 

molecular mechanisms and the role of Nck in cytoskeletal remodeling during directional 

migration remain largely undetermined.  

 

In an effort to understand the role of Nck signaling in cell migration, we used a 

combination of molecular genetics and quantitative live cell microscopy. Thus, we 
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studied the effect of Nck on structural, mechanical, and functional properties of the cell 

cytoskeleton using AFM and fluorescence imaging (Chaki et al. 2013).  

4.3.1 Integrin α5β1-fibronectin adhesion force and cell stiffness are modulated by 

Nck 

Nck signaling affects the FA turnover due to formation of unstable multidirectional 

protrusion in cells (Chaki et al., 2013). To understand this deficiency in coordination of 

cytoskeletal dynamics during directional migration, we investigated the effect of Nck on 

structural and mechanical properties of the cell. Adhesion force spectroscopy 

measurements using an AFM were performed in order to determine the cells stiffness 

and α5β1-fibronectin adhesion on NIH 3T3 mouse embryonic fibroblasts cells. Cells 

were transduced with shRNA targeting Nck1 and Nck2 for protein knockdown (i.e. Nck 

knockdown cells) and rescued by transduction with shRNA-resistant Nck2 (i.e. rescue 

cells).  

 

As shown in Figure 26A, our adhesion force spectroscopy measurements showed that 

Nck-deficient cells (deletion of Nck1 and Nck2) were softer (lower cell stiffness) 

compared to the control and rescue cells. Furthermore, integrin-dependent adhesion 

force and adhesion probability were significantly decreased in Nck-depleted cells 

compared to control and rescue cells. These results were consistent with actin protein 

area measurements performed on fluorescence imaging data which showed well 

organized actin fibers present in control and rescue cells but not in Nck-depleted cells 

(Figure 26B). In addition, western blot analysis of Nck-knockdown cells showed a 
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significant decrease in myosin phosphorylation Ser 19 (Figure 26C) compared to that of 

control and rescue cells. Taken together, these results suggest that Nck induced stress 

fibers remodeling modulates cell adhesion and cytoskeletal tension through a mechanism 

that involves the RhoA pathway. 

 

 

Figure 26: Nck modulates cell adhesion strength to the matrix and cytoskeletal tension. 
(A) Adhesion force spectroscopy was used to measure local cell stiffness, α5β1 integrin 
adhesion to fibronectin, and adhesion probability in control, Nck-depleted (shNck1 and 
2) and rescued cells. (p<0.05). (B) Relative actin ratios from fluorescence images for 
control, Nck-depleted, and rescued cells (n=6). (C) Representative western blots (top 
panel) showing myosin II phosphorylation Ser19 (pMLC), total myosin (TMLC), Nck 
and β-actin. (Reproduced with permission from Journal of Cell Science, Chaki et al., 
2013, doi: 10.1242/jcs.119610) 
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4.3.2 Discussion 

Nck represents an important link between tyrosine phosphorylation and actin dynamics, 

being recognized as a critical mediator of directional migration. The quantitative 

imaging and molecular studies showed that Nck-depleted cells had critical deficiencies 

in the coordination of cytoskeletal mechanics due to formation of unstable, 

multidirectional protrusions, and altered cell–matrix adhesion turnover including 

impaired maturation of protrusion-associated adhesions. Our results showed that Nck- 

deficient cells presented a significantly reduced integrin α5β1-fibronectin adhesion force, 

decreased formation of actin stress fibers, reduced myosin phosphorylation, and 

decreased cell stiffness (Chaki et al., 2013).  

 

We have shown that RhoA-induced cytoskeletal tension correlates positively with stress 

fiber formation, integrin activation, and myosin phosphorylation (Lim et al., 2012). 

Downregulation of Nck signaling leads to a substantive decrease in myosin 

phosphorylation, which constitutes a novel mechanistic insight provided by this study. In 

addition, a decrease in RhoA GTPases activation induced by downregulation of Nck 

signaling was shown through FRET experiments in cells expressing RhoA-Raichu FRET 

constructs (data not shown, Chaki et al., 2013) This reduction in RhoA activation is 

consistent with decreased phosphorylation of myosin and actin fiber formation, hence 

reduced cell stiffness. Moreover, decreased adhesion strength and adhesion probability 

(i.e. less active integrins) showed lack of maturation of cell-matrix adhesions formed in 

association with transient protrusions. Taken together, these results suggest that Nck 
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induces cytoskeletal dysfunction by a mechanism that involves the RhoA pathway, 

which in turn regulates cell contractility and adhesion. 
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5 METHODS* 

5.1 Vascular Smooth Muscle Cells Culture and Drug Treatments 

Vascular smooth muscle cells (VSMC) were isolated from rat cremaster arterioles by Dr. 

Michael Davis’ laboratory, Department of Medical Pharmacology and Physiology, 

University of Missouri, Columbia, MO as previously described (Wu et al., 2001). Low 

passage VSMC were cultured in 5% CO2 at 37 °C in Dulbecco's Modified Eagle 

Medium (DMEM) supplemented with 10% fetal bovine serum (FBS) and 10 mM 

HEPES (Sigma, St. Louis, MO), 2 mM L-glutamine, 1 mM sodium pyruvate, 100 U/ml 

penicillin, 100 µg/ml streptomycin, and 0.25 µg/ml amphotericin B. All reagents were 

purchased from (Invitrogen, Carlsbad, CA), unless otherwise specified. 

 

Vascular smooth muscle cells were explanted from mouse aorta of Acta2-/- (α-smooth 

muscle null) and wt animals in Dr. Dianna M. Milewicz’s laboratory, Department of 

Internal Medicine, University of Texas Health Science Center, Houston, TX as 

previously described (Cao et al., 2010; Papke et al., 2013). Cells were subcultured in 

Smooth Muscle Basal Media (Lonza, Koeln, Germany) containing 20% FBS (Atlanta 

Biologicals, Flowery Branch, GA), pyruvate, HEPES, L-glutamine, antibiotic and 

growth factors (SmBM Bullet Kit; Lonza).  

 

                                                
* Text reproduced with permission of The Royal Society of Chemistry (RSC) from Sreenivasappa et al., 
2014, doi: 10.1039/c4ib00019f. Part of text reproduced with permission of The Royal Society of 
Chemistry (RSC) from Lim et al., 2012, doi: 10.1039/c2ib20008b 
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For drug treatment, cells were supplemented with 1% FBS cell culture medium 5 hours 

after initial plating of the cells. Before imaging, the serum-depleted medium was 

supplemented with respective drugs for corresponding incubation time for each 

experiment as listed in Table 1. 

 

Table 1 Drug Treatment Conditions. 
Drug Concentration Incubation Company 

LPA 
10 µM (FL) 

15 µM (WB) 

1h at RT 

45 min at RT 

Sigma-Aldrich 

Y-27632 
10 µM (FL) 

40 µM (WB) 

1h at RT 

45 min at RT 

Sigma-Aldrich 

ML-7 
1 µM (AFM) or 20 µM (FL) 

10 µM (WB) 

10 min at 37 °C, 1h at RT 

Overnight at 37 °C 

Sigma-Aldrich 

SU6656 
5 µM (AFM) 

5 µM (FL/WB) 

1.5 h at 37 °C, 30min at RT 

2 h at 37 °C 

Millipore 

FL – Fluorescence imaging, AFM – adhesion force spectroscopy, WB – Western blot 

 

5.2 Live Cell Fluorescence Imaging 

5.2.1 Transient transfections  

Transient transfections of cells in suspension were performed using the Nucleofector 

apparatus (Lonza, Koeln, Germany) with Nucleofector kit VPI-1004. As recommended 

in the manufacturers' protocol, 500K cells per reaction were transfected with GFP 

plasmids and subsequently plated on 60 or 35 mm MatTek dishes (Ashland, MA, USA) 
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and incubated overnight in 5% CO2 at 37 °C (Lim et al., 2010). All imaging experiments 

were performed in phenol-red free DMEM (Invitrogen, Carlsbad, CA), at room 

temperature.  

5.2.2 Fluorescence reporter constructs 

RhoA plasmid constructs pcDNA3-EGFP-RhoA-wt (wild type), pcDNA3-EGFP-RhoA-

T19N (dominant negative), and pcDNA3-EGFP-RhoA-Q63L (constitutively active) 

(Subauste et al., 2000) used for this work were purchased from Addgene plasmid 

repository (Cambridge, MA, USA). Actin-mRFP plasmid was a gift of Michael 

Davidson (Florida State University, Tallahassee, FL); vinculin-GFP plasmid was a gift 

of Kenneth Yamada (National Institutes of Health, National Institute of Dental and 

Craniofacial Research, Bethesda, MD); Src Homology 2 domains fused to EYFP 

(dSH2-EYFP) (Kirchner et al., 2003) was a gift of Benjamin Geiger (Weizmann Institute 

of Science, Rehovot, Israel); and c-Src-wt-EGFP (wild-type chicken c-Src) plasmid was 

a gift from Marylin Resh (Memorial Sloan-Kettering Cancer Center, New York, NY).  

 

Our collaborator, Dr. Gonzalo M. Rivera, Department of Veterinary Pathobiology, Texas 

A&M University, College Station, TX designed and made corresponding mCherry 

constructs for c-Src-EGFP and dSH2-EGFP constructs and Src-Y530F CA mutations 

(Sreenivasappa et al., 2014). Our collaborator, Dr. Michael W. Davidson, of National 

High Magnetic Field Laboratory, Florida State University, Tallahassee, Florida designed 

and made c-Src dominant negative EGFP construct (Sreenivasappa et al., 2014).  
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5.3 Immunofluorescence 

VSMC were cultured in the same conditions as above and after 24 h cells were fixed by 

immersion in 2% paraformaldehyde in DPBS followed by washing in a glycine buffer. 

Cells were incubated overnight at 4 °C with an appropriate primary antibody directed to 

the protein of interest. After washing, cells were incubated with a fluorophore-labeled 

secondary antibody for 1 h at room temperature, followed by another washing. All 

antibodies were diluted in a sodium citrate buffer containing BSA (Sun et al., 2005). 

Labeled cells were immersed in DPBS and imaged immediately. Primary and secondary 

antibodies that were used are listed in Table 2. 

 

Table 2 Immunofluorescence Antibodies 
Primary antibodies 

Name Company 

anti-FAK-Y397 611806, BD Bioscience 

anti-pTyr F3145, Sigma-Aldrich 

anti-actin A5228, Sigma-Aldrich 

anti-vinculin V9131Sigma-Aldrich  

Secondary antibodies 

Alexa 488 A11008, Invitrogen 

Alexa 568  A11011, Invitrogen 
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5.4 Fluorescence Image Analysis 

Quantitative measurements of protein area from fluorescence images were performed by 

measuring the fluorescence intensity. TIRF images were used to determine the protein 

area at the basal cell surface (dSH2, vinculin, pTyr, pFAK, etc.) and projections of 

confocal images were used to measure actin area throughout the cell. Protein area and 

FA parameters were measured by using the masking tool and image statistics tools in the 

SlideBook software (Intelligent Imaging Innovations, Denver, CO). The fluorescence 

measurements correlated directly with the amount of protein present at FA or actin 

filaments, representing a measure of the relative protein density at the specific sites 

(Ballestrem et al., 2001). In order to compare a large number of cells, the fluorescence 

protein area was normalized to the total cell area for each cell before statistical analysis. 

5.5 Adhesion Force Spectroscopy Using Atomic Force Microscope  

5.5.1 Probe functionalization  

Unsharpened silicon nitride cantilevers (MLCT-AUHW) from Bruker Nano Surfaces 

(formerly Veeco Instruments, Santa Barbara, CA, USA) with a spring constant of 12.2 ± 

0.4 pN/nm were used. The cantilever spring constant was calibrated in liquid using the 

thermal noise analysis (Butt and Jaschke, 1995; Hutter and Bechhoefer J, 1993) available 

on the XZ Hybrid Bioscope AFM system (Bruker Nano Surfaces, Santa Barbara, CA). 

For adhesion force spectroscopy the pyramidal tip was coated with 1 mg/ml fibronectin 

(FN, 33016-015, Invitrogen, Carlsbad, CA) using 10 mg/ml polyethylene glycol (PEG, 

P4463, Sigma, St. Louis, MO) as a cross-linker (Trache and Meininger, 2008a). The 



80 

probe was mounted onto the glass holder and washed five times with deionized water. 

Next, the probe was incubated with PEG for 5 min and then washed again five times 

with deionized water. Following the wash, the tip was incubated with FN for 3 min, and 

then washed again five times with Dulbecco's Phosphate buffered saline (DPBS). The 

functionalized probe was then mounted on the AFM scanning head. The spring constant 

of the cantilever was assumed to be unchanged after the protein labeling. 

5.5.2 Adhesion force spectroscopy measurements and data analysis 

For adhesion force spectroscopy measurements the AFM was operated in force mode. 

The AFM probes functionalized with fibronectin were driven to touch and retract from 

the cell surface over a known predefined distance in the z-axis with a frequency of 0.5 

Hz. The z-axis movement and the deflection of the cantilever were recorded in a force 

curve. The measurements were performed in a region midway between the nucleus and 

the edge of the cell. Data were acquired for 2 min per cell and repeated for 10 cells per 

dish, for 4-6 different dishes per condition, generating ~ 2,000-4,000 individual 

measurements for each case. The adhesion force was calculated by multiplying the 

change in deflection height associated with the unbinding event by the spring constant of 

the cantilever. In previous AFM studies on VSMC we have shown that FN-α5β1 integrin 

interaction is specific (Sun et al., 2005) The local cell stiffness at the point of contact 

was calculated as Young’s modulus of elasticity, by fitting the approach curve between 

the initial point of cell contact and point of maximum probe displacement with 

Sneddon’s modified Hertz model (Trache et al. 2005, see Section 3.1.2.2.2) 
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5.6 Mechanical Stimulation Using Atomic Force Microscope  

5.6.1 Probe functionalization  

For mechanical stimulation of live cells, a 2-micron glass bead functionalized with biotin 

was attached to a flat silicon nitride cantilever (Novascan Technologies, IA, USA). The 

bead was functionalized with laminin (LN) or fibronectin (FN). The bead was first 

coated with 1 mg/ml avidin (Sigma, St. Louis, USA) and then cross-linked with 

biotinylated ECM protein. The coating was performed only at the very end of the 

cantilever to avoid altering its spring constant that is assumed to be unchanged after 

protein labeling (10.2 ± 2.2 pN/nm). The biotinylated ECM was prepared by mixing 1 

mg/ml FN (F4759, Sigma, St. Louis, USA) or LN (L2020, Sigma, St. Louis, USA) with 

10 mg/ml Sulfo-NHS-LC-Biotin (21335, Pierce, Rockford, IL, USA), and then kept on 

ice for 2 h. Unbound biotin was separated by centrifugation with a Microcon YM-30 

filter set (42422, Millipore, Billerica, MA, USA). 

5.6.2 Tensile stress mechanical stimulation and data analysis 

For tensile stress stimulation of VSMC the AFM was used in contact imaging mode. The 

ECM functionalized AFM probe was placed at an x-y coordinate on the cell surface and 

kept in place for 20 min to allow the ECM to initiate formation of a FA. The mechanical 

stimulation consisted of controlled upward movement of the cantilever in discrete steps 

at 3–5 min intervals over 80 min. The force magnitude applied by the AFM can be 

varied between 0.1–10 nN. After the initial priming period with low level forces (<0.4 

nN), ~0.5 nN and ~1 nN forces were applied in a series of discrete steps. The cell 
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response was recorded in a series of 512 X 512 pixel images, each line in the image 

representing a unit time of 1 s (Lim et al., 2012; Trache and Lim, 2010). Bead 

displacement data correspond to the true height change of the piezo needed to maintain 

constant cantilever deflection. This condition is attained by using high values for the 

feedback gains, such that the piezo height will change to keep the photodiode output 

close to the setpoint, therefore the cantilever deflection remains nearly constant. The 

setpoint can be adjusted to increase or decrease the cantilever deflection and, therefore, 

the applied force of the probe on the sample. The data were acquired in Nanoscope 

software and were processed off-line in MatLab (Mathworks, Inc.) or Autosignal (Systat 

Software Inc., San Jose, CA) and Excel (Microsoft, Redmond, WA). 

5.7 Statistical Data Analysis 

5.7.1 Fluorescence intensity measurements 

Student’s t-test and/or multi-way analysis of variance (ANOVA) were used for statistical 

analysis. Log-transforms were applied as necessary to the response variables to ensure 

normality of the distributions prior to running the ANOVA. Pre-planned comparisons 

among means were performed via single degree of freedom contrasts using the ANOVA 

model coefficients. All statistical differences were considered significant at p < 0.05. 

5.7.2 Adhesion force spectroscopy  

Kernel density plots of the distribution of adhesion force and elasticity measurements 

were generated in NForceR software (Trzeciakowski and Meininger, 2004). Normal 
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reference bandwidths and Gaussian kernel functions (Silverman, 1986) were used. These 

data were further analyzed using PeakFit (v4.11, Systat Software Inc., Chicago, IL) to 

provide accurate estimates of the peak value and associated confidence intervals for each 

distribution. The peaks whose confidence intervals did not overlap were considered 

significantly different (p < 0.05) (Venables and Ripley, 1994)  

5.8 Western Blotting 

Cells were plated on 60 mm cell culture dishes as described above and allowed to attach 

to the substrate for 24 h. For drug treatment, the concentrations and incubation time were 

followed as described in Table 1. For total protein lysate, cells were lysed with RIPA 

lysis buffer (Lim et al., 2010). To separate cytoskeletal and cytoplasmic fractions, Triton 

X-100 lysis buffer (Lim et al., 2010) was added to the cell. The supernatant was then 

removed and designated the cytoplasmic fraction. To retrieve the cytoskeletal fraction, 

RIPA lysis buffer was added and the dish was scraped vigorously. In order to compare 

phosphorylated proteins in cell cytoplasm and cytoskeleton, the same fractionation 

protocol was followed with the exception that the lysis buffers were supplemented with a 

protease inhibitor cocktail (Lim et al., 2010). Immunoblotting was performed with 

specific antibodies as listed in Table 3. All lysates were analyzed by SDS-PAGE using a 

NuPAGE Bis–Tris gel (Invitrogen, Carlsbad, CA) and the proteins were 

electrophoretically transferred to nitrocellulose membrane. Triplicate experiments were 

conducted on different days, and blots were analyzed by quantitative densitometry using 

ImageJ software (Rasband, 1997-2004).  
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Table 3 Western Blot Antibodies 
Primary antibodies 

Name Company 

anti-actin A5228, Sigma-Aldrich 

anti-vinculin V9131Sigma-Aldrich  

anti- MLC- Ser19 (pMLC) 3675S, Cell Signaling Tech. Inc. 

anti-MLC (MLC/TMLC) 3672, Cell Signaling Tech. Inc. 

anti-GAPDH 
MAB374, Millipore;Fitzgerald;  

437000, Invitrogen  

anti-Src Y418 S1940, Sigma-Aldrich 

anti-p397FAK 04-974, Millipore 

anti-FAK Santa Cruz Biotechnology 

anti-Nck 610099, BD Biosciences 

anti β- actin A1978, Sigma 

Secondary antibodies 

donkey anti- rabbit mouse 

horseradish peroxidase 

711-035-152, Jackson Immuno 

Research 

goat anti-mouse horseradish 

peroxidase 

1858413, Pierce Antibodies 

sc-2055, Santa Cruz Biotechnology 

 

5.9 Histology 

Aortas were isolated from mice and cleaned from adventitia and blood and immersed in 

10% formalin overnight, then transferred to 70% ethanol and kept at 4 ºC until futher 

processing. The specimen was further processed by dehydrating and embedding in a 
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paraffin block. The embedded specimen was further sectioned at 5 µm, deparaffinized, 

rehydrated, and stained for histology. Separate slides were stained with Verhoef van 

Gieson (VVG) for elastin, hematoxylin and eosin (H&E) counter staining for tissue 

morphology, and Masson’s Trichrome (TRI) for collagen. Images were captured with 

Olympus CH2 microscope equipped with a color camera (Motic) and a 20x objective. 
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6 CONCLUSIONS 

 

Our study focused on understanding in real-time how cells sense and adapt to 

extracellular mechanical cues in the context of cellular dynamic remodeling. In order to 

accomplish our objective, we analyzed the relationship between cytoskeletal tension and 

cell-matrix adhesion using a combination of single ligand–receptor interaction 

measurements and fluorescence imaging on live VSMC.  

 

In Section 4.1 we investigated the relationship between the cytoskeletal tension and 

integrin α5β1 adhesion strength to the matrix (i.e., fibronectin) in the context of RhoA–

Src crosstalk (Figure 27A). Single ligand–receptor interaction measurements performed 

with AFM probes functionalized with fibronectin showed that RhoA and c-Src activation 

have different effects on cytoskeletal tension development, inducing two distinct force–

stiffness functional regimes for α5β1-integrin binding to fibronectin. Moreover, 

fluorescence measurements showed that c-Src activation had a modest effect on actin 

morphology, while RhoA significantly modulated stress fiber formation. In addition, c-

Src was associated with regulation of myosin light chain (MLC) phosphorylation, 

suggesting a c-Src-dependent modulation of RhoA pathway through activation of 

downstream effectors. Therefore, c-Src may be a possible component of cytoskeletal 

tension regulation through myosin activation. Our findings suggest that Src and RhoA 

coordinate a regulatory network that determines cytoskeletal tension through activation 
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of actomyosin contractility. In turn, the cytoskeletal tension state modulates integrin 

α5β1–fibronectin adhesion force.  

 

The work presented in Section 4.2 suggests a novel signaling pathway that links loss of 

α-actin with compensatory mechanisms for supplementing the reduced actomyosin 

contractility through up-regulation of other contractile proteins, and increased FAK 

activation, resulting in increased proliferation and migration (Figure 27B). Our findings 

in Section 4.3 suggest that Nck regulates directional cell migration in part through 

modulation of cytoskeletal tension and cell-matrix adhesion strength, which has an 

important role in coordination of cytoskeletal mechanics through a mechanism that also 

involves the RhoA pathway (Figure 27C). 

 

In conclusion, our studies highlight a central role for cytoskeletal tension in modulating 

cytoskeletal dynamics and cell adhesion to the matrix.  

6.1 Future Work 

Our studies have narrowed the knowledge gap and opened a new path to understanding 

at the sub-cellular level VSMC cytoskeletal tension development in the context of 

cellular contractility and cell proliferation in order to explain vascular wall remodeling 

in disease progression. Our findings also highlight the importance of further 

investigations of RhoA pathway crosstalk in cellular signaling network. We suggest a 

follow up of this work with a set of experiments involving AFM mechanical stimulation 



88 

and stretch experiments to dissect further cytoskeletal tension development as a result of 

cellular adaptation to their microenvironment. The recent developments in Forster 

resonance energy transfer (FRET) sensors present a great resource to understand spatio-

temporal activation of the mechanical signaling pathway in response to mechanical 

stimulation. Furthermore, studies will be directed toward understanding the cell’s ability 

to sense and adapt to changes in the extracellular matrix stiffness characteristic to 

disease states by studying key cytoskeletal proteins and adhesion molecules. 
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Figure 27: Summary schematic. 
RhoA is a key element in determining contractility state of the cell. Cytoskeletal tension has a central role in modulating 
cytoskeleton dynamics and cell adhesion to the matrix. 
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